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Abstract

Understanding the mechanism of photosynthesis could aid in vital efforts to increase
crop yields for the growing population. Our understanding of how photosynthesis
may be improved or may be affected by the changing climate is hampered by
missing links in our knowledge of the photosynthetic electron transport chain.
The mechanism of cyclic electron transfer remains mysterious, with the electron
transfer intermediates involved in the major form of CET (dependent on the small
effector protein PGR5) yet to be discovered. This PGR5-dependent CET is the main
route by which stromal electrons return to the plastoquinone pool in the thylakoid
membranes and is crucial for regulating photosynthesis in plants under fluctuating
environmental conditions.

In this thesis, we describe the development of genetic tools that were employed
to make specific changes to the components of PGR5-dependent CET in the green
alga Chlamydomonas reinhardtii, a useful model organism with highly similar
photosynthetic machinery and regulatory mechanisms to those found in crop plants.
Genetic and molecular techniques for modifying Chlamydomonas are developing
quickly, making this organism a useful chassis for production of high value
biomolecules as well. However, difficulties in making precise edits to the nuclear
genome limit progress. In addition, Chlamydomonas genes are complex and difficult
to clone, and are often poorly expressed when reintroduced to cells. These limitations
represent a barrier for reverse genetics attempts to engineer changes in the genome.

We adapted a method used for the in vivo retrieval of DNA fragments in
bacterial research for Chlamydomonas genes, known as recombineering. Evidence
for the effectiveness of our recombineering method is presented in Chapter 3. The
method was tested on ~200 large, complex genes from the Chlamydomonas CO2-
concentrating mechanism. These included STT7, a gene encoding an effector protein
for CET implicated in activating the PGR5-dependent pathway. STT7 was tagged
and purified in a recombinant strain of Chlamydomonas, forming the basis for future
structural work on CET. The recombineering method was published in January 2021
and tools and methods are available to the community.

CRISPR-based gene editing tools are becoming widespread in the Chlamy-
domonas research. We harnessed a simple commercial CRISPR system to modify
specific genes involved in CET, first by insertion-deletion of native STT7 in Chap-
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ter 3, then by targeted insertion of modified genes for the ferredoxin:NADP+ reduc-
tase, FNR. Evidence is presented in Chapter 4 for the generation of mutant strains
expressing modified FNR tethered to PSI. The intended effect was to prevent teth-
ered FNR from making directly contact with the thylakoid membrane but to still
maintain ferredoxin:NADP+ reductase activity. We hypothesized that loss of native
FNR might disrupt CET, while the tethered FNR might leave linear electron flow
intact. This hypothesis is tested over two chapters: Chapter 4 covers the generation
of mutant strains, testing of their growth phenotypes, and proteomic comparisons;
Chapter 5 covers measurements of photosynthesis using chlorophyll fluorescence and
absorption spectroscopy techniques. Though we present evidence that loss of native
FNR leads to modified electron transport in the mutants, including evidence of a de-
ficiency in photosynthetic control, we argue against the hypothesis that loss of native
FNR disrupts CET. We present a new theory to rationalise the mutant phenotypes,
in which tethered FNR outcompetes other electron sinks in the stroma, causing an
unbalanced stromal NADP pool and reduced photosynthetic efficiency.



vii

Acknowledgements

I would first like to thank my supervisor, Matt, for choosing me as a student and
giving me the opportunity to work at Sheffield. I have greatly enjoyed the work
I undertook here, which has included countless unfinished projects, unexplored
avenues, and hair-brained experiments that I would not have been able to consider
without the freedom he gave me in the lab. In his 2013 companion, Letters to a Young
Scientist, the late E. O. Wilson stressed the importance of curiosity in research, and
of continuously seeking to experiment and tinker with subjects that interest you.
Being in the Johnson lab gave me that space to experiment, some of which led to the
results presented in this thesis, all in an environment of collegiality and generous
expertise. Such an experience, I expect, will turn out to have been a rare privilege.
Also a privilege: thanks to Matt for taking me to Île des Embiez in August 2021 for a
week of Chlamydomonas talks in the greatest conference location imaginable.

To Luke Mackinder, with whom I began my career in science and who provided
me with a stable base to build the skills that got me this PhD, I would like to give
my heartfelt thanks. Without my time in the Mackinder Lab this thesis would
unquestionably have been worse. I am grateful to Dr Gary Yates, Dr Charlotte
Walker and Justin Lau for their friendship that has endured well past the end of
my time in York. I would have far more grey hairs had it not been for their valuable
contribution to the results in Chapter 3.

It has been a pleasure to be part of the lab over the past four years and witness
the transitioning of PhDs into postdocs and postdocs into lecturers during my time
here. This thesis would not have been possible, let alone rather enjoyable, without the
guidance and feedback from my friends and colleagues at the University of Sheffield.
To Prof Neil Hunter for his guidance and for enabling the flow of science in this lab. To
Stuart Casson for his clear-headed advice and for stepping in as my adviser mid-way
through the PhD. Thanks is owed to Mo Brindley for her kindness and help in and
out of the lab. To Liz, without whom I would have had nothing to work with, a huge
thank you is owed for all her hard work keeping the lab in order, as well as outside
the lab for keeping the midweek fun with her boardgame nights. A big thank you is
due to the members of the E6 and E14 offices, I looked forward to coming to work each
day because of them. A thanks is owed to every mentor I have learned from while in
Sheffield, including Craig for AFM and EM, Matt and George for protein purification,



viii

Will for microscopy, and Gustaf for PAM fluorometry and coding. A special thank you
to Matt Proctor, Andy Hitchcock and George Sutherland; without them I really would
have been screwed. Though not always smooth sailing being the only person working
on Chlamydomonas in the lab, their advice and guidance made me feel part of the
lab proper. Together they have given me an understanding of research far beyond
my research topic, and if I have a future in science, it will probably involve heavy
emulation of them.

Outside the lab I would like to thank Emily, Holly, Pete and Federica for
organising and corralling me into an entrepreneurship competition in my third
year; one of my only extracurricular activities during this PhD, and one that
certainly helped make the COVID lockdowns more enjoyable. I would also like to
thank my favourite collaborators, Dr Felix Buchert and colleagues in the Hippler
lab at the University of Münster. Prof Hippler’s guidance and enthusiasm and
Felix’s stoic pragmatism and generosity of time and effort have improved Chapter 5
immeasurably, and made the complex techniques involved a joy to learn.

For steadying me in those moments of uncertainty and fatigue over the past four
years, including through the COVID-19 pandemic, a huge thank you is owed to my
sister Lizzie, my brother and sister-in-law, Luke and Beth, and my mother and father
for their belief and support. I hope I have done them proud with this work, and that
they will find it at least legible if not always intelligible. Last and most, a huge
thank you to Dr Margrete Langmyhr who has helped me more than I can describe
here. To see her own inspiring transition to a credentialed Doctor of Philosophy in
2021 did wonders for the old self-belief. Long nights in the lab, writing, coding or
worrying about deadlines; these would all hardly have seemed worthwhile without
her understanding and support.



ix

Declaration

I, the candidate, confirm that this thesis is my own work, except where work that
has formed part of jointly authored publications has been included. My contribution
and the contributions of my co-authors are explicitly indicated below. I confirm that
appropriate credit has been given within the thesis where reference has been made
to the work of others. I am aware of the University’s Guidance on the Use of Unfair
Means (www.sheffield.ac.uk/ssid/unfair-means). This work has not been previously
presented for an award at this, or any other, university.

Much of the work described in Chapter 3 contributed to the following research
publication: Emrich-Mills, T. Z., Yates, G., Barrett, J., Girr, P., Grouneva, I., Lau,
C. S., Walker, C. E., Kwok, T. K., Davey, J. W., Johnson, M. P., and Mackinder,
L. C. M. (2021). A recombineering pipeline to clone large and complex genes in
Chlamydomonas. Plant Cell, 33(4), 1161–1181.

The publication is included as an appendix. The author contributions for the publi-
cation were as follows. I developed the initial recombineering pipeline, designed and
assembled the original pLM099 recombineering plasmid and performed the genome
wide analysis. G.Y., T.K.K. and I assembled additional recombineering plasmids.
G.Y. and I optimized and performed the large-scale recombineering pipeline. G.Y.
performed the microscopy and Venus quantification data. P.G. validated the pipeline
using fosmids. J.B. performed the complementation experiments. J.B., I.G., C.S.L.,
C.E.W., and T.K.K. supported the development and implementation of the recombi-
neering pipeline. J.W.D. wrote the BACSearcher code and provided bioinformatics
support to me for the remaining code. L.C.M.M. conceived the idea and led the re-
search. L.C.M.M. and M.P.J. received funding to support the work. L.C.M.M., G.Y.
and I wrote the manuscript.



x



xi

Contents

1 Introduction 1
1.1 Chlamydomonas reinhardtii . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1

1.1.1 The Chlamydomonas chloroplast . . . . . . . . . . . . . . . . . . . . . 2
1.2 Oxygenic photosynthesis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 4

1.2.1 The light reactions of photosynthesis . . . . . . . . . . . . . . . . . . 5
1.2.2 The key photosynthetic components of the thylakoids . . . . . . . . 7

1.2.2.1 Pigments . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7
1.2.2.2 Light harvesting complexes . . . . . . . . . . . . . . . . . . 8
1.2.2.3 Photosystem II . . . . . . . . . . . . . . . . . . . . . . . . . . 9
1.2.2.4 The plastoquinone pool . . . . . . . . . . . . . . . . . . . . . 10
1.2.2.5 The cytochrome b6f complex . . . . . . . . . . . . . . . . . . 10
1.2.2.6 Plastocyanin . . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
1.2.2.7 Photosystem I . . . . . . . . . . . . . . . . . . . . . . . . . . . 13
1.2.2.8 Ferredoxin . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 14
1.2.2.9 Ferredoxin:NADP+ oxidoreductase . . . . . . . . . . . . . . 14
1.2.2.10 ATP synthase . . . . . . . . . . . . . . . . . . . . . . . . . . . 15
1.2.2.11 A note on photosynthetic inhibitors . . . . . . . . . . . . . 15

1.2.3 Thylakoid heterogeneity and dynamics . . . . . . . . . . . . . . . . . 17
1.2.4 The dark reactions of photosynthesis . . . . . . . . . . . . . . . . . . 18
1.2.5 The pyrenoid and the CO2-concentrating mechanism . . . . . . . . 20
1.2.6 Photorespiration . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

1.3 The need for regulation . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23
1.3.1 Managing excess absorbed energy . . . . . . . . . . . . . . . . . . . . 23
1.3.2 Metabolic balancing and redox poise . . . . . . . . . . . . . . . . . . 25
1.3.3 How is extra ATP generated? . . . . . . . . . . . . . . . . . . . . . . . 25

1.4 Cyclic electron transfer . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 27
1.4.1 NDH-dependent pathway . . . . . . . . . . . . . . . . . . . . . . . . . 27
1.4.2 PGR5/PGRL1-dependent pathway . . . . . . . . . . . . . . . . . . . . 29
1.4.3 Controlling the balance of LET and CET . . . . . . . . . . . . . . . . 30
1.4.4 Discovery of a CET-supercomplex . . . . . . . . . . . . . . . . . . . . 32
1.4.5 FNR involvement in CET . . . . . . . . . . . . . . . . . . . . . . . . . 32



xii

1.5 Addressing key questions in CET with molecular biology . . . . . . . . . . 33
1.5.1 The key questions . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 33

1.5.1.1 Is FNR the FQR? . . . . . . . . . . . . . . . . . . . . . . . . . 33
1.5.1.2 Does the PSI-cytb6f supercomplex form in vivo to drive

CET? . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 33
1.5.1.3 What is the mechanism of STT7 interaction/activation

at cytb6f ? . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 34
1.5.1.4 What is the mechanism of photosynthetic control? . . . . 34

1.5.2 Chlamydomonas as a molecular testbed for engineering CET . . . 34
1.5.3 Engineering the chloroplast genome . . . . . . . . . . . . . . . . . . . 35
1.5.4 Engineering the nuclear genome . . . . . . . . . . . . . . . . . . . . . 36
1.5.5 Targeted genome editing with CRISPR-Cas9 . . . . . . . . . . . . . 37
1.5.6 Cloning nuclear genes with recombineering . . . . . . . . . . . . . . 38

1.6 Thesis objectives . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 39

2 Materials and methods 41
2.1 Materials, buffers and reagents . . . . . . . . . . . . . . . . . . . . . . . . . . 41
2.2 Strains and culturing conditions . . . . . . . . . . . . . . . . . . . . . . . . . 41

2.2.1 Chlamydomonas reinhardtii . . . . . . . . . . . . . . . . . . . . . . . 41
2.2.2 Escherichia coli . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 42

2.3 Transformation and selection . . . . . . . . . . . . . . . . . . . . . . . . . . . 42
2.3.1 Chlamydomonas transformation . . . . . . . . . . . . . . . . . . . . . 42
2.3.2 Extraction of Chlamydomonas genomic DNA . . . . . . . . . . . . . 43
2.3.3 CRISPR-mediated insertion-deletion . . . . . . . . . . . . . . . . . . 43

2.4 Cloning . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 44
2.4.1 Polymerase chain reaction (PCR) . . . . . . . . . . . . . . . . . . . . . 44

2.4.1.1 Colony PCR . . . . . . . . . . . . . . . . . . . . . . . . . . . . 45
2.4.1.2 High-fidelity PCR . . . . . . . . . . . . . . . . . . . . . . . . . 45

2.4.2 In vitro DNA manipulation . . . . . . . . . . . . . . . . . . . . . . . . 46
2.4.2.1 Gibson assembly . . . . . . . . . . . . . . . . . . . . . . . . . 46
2.4.2.2 Restriction-ligation . . . . . . . . . . . . . . . . . . . . . . . . 46
2.4.2.3 Overlap-extension PCR . . . . . . . . . . . . . . . . . . . . . 46
2.4.2.4 Agarose gel electrophoresis . . . . . . . . . . . . . . . . . . . 47

2.4.3 Transformation of E. coli . . . . . . . . . . . . . . . . . . . . . . . . . . 47
2.4.4 Recombination-mediated genetic engineering . . . . . . . . . . . . . 47
2.4.5 Purification of plasmid DNA from E. coli . . . . . . . . . . . . . . . . 48
2.4.6 DNA sequence analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . 49

2.5 Isolation of proteins from thylakoid membranes . . . . . . . . . . . . . . . . 49
2.5.1 Measurement of chlorophyll concentration . . . . . . . . . . . . . . . 50
2.5.2 Purification of PSI from Chlamydomonas . . . . . . . . . . . . . . . 50
2.5.3 Purification of STT7 from Chlamydomonas . . . . . . . . . . . . . . 51



xiii

2.6 Polyacrylamide gel electrophoresis (PAGE) and
immunoblotting . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 52
2.6.1 Sodium dodecyl-sulphate (SDS-PAGE) . . . . . . . . . . . . . . . . . 52
2.6.2 Western blotting . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 53

2.7 Spectroscopic analysis . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 54
2.7.1 Low-temperature fluorescence emission spectroscopy (77 K) . . . 54
2.7.2 Plate reader fluorescence emission measurements . . . . . . . . . . 54
2.7.3 Time-resolved chlorophyll fluorescence spectroscopy . . . . . . . . 55
2.7.4 Measurements of the electrochromic shift . . . . . . . . . . . . . . . 55
2.7.5 Measurements of P700 oxidation . . . . . . . . . . . . . . . . . . . . . 57

2.8 Confocal fluorescence microscopy . . . . . . . . . . . . . . . . . . . . . . . . . 57
2.9 Proteomics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58

2.9.1 Proteolytic digestion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 58
2.9.2 Mass spectrometry and protein identification . . . . . . . . . . . . . 58

2.10 Bioinformatics used for genome analysis . . . . . . . . . . . . . . . . . . . . 59
2.10.1 Data sources . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 59
2.10.2 Analysis of gene complexity . . . . . . . . . . . . . . . . . . . . . . . . 59
2.10.3 Analysis of primers . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 60
2.10.4 Analysis of gene ontology . . . . . . . . . . . . . . . . . . . . . . . . . 60

3 Development of a recombineering method for Chlamydomonas 61
3.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 61
3.2 Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 62

3.2.1 Modern methods for cloning nuclear genes . . . . . . . . . . . . . . 62
3.2.2 Recombination-mediated cloning as an alternative . . . . . . . . . 63

3.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 65
3.3.1 A genome analysis highlights the challenges affecting PCR . . . . 65

3.3.1.1 Gene size . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 65
3.3.1.2 Gene complexity . . . . . . . . . . . . . . . . . . . . . . . . . 66
3.3.1.3 Unsuitable primers . . . . . . . . . . . . . . . . . . . . . . . 67
3.3.1.4 Mis-annotation of start sites . . . . . . . . . . . . . . . . . . 67
3.3.1.5 Introns, UTRs and splice variants . . . . . . . . . . . . . . 69

3.3.2 Development of a recombineering pipeline . . . . . . . . . . . . . . . 70
3.3.2.1 Design of a series of gene tagging cassettes . . . . . . . . 70
3.3.2.2 Small scale application of the pipeline . . . . . . . . . . . . 71
3.3.2.3 High-throughput application of the pipeline . . . . . . . . 73

3.3.3 Analysis of successes reveals good tolerance of large and
complex targets . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 74

3.3.4 Localisation of tagged proteins agrees with previous data . . . . . 76
3.3.5 Comparison of native promoter- and PSAD promoter-driven

gene expression . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 77



xiv

3.3.6 Mutant rescue with recombineered LCIB and STT7 . . . . . . . . . 79
3.3.7 Purification of STT7 from Chlamydomonas . . . . . . . . . . . . . . 80

3.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 82
3.4.1 Possible reasons for recombineering failure . . . . . . . . . . . . . . 83
3.4.2 Benefits of including the native promoter . . . . . . . . . . . . . . . 85
3.4.3 Limitations of our pipeline . . . . . . . . . . . . . . . . . . . . . . . . . 85

4 Tethering FNR to PSI 87
4.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 87
4.2 Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 87
4.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 90

4.3.1 Design of a DNA construct for tethering FNR to PSI . . . . . . . . 90
4.3.2 CRISPR-mediated one-step deletion/insertion with the PsaF-

FNR cassette . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 92
4.3.3 Deleting FNR . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 94
4.3.4 Isolation of PSI-FNR . . . . . . . . . . . . . . . . . . . . . . . . . . . . 96
4.3.5 Growth phenotype testing . . . . . . . . . . . . . . . . . . . . . . . . . 96
4.3.6 Changes to the thylakoid proteome . . . . . . . . . . . . . . . . . . . 98

4.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 102
4.4.1 Does PSI-FNR assemble in vivo? . . . . . . . . . . . . . . . . . . . . . 104
4.4.2 Is the PSI-FNR active in LET? . . . . . . . . . . . . . . . . . . . . . . 104
4.4.3 Are there any side-effects? . . . . . . . . . . . . . . . . . . . . . . . . . 105
4.4.4 Do mutants T7 and T10 still perform PGR-CET? . . . . . . . . . . . 106

5 Measuring photosynthesis in the FNR-tether mutants 109
5.1 Summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 109
5.2 Background . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 110

5.2.1 Chlorophyll fluorescence . . . . . . . . . . . . . . . . . . . . . . . . . . 111
5.2.2 The electrochromic shift . . . . . . . . . . . . . . . . . . . . . . . . . . 112
5.2.3 Measurement of P700 redox state . . . . . . . . . . . . . . . . . . . . 114

5.3 Results . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 115
5.3.1 Analysis of chlorophyll fluorescence shows minor differences at

high light . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 115
5.3.2 FNR-tether mutants show normal PSI:PSII ratio . . . . . . . . . . 118
5.3.3 FNR-tether mutants show a trend of lower pmf in high light . . . 121
5.3.4 NPQ in FNR-tether mutants is impaired after high light

treatment . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 124
5.3.5 Oxidation of PSI is slightly impaired in FNR-tether mutants . . . 124
5.3.6 FNR-tether mutants show a faster initial rate of electron transfer127
5.3.7 FNR-tether mutants are acceptor-side limited in high light . . . . 130

5.4 Discussion . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 133



xv

5.4.1 Do we see evidence for impaired CET in the tethered-only
mutants? . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 133

5.4.2 What can be inferred about photosynthesis in our FNR-tether
mutants? . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 134

5.4.3 Why might photosynthetic control be impaired in the FNR-
tether mutants? . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 136

6 Concluding remarks 141
6.1 Thesis summary . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 141
6.2 Natural next steps for identifying the FQR . . . . . . . . . . . . . . . . . . . 142
6.3 The future of CET research . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 143

References 145

A Appendix 165



xvi



xvii

Acronyms and abbreviations

2-PG 2-phosphoglycolate.

3-PGA 3-phosphoglycerate.

ANOVA Analysis of variance.

ANR1 Anaerobic Response Protein 1.

APHVII Aminoglycoside phosphotransferase type VII gene, conferring resistance to
hygromcyin.

APHVIII Aminoglycoside phosphotransferase type VIII gene, conferring resistance
to paromomycin.

ATP Adenosine triphosphate.

BAC Bacterial artificial chromosome.

BLE Beta-lactamase gene, conferring ampicillin and zeocin resistance.

BPGA 1,3-bisphosphoglycerate.
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Chapter 1

Introduction

The global population is projected to pass eight billion in November this year and ten
billion by the year 2050 (Gaigbe-Togbe et al. 2022). At the same time, land use is
under intense pressure from the growing consumption of animal products, growing
demand for biofuels (Ray et al. 2013), and loss of arable land by desertification
(Cameron et al. 2015). To meet the demand, crop yields may need to double by 2050
(Ray et al. 2013). These factors are fuelling high interest and investment in genetic
strategies to improve crop yields beyond traditional breeding methods. Transgenic
herbicide-resistant crops first put into use in the USA thirty years ago have now
become widespread, but initial improvements have been stymied by the evolution
of parallel herbicide resistance in weeds (Duke 2015). More ambitious proposals
to achieve higher and more consistent crop yields now aim for improved disease
resistance, drought tolerance, salt tolerance, flood tolerance, and optimisation of
photosynthesis (Bailey-Serres et al. 2019). Current genetic strategies range from
tweaking existing traits to more drastic restructuring or de novo introduction of
whole metabolic processes (Jackson et al. 2021). However, genetic engineering of
crop plants is generally a slow process, taking many months to grow mutant plants.
Of great benefit to crop research is the use of alternative model organisms that share
key features to plants but are more amenable to genetic manipulation and testing.
Microalgae play an important role in this effort, and one of the most widely used
eukaryotic algal species in research is Chlamydomonas reinhardtii (Fig. 1.1A).

1.1 Chlamydomonas reinhardtii

Chlamydomona reinhardtii, hereafter referred to as Chlamydomonas, is a single-
celled, bi-flagellar, soil-dwelling alga that can easily be cultured in the lab in liquid
or as colonies on agar-supplemented media. The major lab strains in use today can
all be traced back to the strain collection of Gilbert M. Smith in 1945, apparently
descended from cells found in soil from a potato field in Massachusetts (Harris 2009,
p11). Chlamydomonas is a facultative heterotroph, able to grow without relying on
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photosynthesis if provided with an alternative carbon source. Cultures supplemented
with acetate grow relatively quickly and can reach high cell densities. The three
genomes of Chlamydomonas are fully sequenced and transformable, and extensive
mutant libraries are available from several repositories. Cells can be maintained
in a haploid state under normal growth, or diploidy can be induced to promote
mating between the mating types, mt+ and mt-. Sequencing of the reference nuclear
genome was completed by Merchant and colleagues in 2007 (Merchant et al. 2007),
though subsequent sequencing showed the genomes of modern lab strains have
diverged to a remarkable degree in the past eighty years (Gallaher et al. 2015). Key
morphological and anatomical features are common to all strains though; cells are
~4-14 µm in length and contain a single chloroplast that takes up the anterior third
of the cell volume and extends in a cup-shape around the cytosol (Fig. 1.1B). The
Chlamydomonas chloroplast functions similarly to those in plant cells, finding them
wide use as a model organism for studying photosynthesis and plant metabolism.
Meanwhile their retention of many genes from the common ancestor of plants and
animals makes them useful models for research on human ciliopathies and cell cycle
control (Silflow and Lefebvre 2001; Breker et al. 2018). They are also widely used
as a chassis for the production of high-value metabolites and therapeutic proteins
(Dyo and Purton 2018), even showing potential as a future food source, including for
extra-terrestrial agriculture (Mapstone et al. 2022).

1.1.1 The Chlamydomonas chloroplast

The chloroplast is the photosynthetic organelle in plants and algae. Despite having
diverged from vascular plants almost a billion years ago (Kumar et al. 2017),
Chlamydomonas and plant chloroplasts are anatomically similar and share many of
the major photosynthetic components and mechanisms of regulation. Like vascular
plants, the Chlamydomonas chloroplast is bound within a chloroplast envelope and
contains an extensive system of thylakoid membranes. The medium surrounding
the thylakoids is the chloroplast stroma, which contains copies of the chloroplast
genome (plastome) and the machinery for transcribing and translating genes and
assembling the protein machinery of photosynthesis. Each thylakoid membrane
consists of a lipid bilayer enclosing a thin lumen in a flattened sack-shape. The
thylakoids themselves are densely packed with membrane proteins – as much
as 80% protein composition – and are arranged in a single, undulating, highly
folded, continuous compartment (Fig. 1.1C). The degree of folding of thylakoids is
heterogeneous throughout the chloroplast; parts are tightly appressed, containing
anywhere between two and fifty stacks of membrane pairs, and are interspersed by
regions of more loosely arranged, non-appressed membranes (demonstrated nicely
in Wietrzynski et al. 2020) (Fig. 1.1C). These two types of membrane ultrastructure
– appressed and non-appressed – are comparable to the more regularly structured
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Figure 1.1: The Chlamydomonas chloroplast. A. Chlamydomonas cells under
the microscope. Reproduced with permission from the photographer, Wim van
Egmond. B. A cross section schematic of Chlamydomonas showing the lobed, cup-
shaped chloroplast that extends from the base of the cell around the cystosol.
The thylakoid membranes are arranged in the chloroplast into appressed and non-
appressed regions. C. Transmission electron micrograph of the pyrenoid, a liquid-
like microcompartment in the chloroplast, surrounded by thylakoid membranes.
Examples of appressed thylakoid regions are indicated by black arrows and non-
appressed regions by white arrows. Electron micrograph is author’s own.
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grana and stromal lamellae regions into which the thylakoids of vascular plants are
arranged. The most noticeable difference to vascular plants is the presence of a sub-
compartment of the Chlamydomonas chloroplast, the pyrenoid, a core component
of the algal CO2-concentrating mechanism that supercharges carbon fixation in
photosynthesis.

1.2 Oxygenic photosynthesis

Photosynthesis is the process by which the radiant energy of light is stored by living
organisms as chemical energy in the form of carbohydrates. The importance of
this process for the biosphere cannot be overstated. Radiant energy is abundant
(~240 W m-2 absorbed solar radiation at the earth’s surface, Wild et al. 2013) but
without photosynthetic organisms to perform its conversion to chemical bond energy,
complex life could not have evolved and could not be sustained. Organisms that
can use light to power their metabolism are called phototrophs, and the majority
of these on earth produce oxygen as a byproduct of photosynthesis (> 80% of
total biomass, Sánchez-Baracaldo and Cardona 2020). These are called oxygenic
phototrophs and are subdivided into several taxa spread across the tree of life,
including the prokaryotic cyanobacteria and the green lineage of plastid-containing,
eukaryotic photosynthetic organisms, the archaeplastidae (Sánchez-Baracaldo and
Cardona 2020). The entire green lineage likely stems from a common eukaryotic
ancestor that contained a primitive form of a chloroplast, acquired by endosymbiosis
from an ancient bacterium similar to the cyanobacteria that populate the oceans
today (Douglas 1998). This common ancestor was likely a flagellated unicellular
alga whose descendants diverged, among others, into the chlorophyta, encompassing
most of the green algae including Chlamydomonas, and the streptophyta, which
encompass the algal ancestors of the embryophytes, technically making all land
plants a type of algae (Leliaert et al. 2012). There is enormous diversity across the
oxygenic phototrophs in terms of body shape and size, life cycle, motility, degree of
multicellularity and habitat. Their defining feature, though, relies on a core set of
enzymes and reactions that are highly conserved across a staggering three billion
years of evolution (Sánchez-Baracaldo and Cardona 2020). Oxygenic photosynthesis
is itself an extensive and multifaceted process and so a broad field of study. Textbooks
often divide photosynthesis into the reactions of light absorption and light-driven
electron transfer, called the light reactions, and the down-stream reactions of carbon
fixation, called the dark reactions. The light reactions split water into oxygen,
protons and electrons, while the dark reactions use protons and electrons to reduce
CO2 to carbohydrates.
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1.2.1 The light reactions of photosynthesis

The light reactions occur at the thylakoid membranes within the chloroplast
and involve the absorption and conversion of light energy into electrical energy,
culminating in an electron transfer chain (ETC) from H2O to nicotinamide adenine
dinucleotide phosphate (NADP+) (Fig. 1.2A). Light is absorbed by chlorophyll and
other pigment molecules arranged within the hydrophobic cores of light harvesting
complexes (LHCs) embedded in the thylakoid membranes. The energy of an absorbed
photon excites an electron on a pigment molecule in an LHC. This excitation energy
is transferred between pigment molecules and between LHCs towards one of the
two photosystems, PSI or PSII. PSII receives excitation energy from light harvesting
complex II (LHCII). At the reaction centre of PSII, incoming excitation energy is
used to extract electrons from water at the oxygen evolving complex (OEC), forming
protons and molecular oxygen, which are released into the thylakoid lumen. The
electrons are transferred across the thylakoid membrane and enter the electron
transport chain (ETC). They are received by plastoquinone (PQ), which then diffuses
through the membrane to the cytochrome b6f complex (cytb6f ). Electrons are
transferred from PQ to cytb6f to plastocyanin (PC), a soluble protein bound at the
lumenal side. Transfer of electrons from PQ to PC is coupled to the translocation of
additional protons into the lumen. Reduced PC then diffuses through the lumen to
photosystem I (PSI), which then transfers the electron across the membrane to the
soluble stromal protein ferredoxin (Fd) using the energy of another absorbed photon,
collected via the PSI-associated light harvesting complex I (LHCI). The ETC ends
in the transfer of electrons from Fd to NADP+, reducing it to NADPH, one of the
principal reactants of the downstream dark reactions (Fig. 1.2).

This sequence of electron transfers from PSII to NADP+ is linear electron
transfer (LET). The final Fd-to-NADP+ reaction is catalysed by the key enzyme
ferredoxin:NADP+ oxidoreductase (FNR). FNR can also perform the reverse reaction,
diverting electrons away from NADPH and making them available for further Fd-
driven reactions like cyclic electron transfer (CET). In CET, electrons emerging from
PSI are recycled from the stroma back into the PQ pool in the thylakoids instead
of producing NADPH (Fig. 1.2A). Electrons cycled into the PQ pool can flow back
through cytb6f, PC and PSI, completing the circuit around PSI. Because CET also
involves proton pumping at cytb6f, CET can contribute to ATP production without
NADPH production, whereas LET contributes to both.

The thylakoid lumen is more acidic than the chloroplast stroma and is kept
compositionally distinct due to its small volume hindering the entry of bulky proteins.
Under illumination the lumen becomes further acidified as protons are released from
water at the OEC and translocated from the stroma by cytb6f. This concentration of
protons creates an osmotic potential across the membrane (¢pH) and contributes to
the electric potential (¢√). Together, ¢pH and ¢√ comprise the proton motive force
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Figure 1.2: The light reactions of photosynthesis. A. The canonical photosyn-
thetic electron transport chain, culminating in the reduction of NADP+ to NADPH
(LET) or cycling of electrons back into the PQ pool through an unknown intermediate
(CET). Proton translocation is coupled to electron transfer through PSII and cytb6f
(red dashed arrows). Protons in the lumen escape back through the ATP synthase,
driving the phosphorylation of ADP to generate ATP. Protein models are represented
by the following structures: Chlamydomonas PSII-LHCII (PDB 6KAC; Sheng et al.
2019), Spinacia oleracea cytb6f (PDB 6RQF; Malone et al. 2019), S. oleracea plas-
tocyanin (PDB 1YLB; Musiani et al. 2005), Chlamydomonas PSI-LHCI (PDB 6JO6;
Suga et al. 2019), Chlamydomonas ferredoxin (PDB 6KV0; Ohnishi et al. 2020), S.
oleracea FNR (PDB 1FNC; Bruns and Karplus 1995) and S. oleracea ATP synthase
(PDB 6FKI; Hahn et al. 2018). B. The electron transfer intermediates of the ETC
arranged according to redox potential, demonstrating the crucial input of energy re-
quired from the absorption of two photons to generate the highly reducing Fd and
NADPH, which are then used to provide energy for metabolism.

(pmf ), which can be harnessed to perform mechanical work by releasing protons back
into the stroma down their electrochemical gradient. Protons can leak back through
the membrane into the stroma if the pmf is high enough. Otherwise, protons are
released through the ATP synthase, a valve that couples proton release to ATP
production. The integrity of the thylakoid membranes and their ability to keep
the stroma and lumen distinct is critical in maintaining the pmf and efficient ATP
production.

1.2.2 The key photosynthetic components of the thylakoids

The key components of the light reactions are all bound to or associated with
the thylakoid membranes. PSI, PSII and cytb6f are all multi-subunit pigment-
protein complexes with multiple transmembrane helices and hydrophobic cores that
bind pigments, quinones and electron transfer intermediates. Most of the core
subunits of these complexes are encoded in the chloroplast genome, but several
are encoded in the nucleus and require post-translational processing and dedicated
chaperones to enter the chloroplast. The structure and function of homologous
subunits between plants and algae are highly similar even when encoded by different
genomes, implying a remarkable conservation of the light harvesting and energy
transfer mechanisms across billions of years. The following sections describe the
major photosynthetic components of the Chlamydomonas thylakoids in more detail.

1.2.2.1 Pigments

Pigments are the light-active molecules that enable light-harvesting in photosynthe-
sis. By far the majority of photosynthetically active pigments in the thylakoids are
chlorophyll. Plants and algae possess two types of chlorophyll, a and b, that have
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slightly different absorption spectra, allowing them to cover more of the electromag-
netic spectrum together (Kan and Thornber 1976). Chlamydomonas also synthesises
a range of carotenoids and xanthophylls that are important for extending the spec-
trum of light harvesting or are key components of electron transfer in the thylakoids.
Chlorophyll, the primary light absorbing molecule for photosynthesis, consists of a
hydrophobic phytol tail to enable protein binding and a chlorin macrocycle that pro-
vides a large surface area for light absorption. Electrons in each chlorin macrocycle
are maintained in a specific conjugated º-system containing 24 delocalised electrons
(Johnson 2016). All electrons orbiting any atomic nuclei can be excited from a ground
state into a higher molecular orbital by the absorption of a photon whose energy
matches the gap between the ground state, S0, and an excited state, S1 or S2. How-
ever, electrons in conjugated systems have the property of their ground states and ex-
cited states being closer in energy than for non-conjugated systems. This allows the
highly conjugated chlorophyll º-system to absorb low energy, red photons. Chloro-
phyll therefore shows a broad absorption peak in the red region of the electromag-
netic spectrum, termed QY. Chlorophyll also has an absorption peak in the UV-blue
region called the Soret peak, resulting from the absorption of blue (higher energy)
photons whose energy matches the gap between S0 and a higher excited state, S2.
Upon absorption of a suitable photon by a chlorophyll molecule, an electron is briefly
promoted to S1 or S2. Electrons in S2 decay to S1 extremely quickly (on a picosec-
ond timescale), but the S1 excited state survives for longer (~2 ns) before decaying
back to S0 (Johnson 2016). This longer lifetime makes possible the transfer of exci-
tation energy to neighbouring chlorophylls. Energy transfer proceeds by two main
methods in photosynthesis; exciton coupling between chlorophylls allows extremely
efficient transfer if molecules are within ~1 nm, whereas longer range transfer is also
possible by Förster resonance energy transfer (FRET) if molecules are within ~7 nm
(reviewed in Jones and Bradshaw 2019).

1.2.2.2 Light harvesting complexes

Photosynthetically active chlorophyll a and b molecules are carefully arranged in
the hydrophobic interiors of the light harvesting complexes (LHCs), their precise
configurations being necessary to ensure efficient transfer distances for exciton
coupling or FRET. The most abundant LHCs are LHCI and LHCII (Johnson 2016).
The LHCs collect light for photosynthesis by forming antenna-like arrays around
a photosystem in precise coordination to enable energy transfer. Energy occurs in
series between coordinated chlorophylls within an LHC and between adjacent LHCs,
enabling the transfer of energy from the site of absorption along a chain of pigment-
protein complexes over several nanometres towards the reaction centre of either
photosystem I (PSI) or photosystem II (PSII).

PSII receives energy from LHCII, probably the most abundant membrane protein
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on earth. LHCII consists of a single polypeptide arranged as three transmembrane
helices. Pigments and carotenoids are bound into the hydrophobic core of each
monomer: eight chlorophyll a, six chlorophyll b, two carotenoids and one xanthophyll.
LHCII is arranged into trimers in the membrane, wherein the monomer-monomer
interfaces stabilise some of the chlorophylls and accommodate additional pigments.
LHCI collects light exclusively for PSI and contains up to 20% of the chlorophyll in
the thylakoid membrane (Harris 2009, p509). The LHCI monomer is structurally
similar to LHCII and contains the same number of chlorophylls. LHCI is closely
associated with PSI, and the LHCI-PSI interfaces help to accommodate additional
chlorophylls.

1.2.2.3 Photosystem II

Photosystem II (PSII) is a large, multi-subunit, membrane-bound pigment-protein
complex that is unique in nature for its ability to oxidise water and reduce bound
plastoquinone (PQ) using the energy of absorbed light (Fig. 1.3A and B). Water
oxidation takes place in the lumen at the oxygen evolving complex (OEC) and donates
electrons to the donor side, whereas PQ reduction takes place on the stromal edge of
the complex at the acceptor side. The structure of PSII is highly conserved between
plants, algae, and cyanobacteria, and exists in the membrane as a heterodimeric
core of proteins D1 and D2 that form the reaction centre, surrounded by chlorophyll
binding proteins CP43 and CP47, peripheral antenna proteins CP26 and CP29 and
trimeric LHCII antennae (Fig. 1.3A). For photochemistry to occur, excitation energy is
transferred from CP43/47 to a special pair of chlorophylls in the reaction centre with
an absorption maximum at 680 nm, known as P680. Upon excitation, a transient
intermediate P680* is formed and a nearby molecule of pheophytin, PheoD1, is
rapidly reduced on the timescale of a few picoseconds. The charge transfer can
recombine back to P680 or can be quickly stabilized by electron transfer to a bound
PQ (QA) to form a radical transmembrane pair, P680+QA

-. P680+ is reduced from
the lumenal side in a four-step reaction mediated by a cluster of Mn atoms within
the D1-bound oxygen evolving complex (OEC) via a nearby tyrosine (YZ) (Fig. 1.3C).
Four sequential oxidations of the OEC by P680+ builds an oxidation potential that is
sufficient to oxidise water, releasing O2 and protons into the lumen. QA

- is oxidised
by a slower (microseconds) two-step reduction of a PQ at the QB site near the stromal
side of the complex requiring the input of protons from the stroma. Once reduced, the
association between PQH2 and the QB site is weakened and PQH2 can diffuse out
of PSII and join the membrane-bound PQ pool (Fig. 1.2B). Overall, PSII-mediated
H2O:PQ oxidoreductase activity converts H2O to reduced plastoquinone (PQH2) as
follows:

2H2O+2PQ+4H+
(str oma) ! O2 +4H+

(lumen) +2PQH2 (1.1)
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1.2.2.4 The plastoquinone pool

Plastoquionone (PQ) is a lipid-soluble electron carrier that can diffuse within the
thylakoid membranes, receiving electrons between PSII during LET and receiving
electrons from the stroma during CET. The pool of available PQ needs to be
maintained at a ratio near 50:50 oxidised/reduced so as to continue accepting and
donating electrons efficiently. The redox state of the PQ pool is thus a crucial
factor affecting photosynthetic efficiency. Though the name implies a single pool
of molecules in flux, the PQ pool may be subdivided into distinct regions in the
thylakoids, one that is mainly reduced photochemically (from PSII) and one that is
mainly reduced non-photochemically (from the stroma) (Alric 2015). This is not to
mention the smaller divisions caused by obstructions from the high concentration of
protein complexes and supercomplex assemblies in the thylakoids.

1.2.2.5 The cytochrome b6f complex

The cytochrome b6f complex (cytb6f ) is a homodimeric membrane-bound PQ:PC
oxidoreductase that transfers electrons from the plastoquinone pool to the lumenal
one-electron carrier PC (Fig. 1.2). Cytb6f sits in the centre of photosynthetic electrons
transfer, connecting PSII and PSI and fed by electrons from both LET and CET. Each
cytb6f monomer consists of four major proteins, cytochrome f, cytochrome b6, the
Rieske iron sulphur protein (ISP) and subunit IV (Fig, 1.3D). These are stabilized by
a ‘picket fence’ of transmembrane helices consisting of subunits PetG, L, M and N. In
Chlamydomonas, cytb6f also contains a loosely bound fifth transmembrane subunit,
PetO, while cytb6f from Synechocystis spp. contains a loosely bound stromal subunit,
PetP (Proctor et al. 2022). The complex coordinates an iron-sulphur cluster (Fe2S2),
two b-hemes (bL and bH) and two c-hemes (cyt f and ci) per monomer, as well as one
chlorophyll and one carotenoid with unknown functions (Stroebel et al. 2003).

Cytb6f bears structural similarities to both the bacterial bc1 complex and the
mitochondrial cytochrome bc1 (respiratory complex III), all of which perform quinol
oxidation by an electron bifurcative process known as the Q-cycle, comprising two
half-cycles (Crofts et al. 1983, Mitchell 1975). In the first half-cycle, PQH2 from the
PQ pool diffuses into the complex and is oxidised twice at the lumenal binding site
Qo, requiring the uptake of two protons from the stroma (Fig. 1.3E). One electron
enters the high-potential chain of transfer reactions, which consists of an Fe2S2 in
the ISP, then on to cyt f followed by PC. The other electron enters the low-potential
chain, consisting of haems bL and bH, and on to haem ci. Oxidation of another PQH2

at the Qo site is required for the second half-cycle. Here, again, one electron from
PQH2 enters the high-potential chain, leading to the reduction of another PC in the
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Figure 1.3: Photosystem II and the cytochrome b6f complex A. Stromal view
of Chlamydomonas PSII-LHCII (PDB 6KAC; Sheng et al. 2019), showing the PSII
core subunits D1 and D2, chlorophyll binding protein CP47, peripheral binding
proteins CP26/29 and a strongly bound LHCII trimer (S-LHCII). PSII and coupled
antenna form a homodimeric supercomplex (symmetry indicated by dashed line). B.
Side view of PSII-LHCII showing the oxygen evolving complex subunits PsbO/P/Q
projecting into the lumen. Adapted with permission from Nelson and Ben-Shem
(2004). C. Schematic of the electron transfer reactions within the PSII reaction
centre, coordinated by the core subunits D1 and D2. The special pair of chlorophylls,
P680, and two weakly coupled chlorophylls are shown as porphyrin rings. P680 forms
a radical pair with the bound quinone QA upon absorption of light, triggering the
reduction of QB and the almost simultaneous oxidation of the manganese cluster in
the OEC (via tyrosine YZ). Fast transfer between QA and QB is facilitated by nearby
HCO3

- (grey) and Fe2+ (red sphere) ions. D. The cytochrome b6f complex (cytb6f ) from
S. oleracea (PDB 6RQf; Malone et al. 2019) – also a homodimeric complex – showing
the four key subunits that coordinate the electron transfer intermediates, cyt f, cyt b6,
subunit IV and the Rieske iron sulphur protein. Additional subunits, shown in white,
likely act to stabilise the complex. E. The electron transfer intermediates coordinated
by cytb6f, showing the relative positions of each haem and the electron transfer
reactions of the Q-cycle. Haem ci is shown in dark red. Adapted with permission
from Nelson and Ben-Shem (2004).

lumen. The second electron enters the low-potential chain, joining the electron from
the previous half-cycle by forming a highly reducing species made up of haems ci

and bH, which reduces bound PQ at the stromal Qi binding site, completing the Q-
cycle. The sequential oxidation of two molecules of PQH2 at the Qo site liberates a
net four protons into the lumen and regenerates one PQH2, with the overall reaction
as follows:

2PQH2(Qo) +PQ(Qi ) +2H+
(str oma) ! 2PQ(Qo) +PQH2(Qi ) +4H+

(lumen) +2e°(c y t f !PC) (1.2)

The oxidation of PQH2 at the Qo site is the rate limiting step for the whole
photosynthetic ETC, occurring on a timescale of several milliseconds (Saif Hasan and
Cramer 2012). However, the translocation of two protons into the lumen per electron
transferred makes cytb6f the major site of proton translocation in the ETC and the
major contributor to ¢pH. In addition, transfer along the low-potential chain from
PQH2 to haems bL and bH shifts negative charge from the lumenal to the stromal
side of the thylakoid membrane, contributing to the ¢√ component of pmf while the
Q-cycle is running.

Mechanistically, cytb6f is still somewhat mysterious. According to the available
high-resolution structures of cytb6f (Malone et al. 2019, Proctor et al. 2022, Stroebel
et al. 2003), the high-potential chain appears to require transfer of charge from
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the Fe2S2 to cyt f across too large a distance to be physically possible, implying
a significant conformational change is induced and reversed with each half-cycle
to facilitate the transfer (Malone et al. 2021). In addition, evidence from in silico
modelling of a potential Fd binding site on the stromal side suggests that cytb6f may
receive electrons directly from stromal Fd- during CET, possibly via the second c-
type heme, ci (Nawrocki et al. 2019a). This theory of CET fits with the original Q-
cycle mechanism proposed by Mitchell (1975), in which PQ reduction at the Qi site
was achieved via one electron from haem bH and one from the stroma. This and
competing theories regarding the site of electron entry to the PQ pool during CET
are explored in more detail in Section 1.4 on page 27.

1.2.2.6 Plastocyanin

The small, soluble, copper-containing protein plastocyanin (PC) transfers electrons
from cytb6f to PSI (Fig. 1.2A). Oxidised PC (PC+) receives an electron from cyt f of
cytb6f and diffuses freely through the lumen to enter the PC pool, while reduced
PC (PC-) associates with the donor side of PSI at the lumenal face of the PsaF
subunit and functions as the primary electron donor to the PSI reaction centre’s
special pair of chlorophylls, P700. Though vascular plants use PC exclusively, in
Chlamydomonas, the heme-containing protein cytochrome c6 can substitute for PC
under copper-deficient conditions (Merchant and Bogorad 1987). Constant turnover
of the pool of available PC or cytochrome c6 is required to maintain high rates of
PSI reduction, with efficient net PC-to-PSI electron transfer taking place in less than
a millisecond (Farah et al. 1995). This implies that individual PC molecules must
quickly diffuse several tens of nanometres through the lumen between cytb6f and
PSI to transfer electrons.

1.2.2.7 Photosystem I

Photosystem I (PSI) is a large, multi-subunit protein complex that can oxidise PC
or cytochrome c6 and reduce ferredoxin (Fd) using the energy of absorbed light. PC
oxidation takes place in the stroma at the PSI donor side, while Fd reduction takes
place in the stroma at the PSI acceptor side. Like PSII, PSI consists of chlorophyll-
binding subunits surrounding a heterodimeric reaction centre. The reaction centre
comprises proteins PsaA and PsaB and contains a special pair of chlorophylls, P700,
with an absorption maximum at 700 nm. Apart from the reaction centre, ten other
transmembrane helix-containing subunits, PsaC-L, form the core complex, and are
ringed on one side by eight bound LHCI that channel excitation energy to P700 in
the reaction centre (Fig. 1.4A and B). Upon excitation, the transient intermediate
P700* is produced, possessing one of the most negative redox potentials in nature
(Baker et al. 2007) (Fig. 1.2B). P700* swiftly undergoes charge separation to a nearby
chlorophyll, A0, producing the radical pair P700+A0

-. This can either reduce a bound
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quinone, A1, or collapse back to P700 (charge recombination). The charge separation
sequence from P700 to A1 can occur along either of two identical routes coordinated
by each monomer of the dimeric reaction centre (Fig. 1.4C). The routes converge at a
cluster of Fe4S4 centres known as FX, FA and FB, coordinated by PsaA/B and PsaC,
respectively (Harris 2009, p559-560). Electron transfer from A1 to FX stabilizes
the charge separation, followed by transfer to FA and FB, before reduction of a
molecule of Fd at the stromal docking site, coordinated by PsaC, D and E (Sétif et
al. 2002) (Fig. 1.4B). The P700+ ion is simultaneously reduced at the PSI donor side
by bound PC or cytochrome c6 at a docking site coordinated by PsaF and PsaJ . In
Chlamydomonas, loss of the PsaF subunit does not neutralize PSI, but results in ~80-
fold drop in the rate of electron transfer from PC to P700+ (Hippler et al. 1997) and
consequently a much slower oxidation of the PC pool and cyt f.

1.2.2.8 Ferredoxin

Ferredoxin (Fd) is a small, soluble, stromal protein containing a Fe2S2 cluster that
is present in several different isoforms in Chlamydomonas, of which the major
isoform, FDX1, is thought to be the primary electron acceptor of PSI (Johnson 2016).
Ferredoxin has a redox potential of approximately ~430 mV, making it the most
electronegative cofactor in photosynthesis (Tagawa et al. 1963). Oxidised Fd (Fd+)
is reduced by the acceptor side of PSI due to the production of the highly reducing
species P700* upon the absorption of excitation energy at the PSI reaction centre.
Reduce Fd (Fd-) can then diffuse freely within the stroma, where it is involved in
electron transfer to several pathways in Chlamydomonas including LET and CET.

1.2.2.9 Ferredoxin:NADP+ oxidoreductase

The final step in LET is the transfer of two electrons from two molecules of Fd- to
NADP+ to produce NADPH, an important reductant for downstream carbon fixation.
This step is catalysed by a 35 kDa enzyme, ferredoxin:NADP+ oxidoreductase (FNR).
FNR is a flavoprotein with its active site positioned between a NADP-binding domain
and a bound molecule of flavin adenine dinucleotide (FAD). FNR is a member of a
large, extended family of similar enzymes present across the tree of life, many of
which catalyse the reverse reaction, producing reduced Fd from NAD(P)H (Aliverti et
al. 2008). In the dark, FNR in photosynthetic organisms also primarily catalyses the
reverse reaction, producing two Fd- per NADPH consumed (Fulgosi and Vojta 2020).
Although most NADPH is consumed in the chloroplast during carbon fixation, both
NADPH and Fd- are consumed in a wide variety of additional metabolic processes,
from nitrogen fixation to hydrogen production (Aliverti et al. 2008, Ho et al. 2022).
Thus, FNR has a key role in regulating the balance between NADPH-consuming
pathways and Fd-consuming pathways.

FNR is a hydrophilic protein and is localized to the stroma. However, the degree of
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association with the thylakoid membrane is still controversial. In cyanobacteria FNR
is present in two isoforms, one soluble and one associated with the light-harvesting
phycobilisomes bound to the thylakoids (Alcántara-Sánchez et al. 2017). In the model
plant Arabidopsis thaliana (hereafter Arabidopsis), FNR isoforms FNR1 and FNR2
may both be bound to the membrane by tether proteins TROL and Tic62 (Kramer
et al. 2021), though mutation of these tether proteins may not have a severe effect on
LET (Lintala et al. 2014). Chlamydomonas contains a single isoform of FNR thought
to reversibly associate with the thylakoid membrane at different locations, including
as part of a supercomplex containing PSI and cytb6f proposed to stimulate the rate
of CET (Iwai et al. 2010). The putative role of FNR in CET is expanded in Section 1.5
on page 33 and is a key focus of Chapters 4 and 5.

1.2.2.10 ATP synthase

The ATP synthase is a multi-subunit, transmembrane proton valve that couples the
movement of protons across the membrane to either phosphorylation of ADP plus
inorganic phosphate (Pi) to ATP (in the forward reaction) or to the hydrolysis of
ATP (in the reverse reaction). The forward reaction is powered by the pmf and
so depends on proton translocation from stroma to lumen at PSII and cytb6f. The
chloroplastic ATP synthase is known as CF0CF1 due to its two structural distinct
regions (Fig. 1.4D). The CF0 region is embedded in the membrane and comprises
subunits I-IV, while the CF1 region protrudes into the stroma and comprises subunits
Æ, Ø, ±, ∞ and " in Chlamydomonas (Harris 2009, p640). Subunits I and II are
anchored in the membrane and stabilise the interaction between CF0 and CF1.
Subunit III has a high stoichiometry compared with I, II and IV, and is organized as
a ring of transmembrane units called the c-ring, which is stabilized by IV (Fig. 1.4D).
The c-ring binds lumenal protons, resulting in a slight conformational change to the
structure of CF0 with each binding. This movement is transmitted to CF1 via an
axel-like central stalk consisting of subunits ±, ∞ and ". The stalk rotates a head
group consisting of three pairs of Æ/Ø subunits in a hexagonal arrangement, with a
catalytic site formed at the interface of each Æ/Ø pair. At each catalytic site, ATP
synthesis occurs by a rotational catalytic mechanism in three stages, one with each
120° rotation of the head group: with the first, a molecule of ADP is bound; with the
second, the cleft between the Æ and Ø subunits closes, fixing ADP to Pi; with the third,
the synthesised ATP is released (Senior et al. 2002). Three catalytic sites per ATP
synthase means that for each 360° turn of the head group, three ATP are synthesised.

1.2.2.11 A note on photosynthetic inhibitors

The details of the photosynthetic ETC were worked out over many decades aided by
the use of inhibitors of different reactions in the chain. Several of these inhibitors
are used in the work presented in this thesis to block the ETC at specific loci.
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Figure 1.4: Photosystem I, ATP synthase and their arrangement in the
thylakoids. A. Stromal view of Chamydomonas PSI-LHCI (PDB 6JO6; Suga et
al. 2019). B. Side view of PSI, showing the three stromal subunits, PsaC/D/E,
that coordinate the acceptor side electron transfer intermediates FA/FB/FX. PsaF,
a minor core subunit involved in docking plastocyanin on the lumenal side is shown
in blue. Other minor core subunits PsaH-L are shown in white. C. They symmetrical
pathways of electron transfer in the PSI reaction centre, illustrating transfer from
PC on the lumenal donor side to Fd on the stromal acceptor side. Adapted with
permission from Nelson and Ben-Shem 2004. D. The chloroplastic ATP synthase
from S. oleracea (PDB 6FKI; Hahn et al. 2018). Three copies of the Æ and Ø subunits
are present in each CF1 headgroup. Subunit III forms a 14-unit c-ring in the
membrane intrinsic CF0 region, though the precise number in Chlamydomonas is
yet to be ascertained. E. Cryo-electron tomograms from Chlamydomonas thylakoids
illustrating the compositional differences between appressed and non-appressed
membrane regions. Tightly appressed membranes (blue) are devoid of PSI and rich
in PSII, as shown by the abundant protrusions into the thylakoid lumen, associated
with the PSII OEC. Non-appressed membranes (yellow) are rich in PSI and ATP
synthase, shown by protrusions of PsaC/D/E and ATP synthase headgroups into the
stroma. Adapted with permission from Wietrzynski et al. 2020.

Hydroxylamine (HA) is used as an inhibitor of O2 evolution at PSII and is thought
to block electron transfer from water to P680* at the PSII donor side (Guiles et
al. 1990). DCMU, a herbicide with the systematic name 3-(3,4-dicholorophenyl)-
1,1-dimethylurea, is a specific inhibitor of PQ reduction by PSII. DCMU binds
competitively and irreversibly to the PSII QB site after a single turnover of the
reaction centre (Metz et al. 1986). Methyl viologen inhibits LET between PSI and
NADPH, functioning as an electron acceptor at the PSI acceptor side, though may be
primarily reduced by Fd- rather than directly by FA/FB (Sétif 2015). Methyl viologen
is therefore also used to inhibit CET as it functions to oxidise the stromal pool of
Fd and, via the reverse reaction of FNR, NADPH (Sétif 2015). Lastly, antimycin A,
a well-known inhibitor of respiration, is also a specific inhibitor for Fd-dependent
reduction of PQ, blocking the major route of CET. The site of antimycin A inhibition
in CET is still unclear since it is rather counterintuitively thought not to bind to
cytb6f in the same manner as to cytochrome bc1 during its well-known inhibition
of respiration. Instead, antimycin A may bind conditionally to cytb6f under anoxic
conditions (Buchert et al. 2022) or to a putative cytb6f -interacting complex composed
of PGR5 and PGRL1, two regulator proteins affecting the major route of CET.

1.2.3 Thylakoid heterogeneity and dynamics

PSII, PSI and ATP synthase are arranged heterogeneously in the Chlamydomonas
thylakoid membranes. The tight gap between the stromal face of one membrane and
the corresponding stromal face of an adjacent appressed membrane blocks entry of
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ATP synthase and PSI into the appressed regions almost completely. Consequently,
appressed regions are enriched in PSII while non-appressed regions are enriched
in ATP synthase and PSI (and LHCI by association) (Fig. 1.4E). The evolutionary
reason for the presence of highly appressed regions is unclear, but has been argued
as necessary for the physical separation of the photosystems in vascular plants in
order to prevent spillover of excitation energy from PSII to PSI, since PSI shows
faster kinetics of excitation energy trapping (Trissl and Wilhelm 1993). Cytb6f
is present at roughly equal quantities in both regions but is thought to fulfil
slightly different purposes in each; cytb6f in the appressed regions receives electrons
almost exclusively from PSII, whereas cytb6f in the non-appressed regions may be
sequestered mainly for CET, receiving the majority of its electrons from PSI via
stromal carriers. This theory also extends to the PQ pool, which may be divided
into appressed and non-appressed sub-domains (Joliot et al. 1992), one receiving
the majority of its electrons from PSII while the other receives electrons from the
stroma. A net partitioning of LET and CET into different spatial zones allows cells
to regulate the ratio of LET:CET by modulating the net area of appressed and non-
appressed thylakoids. These changes take place over several minutes in a process
termed dynamic thylakoid stacking (DTS) (Hepworth et al. 2021). This is one of
several important adaptational responses that enable cells to maintain homeostasis
by upregulating CET when there is an increased demand for ATP relative to NADPH.
In parallel and under similar conditions to DTS, cells can modulate the proportion
of absorbed energy reaching the photosystems in the appressed and non-appressed
regions. By far the majority of proteins in the thylakoid membranes are LHCII, and,
like cytb6f, LHCII is present in both appressed and non-appressed regions, funnelling
absorbed radiant energy to the nearby reaction centres. LHCII in the non-appressed
regions can reversibly associate with PSI and reversibly dissociate from PSII in the
appressed regions. In this way, cells can balance the proportion of LHCII associated
with each photosystem, modulating the amount of energy funnelled to PSI relative to
PSII. Shifting the balance of excitation between PSI and PSII in this way is known
as a state transition, and cells perform state transitions continuously to help keep
the net activity of PSII and PSI balanced in the cell, which in turn helps maintain
efficient production of ATP and NADPH in a fluctuating light-environment.

1.2.4 The dark reactions of photosynthesis

The dark reactions occur in the chloroplast stroma and are fuelled by atmospheric
CO2 and the major products of the light reactions, NADPH and ATP. These reactions
involve the fixing of atmospheric carbon into organic molecules, followed by the
reactions that regenerate the precursors for carbon fixation again. This cycle of
reactions is the Calvin-Benson-Bassham (CBB) cycle (Fig. 1.5), the first step of which
is catalysed by ribulose bisphosphate carboxylase oxygenase (Rubisco), estimated to
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Figure 1.5: The Calvin-Benson-Bassham (CBB) cycle. Diagram outlining the
reactions involved in the three phases of the CBB cycle: carboxylation, reduction
and regeneration. During the carboxylation phase, atmospheric CO2 reacts with
ribulose 1,5-bisphosphate (RuBP) in the active site of Rubisco, briefly forming a six-
carbon intermediate that quickly degrades to two molecules of 3-phosphoglycerate
(3-PGA). During the reduction phase, the primary product of photosynthesis,
glyceraldehyde 3-phosphate (GAP) is produced using NADPH generated in the
light reactions, catalysed by the key NADPH-consuming enzyme GAPDH. GAP and
dihydroxyacetone phosphate (DHAP) are in rapid equilibrium with each other and
are collectively referred to as triose phosphate. Five out of every six molecules of
triose phosphate produced in the reduction phase are used to regenerate RuBP in
the regeneration phase via a series of intermediate sugar molecules. These include
five steps via fructose 1,6-bisphosphate (FBP), fructose 6-phosphate (F6P), xylulose
5-phosphate (X5P) and ribulose 5-phosphate (Ru5P), and/or several additional
steps involving the intermediates erythrose 4-phosphate (E4P), sedoheptulose 1,7-
bisphosphate (SBP), sedoheptulose 7-phosphate (S7P) and ribose 5-phosphate (R5P).
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be the most abundant protein on earth (Bar-On and Milo 2019). Rubisco catalyses
carboxylation of the 5-carbon intermediate ribulose 1,5-bisphosphate (RuBP) into two
3-carbon molecules of 3-phosphoglycerate (3-PGA), sourcing the extra carbon atom
from atmospheric CO2. 3-PGA is then converted to 1,3-bisphosphoglycerate (BPGA)
using the energy from the hydrolysis of ATP, catalysed by phosphoglycerate kinase.
The enzyme glyceraldehyde 3-phosphate dehydrogenase (GAPDH) then converts
BPGA to glyceraldehyde 3-phosphate (GAP) using electrons from NADPH. GAP is
the primary carbohydrate product of photosynthesis and is a reactant in an array
of metabolic processes. Every sixth GAP is released from the cycle for use in the
synthesis of starch, amino acids, sucrose or other polysaccharides, while five GAP
are used to regenerate RuBP, consuming further ATP and completing the second half
of the cycle in five additional enzyme-catalysed steps (Fig. 1.5).

The light and dark reactions of photosynthesis are often studied separately but
are tightly linked and inter-dependent. The activities of at least four of the CBB cycle
enzymes including GAPDH are dependent on the chloroplastic thioredoxin systems,
which function to alter the thiol redox state of cysteine groups in a wide range of
photosynthesis enzymes, thereby modifying their activity (Buchanan 2016). Two
thioredoxin system (TRX) function concurrently in Chlamydomonas, the Fd-TRX and
NADPH-TRX systems (Nikkanen and Rintamäki 2019), themselves driven by the
redox state of the stromal Fd and NADPH pools. Given that the major source of
Fd- and NADPH is from PSI-catalysed reduction of Fd+, the TRX systems provide
the regulatory link between the light and dark reactions. Indeed, the fact that the
CBB cycle is light-activated suggests a fundamental misnaming of the dark reactions,
with Bob Buchanan – one of the key discoverers of thioredoxin-based regulation
– leading the calls for a renaming of the dark reactions as the carbon reactions
of photosynthesis instead (Buchanan 2016). This renaming would reflect in vivo
evidence that the CBB cycle does not function efficiently in the dark, but rather must
function during illumination to continuously process the stromal ATP and NADPH
produced by light-driven reactions (Buchanan 2016).

1.2.5 The pyrenoid and the CO2-concentrating mechanism

Unlike vascular plants, and indeed many other species of algae, part of the CBB cycle
in Chlamydomonas takes place in a liquid-like phase-separated micro-compartment
called a pyrenoid nestled amongst the thylakoid membranes (Mackinder 2018)
(Fig. 1.6A). The pyrenoid primarily comprises a densely packed matrix of tetrahe-
drally coordinated Rubisco held in place by a scaffolding protein called essential
pyrenoid component 1 (EPYC1) (Mackinder et al. 2016). The pyrenoid is encased in
a starch sheath that is punctuated by specialized tubules that traverse the pyrenoid
matrix (Engel et al. 2015). These pyrenoid tubules are continuous with the rest of
the thylakoids outside the pyrenoid, with the interior of the tubules continuous with
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the thylakoid lumen. Within each tubule are bundled several minitubules that allow
a continuous passage for stromal molecules such as the CBB cycle enzymes and reac-
tants to enter the pyrenoid matrix (Engel et al. 2015). The membranes of the pyrenoid
tubules are compositionally unique and are enriched in CO2 transporters on the sur-
faces facing the pyrenoid matrix (Mackinder 2018). These transporters work to inject
the pyrenoid with CO2 from the lumen, concentrating CO2 in the vicinity of Rubisco
for more efficient carbon fixation (Fig. 1.6B). Atmospheric CO2 reaches the thylakoid
lumen via a series of dedicated transmembrane pumps in the cell membrane, the
chloroplast envelope and the thylakoids. The current understanding holds that exter-
nal inorganic carbon is transported across the cell membrane in the form of HCO3

- by
HLA3 and LCI1, then across the chloroplast envelope by LCIA (Mackinder 2018). Al-
ternatively, CO2 that diffuses into the chloroplast stroma can be converted to HCO3

-

by the carbonic anhydrase pair LCIB/LCIC (Mackinder 2018). Stromal HCO3
- is then

transported into the thylakoid lumen via bestrophin-like proteins BST1-3 (Mukher-
jee et al. 2019) and converted to CO2 by the carbonic anhydrase CAH3. Injection
of CO2 into the pyrenoid matrix is aided by an as-yet unidentified pump, with the
leading candidate being another bestrophin-like protein, RBMP1 (Meyer et al. 2020).
These pumps, along with the pyrenoid, make up the CO2-concentrating mechanism
(CCM) of Chlamydomonas (Fig. 1.6B): an evolutionary adaptation to life in an aque-
ous environment where carbon availability is often severely limited by the low solu-
bility of CO2.

1.2.6 Photorespiration

A starch sheath around the pyrenoid prevents leakage of CO2 and keeps Rubisco
and the other key enzymes densely packed together to dramatically increase the
CBB cycle rate and limit the unproductive reaction of Rubisco with O2, termed
photorespiration. Photorespiration uses O2 as the electron acceptor in the oxygenase
reaction of Rubisco, which competes directly with CO2 at the Rubisco active site.
Here, Rubisco splits the 5-carbon RuBP into one molecule of 3-PGA and one molecule
of 2-phosphoglycolate (2-PG) instead of two molecules of 3-PGA produced during the
carboxylation reaction. The subsequent photorespiratory pathway can recycle 2-PG
to regenerate RuBP for the CBB cycle but this is energetically costly: two molecules of
ATP consumed per every two molecules of 2-PG recycled, as well as the release of one
molecule of CO2 in the mitochondria (Betti et al. 2016). The CCM in Chlamydomonas,
as well as those in C4 plants and cyanobacteria, helps to limit this CO2 release
and unproductive ATP usage. In C3 plants, however, carbon is released at a rate
of one molecule CO2 per four molecules fixed due to photorespiration (Sage et al.
2012). Alleviation of the energetic and carbon costs of photorespiration by genetic
engineering is a promising route to improving yield of C3 crops, including vital food
sources such as rice and soybean (Mackinder 2018). However, there is some evidence
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Figure 1.6: The CO2-concentrating mechanism. A. Transmission electron
micrograph of strain CC-4533 showing the pyrenoid. Pyrenoid tubules – modified
thylakoid membranes continuous with the rest of the membranes in the chloroplast
– can be seen within the pyrenoid matrix, indicated by white arrows. Electron
micrograph is author’s own. B. Simple schematic of the Chlamydomonas CCM,
showing the key bicarbonate transporters that inject HCO3

- into the thylakoid
lumen, where it is converted to CO2 using protons generated during photosynthesis.
CO2 is injected into the pyrenoid matrix via an as-yet-unidentified membrane pump
or pore. The pyrenoid matrix mainly comprises Rubisco and is the site of the
carboxylation phase of the CBB cycle, fuelled by the diffusion of RuBP into the
pyrenoid and generating 3-PGA that diffuses back out into the stroma.
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that photorespiration plays an important regulatory role in plants under fluctuating
light conditions as a means of consuming excess stromal reductants (Huang et al.
2015). The products of photorespiration also feed into metabolic pathways involved
in amino acid production and nitrogen fixation, so viewing photorespiration as purely
wasteful may be an over-simplification (Betti et al. 2016). The high degree of
inter-connectivity of regulatory and metabolic pathways provides an obstacle for
artificial attempts to improve yields by bypassing photorespiration. In the wider
view, any attempts to engineer improved photosynthesis for a new generation of crops
face difficulties in avoiding upsetting photosynthetic regulatory processes. Plants
possess a wide array of regulatory systems in chloroplasts that keep photosynthetic
processes in balance, many of which are shared by Chlamydomonas. The following
sections explores the triggers and effects of the major regulatory mechanisms in
Chlamydomonas in more detail.

1.3 The need for regulation

The intensity and quality of irradiance reaching photosynthetic organisms from the
sun can vary widely over the course of a day. Plants and green algae have evolved
regulatory mechanisms to offset this variation, allowing the organisms to still meet
their metabolic needs in suboptimal conditions. These include long-term adjustments
to the stoichiometry of PSI and PSII by modifying gene expression in a process called
developmental acclimation (Flannery et al. 2021). On shorter timescales, cells face
two essential problems in maintaining productivity: the first is how to manage excess
absorbed energy, the second is balancing the supply of NADPH and ATP from the
thylakoids with CBB cycle demand.

1.3.1 Managing excess absorbed energy

Light is a dangerous resource on the nanoscale. Under high light conditions, the
light harvesting complexes absorb more energy than can be processed by the down-
stream ETC. Excess absorbed energy results in an abundance of un-transferred
excitons, increasing the chances of the formation of a chlorophyll triplet state in
the reaction centre of PSII (3P680) that can react with O2 to form singlet oxygen
(1O2). Meanwhile, light-driven electron transfer through the ETC can result in over-
reduction of the stroma if the CBB cycle cannot consume the available NADPH fast
enough, leaving electrons emerging from PSI more prone to react with O2 to form
superoxide radicals (O2

-). Similarly, an over-reduced PQ pool in the thylakoids limits
the rate at which electrons can emerge from the acceptor side of PSII, risking further
1O2 production. 1O2 and O2

- are reactive oxygen species (ROS) and can damage
the delicate QA/QB sites in PSII or FA/FB sites in PSI (Takagi et al. 2016) in a
process called acceptor side limitation. The cumulative effect of extended acceptor
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side limitation is a drop in photosynthetic efficiency called photoinhibition that can
only be alleviated by spending time and energy to replace the damaged photosystems
(Chaux et al. 2015) and adjust the proteome (Lempiäinen et al. 2022).

One strategy to avoid photoinhibition is to dissipate excess absorbed light
before it reaches the photosystems. At the level of the light harvesting antenna,
excitation energy can be rapidly dissipated as heat, termed energy dependent non-
photochemical quenching (qE). This dissipation relies on the activation of a quencher
pigment that can receive an exciton from chlorophyll and efficiently dissipate the
received energy instead of transferring it. The identity of the quencher species is a
topic of current research, but the activation of qE is known to be triggered by low
lumenal pH brought on by the sharp acceleration of proton pumping driven by an
upregulation of CET at the onset of high light (Munekage et al. 2002). This increased
¢pH results in the protonation of a PSII-associated subunit in plants called PsbS,
and the activation of the lumenal enzyme violaxanthin de-epoxidase (VDE). VDE
catalyses the conversion of the LHCII-integral pigment violaxanthin to zeaxanthin,
which, together with PsbS, cause LHCII to aggregate and upregulate dissipation
of excitation energy as heat. Chlamydomonas has a homologue of PsbS with 45%
identity to the plant type that is similarly rapidly accumulated during high light
treatment and can activate NPQ (Tibiletti et al. 2016). However, unlike plants,
Chlamydomonas relies to an even greater extent on the upregulation of LHC-like
proteins LHCSR1 and LHCSR3 under stress conditions, with LHCSR3 in particular
contributing to the majority of qE induction (Peers et al. 2009, Tibiletti et al. 2016).

In addition to triggering qE, a high ¢pH also triggers down-regulation of the rate of
electron flow through cytb6f in a process called photosynthetic control. Cytb6f sits at
the crossroads of the photosynthetic ETC and represents the rate limiting step under
normal growth conditions. This rate is further suppressed under stress conditions to
protect the PSI acceptor side from oxidative damage by controlling the rate of electron
donation from cytb6f to PC (Joliot and Johnson 2011). The mechanism of this slow-
down is a topic of ongoing research, but is thought to involve a modification to the
Q-cycle (Tikhonov 2014). The prevailing theory postulates that a drop in the affinity
of cytb6f for PQH2 is brought about by protonation of His128 of the Rieske ISP at the
Qo site. Below a lumenal pH of 6.2, His128 is constitutively protonated regardless
of the oxidation state of the ISP Fe2S2 cluster (Fig. 1.3E), possibly inhibiting proton
extraction from PQH2 thereby slowing down the Q-cycle (Malone et al. 2021). While
qE acts to protect PSII from excess light-induced ROS production, photosynthetic
control acts to protect PSI by limiting electron transfer by limiting reduction of the
PC pool. As a consequence, photosynthetic control also causes over-reduction of the
PQ pool due to Q-cycle slow-down, leading to PSII acceptor side limitation.
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1.3.2 Metabolic balancing and redox poise

The second main problem faced by cells is how to maintain metabolic balance in the
stroma. The essence of the problem is in maintaining a stromal redox poise – an
intermediate redox state between over-reduction and over-oxidation. Over-reduction
can lead to ROS production at PSI, while over-oxidation can lead to under-production
of ATP, causing the CBB cycle to stall and compromising cell growth. The CBB cycle
in Chlamydomonas requires an input of CO2, NADPH and ATP to power carbon
fixation. For every three turns of the cycle, the carbon atoms of three molecules
of CO2 are fixed into GAP, requiring nine molecules of ATP and six molecules of
NADPH: a ratio of 1.5:1. To fuel the CBB cycle with reactants, NADPH is produced
during LET using two electrons from two molecules of Fd-. In supplying these
electrons, LET also translocates six protons into the lumen: two at PSII during
the oxidation of water and four at cytb6f during the Q-cycle. In Chlamydomonas,
release of these protons through the ATP synthase generates ATP at a ratio of one
per ~4.67 protons. This is because each full turn of the Æ/Ø head domain generates
three ATP molecules and requires the sequential binding of a proton to all of the
fourteen subunit-III monomers of the c-ring. This means that for every two electrons
required to produce a single molecule of NADPH, six protons are translocated, and
approx. 6 / 4.67 = 1.28 molecules of ATP are produced.

There is no evidence yet that Chlamydomonas can modulate the number of
subunits in the c-ring to increase the efficiency of ATP production (Meyer Zu
Tittingdorf et al. 2004). Alone, therefore, LET can supply the CBB cycle with ATP
and NADPH at a ratio of 1.28:1, falling short of the required 1.5:1 ratio. Notably,
1.28:1 is itself an overestimation as it does not take into account uncontrolled proton
leak through the membrane (Joliot and Joliot 2002). There is some uncertainty
in the number of subunits in the c-ring (Harris 2009, p652), with some suggesting
that Chlamydomonas has thirteen subunits (Meyer Zu Tittingdorf et al. 2004) while
other photosynthetic eukaryotes contain fourteen, (e.g., spinach; Seelert et al. 2000).
Even with thirteen subunits, however, Chlamydomonas would still run a shortfall
at 1.39 ATP produced per NAPDH. Fluctuating conditions that require extra ATP
production only exacerbate this problem, including the ATP required to power the
CCM under low carbon conditions. Add to this the energetic costs of DNA and protein
synthesis, nitrite reduction and other active chloroplastic processes, and it is clear
that additional means of acquiring ATP without producing NADPH are required to
make up the shortfall.

1.3.3 How is extra ATP generated?

Central to the problems of managing excess light and metabolic balancing is the
generation of ¢pH. Regulatory processes either act to sense excess ¢pH as a trigger
for qE and photosynthetic control or act to drive the production of ATP to make
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up the ATP shortfall. As in vascular plants, Chlamydomonas has evolved several
alternative electron transport pathways proposed to drive the production of ¢pH
while diverting stromal electrons away from NADPH to redress the ATP/NADPH
balance (reviewed succinctly in Alric and Johnson 2017). The most studied among
the alternative electron transfer pathways and the major subject of this thesis is
CET, in which stromal electrons return to the PQ pool via Fd or NADPH. To meet the
ATP shortfall, CET is thought to function at a constant base rate during normal cell
growth while, under high light or stress conditions, CET is upregulated to drive the
extra production of ¢pH required to trigger qE and photosynthetic control (Chaux
et al. 2015).

Alternatively, electrons emerging from PSI (and from PSII) can be used to
reduce O2 to H2O in the stroma in an array of processes collectively termed O2-
photoreduction. O2 is a well-known waste product of oxygenic photosynthesis and
is produced by water-splitting at PSII, but it is also a major acceptor of stromal
electrons emerging from the ETC. These include photorespiration, which competes
with the CBB cycle as mentioned above, but also chlororespiration (Nawrocki et al.
2019c), the Mehler reactions around PSI (Miyake 2010), and the reactions catalysed
by the stromal flavodiiron proteins (Flvs) (Chaux et al. 2017). These reactions all
involve electron flow from water at the OEC to water in the stroma, and this water-to-
water behaviour along with their lack of net O2 evolution have led to their combined
description as pseudo-cyclic electron flow (PCEF) (Heber 2002). In parallel, stromal
electrons can be transported to the mitochondria in a process termed chloroplast-to-
mitochondria electron flow (CMEF). Here, stromal NADPH is consumed by NADPH-
malate dehydrogenase to produce malate, which can then be transported to the
mitochondria, converted to NADH and used in respiration to produce ATP. CMEF
can be viewed as a valve by which excess NADPH is processed to balance the
ATP/NADPH ratio, as in CET and the PCEF pathways.

Together CET, PCEF and CMEF can produce extra ATP to power the cell and
trigger photosynthetic regulation (Fig. 1.7A). However, they are also crucial in
Chlamydomonas for powering the CCM, which likely consumes ¢pH by using
lumenal protons for the conversion of HCO3

- to CO2 by CAH3 in the pyrenoid
tubules (Burlacot et al. 2022, Mukherjee et al. 2019) (Fig. 1.6B). PCEF in particular
is instrumental in driving the majority of ¢pH generation under very low CO2

conditions, but there is likely a functional redundancy between the alternative
pathways, with mutants in any one of the CMEF, PCEF or CET able to compensate
for the loss of ATP production by upregulating the others (Dang et al. 2014). Under
low oxygen (referred to hereafter as anoxic) conditions, however, PCEF is diminished,
and so CET is upregulated to compensate (Alric 2014). Anoxia also triggers a
form of anaerobic metabolism in Chlamydomonas in which cellular starch reserves
are metabolised to generate ATP and pyruvate via glycolysis (reviewed in Yang et
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al. 2015). Under this metabolism, stromal Fd- can be consumed by the stromal
hydrogenase HYDA to produce H2 (Sawyer et al. 2017), either using electrons from
pyruvate in the dark or from PSI in the light. Chlamydomonas mutants deficient in
CET, though unable to efficiently trigger qE (Munekage et al. 2002, Munekage et al.
2004) or photosynthetic control (Suorsa et al. 2012), have found a promising use in
biohydrogen production under anoxic conditions since CET no longer competes with
HYDA for stromal electrons, resulting in a large boost in H2 production (Steinbeck
et al. 2015).

1.4 Cyclic electron transfer

CET is a physiologically significant process that represents a missing link in our
knowledge of photosynthetic electron transfer. The current view is that CET
functions both to maintain CBB cycle efficiency by balancing the ATP/NADPH ratio
and to trigger the photoprotection of PSII (by qE) and PSI (by photosynthetic control).
However, despite half a century of research, the precise mechanisms of CET are
yet to be fully elucidated. The work of Arnon and colleagues at Berkeley between
1954 and 1964 provided the first experimental evidence for a slower form of Fd-
dependent photophosphorylation in solutions of broken spinach chloroplasts that did
not produce NADPH (Tagawa et al. 1963). Ever since, difficulties in measuring CET
in vivo have hampered progress; CET produces no unique products and is intimately
entangled with LET, utilizing the same machinery as LET, running in parallel to LET,
and partially dependent on LET for a supply of electrons. The current consensus is
that stromal electrons can re-enter the PQ pool by two main routes, either directly
from the oxidation of NADPH via the NDH-dependent pathway or from Fd- via the
PGR5/PGRL1-dependent pathway.

1.4.1 NDH-dependent pathway

In cyanobacteria and vascular plants, the NDH-dependent pathway (NDH-CET)
is catalysed by the NDH complex, now called photosynthetic complex I (PCI).
PCI is a large, multi-subunit, proton-pumping PQ reductase that bears strong
resemblance to the mitochondrial NADH:ubiquinone oxidoreductase (respiratory
complex I), though receives electrons from Fd- instead of NADPH (Yamamoto et al.
2011). In Chlamydomonas, though, PCI is not present and instead the pathway is
catalysed by NDA2, a peripheral membrane protein with NADPH:PQ oxidoreductase
activity present at low levels in Chlamydomonas thylakoids (Desplats et al. 2009).
Measurements of its maximal rate suggest that NDH-CET cannot account for more
than a fraction of total CET; the rate of non-photochemical PQ reduction for NDA2
was ascertained at ~2-4 e- s-1 PSI-1 (Nawrocki et al. 2019a, Nawrocki et al. 2019c),
while the maximum measured rate of CET is ~60 e- s-1 PSI-1 in Chlamydomonas
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Figure 1.7: Metabolic balancing in the chloroplast. A. Diagram of alternative
electron flows in Chlamydomonas. Electrons enter the PQ pool via the QA site of
PSII or by CET, either via NDH-CET or the PGR-CET pathway, which involves and
unknown intermediate. Electrons exit the PQ pool via chlororespiration (PTOX) or
through cytb6f to PC, then PC to PSI. Electrons exiting the acceptor side of PSI are
received by Fd, which can transfer electrons to a wide variety of acceptors, including
via the PCEF pathways (Mehler, Flvs), the CMEF pathway (NADP-MDH), to the
CBB cycle (via FNR to NADPH), or recycled back into the PQ pool in CET. B. State
transitions involve phosphorylation induced net migration of mobile LHCII trimers
from PSII in state I to PSI in state II. This increases the light harvesting capacity
of PSI in the non-appressed membrane regions while decreasing it for PSII in the
appressed regions. Cytb6f is present in both regions. The protein structure for STT7
is represented by Micromonas spp. STT7 (PDB 4IX3; Guo et al. 2013). Other protein
stuctural models shown are the same as in Figure 1.2.
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(Nawrocki et al. 2019a) and over 100 e- s-1 PSI-1 in plants (Joliot et al. 2004). The
current view, therefore, is that NDH-CET in Chlamydomonas mainly functions as
part of the chlororespiratory pathway (Nawrocki et al. 2019b), a vestigial respiratory
pathway present in chloroplasts that helps to ameliorate stromal reduction by
transferring electrons from NADPH to O2 via plastid terminal oxidase (PTOX) with
no proton-pumping involved (Fig. 1.7A).

1.4.2 PGR5/PGRL1-dependent pathway

The PGR5/PGRL1-dependent pathway (PGR-CET) is the major CET pathway in
plants and algae and is regulated by the small, soluble protein PGR5 and its binding
partner, the membrane associated PGRL1. While the mechanism of NDH-CET is
broadly agreed upon, the mechanism of PGR-CET and the details of the involvement
of PGR5 and PGRL1 are a topic of intense research. Early research established the
sensitivity of PGR-CET to the inhibitor antimycin A (Tagawa et al. 1963). This was
later built upon by Bendall and Moss who observed a lack of direct effect of antimycin
A on the turnover of haem bH in vitro using isolated chloroplasts, implying the
inhibitor does not specifically target the cytb6f Q-cycle (Moss and Bendall 1984). The
conclusion drawn then was the same as today; antimycin A must inhibit a reaction
unique to CET, the reduction of PQ by Fd. This led to an ongoing hunt for an enzyme
or set of enzymes that can perform Fd:PQ reduction (FQR) activity at a high enough
rate to satisfy in vivo measurements (~60 e- m-2 s-1) and is sensitive to antimycin A.

The regulatory enzyme PGR5 was identified as a CET-effector protein in 2002
by observation of Arabidopsis mutants with severely deficient induction of qE
(Munekage et al. 2002). Though clearly important for upregulation of CET for
photoprotection, PGR5 itself is unlikely to possess FQR activity as it does not bind
any cofactors (Hertle et al. 2013). What is more, the rate of P700 re-reduction
after a flash of light was shown to be similar in wild type and PGR5-deficient
mutants of Arabidopsis (Nandha et al. 2007). A more likely role for PGR5 is in the
regulation or stabilization of a protein or complex that acts as the FQR, probably in
complex with PGRL1. Though PGR5 is present at a lower level than PGRL1, their
expression appears to be closely linked and they form a stable complex in vivo that
can interact with cytb6f, PSI and FNR (DalCorso et al. 2008). PGRL1 was confidently
put forwards as the FQR in 2013 when an Arabidopsis PGRL1 appeared to show
antimycin A-dependent FQR activity in vitro (Hertle et al. 2013) when in the presence
of PGR5. However, a recent study with a PGRL1-deficient Chlamydomonas mutant
showed no change in the maximal rate of PGR-CET, only the extent or duration,
implying that it too is a regulatory protein (Nawrocki et al. 2019a). Supporting
this, a 2021 study on the consequences of the loss of PGRL1 in Arabidopsis clearly
demonstrated that PGRL1 is not required for CET to function or to enable growth
under fluctuating light (Rühle et al. 2021).
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So, what is the function of PGR5/PGRL1 in Chlamydomonas? Since CET is still
observable in mutants of either protein, if only transiently, they are unlikely to be
vital electron transfer intermediates. The consequences of their loss for the cell
appear to show they have an important role as a means of upregulating CET under
certain conditions, potentially through an interaction with cytb6f. The question of
the identity of the FQR is an enduring mystery. Mutagenesis studies have been
instrumental in discovering the importance of PGR5, PGRL1 and NDA2, yet it has
not been possible to isolate a mutant devoid of all CET but with LET left untouched
(Nawrocki et al. 2019b). This may suggest there are in fact no unique players in the
mechanism of CET, only a unique FQR reaction. If so, examining how the known
players in CET – the CET effector proteins – interact may be key to discovering the
FQR. This includes building a clearer understanding of what occurs at a molecular
level when CET is upregulated.

1.4.3 Controlling the balance of LET and CET

Though PGR5/PGRL1 are likely involved, details of the mechanism by which
upregulation of CET occurs are still unclear. Current competing theories mostly
involve a compositional rearrangement of the thylakoid membranes that facilitates
CET at the expense of LET. On theory builds on evidence from C4 plants that
suggests two isoforms of Fd coexist in the chloroplast in competition with one another,
one largely active in LET and the other in CET (Goss and Hanke 2014). The two
isoforms are hypothesised to possess different binding affinities to FNR depending
on whether FNR is bound to the membrane or soluble. This suggests a dynamic role
for FNR in controlling the balance between LET and CET (Goss and Hanke 2014).
Alternatively or in parallel, upregulation of CET might involve modulating the size of
a pool of cytb6f in the thylakoids sequestered for CET and excluded from LET. Indeed,
one of the earliest recognised and clearest conditions under which upregulation of
CET was observed was in parallel with state transitions (Finazzi et al. 1999), thought
to occur along with a migration of cytb6f to the non-appressed thylakoids (Vallon et
al. 1991).

State transitions are controlled by the phosphorylation and dephosphorylation
of thylakoid proteins (Vener et al. 1997, Zito et al. 1999). In Chlamydomonas, a
transition from state I to state II is triggered by phosphorylation of LHCII by the
peripheral thylakoid membrane protein state transition 7 (STT7) (Depège et al.
2003). This leads to a net decrease in the connectivity of LHCII with PSII in the
appressed thylakoids regions and a net increase in their connectivity with PSI in
the non-appressed regions, forming PSI-LHCI-LHCII supercomplexes (illustrated in
Fig. 1.7B). STT7 itself is activated by the redox state of the PQ pool (Allen 1992)
and functions as a negative feedback mechanism for PSII over-excitation: high
PSII activity leads to over-reduction of the PQ pool, triggering STT7 activation,
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phosphorylation of LHCII and the transition to state II, with a concomitant
decrease in PSII excitation. Conversely, when the PQ pool is oxidised, thylakoid
dephosphorylation is carried out by the combined activity of the constitutively active
PPH1 and PBCP phosphatases in Chlamydomonas (Cariti et al. 2020), triggering
net migration of LHCII to PSII. The portion of mobile LHCII in Chlamydomonas is
particularly large compared to vascular plants; approximately 80% of the total LHCII
antenna is mobile during transition from state I to state II, with a consequent rise
of approx. 50% in both the PSI absorption cross-section and net energy efficiency
(quantum yield) of PSI (Delosme et al. 1996). Since CET requires PSI excitation to
cycle electrons from PC to Fd, a boost in PSI excitation appears at first to provide a
simple explanation for the correlation between state II and high CET. The parallel
migration of cytb6f to the non-appressed, PSI-rich thylakoid regions (Vallon et al.
1991) may also be part of the explanation for a correlation between state II and high
CET. However, mutant studies have now demonstrated that the two processes are
extricable; mutants deficient in STT7 can still upregulate CET even without inducing
a transition to state II (Takahashi et al. 2013).

STT7 activation and CET upregulation are nevertheless likely to be closely
interconnected due the interaction of STT7 with CET effector proteins. The
mechanism of STT7 activation is a topic of current research, but evidence that STT7
phosphorylates the PetO subunit of cytb6f first suggested a direct interaction with
the complex (Hamel et al., 2000). Current evidence from cytb6f mutants suggests
that STT7 binds transiently to subunit IV of cytb6f and is activated by confirmational
changes brought on by modification of the Qo site in response to the PQ pool redox
state (Harris 2009, p618, Dumas et al. 2017). In fact, recent research measured an
inhibitory effect of antimycin A on cytb6f function in vivo, but only when STT7 was
present in the cell, suggesting a possible role for STT7 in the mechanism of PGR-
CET itself (Buchert et al. 2022). STT7 has also been implicated in the activation
of the lumenal carbonic anhydrase CAH3, part of the CCM, which is also thought
to be phosphorylation controlled (Blanco-Rivero et al. 2012). Subsequent research
demonstrated that induction of the CCM under very low CO2 is correlated with
upregulation of CET in Chlamydomonas, implying that cells boost CET to provide
extra ATP for the CCM (Lucker and Kramer 2013), a process now known to occur
concurrently with an upregulation of PCEF and CMEF as well (Burlacot et al. 2022).
It appears, then, that state transitions and CET upregulation are also intimately
connected to induction of the CCM, with the common factor likely being the need to
generate extra ATP under scarce conditions (Burlacot et al. 2022).

The trigger for the upregulation of these processes may involve calcium signalling,
with calcium dependency having recently been discovered for both CET (Terashima
et al. 2012) and the CCM (Wang et al. 2016). Indeed, a physical interaction between
the Ca2+-sensor protein, CAS, and CET effector proteins was later reported as part of
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a putative CET-driving supercomplex isolated from Chlamydomonas cells in state II.

1.4.4 Discovery of a CET-supercomplex

A key result was reported in 2018 with the characterization of a supercomplex
isolated from the thylakoids of cells in anoxia-induced state II (Steinbeck et al.
2018). Evidence from electron micrographs and mass spectrometry appeared to
show cytb6f bound to PSI along with roughly stoichiometric quantities of FNR,
PGRL1, CAS, and the anaerobic response protein, ANR1. This was considered a
long-awaited follow-up to a 2010 publication reporting the isolation and biochemical
characterization of a similar supercomplex containing PSI, cytb6f (including PetO),
FNR, PGRL1, ANR1 and CAS from cells chemically induced to enter state II
by uncoupling the trans-thylakoid proton gradient (Iwai et al. 2010). Joliot and
Joliot (2002) were the first to propose that the partitioning between LET and CET
could be supercomplex controlled, and their idea built on an early envisioning of
CET involving a thylakoid associated Fd and FNR bound to PSI and forming a
direct interaction with cytb6f (Carrillo and Vallejos 1983). The functional relevance
of the putative CET-supercomplex is still a topic of debate, including whether
close association of the proteins would work to increase CET rate. While the
2018 supercomplex was not measured in vitro (Steinbeck et al. 2018), the 2010
supercomplex displayed some slow activity for the oxidation of cytochrome f and
reduction of haem bH in solution (Iwai et al. 2010), though it was not clear whether
the assembly was still intact during these measurements. It is also notable that this
activity was found to be insensitive to antimycin A, and that no PGR5, STT7 or Fd
were detected in the supercomplex preparations.

1.4.5 FNR involvement in CET

Though the purpose of the CET supercomplex is still unclear, the inclusion of FNR in
the isolated samples supports a theory that FNR catalyses stromal electron donation
to PQ via cytb6f (Moss and Bendall 1984). That cytb6f itself might be the site of
re-entry of stromal electrons to the PQ pool was originally proposed by Peter Mitchell
(Mitchell 1975) and has regained favour in the past three years. Cytb6f is, after all,
a well-known PQ reductase, and the original formulation of the Q-cycle postulated
that PQ might be double-reduced at the Qi site not by two electrons stored in the low
potential chain, but by one electron from haem bH and one electron from the stroma
(Mitchell 1975). Further, Fd can be modelled into a putative binding site on the
stromal edge of cytb6f, bringing its Fe2S2 cluster in range of electron transfer to the
Qi site haems bH and ci. Early in vitro evidence ruled out the direct influence of Fd on
the redox state of haem bH in broken chloroplasts (Cox 1979), but the possibility still
remains that FNR could bind at the stromal side of cytb6f and facilitate PGR-CET
(Clark et al. 1984, Shahak et al. 1981). This interaction may be stabilized by the
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formation of a CET-supercomplex and/or by interaction with PGR5. Recent evidence
suggests that PGR5-deficient Chlamydomonas operate a slightly less efficient Q-
cycle during CET, with the conclusion being that PGR5 stabilises an interaction
between FNR, Fd and the stromal face of cytb6f during CET-upregulating conditions
to efficiently perform the FQR reaction (Buchert et al. 2020). Gathering structural
and mechanistic evidence for this modified, FNR-dependent, Fd-assisted Q-cycle is a
topic of ongoing research.

1.5 Addressing key questions in CET with molecular
biology

Understanding the mechanism and regulation of CET in Chlamydomonas is key
to a full understanding of bioenergetics in this organism. This will benefit algae
research itself, with applications in efficient H2 photoproduction (Steinbeck et al.
2015). Equally it will benefit plant research owing to the similarities between
plant and algal PGR-CET and the importance of qE and photosynthetic control
for crop productivity (Foyer et al. 2012). Key questions remain, however, and our
increasing ability to genetically manipulate photosynthesis in Chlamydomonas may
prove central to addressing them.

1.5.1 The key questions

1.5.1.1 Is FNR the FQR?

Could a complex of cytb6f, Fd and FNR be the elusive FQR? An important role for
FNR in CET has long been hypothesised (Shahak et al. 1981). Studies with FNR-
specific inhibitors showed decreased CET rate (reviewed in Cleland and Bendall
1992), and later strong binding of FNR to cytb6f that survived several purification
steps was observed (Clark et al. 1984). More recently, FNR was co-purified with cytb6f
(Zhang et al. 2001), and identified as part of the 2018 CET supercomplex (Steinbeck
et al. 2018). However, in vitro measurements of a purified cytb6f -FNR complex in
the presence of PGR5, PGRL1 and Fd yielded only a slow Fd-dependent reduction
of haem bH (Hertle et al. 2013). Further in vitro work to stabilize and measure the
putative complex are needed, but the purification has proved difficult to replicate and
is an ongoing goal of CET research.

1.5.1.2 Does the PSI-cytb6f supercomplex form in vivo to drive CET?

Close association between PSI and cytb6f was first inferred from the co-migration
of these proteins on sucrose gradients (Iwai et al., 2010), and then observed in
electron micrographs of cross-linked samples (Steinbeck et al. 2018). This cross-
linking likely precluded accurate measurements of in vitro CET on the sample, so
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it is still unclear whether the supercomplex can function to perform CET. In very
recent research, Joliot and colleagues presented spectroscopic data supporting the
sequestering of pools of trapped or mobility-restricted PC in anoxic conditions that
may indicate in vivo supercomplex formation (Joliot et al. 2022). This exciting result
was not observed in STT7-deficient mutants, and forms the latest evidence for STT7-
dependent, supercomplex-associated CET. Despite advances in in situ cryo-electron
tomography, in vivo formation of the supercomplex is yet to be structurally observed.
Such a result would open the door to a deeper understanding of the conditions in
which it forms and dissolves, its dependency on STT7 and possibly the mechanism of
FQR activity itself.

1.5.1.3 What is the mechanism of STT7 interaction/activation at cytb6f ?

STT7 phosphorylation is implicated in state transitions (Depège et al. 2003), CCM
induction and modification of cytb6f (Buchert et al. 2022, Hamel et al. 2000), clearly
indicating an important regulatory role. Lack of a high-resolution structure of
STT7 alone or in complex with LHCII, cytb6f or CAH3 suggest it forms only labile,
transient interactions, making mechanistic conclusions difficult to draw. Achieving
the structure of a STT7-cytb6f complex in particular would be a key step in
understanding STT7 activation, perhaps helping to clarify the mechanism by which
cytb6f can sense the redox state of the PQ pool.

1.5.1.4 What is the mechanism of photosynthetic control?

Photosynthetic control is a major protective mechanism that plays an important role
in determining growth rate in crops (Foyer et al. 2012). A key question here is
how cytb6f senses and responds to the drop in lumenal pH. The discovery of the
importance of PGR5 for efficient photosynthetic control implies a close relationship
between CET and the mechanism of the Q-cycle. The Q-cycle has proven a
particularly difficult mechanism to probe, but recent evidence that PGR5-deficient
mutants run an inefficient Q-cycle under anoxic conditions provides further reason
to investigate (Buchert et al. 2020). If there is an Fd-assisted Q-cycle, is this involved
in the mechanism of Q-cycle slow-down during photosynthetic control?

1.5.2 Chlamydomonas as a molecular testbed for engineering CET

Forty years of research and progress developing the molecular tools for genetic
engineering has helped cement Chlamydomonas as one of the foremost eukaryotic
microalgae in photosynthesis research. Complete sequences are available for
the 110 Mb nuclear genome, the 205 kb chloroplast genome and the 15.8 kb
mitochondrial genome. A host of resources support the constant expansion of
the biotechnological toolbox for Chlamydomonas, including well-defined protocols
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for mutagenesis, plasmid repositories, published biochemical assays and strain
collections. This wealth of information has already led to discoveries relevant to
CET research. Purification of cytb6f from Chlamydomonas enabled early structural
characterisation of the intact complex by protein crystallography in 2003, leading to
the first identification of the Qi site haem, ci (Stroebel et al. 2003). Following this,
modification of the gene encoding subunit IV of cytb6f in Chlamydomonas enabled
a clearer understanding of conditions for STT7 activation (Dumas et al. 2017). The
following sections describe commonly used techniques and methods for engineering
Chlamydomonas.

1.5.3 Engineering the chloroplast genome

The chloroplast genome was first assembled in 2002 and updated by Merchant in
2018, revealing 71 protein-coding genes, 29 tRNAs and 8 RNA genes (Gallaher et
al. 2018, Maul et al. 2002). Though typical for a chloroplast genome, gene loss or
gene transfer to the nucleus over evolutionary history has resulted in a genome
thought to be only ~10% the size of the original endosymbiont progenitor of the
chloroplast (Jackson et al. 2021). Still encoded in the chloroplast are many of the
core polypeptides of the CET machinery, including the PSI core subunits PsaA/B, and
cyt b6, cyt f and subunit IV of cytb6f.

The history of photosynthesis research in Chlamydomonas relies heavily on
chloroplast engineering. This was first demonstrated 1988 using cell bombardment
with DNA-coated microparticles (biolistics) to rescue a mutation in the ATP synthase
gene, atpB (Boynton et al. 1988). Biolistics is a widespread technique and is
often highly efficient but requires specialist equipment. An alternative, though less
efficient method involves vortexing a suspension of cells and DNA with glass beads
(Larrea-Alvarez et al. 2021). Either way, DNA integration occurs by homologous
recombination into one or several of the ~40-100 copies of the genome contained
in each Chlamydomonas chloroplast (Jackson et al. 2021). This necessitates
subsequent rounds of single colony isolation and selection to drive transformed lines
to homoplasmy, requiring 2-3 weeks in Chlamydomonas as opposed to several months
in plants.

The facultative heterotrophy of Chlamydomonas is ideal for making severe
photosynthetic mutations. Gene deletions or successful introduction of exogenous
DNA can be selected for by appending antibiotic resistance cassettes, such as that
encoding aminoglycoside adenine transferase (aadA), which confers resistance to
spectinomycin (Goldschmidt-Clermont 1991). Restoration of photosynthetic mutants
is also useful as a selection technique. This includes an efficient method to rescue the
strain TN72, which contains a mutated psbH gene disrupted by the aadA cassette.
Here, transformed genes are appended with an intact psbH gene to simultaneously
replace the aadA cassette and repair the psbH locus, restoring PSII function and
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so enabling selection by restoration of photosynthetic growth (Larrea-Alvarez et al.
2021). For modification of wild type strains, though, recent advances in marker-free
cloning now enables multiple cycles of transformation and selection using the same
resistance cassette. Here, the aadA cassette is excised by negative selection between
each cycle, enabling its use for subsequent transformations (Jackson et al. 2022).

1.5.4 Engineering the nuclear genome

The nuclear genome in Chlamydomonas is much larger, containing 17,741 coding
genes, encoding many of the key CET-effector proteins including FNR, PGR5, PGRL1,
STT7, PetO, CAS, ANR1 and all six isoforms of Fd. Nuclear-encoded chloroplastic
proteins are translated in the cytosol and targeted to the chloroplast by N-terminal
transit peptides, which must be included on exogenous (transformed) genes for
correct localisation. Transformation is achieved by biolistics, agitation with glass
beads or most efficiently by electroporation (Shimogawara et al. 1998). Homologous
recombination of transformed DNA is rare, and most nuclear transformations instead
result in random integration into the genome (Zhang et al. 2014). Obtaining
mutants in specific nuclear genes has therefore required UV, chemical or insertional
mutagenesis followed by subsequent mapping of the mutations by sequencing to
identify disrupted loci. Recent high-throughput efforts have resulted in a library
of over 62,000 mutants covering 83% of protein-coding genes (Li et al. 2019).

Subsequent rescue of mutants expressing tagged or labelled versions of native
genes (cisgenes) is hampered by locus-specific expression patterns, which make it
unlikely that randomly integrated exogenous genes will show the same expression
levels as their native counterparts. Successful expression usually requires appending
an antibiotic resistance cassette to the transgene then maintaining selection pressure
with antibiotics, though transformed genes may still fail to express even if adjacent
to a resistance cassette (Caspari 2020). This may be due to the presence of highly
effective native systems of foreign gene silencing (reviewed in Schroda 2019). The
efficiency of gene silencing in Chlamydomonas is still a mystery, but likely occurs
by any of three mechanisms; endonucleolytic cleavage of foreign DNA (Zhang et
al. 2014), epigenetic suppression (Cerutti et al. 1997) or post-transcriptional gene
silencing. A recent coordinated research effort to identify the causes of gene silencing
led to the generation of two strains derived from UV mutagenesis that showed high
expression of transgenes, UVM4 and UVM11 (Neupert et al. 2009). Both strains are
now in widespread use as biotechnology workhorses, and recent research identified
a mutation in a single gene (Cre10.g462200) encoding a histone deacetylase involved
in epigenetic silencing as the cause of their phenotype (Neupert et al. 2020).

Post-transcriptional silencing systems in Chlamydomonas can still lead to poor
expression but can be ameliorated by correct transgene design. For example, ensur-
ing matching codon usage with the nuclear genome (Barahimipour et al. 2015) and
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including native introns (Baier et al. 2018) yield substantial improvements in trans-
gene expression. Harnessing of the post-transcriptional silencing system, known as
RNA interference (RNAi), has also been used to good effect in Chlamydomonas for
the targeted generation of mutants (Schroda 2006). RNAi as a phenomenon was
first described in 1998 in C. elegans (Fire et al. 1998) and involves the expression of
double-stranded RNA (dsRNA) with homology to the target mRNA, leading to its tar-
geted degradation, thereby preventing translation. dsRNA homologous to a gene of
interest can be introduced as an inverted repeat sequence on a plasmid or transgene
into either the nuclear (Schroda et al. 1999) or chloroplast genomes (Charoonnart et
al. 2019).

1.5.5 Targeted genome editing with CRISPR-Cas9

Recent advances in CRISPR-Cas9 technology have made reliable, targeted genome
editing possible in Chlamydomonas. Initially discovered in prokaryotes, CRISPR
(clustered regular interspersed short palindromic repeats) loci present in bacterial
and archaeal genomes encode short sequences copied from virus DNA from past
viral infections that are used to protect against future infections. This is achieved
by complexing of the mRNA products of these short sequences (called guide
sequences) with a Cas (CRISPR-associated) nuclease to form a guide RNA-Cas
ribonucleoprotein. The mature ribonucleoprotein can cause a double stranded break
in any accessible DNA with homology to the guide RNA providing it is flanked by a
short recognition sequence called the protospacer adjacent motif (PAM) (Fig. 1.8). The
discovery that these guide sequences could be customised for selective DNA targeting
and the subsequent adaptation of CRISPR-Cas9 as a programmable genome editing
tool by Doudna and Charpentier in 2012 (Jinek et al. 2012) has led to its widespread
use for editing genomes in any transformable organism.

Successful adaptation for editing the Chlamydomonas nuclear genome was
reported in 2014, with Cas9 and the guide RNA expressed from transformed
plasmids (Jiang et al. 2014). A DNA-free method in which the ribonucleoprotein is
complexed in vitro then electroporated directly into cells has now been developed
for Chlamydomonas (Baek et al. 2016, Picariello et al. 2020), and demonstrated
by successful targeting of photosynthetic genes (Tokutsu et al. 2019). Additional
nucleases that recognise alternative PAM sequences, such as Cas12a, have been used
to good effect as well (Ferenczi et al. 2021), but Cas9 from Saccharomyces pyogenes is
still widely used due to its short, common PAM sequence of NGG (Fig. 1.8B).

To make targeted genome modifications with CRISPR-Cas9, exogenous DNA
must be co-transformed or co-expressed with the CRISPR materials. Repair of
CRISPR-induced double stranded breaks by homology directed repair is rare, usually
occurring instead via the non-homologous end-joining pathway (NHEJ). The NHEJ
pathway can be hijacked to insert a gene of interest during the repair process,
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resulting in a targeted insertional mutant (Ghribi et al. 2020). Moreover, recent
advances in our understanding of Chlamydomonas repair pathways has led to the
recognition that single stranded DNA templates can facilitate relatively efficient
homology directed repair of double stranded breaks and allow introduction of small,
targeted sequence modifications (Akella et al. 2021, Ferenczi et al. 2021).

Figure 1.8: Cas9-mediated DNA recognition and cleavage. A. Structure of
Cas9 from S. pyogenes in complex with the single-guide RNA (sgRNA; red) and
a segment of target DNA (orange), shown as ribbons indicating the position of
the ribose or deoxyribose backbones (PDB 5B2R; Hirano et al. 2016). The three-
base PAM sequence and its reverse complement are shown in black, with the
approximate position of the cleavage site indicated on the target DNA by the black
arrow approximately four bases upstream. B. Diagram of the Cas9-sgRNA-DNA
complex shown in A. Cleavage by Cas9 results in a double-stranded break (DSB) in
the target DNA that can be repaired by the error-prone NHEJ pathway. In selected
cases, the NHEJ pathway may integrate fragments of exogenous DNA as an insertion
when repairing the DSB. This process is harnessed in Chapters 3 and 4 to generated
directed insertion mutants of Chlamydomonas.

1.5.6 Cloning nuclear genes with recombineering

Both the localisation or purification of tagged target proteins and the rescue of
mutants generally require cloning or synthesis of a gene of interest. Cloning from the
nuclear genome by PCR faces several problems particular to Chlamydomonas. PCRs
show reduced efficiency with very long or repetitive target sequences and are affected
by the GC content of the template. The Chlamydomonas genome has a relatively
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high GC content (~68% for coding regions) and an abundance of long and complex
genes; the average gene is over 5000 bp long, contains ~7 introns and approx. one
repeat-rich region per kilobase (Emrich-Mills et al. 2021). Synthesis or amplification
of cisgenes without introns from complementary DNA (cDNA) is an important
alternative that can avoid direct amplification from gDNA. This tactic can improve
PCR efficiency by reducing the gene length, but exclusion of introns also decreases
the expression efficiency of cisgenes, as mentioned above (Baier et al. 2018). cDNA-
derived genes also miss out endogenous regulation by cis regulatory sequences and
alternative splicing (Sarov et al. 2006). For cisgene cloning aimed at mutant rescue
or native-like expression levels, a safe approach is to include the native promoter
region, 5’UTR, coding sequence plus introns, 3’UTR and terminator region. Cisgenes
built using DNA from large genomic clones such as bacterial artificial chromosomes
(BACs), fosmids or cosmids offer a useful alternative to gDNA or cDNA. Recently,
a BAC library containing the Chlamydomonas nuclear genome was made available
to the research community (Brazelton et al. 2018). This resource made possible
the use of homology-dependent, recombination-mediated genetic engineering, termed
recombineering, to retrieve whole Chlamydomonas genes without PCR amplification.
Similar to the well-established method of homology-dependent engineering in yeast
genetics (Szostak et al. 1983), recombineering involves exchange of DNA between two
sequences flanked by relatively short regions of homology, in some cases requiring
less than 50 bp (reviewed in Court et al. 2002). gDNA retrieved from BACs contain
all the native cis regulatory features, and can be inserted into a plasmid that can be
propagated and manipulated in E. coli before re-introduction to Chlamydomonas.

1.6 Thesis objectives

This thesis attempts to contribute to the tools and experiments required to answer
questions about photosynthesis in Chlamydomonas, with a focus on the CCM and
CET.

The first aim of the thesis was to make tenable the cloning and modification of
key genes involved in the CCM and CET by overcoming the technical hurdles caused
by the complexity of the Chlamydomonas nuclear genome. This was done first by
development of a cloning method based on recombineering and second by the use
of CRISPR-Cas9 to make specific knock-down deletions of key CET genes, described
in Chapters 3 and 4. The results of our recombineering method were published in
2021 and were presented that year at the International Conference on the Cell and
Molecular Biology of Chlamydomonas in France, with the protocols and resources
now available for the research community.

The second aim was to employ these tools to probe the mechanism of CET by
engineering the key protein complexes involved. Recombineering was applied to
the STT7 kinase with the goal of restoring state transitions in STT7-deficient cells
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using a tagged construct. This may provide a springboard for future attempts to co-
purify STT7 with cytb6f under state II-activating conditions, with the eventual aim of
characterising the transient interaction between the two proteins using cryo-electron
microscopy. CRISPR-Cas9 was put to use building a mutant strain that expresses
FNR tethered to the acceptor side of PSI. Here the aim was to maintain FNR for LET
but exclude its ability to bind to cytb6f. We hypothesised that this modification would
reduce the efficiency of CET while maintaining or enhancing LET, perhaps leading
to clues as to the FQR mechanism. The phenotypic consequences of tethering FNR to
PSI are explored in Chapter 5.

The work in this thesis was undertaken across three laboratories. Many
experiments in Chapter 3 were undertaken in the lab of Prof. Luke Mackinder at
the University of York in collaboration with his postdoc Dr. Gary Yates. Genome
analysis in Chapter 3, all lab experiments in Chapter 4 and many in Chapter 5 were
performed at the University of Sheffield under the supervision of Prof. Matt Johnson.
The remaining experiments in Chapter 5 were performed during visits to the lab of
Prof. Michael Hippler at the University of Münster, Germany, in collaboration with
his postdoc, Dr. Felix Buchert.
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Chapter 2

Materials and methods

2.1 Materials, buffers and reagents

All materials and reagents were purchased from Sigma/Merck unless otherwise
noted.

2.2 Strains and culturing conditions

2.2.1 Chlamydomonas reinhardtii

Chlamydomonas cells were cultured in Tris-phosphate (TP) or Tris-acetate-
phosphate (TAP) liquid media with revised Hutner’s trace elements (Kropat et al.
2011). All Chlamydomonas strains were maintained on TAP + 1.5% agar plates
containing 20 µg ml-1 paromomycin or 25 µg ml-1 hygromycin where appropriate.
The work in this thesis makes use of seven Chlamydomonas strains obtained or pur-
chased from different sources:

• CMJ030 (CC-4533, the CLiP library strain) from Prof. Luke Mackinder.

• CLiP library mutants LMJ.RY0402.215132, LMJ.RY0402.236842 and LMJ.RY0402.101504
in the CC-4533 background, with putative insertions in LCIB, STT7 and FNR,
respectively.

• The PGR5-deficient mutant pgr5 and its wild type background strain, t222+,
gifts from Prof. Michael Hippler.

• The high-expression strain UVM4, a gift from Prof. Ralph Bock via Prof. Alison
Smith.

Additional strains containing mutations of interest were generated by transfor-
mation with exogenous DNA and are listed as described in the text. Cell concentra-
tion was quantified throughout this thesis using a LUNA-II automated cell counter
(Logos Biosystems) and reported in cells per millilitre (cells ml-1).
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2.2.2 Escherichia coli

The major strains used in this thesis were JM109 (Promega) for standard cloning
work and BL21 (New England Biosciences) for expression of plasmid-encoded
genes. Chloramphenicol-resistant strains of DH10B containing fragments of the
Chlamydomonas nuclear genome in the form of bacterial artificial chromosomes
(BACs) were used for recombineering reactions (see Section 2.4.4) and were obtained
from the Clemson University Genomics Institute and the Chlamydomonas Resource
Center (University of Minnesota, USA). The spectinomycin-resistant strain DB3.1
(Thermo Fisher) was also used for standard cloning work but was specifically
required for maintenance and propagation of the ccdB-containing plasmids as it
expresses the antidote gene ccdA.

2.3 Transformation and selection

2.3.1 Chlamydomonas transformation

All three of the Chlamydomonas genomes are transformable, but transformation of
the nuclear genome relies primarily on random integration of exogenous DNA. It
is an ongoing focus of Chlamydomonas genetics to understand this process and to
enhance the efficiency of targeted, recombination-mediated transformation.

In this thesis the Chlamydomonas nuclear genome was transformed by electro-
poration using a MicroPulser Electroporator (BioRad). Transformations were per-
formed in 4 mm gap cuvettes (Geneflow) at 0.8 kV. A single pulse at 0.8 kV was
usually sufficient to produce transformant colonies following recovery. Cells to be
transformed were grown in low-medium light in TAP at 20°C, 120 rpm shaking un-
til they reached mid-log phase. For transformations involving genome editing by
CRISPR-Cas9, the temperature of the incubator was raised to 33°C for 3 h prior to
transformation (see Section 2.3.3). Cells were then harvested at 1,000 x g for 5 min
and resuspended to a concentration of 2 x 108 cells ml-1 in MAX Efficiency™ Transfor-
mation Reagent for Algae (Thermo Fisher), followed by a 5 min incubation in a water
bath at 16°C. DNA to be transformed was obtained either by PCR amplification or by
linearization of plasmid DNA by restriction digestion followed by heat inactivation
at 80°C for 5-20 min. 5-10 µl containing 500-1,000 µg linearised DNA was added to
120 µl cells in a cuvette and mixed by gentle flicking and shaking. Cuvettes were
dried with a tissue and pulsed at 0.8 kV, then cells were immediately added to 1 ml
TAP + 40 mM sucrose in a 1.5 ml tube and stored at low light. Tubes were wrapped
in a layer of tissue paper to protect from excess light and placed back in the growth
incubator at 120 rpm for 16-20 h at 20°C. For transformations with Cas9, cells were
instead recovered at 33°C and 1 µg ml-1 cyanocobalamin was added to the recovery
solution to improve cell thermal tolerance (Xie et al. 2013).
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2.3.2 Extraction of Chlamydomonas genomic DNA

Genomic DNA (gDNA) was extracted from whole cells using two methods. The first
quick and ‘dirty’ method was used to prepare solutions of DNA suitable only for use in
a colony PCR reaction, while the second method was used to prepare cleaner samples
of DNA for whole genome sequencing or long-term storage. For the quick extraction, a
colony or small scraping of Chlamydomonas cells was resuspended in 15 µl of 10 mM
EDTA (pH 8) using a toothpick. The solution was incubated at 95-100°C for 10-
20 min, then centrifuged at 7,000 x g for 2 min to clear cell debris. The resulting
supernatant was stored at 4°C for up to two weeks.

For purification of cleaner gDNA, cells were processed according to the Master-
Pure™ DNA Purification Kit (Epicentre Technologies/Illumina). In brief, 1-2 x 106

cells were resuspended in 300 µl lysis solution containing 240 U Proteinase K (New
England Biosciences) and incubated at 65°C for 15 min, then vortexed thoroughly.
10 µg RNase A (Thermo Fisher) was added, and the solution was incubated at 37°C
for 30 min. The sample was cooled on ice and 175 µl precipitation reagent was added
and mixed by vortexing. Cell debris was pelleted at 15,000 x g, 4°C for 10 min.
The supernatant was added to 500 µl propan-2-ol and mixed by inverting, followed
by another centrifugation step at 15,000 x g, 4°C for 10-20 min. The isopropanol-
containing supernatant was carefully removed, and the DNA pellet washed twice
with room-temperature 70% ethanol. The DNA was air-dried to remove all ethanol,
followed by resuspension in Tris-EDTA buffer or water, then storage at 4°C or -20°C
for several months.

2.3.3 CRISPR-mediated insertion-deletion

CRISPR-mediated mutations were made to the Chlamydomonas nuclear genome
using the Alt-R CRISPR system (Integrated DNA Technology). This involves direct
electrotransformation of Chlamydomonas cells with ribonucleoprotein complexes
(RNPs) consisting of a modified Cas9 enzyme from Saccharomyces pyogenes (SpCas9)
in complex with a custom single-guide RNA (sgRNA) with homology to the target
locus. sgRNA sequences were designed using the online tools CRISPR-P 2.0
(http://crispr.hzau.edu.cn/CRISPR2/, accessed September 2022) or CRISPR direct
(http://crispr.dbcls.jp/, accessed September 2022) and selected based on the fewest
estimated off-target cleavage sites. Following transformation, recovery of the cells
at 33°C increases the efficiency of SpCas9-induced double-stranded breakage at the
target locus. In line with the current understanding of Chlamydomonas DNA repair,
the cell’s major repair pathway is the native error-prone non-homologous end-joining
pathway (NHEJ).

The NHEJ pathway is not only prone to small deletions or insertions but can
also incorporate large fragments of exogenous DNA into the breakage site during
the repair process. Accordingly, to generate a specific insertion at the targeted locus,
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exogenous linear DNA encoding an antibiotic resistance cassette was co-transformed
with SpCas9-sgRNA RNPs into Chlamydomonas cells by electroporation. Successful
reactions relied on the incorporation of the antibiotic resistance cassette into the
breakage site and were selected for by plating the recovering cells on the appropriate
antibiotic. Due to the nature of Chlamydomonas nuclear transformations, a large
majority of antibiotic-resistant transformant colonies recovered after each reaction
contained off-target insertions of the resistance cassette somewhere else in the
genome. As such, extensive screening by colony PCR was required to identify colonies
that contained a disruption at the intended target locus. Based on the number of
colonies screened vs the number of colonies containing a disruption at the intended
locus, the efficiency of this method was found to be 0.5-10% depending on the locus.

2.4 Cloning

Custom DNA constructs for all projects described in this thesis were either generated
in vitro by enzyme-catalysed polymerization, restriction, ligation, or exonuclease
reactions using a variety of techniques, generated in vivo using recombineering (see
Section 2.4.4), or purchased from a repository or company. Custom DNA sequences
were obtained in the form of de novo double-stranded fragments (gBlocks; Integrated
DNA Technologies) where indicated, or by amplification from existing organisms
using PCR. Plasmids were propagated, stored in and purified from E. coli. Purified
plasmids and DNA fragments were stored at 4°C in nuclease-free TE buffer (Tris-
EDTA buffer; 10 mM Tris, 1 mM EDTA, pH 8) or DPEC-treated water.

2.4.1 Polymerase chain reaction (PCR)

Fragments of DNA were amplified by PCR using two different polymerases and
protocols depending on their downstream uses. To simply check the size of a DNA
fragment or to check for the presence/absence of a DNA sequence in a sample (for
example to compare between colonies of bacteria or Chlamydomonas) a low-cost
polymerase derived from Thermus aquaticus was used for colony PCRs. To generate
fragments for later cloning experiments, a high-fidelity polymerase was used in order
to reduce errors and improve amplification speed and fidelity.

Note that each project in this thesis required unique modifications and trou-
bleshooting to the PCR recipes and protocols given here in accordance with varia-
tion in template length, GC-content and predicted primer binding kinetics. Chlamy-
domonas colonies required a slightly different colony PCR protocol to bacterial
colonies. High GC-content Chlamydomonas nuclear genes required different addi-
tives to the low GC-content chloroplast genes. To aid in PCR optimization, the NEB
Tm Calculator (New England Biosciences) was used to find efficient starting condi-
tions.
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2.4.1.1 Colony PCR

For colony PCRs, fragments were amplified using MyTaq™ DNA Polymerase
(Bioline). In general, these colony PCRs were performed in 15 µl volumes containing
7.5 µl 2X MyTaq Red Mix, 200 nM of each primer, 1-1.5% DMSO and 0.1-1 ng µl-1

template DNA or 0.5 µl cell solution/cell lysate. A generalized colony PCR program
is given below:

Temperature Duration
95°C 5 min

95°C 30 s
60°C 30 s 35x
72°C 2 min

72°C 4 min

2.4.1.2 High-fidelity PCR

To amplify fragments with high-fidelity and specificity, Q5® High-Fidelity DNA
polymerase (New England Biosciences) or Phusion HotStart II DNA Polymerase
(Thermo Fisher) were used. In general, these PCRs were performed in 25 µl volumes
containing 12.5 µl 2X Q5 master mix, 200-500 nM of each primer and 0.1-1 ng µl-1

template DNA. 1-9% DMSO was added for high GC-content amplicons. For extremely
high-GC amplicons or problematic reactions, 1 M betaine was added in combination
with 6% DMSO. Both these additives are thought to disrupt the formation of stable
secondary structures in high-GC DNA templates. A generalized high-fidelity PCR
program is given below:

Temperature Duration
98°C 30 s

98°C 10 s
66°C 30 s 30x
72°C 90 s

72°C 2 min

For difficult reactions, the annealing temperature was reduced stepwise by 0.2°C,
e.g., from 66-60°C, to increase the chances of successful amplification in the early
cycles of the reaction. For low GC-content templates, the extension temperatures
were reduced from 72°C to 65°C and MgCl2 concentration in the reaction mix was
altered between 1-5 mM to modulate the melting temperature.
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For purification of DNA amplicons directly from the PCR mix, a FastGene
Gel/PCR Extraction Kit (Nippon Genetics Europe) was used, and the DNA was eluted
in TE buffer.

2.4.2 In vitro DNA manipulation

Linear DNA fragments were primarily stitched together using Gibson assembly,
restriction-ligation or by overlap-extension PCR. Circular fragments were annealed
by ligation prior to transformation into E. coli.

2.4.2.1 Gibson assembly

Gibson assembly, described by Daniel Gibson in 2009, involves the stitching together
of fragments with complementary ends, first by the action of an exonuclease that
removes bases one at a time from the 5’ end of the leading strand, creating a single
strand overhang (Gibson et al. 2009). Subsequent annealing of the complementary
overhangs between fragments at 50°C allows a DNA polymerase to fill up the
remaining gaps in the overhang with free nucleotides, and finally a DNA ligase seals
the nicks. The NEBuilder® HiFi DNA Assembly (New England Biosciences) Gibson
assembly enzyme mix was used for stitching together fragments generated by either
PCR or restriction digestion that contained 12-80 bp of complementary bases.

2.4.2.2 Restriction-ligation

Linear fragments were generated using a variety of restriction enzymes (FastDigest;
Thermo Fisher). In general, restriction digestion reactions were performed at 37°C
for 10-45 min in 20 µl reaction volumes containing 2-3 µl 10X FastDigest buffer, 0.2-
2 µg DNA and 1-2 µl per restriction enzyme. Complementary overhangs generated by
restriction digestion were ligated using T4 DNA ligase (New England Biosciences).
In general, ligation reactions were performed in 10 µl volumes containing 1 µl 10X
ligation buffer, 0.1-1 µg combined DNA fragments and 1 µl T4 Ligase. Reactions were
incubated at a range of temperatures to increase efficiency: for simple ligations the
reaction was incubated at room temperature for 30 min; for more complex ligations,
the reaction tube was added to a small beaker of room temperature water and placed
in the fridge overnight so that the temperature slowly dropped. 1 µl of 20 mM ATP
solution was also added before placing in the fridge to increase ligase activity.

2.4.2.3 Overlap-extension PCR

Overlap-extension PCR involves stitching together two linear, overlapping fragments
within a PCR using only a polymerase. The overlapping sections of each fragment
anneal and act as their own primers resulting in a PCR amplicon spanning both
fragments. For difficult assemblies, Gibson assembly or ligation reactions would
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yield only a very low final concentration of successfully annealed products. In these
cases, 0.5 µl of Gibson assembly or ligation reaction were often added directly to
overlap-extension PCRs along with primers designed to amplify across the intended
annealing site, thus increasing the concentration of successfully annealed products.

2.4.2.4 Agarose gel electrophoresis

Linear fragments of DNA were detected and quantified using agarose gel elec-
trophoresis, formed by boiling a solution of 0.8-1% agarose in TAE buffer (40 mM
Tris, 20 mM acetic acid, 1 mM EDTA, pH 8). For visualization of DNA fragments
sizes, electrophoresis was performed at 90-110 V using a 1% agarose gel and imaged
using. Gels were visualized using an Amersham™ Imager 600 (GE Healthcare) set
to UV mode. For recovery of DNA from agarose gels, electrophoresis was performed
at 75-90 V using a 0.8% agarose gel and DNA bands excised using a scalpel. DNA
was extracted using a FastGene Gel/PCR Extraction Kit (Nippon Genetics Europe)
and resuspended in TE buffer.

2.4.3 Transformation of E. coli

Following annealing of circular DNA products, 4-5 µl of Gibson assembly reaction or
ligation reaction was cooled on ice and added gently to 50 µl of competent E. coli in
a 1.5 ml tube. E. coli was transformed either by electroporation or by heat shock at
42°C.

For electrotransformation, cells were mixed with DNA and added to pre-cooled
1 mm gap electroporation cuvettes (Geneflow). Cells were pulsed at 1.8 kV
in a MicroPulser Electroporator (BioRad) then immediately added to 750-900 µl
room temperature super-optimal broth with catabolite repression (SOC) media (2%
tryptone, 0.5% yeast extract, 10 mM NaCl, 10 mM MgCl2, 10 mM MgSO4, 2.5 mM
KCl, 20 mM Glucose) followed by out-growth at 37°C for 1-2 h with vigorous shaking.

For heat shock transformation, cells were mixed with DNA and incubated for 5-
30 min on ice before heat shock at 42°C for 30-45 s. Cells were immediately recovered
for 1-2 min on ice before addition of 750-900 µl room temperature SOC media and
out-growth at 37°C for 1-2 h with vigorous shaking.

Unless otherwise noted, out-grown cells were centrifuged at 7,000 x g for 2 min
then resuspended by pipetting in 50 µl spent SOC media and spread gently onto pre-
warmed LB agar plates containing appropriate antibiotics, then grown at 37°C for
16-20 h.

2.4.4 Recombination-mediated genetic engineering

Recombination-mediated genetic engineering (recombineering) was used in this
thesis to clone sequences of Chlamydomonas nuclear DNA that were too long or
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repetitive to efficiently amplify by PCR. Recombineering works by coopting the native
recombination machinery of E. coli to edit or retrieve fragments of DNA from a
bacterial artificial chromosome (BAC). Prior to the recombination reaction, a custom
DNA construct must be introduced to the cells that contain homologous regions to
the target DNA.

Detailed protocols for both batch scale and large scale recombineering of Chlamy-
domonas nuclear genes is presented in the supplemental data of Emrich-Mills et
al. 2021, included as an appendix. Briefly, for each target region, a recombineering
cassette was amplified from pLM099 (see Chapter 3, Fig. 3.2 on page 73) by PCR
using primers that contained 50 bp arms with homology to the 50 bp immediately
upstream and downstream of the target region. Next, a strain of DH10B E. coli con-
taining a suitable fragment of the Chlamydomonas nuclear genome in the form of a
BAC was identified using a custom python script available as a program called BAC-
Searcher (https://github.com/TZEmrichMills/Chlamydomonas_recombineering, ac-
cessed September 2022). The strain was first made recombination competent by
transformation with the plasmid pRed, which encodes the viral recombinogenic
RedÆØ∞ genes and recA under the control of an arabinose inducible promoter. The
pRed containing transformants were grown overnight to recover, then induced by
addition of L-arabinose to a total of 12 mM. Cells were then transformed with the
purified custom recombineering cassette and recovered in SOC for 1.5 h to allow for
the recombineering reaction to take place before plating to produce single colonies
after 16-18 h incubation at 37°C.

To screen for correct recombineering, three or more colonies were grown and
their plasmids purified by miniprepping. Plasmids were digested using both single
and double-cutting enzymes and analysed by agarose gel electrophoresis. Plasmids
that produced the correct banding patterns after digestion were sequence by Sanger
sequencing to confirm correct assembly and absence of truncated or mutated
sequences.

2.4.5 Purification of plasmid DNA from E. coli

Plasmids were purified from E. coli using either a FastGene Plasmid Mini
Kit (Nippon Genetics Europe) or a PureLink™ HiPure Plasmid Maxiprep Kit
(Invitrogen) depending on the desired quantity of plasmid. For routine minipreps,
3-10 ml LB was inoculated with a colony of E. coli and incubated for 16-20 h at 37°C
with vigorous shaking. The recovered plasmid was eluted in TE buffer and stored at
4°C. For maxipreps, 100-200 ml cells were harvested and processed depending on the
expected plasmid copy number per cell. Plasmid concentration was measured using
a Nanodrop spectrophotometer.
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2.4.6 DNA sequence analysis

Plasmids and PCR amplicons were analysed by Sanger sequencing using the
SupremeRun service from Eurofins Genomics and custom primers.

2.5 Isolation of proteins from thylakoid membranes

Thylakoid membranes were prepared under different conditions depending on
downstream experiments. However, a set of four basic steps applies to all thylakoid
preparation described in this thesis: (1) Resuspension of fresh or frozen cells to a high
concentration in buffer containing 1-2 cOmplete™ Protease Inhibitor Cocktail tablets
per 50 ml (Roche/Merck), (2) mechanical cell breakage, (3) a slow centrifugation step
to pellet and discard unbroken cells and free starch, (3) a fast centrifugation step to
pellet chloroplasts and thylakoids and discard soluble proteins, (4) resuspension of
the pelleted membranes in buffer and quantification by measuring the concentration
of chlorophyll in the sample.

Cell breakage was performed by sonication or by French press. Breakage was
performed in a buffer that usually included MgCl2, which keeps thylakoids tightly
appressed, as well as a cushioning agent such as sucrose or glycerol. NaCl was always
present for the purpose of screening surface charges on thylakoid proteins to prevent
unwanted reactions during preparation. The buffering agents used were 10-50 mM
of HEPES, Tris, Bis-Tris or sodium phosphate depending on the desired pH.

Proteins were purified from Chlamydomonas cells using two main methods: (1)
native proteins were purified using sucrose gradient centrifugation, anion exchange
chromatography and/or size exclusion chromatograpy; (2) affinity-tagged proteins
were purified using affinity chromatography, including immobilized metal affinity
chromatography (IMAC), followed by size exclusion chromatography. Between
applications of these techniques, protein-containing solutions were concentrated by
centrifugation using membranes with various molecular weight cut-offs (MWCO)
depending on the target protein size. Proteins purified from Chlamydomonas cells
in this thesis were thylakoid membrane proteins and first required the preparation
of thylakoid membranes, followed by extraction from their native membrane
environment using detergents or copolymers according to the methods detailed in
the sections below. Proteins were protected from the activity of endogenous proteases
during purification by addition of protease inhibiting chemicals. Serine, cysteine and
metalloproteases were inhibited by the addition of cOmplete™ Protease Inhibitor
Cocktail tablets (Roche). Where indicated, 6-aminocaproic acid was also added, which
outcompetes lysine residues at the binding sites of lysine proteases.
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2.5.1 Measurement of chlorophyll concentration

The combined concentration of chlorophyll A and B in a sample, [Chls], was
calculated using two methods according to Porra et al. 1989.

Firstly, [Chls] was measured in 80% acetate using absorption measurements at
645, 663 and 750 nm. 4 µl of sample material was added to 2 ml of freshly made
80% acetone solution, vortexed vigorously for 10 s then centrifuged at 15,000 x g for
2 min to pellet and discard the cell debris. The supernatant containing pigments
was added to a quartz cuvette and absorbance was measured using a Cary60 UV-
Vis spectrophotometer (Agilent Technologies). [Chls] was calculated according to the
equation:

[Chl s] = 8.88A645 +3.67A663 °12.55A750 (2.1)

Alternatively, [Chls] was measured in 80% methanol using absorption at 652, 665
and 750 nm. Cells were diluted 50x in a 200 µl volume of water, then added to 800 µl
pure methanol, vortexed as above, then centrifuged for 2 min. The absorption of the
supernatant was measured at the above wavelengths and the [Chls] according to the
following equation (which includes a correction for the 50x dilution):

[Chl s] = 1.106A652 +0.122A665 °1.228A750 (2.2)

2.5.2 Purification of PSI from Chlamydomonas

Native photosystem I was purified from Chlamydomonas by anion exchange
chromatography followed by sucrose density centrifugation and size exclusion
chromatography. The method used was derived from a protocol by Ramesh and
Webber 2004. Briefly, cells were grown to mid-log phase in 2 L TAP under ~50
µE m-2 s-1 white fluorescent light, agitated with a magnetic stir bar and bubbled
with filtered air. Cells were collected at 4,000 x g for 5 min at room temperature and
resuspended in HEPES buffer (50 mM HEPES pH 7.2, 5 mM CaCl2, 5 mM MgCl2,
20% glycerol, 1 tablet of cOmplete™ Protease Inhibitor Cocktail tablet (Roche) per
50 ml). Cells were broken with 2 passes through a French press at 9,000 psi,
and unbroken cells were pelleted at 3,000 x g. Membranes were pelleted from
the cell lysate at 100,000 x g for 20 min using a TLA-100.2 ultracentrifuge rotor
(Beckman). The pellet was resuspended gently in 30 ml HEPES buffer using a fine-
hair paintbrush and centrifuged a second time. The pellet was resuspended in 2 ml
HEPES buffer and diluted to 0.5 mg ml-1 [Chls]. Membranes were solubilized with
0.6% ØDDM for 15 min at 4°C with gentle shaking. Unsolubilised material was
cleared at 125,000 x g for 20 min in a TLA-100.2 rotor. Solubilised membranes
were applied to a custom 150 ml DEAE Sepharose column pre-equilibrated with
HEPES buffer + 0.02% ØDDM and pumped through at approx. 6 ml min-1. The
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column was washed with 50 ml HEPES buffer + 0.02% ØDDM + 7 mM extra CaCl2,
followed by another wash of the same volume with 5 mM added MgSO4. The column
was eluted by application of a 5-25 mM MgSO4 wash gradient in HEPES buffer +
0.02% ØDDM + 7 mM CaCl2. Fractions were collected in 3 ml aliquots and analysed
using a Cary60 UV-Vis spectrophotometer (Agilent Technologies). Fractions with a
maximum absorbance between 675 and 677 nm were pooled, diluted three-fold with
LOAD buffer (25 mM HEPES pH 7.2, 12 mM CaCl2, 5 mM MgCl2) + 0.02% ØDDM
and concentrated down to approx. 500 µl using a 100 kDa MWCO spin concentrator
at 3,000 x g.

The concentrated sample was loaded onto a 10-35% continuous sucrose gradient
in LOAD buffer + 0.02% ØDDM. Gradients were centrifuged in a SW41 ultracen-
trifuge rotor (Beckman) at 207,500 x g for 26 h. The sample separated into distinct
bands representing monomeric and trimeric LHCII and PSI, with PSI running the
furthest. Band composition was confirmed using a Cary60 UV-Vis spectrophotome-
ter (Agilent Technologies), with the PSI-enriched band showing a distinct shift of
the red maximum peak from 673 to 677 nm relative to the LHCII-containing bands.
The PSI-containing band was removed and diluted ten-fold in LOAD buffer + 0.02%
ØDDM and concentrated by spin concentration as before. Concentrated samples were
aliquoted and supplemented with 5% ethylene glycol before flash freezing and storage
at -80°C.

2.5.3 Purification of STT7 from Chlamydomonas

STT7 was purified from Chlamydomonas cells by affinity chromatography using a
C-terminal Strep-tag® II tag. Cells from strain cTE038 (see Chapter 3, Fig. 3.5 on
page 82) were grown in 8 L TAP media supplemented with 2 mg ml-1 paromomycin
and 2.5 mg ml-1 hygromycin under ~100 µE m-2 s-1 fluorescent light, bubbled with
filtered air. Once at mid-log phase, cells were pelleted and resuspended in TP for
the final 16 h of growth, and extra paromomycin and hygromycin was added to boost
expression. To harvest, cells were pelleted at 4,000 x g for 5 min and resuspended
in BREAK buffer (40 mM Tris pH 7.4, 5 mM MgCl2, 50 mM NaCl, 10 mM NaF,
5% glycerol, 5 mg ml-1 6-aminocaproic acid and one cOmplete™ Protease Inhibitor
Cocktail tablet (Roche) per 50 ml). Cells were broken with a single pass through a
French press at 8,000 psi, then unbroken cells were pelleted for 15 min at 3,000 x g.
Unbroken cells were pooled and re-broken to increase yield. Lysate was centrifuged
at 75,600 x g for 45 min at 4°C to pellet thylakoid membranes. The pellet was
resuspended in BREAK buffer with a fine-hair paintbrush and homogenised by
douncing, followed by a second spin at 75,600 x g for 30 min. These pellets were
resuspended and homogenised in SOL buffer (20 mM Tris pH 8, 200 mM NaCl).
The optical density of the homogenised membrane solution was measured, and the
solution was diluted using 10% styrene maleic acid (SMA) and SOL buffer to a final
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concentration of OD680 = 17, 4.5% SMA, 300 ml volume. The solution was brought
to room temperature to facilitate solubilisation by SMA, then stirred in the dark for
1 h. Unsolubilised membranes were then pelleted by centrifugation at 60,000 x g
for 30 min, 4°C. The supernatant containing solubilised membranes was passed once
through a 0.22 µm filter using a syringe, then applied to several 100 kDa MWCO
spin concentrators and centrifuged at 3000 x g for 2 h until the total sample volume
had decreased to 200 ml. All solubilised membranes were then filtered once through
a custom gel filtration column containing Sephadex® G-25 resin (Sigma) to remove
free SMA, which can decrease binding efficiency of StrepTactin resin in the next step.
Filtered membranes were applied to a 5 ml StrepTactin 4Flow (IBA Lifesciences)
gravity column. The column was washed with 250 ml WASH buffer (20 mM Tris pH 8,
300 mM NaCl), then resuspended by gentle pipetting and washed with a further
250 ml WASH buffer. Finally, the column resin was resuspended in 10 ml SOL buffer
+ 50 mM biotin (pH 8) and incubated at room temperature for 20 min. The eluate was
extracted and stored at 4°C, and the column was resuspended in a further 10 ml for a
second elution, this time overnight at 4°C. The next day, both eluates were combined
and concentrated in a 10 kDa MWCO spin concentrator until the volume had been
reduced to ~1 ml. The resulting sample was applied to SDS-PAGE as described in
Section 2.6.1.

2.6 Polyacrylamide gel electrophoresis (PAGE) and
immunoblotting

2.6.1 Sodium dodecyl-sulphate (SDS-PAGE)

SDS-PAGE was used to separate samples of solubilized protein by peptide molecular
weight.

Purified protein samples were prepared for SDS-PAGE by solubilisation in
Laemmli sample buffer (60 mM Tris pH 6.8, 2% SDS, 10% glycerol, 0.01% w/v
bromophenol blue) followed by heating at 100°C for 5 min. For samples enriched in
membrane proteins such as PSI, the heating step was omitted to avoid heat-induced
aggregation, and samples were instead sonicated for 20-60 s using a FB 11021
Ultrasonic Bath (Fisherbrand) and incubated at room temperature for 30 min.
Samples were centrifuged at 15,000 x g for 2 min and the supernatant loaded onto
an SDS gel.

Whole-cell samples of Chlamydomonas were solubilised for SDS-PAGE as follows.
Cell pellets were solubilised in TPEB (Total protein extraction buffer; 180 mM
Tris pH 6.8, 6% SDS, 35% glycerol, 100 mM Ø-mercaptoethanol) followed by 20-
60 s sonication using a FB 11021 Ultrasonic Bath (Fisherbrand), 30 s vortexing at
top speed, then heating and agitation for 5-10 min at 1,700 rpm in an Eppendorf
ThermoMixer® C at 80-90°C. Lysed cell samples were centrifuged at 21,000 x g
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for 10 min at 4°C and the supernatant (containing soluble proteins) mixed with
NuPAGE™ LDS Sample Buffer (Thermo Fisher) or 2 x Laemmli buffer before loading
onto an SDS gel. For comparison of peptide presence/absence between strains,
samples were normalised by cell count before processing.

SDS-PAGE was performed using the NuPAGE™ system (Thermo Fisher) using
different gel formulations and running buffers depending on the size of the peptides
of interest. For whole-cell peptides and smaller peptides (< 60 kDa) of interest, 12%
Bis-Tris 1 mm Mini Protein Gels were run in MES SDS Running Buffer at 120-180 V
for 1-1.5 h. To distinguish larger peptides of interest (> 60 kDa) such as STT7, 7%
Tris-Acetate 1 mm Mini Protein Gels were run in SDS Tris-Acetate Running Buffer
at 110-140 V for 1-1.5 h. All gels were purchases pre-cast from Thermo Fisher.

2.6.2 Western blotting

Proteins and peptides were transferred from BN or SDS gels onto nitrocellulose or
polyvinylidene difluoride (PVDF) membranes by semi-dry transfer using a Power
Blotter System (Invitrogen) in Power Blotter 1-Step™ transfer buffer. For transfer
from BN gels, transfer was performed twice per gel at 1.3 A for 10 min onto
nitrocellulose membranes; the first transfer removes most of the G250 dye, the second
captures most of the protein from the gel. For transfer of large peptides from SDS
gels, transfer was performed at 1.3 A for 7-10 min. For small (< 15 kDa) peptides,
the transfer buffer was supplemented with 2 mM ZnCl2 (Maillet et al. 2001) and
transfer was performed at 1.3 A for 3-5 min onto 0.2 µm pore-size PVDF membranes
(Invitrogen).

Following transfer, membranes were washed with TBS (Tris buffered saline;
50 mM Tris pH 7.6, 150 mM NaCl) and blocked in TBS + 2 mg ml-1 TWEEN-20 + 5%
milk powder for 1 h at room temperature with gentle agitation. For small peptides,
2% milk powder was used instead to prevent loss of peptides from membrane.
Blocked membranes were washed with TBS and incubated with gentle agitation in
TBS + 0.5 mg ml-1 TWEEN-20 containing the appropriate primary antibody, either
at room temperature for 1-4 h or at 4°C for 16-20 h depending on the peptide sample
and sensitivity of the antibody used.

Following incubation in primary antibody, membranes were washed three times
for 5 min each with TBS + 0.5 mg ml-1 TWEEN-20, then incubated with the
appropriate secondary antibody in TBS + 0.5 mg ml-1 TWEEN-20 for 1 h at
room temperature. Secondary antibodies used were either conjugated to horse
radish peroxidase (HRP) or to a fluorescent dye (goat anti-rabbit IgG cross-adsorbed
secondary antibody, Alexa Fluor™ 488; Thermo Fisher). Membranes incubated
in HRP-conjugated secondary antibodies were washed three times for 5 min each
with TBS + 0.5 mg ml-1 TWEEN-20 before soaking for 5 min in Westar Sun
chemiluminescent substrate solution (Cyanagen). Membranes were visualized using
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an Amersham™ Imager 600 (GE Healthcare) in fluorescence mode if using the Alexa
Fluor-conjugated secondary antibody or in chemiluminescence mode if using HRP-
conjugated secondary antibodies.

2.7 Spectroscopic analysis

2.7.1 Low-temperature fluorescence emission spectroscopy (77 K)

Whole cells or samples of purified thylakoids were analysed by low temperature
fluorescence emission spectroscopy at 77 K. Briefly, samples were prepared by
dilution in TP to ~5 mg ml-1 Chls, then added to a 1 cm polymethyl methacrylate
cuvette or a PCR tube. Samples were plunged into liquid nitrogen and added
to a custom glass vacuum chamber placed in the beam of a FluoroLog FL3-22
spectrofluorimeter (Jobin Yvon). Fluorescence emission spectra were recorded by
excitation at 435 nm and monitoring between 600-800 nm. Spectra were normalised
to the peak at ~680 nm, associated with fluorescence from PSII, while the broader
peak between ~700-740 nm is associated with PSI fluorescence. To assess a strain’s
ability to perform state transitions, cells were prepared in oxic or anoxic conditions
prior to freezing, which triggers state I or state II, respectively (Buchert et al. 2020).
For oxic conditions, cells were equalised in TP media to a concentration equivalent to
5 µg ml-1 Chls (combined chlorophyll a and b), then incubated in the dark for 20 min
with vigorous aeration. For anoxic conditions, cells of the same concentration were
mixed with oxygen scavengers: 50 mM glucose, 30 U ml-1 catalase and 10 U ml-1

glucose oxidase. Cells were then overlaid with 500 µl mineral oil to prevent gas
exchange, and cells were incubated in the dark for 20 min without shaking to deplete
oxygen.

2.7.2 Plate reader fluorescence emission measurements

Chlorophyll and Venus fluorescence emissions were monitored using a Clariostar
plate reader (BMG Labtech) to compare fluorescence between high- and low-CO2

grown cells. Cells were grown in TP bubbled with filtered air containing the
appropriate concentration of CO2 until they reached mid-log phase. 180 µl cells
were added to wells of a 96-well plate, with four replicates per strain. Fluorescence
emissions were measured for chlorophyll by excitation passed through a 625 ± 17 nm
filter, while emission was detected via a 692 ± 25 nm filter. Venus emissions were
detected by excitation passed through a 504 ± 5 nm filter, while emission was
detected via a 540 ± 12 nm filter. Venus fluorescence was normalised by chlorophyll
fluorescence for each well, then the Venus background fluorescence detected from
wild type cells was subtracted. Normalised values under low CO2 for replicates were
averaged together then divided by the average under high CO2, yielding values used
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for the estimation of the change in fluorescence between high and low CO2 for each
strain tested.

2.7.3 Time-resolved chlorophyll fluorescence spectroscopy

Chlorophyll fluorescence emission spectroscopy is an important and widely used
method of monitoring the metabolic state of plants and algae. Chlorophyll fluores-
cence was monitored by pulse amplitude modulated fluorescence in an IMAGING-
PAM fluorescence system (Walz, Germany) and analysed using ImagingWin software.
Cells were prepared for measurements using the IMAGING-PAM in either oxic or
anoxic conditions. For oxic conditions, cells were equalised in TP media to a concen-
tration equivalent to 5 µg ml-1 Chls (combined chlorophyll a and b), then 500 µl was
added to wells of a 48-well microplate and incubated in the dark for 20 min with vig-
orous aeration. For anoxic conditions, 500 µl cells in a microplate were mixed with
oxygen scavengers as in Section 2.7.1. Wells were overlaid with 300 µl mineral oil to
prevent gas exchange, and cells were incubated in the dark for 20 min (no shaking)
to deplete oxygen (Buchert et al. 2020). To assess the fluorescence parameters 1-qP
and NPQ, saturating pulse-induced fluorescence was processed using ImagingWin
software and values derived according to the following equations:

qP=
F0

m °Ft

F0
m °F0

o
(2.3)

NPQ =
Fo

m °F0
m

F0
m
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In Chlamydomonas, Fo’ cannot be obtained using far red light, so it is instead
estimated using the following equation (Oxborough and Baker 1997):

F0
o = Fo

(Fv /Fo
m)+ (Fo/Fo

m)
(2.5)

2.7.4 Measurements of the electrochromic shift

Under illumination, the net voltage resulting from proton translocation across
the thylakoid membranes modifies the microenvironment of nearby photosynthetic
pigments. This modification results in a shift in absorption spectra, measurable
as an increase in the absorption signal at ~515-520 nm relative to ~545-550 nm.
Absorption was measured either using P515/535 module of the DUAL-PAM-100
system (Walz, Germany) as the 515 minus 550 nm difference signal or using a
JTS-150 spectrophotometer (BioLogic) as the 520 minus 546 nm difference signal.
The JTS-150 system belonged to Prof. Michael Hippler and was used as part of a
collaboration with his lab at the University of Münster. Absorption changes were
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normalised between runs and strains to the ECS ¢I/I signal induced by a short,
saturating pulse in the presence of the inhibitors DCMU and HA (to deactivate PSII).
When using the JTS-150, the saturating flash used for normalisation was provided by
a separate laser module containing a DCM exciton laser dye pumped by a frequency
doubled Nd:YAG laser (Minilite II, Continuum) (Buchert et al. 2020).

To monitor the magnitude of the ECS in Chlamydomonas, cells were grown in TAP
or TP at ~60-70 µE m-2 s-1 with gentle bubbling under either constant light or under
day/night cycling until they reached early- to mid-log phase. Cells were harvested by
centrifugation at 4,000 x g for 5 min, then resuspended in a 4 ml cuvette in 1.5-2 ml
of TP + 15-20% ficoll (to prevent sedimentation) to ~20 µg ml-1 Chls. Anoxia was
induced using oxygen scavengers: 50 mM glucose, 30 U ml-1 catalase and 10 U ml-1

glucose oxidase, then overlaid with mineral oil to prevent gas exchange. The cuvette
was then placed in the path of the detector module, with transmitted light filtered
through appropriate interference filters with FWHM of 20 nm (Buchert et al. 2020).
Measurements of proton motive force (pmf ), proton flux (vH

+) and proton conductivity
(gH

+) were made as described by Kramer et al. (2004) using the slope and extent
of the relaxation of the ECS signal during a dark interval. Dark interval kinetics
were modelled with a biexponential function using the SSbiexp package in R. The
time constant of the slope for dark interval signals was estimated using the reported
values from the SSbiexp function, with the overall time constant (half-life, or ø) being
composed of the two ø values for the individual curves that make up the biexponential
model. gH

+ was calculated as 1/ø £ 1,000. Pmf, gH
+ and vH

+ are related according to
the following equation (Kramer et al. 2004):

v+
H = pm f £ g+

H (2.6)

Measurements of electron transfer rate were made as described in Nawrocki et al.
2019a. Briefly, the JTS-150 was programmed to provide 1 s high light, during which
multiple 5 ms dark intervals were inserted. Recordings of the ECS during these
dark intervals were processed to calculate the gradient of the signal during the latter
4 ms of each interval. The first millisecond is excluded to avoid confounding factors
introduced by charge recombination. Simultaneously, the gradient immediately prior
to each dark interval was recorded as well. Together, the gradient in the light
minus the dark is an estimation for the electron transfer rate at each time point
during the 1 s of high light. A timepoint is defined as the moment when each
dark interval begins. For all measurements of electron transfer rate in this thesis,
cells were adapted for 5 min in the cuvette prior to measurement to a light regime
of ~21 µE m-2 s-1 background light interspersed every 10 s with 1 s high light
(~550 µE m-2 s-1).
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2.7.5 Measurements of P700 oxidation

The net appearance of the PSI cation, P700+, was measured by monitoring
the absorption intensity over time at 705 nm minus 740 nm using a JTS-150
spectrophotometer (BioLogic, France) with appropriate interference filters (705 nm,
FWHM 10 nm; 740 nm, FWHM 15 nm) (Buchert et al. 2020). As above, absorption
changes were normalised between runs and strains to the ECS ¢I/I signal induced
by a short, saturating pulse in the presence of the inhibitors DCMU and HA (to
deactivate PSII). This required switching back to ECS mode on the JTS-150 after
P700 measurements were complete (see Section 2.7.4 on page 55).

Cells were grown in TP to mid-log phase as before and resuspended to 20 µg ml-1

Chls in fresh TP + 20% Ficoll. Anoxia was induced using oxygen scavengers: 50
mM glucose, 30 U ml-1 catalase and 10 U ml-1 glucose oxidase, then overlaid with
mineral oil to prevent gas exchange. Cells were dark adapted for 20 min prior to
measurement. For all measurements of P700 oxidation in this thesis, cells were
adapted for 5-10 min in the cuvette prior to measurement to a light regime that
matched the eventual measurement light regime, e.g., 10 cycles of light protocol,
with the 11th cycle being used for measurement. These adaptation periods help to
stabilise and regularise any light induced changes to the P700 signal, decreasing
variability between repeats. At the end of a set of measurements, a saturating pulse
was administered then the actinic light removed. In the presence of the inhibitors
DCMU and HA, this has the effect of first completely oxidising the P700 present in
the sample, then allowing re-reduction in the dark. These two extremes of P700
oxidation were used to calculate acceptor and donor side limitation as described
previously (Alric et al. 2010, Buchert et al. 2020), illustrated in Fig. 5.9 in Chapter 5
on page 131.

2.8 Confocal fluorescence microscopy

All fluorescence microscopy in this thesis was performed at the University of York in
collaboration with Prof. Luke Mackinder, and the results were published in Emrich-
Mills et al. 2021. The following section is adapted from that publication.

Cells were prepared for microscopy by growth in TP to early-log phase, then added
to a clear-bottom µ-slide 8-well (Ibidi, UK) and fixed in place using a drop of 34°C
TP + 1% low-melting-point agarose. Images were acquired using a Zeiss LSM880
confocal microscope on an Axio Observer Z1 invert, equipped with a 63£ 1.40 NA oil
planapochromat lens. Images were analyzed using ZEN 2.1 software (Zeiss, USA)
and FIJI. Excitation and emission filter settings for chlorophyll fluorescence were
561 nm excitation, 665–705 nm emission. For other fluorophores, settings were as
follows: 514 nm excitation and 525–550 nm emission for Venus and mNeon-Green,
561 nm excitation and 580–600 nm emission for mScarlet-i.
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2.9 Proteomics

Mass spectrometry was performed largely as described in Flannery et al. 2021 with
minor modifications.

2.9.1 Proteolytic digestion

Thylakoid membranes (50 µg protein, Bio-Rad DC assay) were solubilised in 15 µl 1%
(w/v) sodium laurate (SL), 100 mM triethylammonium bicarbonate (TEAB) pH 8.5 by
sonication for 5 min in ice cold water (Lin et al. 2013). Complete solubilisation was
verified by the absence of a pellet after centrifugation at 15,700 x g for 2 min. Proteins
were reduced by the addition of 1.5 µl 100 mM tris(2-carboxyethyl) phosphine-HCl
and incubation at 37°C for 30 min. Cys thiol groups were derivatised by the addition
of 1.5 µl 200 mM methyl methanethiosulphonate in isopropanol and incubation at
room temperature for 10 min. Samples were adjusted to 50 µl with 1% (w/v) SL and
100 mM TEAB pH 8.5 and proteolytic digestion was carried out by treatment with
2 µg pre-mixed trypsin/endoproteinase Lys-C (Promega) for 3 h at 37°C. Extraction
of SL was performed as previously described (Lin et al. 2013) by adding an equal
volume of ethyl acetate and acidification with 10 µl 10% (v/v) trifluoroacetic acid
(TFA). The samples were vortexed for 1 min and then centrifuged at 15,700 x g
for 5 min to accelerate phase separation. The peptide-containing lower phase was
isolated, dried by vacuum centrifugation and dissolved in 50 µl 0.5% (v/v) TFA and 3%
(v/v) acetonitrile before desalting with C18 spin columns (Thermo Fisher Scientific)
according to the manufacturer’s protocol. The peptides were again dried by vacuum
centrifugation and stored at -20°C.

2.9.2 Mass spectrometry and protein identification

For analysis by nano-LC-MS/MS, peptides were dissolved in 0.5% (v/v) TFA and
3% (v/v) acetonitrile, and 400 ng of each sample was analysed in triplicate in
randomised order. Peptides were resolved on an EASY-Spray PepMap RSLC C18
column (Thermo Fisher Scientific, 50 cm x 75 µm ID, 2 µm particle diameter at 40°C)
with the following gradient profile delivered at 300 nl min by a Dionex RSLCnano
chromatography system (Thermo Fisher Scientific): 97% solvent A (0.1% (v/v) formic
acid in water) to 10% solvent B (0.08% (v/v) formic acid in 80% (v/v) acetonitrile) over
5 min, then 10% to 50% solvent B over 3 h. The mass spectrometer was a Q Exactive
HF hybrid quadrupole-Orbitrap system (Thermo Fisher Scientific) programmed for
data-dependent acquisition with profile full MS scans at 120,000 resolution and a
maximum of ten centroid product ion scans at 30,000 resolution per cycle. Protein
identification and label-free quantification were performed by searching the MS
data files against the Chlamydomonas reinhardtii reference proteome database
(www.uniprot.org/proteomes/UP000006906, downloaded November 2021) using the
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MaxLFQ algorithm embedded within FragPipe (v. 16.0) (Yu et al. 2021). Fixed and
variable modifications were set to methanethio-Cys and Met sulphoxide respectively,
with the ‘match-between-runs’ option also selected. All other parameters were as per
default.

2.10 Bioinformatics used for genome analysis

Genome analysis results presented in this thesis in Chapter 3 were published in
Emrich-Mills et al. 2021. The following section is adapted from that publication. All
analysis was performed using Excel, python and R.

2.10.1 Data sources

All Chlamydomonas nuclear gene sequences were extracted from the CC-503 refer-
ence genome database Phytozome (version 5.5; phytozome-next.jgi.doe.gov/, accessed
September 2022). Gene sequences for Arabidopsis (TAIR10 assembly) and Triticum
aestivum (bread wheat; International Wheat Genome Consortium) were all obtained
from EnsemblPlants BioMart (http://plants.ensembl.org/info/data/biomart/index.html,
accessed September 2022). Sequence data for Saccharomyces cerevisiae (baker’s
yeast; S288C reference genome, 2015 release) were obtained from the Saccharomyces
Genome Database (https://www.yeastgenome.org/, accessed September 2022). Gene
sequences for yeast genes were appended to include all annotated UTRs and introns,
resulting in more comparable database to those of Chlamydomonas, Arabidopsis and
wheat.

2.10.2 Analysis of gene complexity

Repetitive genes were assessed using the NCBI WindowMasker program (Morgulis
et al. 2006), which detects a broad range of repeat types and outputs a single
value, termed global repeats. Default WindowMasker settings were used throughout,
though options for use of the DUST and WinMask modules were selected; DUST
detects shorter repetitive regions including tandem and inverted repeats, while
WinMask detects families of longer repetitive regions that occur throughout the
genome. Information for gene length, transcripts and the presence of UTRs were
obtained from Phytozome Biomart. Data on the presence of upstream open reading
frames (uORFs) was obtained from the results of a BLASTP analysis performed by
(Cross 2016) and adapted to provide the per-gene values using python. Data on the
presence of secondary structures in ssDNA were generated using RNAfold (Lorenz et
al. 2011, downloaded from https://github.com/ViennaRNA/ViennaRNA April 2020).
Default settings were used for all runs.
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2.10.3 Analysis of primers

Primer suitability of a genome-wide set of ATG-Stop primers (that bind at the start
codon and stop codon of each gene) was assessed using the check_primers algorithm
from Primer3 (Rozen and Skaletsky 2000) using the default settings for Primer3Plus
(Untergasser et al. 2007). Minor modifications were made to the settings to remove
Tm constraints. Output was analysed using python. The majority of rejected
primers produced one of the following three reasons for rejection: (1) “high end
complementarity” for primer pairs, which implies a high likelihood that the 3’-ends
of the forward and reverse primers will anneal, enabling amplification of a short,
heterogeneous primer-dimer (cross-dimer); (2) “high end complementarity” for single
primers, which implies a high likelihood that a primer’s 3’-end will bind to that
of another identical copy, self-priming to form a homogenous primer-dimer (self-
dimer); and (3) “high any complementarity” for single primers, which implies a high
likelihood of self-annealing without necessarily self-priming, relevant to both the
inter-molecular annealing of identical copies and to instances of hairpin formation
resulting from intra-molecular annealing. Primers rejected for these three reasons
in Fig. 3.1C in Chapter 3 on page 69 are labelled as cross-dimers, self-dimers, and
hairpins, respectively.

2.10.4 Analysis of gene ontology

Enrichment analysis was used to help make sense of the proteomics results presented
in Fig. 4.7 in Chapter 4 on page 102. This was done by subjecting protein IDs
from Uniprot to a PANTHER over-representation test using PANTHER v17.0 via the
Gene Ontology Resource (http://geneontology.org/, accessed Sep. 2022). Results were
identified and grouped according to the predicted biological process contributed to
by each protein. The Bonferroni correction for multiple testing options was selected,
otherwise all settings were as default.
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Chapter 3

Development of a
recombineering method for
Chlamydomonas

3.1 Summary

The development of modern PCR-based and gene synthesis-based cloning methods
have broadened the molecular toolbox for Chlamydomonas. However, PCR-based
methods still suffer from problems, exacerbated by repetitive sequences and very
long templates. Recombination-mediated cloning is a useful alternative to PCR and
functions by homologous recombination to produce precise edits in a gene of interest,
for example introducing a fluorescent tag. Recombineering can circumvent PCR-
specific problems when cloning very long, complex genes with their native regulatory
features intact. We set out to quantify the sequence features in the Chlamydomonas
nuclear genome that pose difficulties to PCR-based cloning, including gene size and
frequency of repetitive sequences. We addressed this problem by adaptation of a
recombineering method from C. elegans for Chlamydomonas, which we tested on ~200
genes encoding components of the CCM. Our method is far more tolerant of long and
complex sequences, with no effect of gene size found on our success rates. A small
subset of genes tested for localisation and expression show native-like regulation,
possibly due to our inclusion of the native promoter region in recombineered genes.
Two recombineered genes were used to rescue mutants, including the chloroplast
kinase STT7, which restored state transitions in a mutant and can be purified from
Chlamydomonas.

The work presented in this chapter was started in the lab of Prof. Luke Mackinder
at the University of York and completed at the University of Sheffield. The work was
published in April 2021 in The Plant Cell (Emrich-Mills et al. 2021) under the terms
of a Creative Commons CC BY license, which permits its reproduction here. The
publication is accessible using the digital object identifier 10.1093/plcell/koab024 and
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is included as an appendix at the end of this thesis. Co-author contributions are
stated explicitly in the figure legends.

3.2 Background

Our ever-expanding understanding of chloroplast bioenergetics has inspired research
into the potential for improving crop yields by introducing a pyrenoid-based CCM
into vascular plants (Mackinder 2018). If correctly functional, this would help
limit the loss of fixed carbon and nitrogen by photorespiration by concentrating
CO2 in the vicinity of tightly packed Rubisco, increasing its carboxylation efficiency.
Modelling studies suggest that expression of a functional CCM in major food crops
could result in a 60% increase in carbon fixation (Long et al. 2015). Realising this
will likely require researchers to identify all the protein components of a CCM
and understand how they behave and interact, a task usually reliant on reverse
genetic approaches, i.e., localisation of proteins and complementation of mutants
to help understand how genotype links to phenotype. One major problem faced
by researchers attempting to understand the Chlamydomonas CCM arises from
difficulties in reliably manipulating the nuclear genome of Chlamydomonas, which
houses a large majority of the genes involved in chloroplast bioenergetics. This
is indicative of a wider problem in Chlamydomonas genetics: the Chlamydomonas
nuclear genome is replete with sequence features that make cloning difficult; a high
GC-content, high prevalence of repetitive regions and long, intron-rich genes make
for difficult cloning of certain targets by conventional, PCR-based methods (Merchant
et al. 2007).

3.2.1 Modern methods for cloning nuclear genes

Optimised protocols are available for long-range or GC-rich PCRs using modern high-
fidelity polymerases (e.g., Q5® or Phusion®, NEB), with an advertised maximum
amplicon length of 30 kbp. In practice, though, amplification from complex templates
like Chlamydomonas gDNA can prove problematic for targets > 5 kbp, requiring
extensive optimisation for each target. PCR from gDNA can be avoided in some
cases by whole or partial gene synthesis and reassembly using modern cloning
strategies such as Golden Gate assembly. The release of a Modular Cloning kit
for Chlamydomonas in 2018 outfitted researchers with a wide selection of codon-
optimised genetic elements in a useful cloning framework, enabling the rapid
construction of standardised transgene libraries (Crozet et al. 2018). Transgenes
for MoClo must be devoid of type II restriction sites to enable Golden Gate
assembly, so coding regions are usually synthesised de novo. This often necessitates
extensive modification to the nucleotide sequence, both to decrease total length by
removing native introns or to modify repetitive regions and to lower GC content
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by codon optimisation to enable synthesis. However, inclusion of introns has been
recognised as an important factor affecting efficient cis- or transgene expression
in Chlamydomonas (Baier et al. 2018). Accordingly, a recently released online tool
enables easy design of artificial or high-expression introns throughout a synthesised
coding sequence (Jaeger et al. 2019). In tandem, the generation of high-expression
mutant strains UVM4 and UVM11 by suppression of epigenetic gene silencing has
facilitated isolation of transformant clones showing high expression of a transgene
(Neupert et al. 2009, Neupert et al. 2020).

Though this growing toolbox has broadened the scope of Chlamydomonas genetic
manipulation, PCR-based and synthesis-based cloning still face problems. Modern
polymerases are still prone to errors in repetitive regions (Clarke et al. 2001), low
efficiency with very GC-rich regions (~70%) (Orpana et al. 2012), and are limited
in primer placement. For very long genes, synthesis in parts and re-stitching can
be expensive and time-consuming. For example, cloning SAGA1 (StArch Granules
Abnormal 1), a 16.7 kbp gene target, required over 12 months of work, included
multiple gene synthesis failures and ultimately had to be assembled from three
synthesised fragments with 14 introns removed due to repetitive regions (Itakura et
al. 2019). In parallel, genome annotations may contain errors misidentifying the gene
start site by ignoring upstream transcription start sites corresponding to possible
alternative open reading frames (Cross 2016). Therefore, cloning from the wrong
ATG may result in accidental truncation of an important targeting peptide. Lastly,
extensively modified coding sequences are less likely to yield native-like expression
for localisation studies due to loss of cis regulatory elements. The gold standard for
native-like expression of cloned genes therefore remains the capture of the entire
native promoter, native coding sequence with native introns, and native terminator
region.

3.2.2 Recombination-mediated cloning as an alternative

Cloning based on homologous recombination provides a useful alternative to PCR.
Recombination can occur between homologous regions of almost any nucleotide
composition and are not subject to the same guidelines for thermodynamic properties
used in primer design (Yu et al. 2000). One of the most efficient forms of
homologous recombination for engineering E. coli is lambda-red recombineering
(reviewed in Murphy 1998), which harnesses the natural recombinogenic properties
of the ∏ prophage. Lambda-red recombineering occurs in vivo and relies on four
key proteins to function. The first, the product of recA, must be present to enable
recombination in a host cell (Yu et al. 2000). The remaining three are derived from
the ∏ prophage genome, called Exo, Gam and Bet. Exo is an exonuclease that strips
away one of the strands of the DNA to be recombined. Gam protects the single-
stranded intermediate by inhibiting host machinery that degrades ssDNA (Yu et al.
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2000). Bet binds along the ssDNA intermediate (Maresca et al. 2010) and facilitates
ligation and polymerisation with the homologous strand.

Although lambda-red recombineering has not been shown to function efficiently
within eukaryotic cells, it can be harnessed for modification of eukaryotic genes
housed in E. coli on bacterial artificial chromosomes (BACs). Lamda-red recombi-
neering can be used in two main methods. In the first, insertion of a novel sequence
into a BAC takes place by homologous recombination between two custom homology
regions. This method has recently been put to use for recombineering genes from
C. elegans and the model plant A. thaliana (hereafter Arabidopsis) (Brumos et al.
2020, Sarov et al. 2012). For example, in Brumos et al. (2020), the authors present a
pipeline for tagging Arabidopsis genes from a BAC library, cleverly combining inser-
tional recombineering with recombinase-mediated cassette exchange, (e.g., the Cre-
loxP or Flp-FRT recombinase systems, reviewed in Wang et al. 2011). The pipeline
employed by Brumos and colleagues proceeded as follows: (1) a BAC is edited to add
a tag and selectable marker to a gene of interest by recombineering; (2) the selectable
marker is removed by FLP-mediated excision; (3) the tagged gene is exchanged into a
smaller vector also using Flp-FRT, which is then purified from the BAC host (Brumos
et al. 2020).

The second method for Lambda-red recombineering is gap-repair recombination.
By reversing the orientation of a pair of homologous sequences, a section of host
DNA can be recombined into the ’gap’ in a linearised plasmid. This results in a
re-circularised plasmid that can be easily purified from host cells. Retrieval of a
target gene by gap-repair recombination has a number of advantages over a BAC
editing approach (Poser et al. 2008), and achieves the same cassette-exchange effect
shown by Brumos et al. (2020) without the use of Flp-FRT. In both methods, avoiding
the need to purify the entire BAC is a key consideration, as BAC purification can
be timely and low yielding. For adaptation to Chlamydomonas genes, the gap-
repair set-up has four further advantages: (1) avoiding BAC purification means
less DNA to transform, minimising DNA fragmentation during Chlamydomonas
transformation (Zhang et al. 2014); (2) BACs contain many genes, with additional
copies of adjacent genes to the gene of interest potentially having an unwanted
phenotypic impact on transformed Chlamydomonas lines; (3) the backbone of the
available BAC collection lacks a suitable Chlamydomonas selection marker, therefore
additional BAC editing to insert a suitable selection marker (Aksoy and Forest 2019)
or plasmid co-transformation strategies would be required for selection; (4) a typical
BAC engineering approach would require two recombination steps, which would
increase cloning time, decrease efficiency and add further challenges due to the
repetitive nature of the Chlamydomonas genome. In pursuit of a simple, efficient
method for parallel cloning, we set out to develop a recombineering pipeline based on
gap-repair recombination for Chlamydomonas nuclear genes.
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3.3 Results

3.3.1 A genome analysis highlights the challenges affecting PCR

To underline the necessity of a recombineering approach for cloning Chlamydomonas
genes, we set out to assess the scale of the problems facing current cloning methods.
To do this we performed a genome analysis to quantify sequence features of the
Chlamydomonas genome thought to have a negative impact on PCR-based cloning,
or that present a barrier to gene synthesis-based cloning. We limited our analysis
to measurements of gene size, repeat frequency, intron frequency, and frequencies
of UTRs and splice variants in the 17,741 protein-coding genes in the nuclear
genome. To aid our analysis, we used data for cloning success from a recent study
by Mackinder et al. (2017), in which the authors attempted to clone 624 genes from
gDNA by PCR amplification of the native coding sequence (ATG-stop). The authors
used a modern, proof-reading polymerase (Phusion Hot Start II, Thermo), and a set
of primers designed to anneal at the start and end of the ATG-stop region. The result
was a 48% success rate. Comparison of sequence features between the successful and
unsuccessful targets revealed a strong dependency of success on gene size and repeat
frequency.

3.3.1.1 Gene size

Chlamydomonas genes are unusually long amongst model organisms. Fig. 3.1A on
page 69 shows comparative histograms for Chlamydomonas, Arabidopsis, the model
eukaryote S. cerevisiae (yeast), and T. aestivum (bread wheat), which houses a very
large (~17 Gb), hexaploid genome. Here, gene size is measured from the start of
the 5’UTR to the end of the 3’UTR. Chlamydomonas has a higher proportion of
long genes and fewer short genes than the three other genomes tested, along with a
considerably higher average gene size for Chlamydomonas (5,322 bp versus 1,430 bp
for yeast, 2,187 bp for Arabidopsis and 3,521 bp for chromosome-assigned genes in
wheat). Also notable is the high proportion (~10%) of genes longer than 10 kbp in
Chlamydomonas. This pattern of unusually long genes may reflect an abundance of
introns and untranslated regions.

Statistical analysis shows a significant effect of gene size on PCR cloning success
from Mackinder et al. (2017), with the average cloned region ~2.3 kbp long while the
average uncloned region was ~4.5 kbp (Mann-Whitney U = 16306, p < 0.001, two-
tailed). By extrapolating gene size distributions of the successfully PCR-cloned genes
from Mackinder et al. (2017), it is possible to predict the proportion of the whole
genome clonable by ATG-stop PCR. This extrapolation is presented in Fig. 3.1B and
suggests ~68% of Chlamydomonas genes would be challenging to clone due to gene
size. This may be caused by a drop-off in PCR cloning efficiency for templates > 3 kbp,
apparent from (Fig. 3.1B). Though the largest amplified target in Mackinder et al.
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(2017) was 8 kbp, and genes at least as large as 9.7 kbp have been cloned before
(Kobayashi et al. 2016), these cases appear to be highly gene specific. Alternative
approaches to clone larger genes include testing a broad range of PCR conditions and
DNA polymerases, amplification in fragments and re-stitching, cloning from cDNA,
and gene synthesis. However, these processes can be time consuming and costly for
large numbers of targets, often have low success rates and may still result in poor
expression.

3.3.1.2 Gene complexity

Chlamydomonas possesses a complex nuclear genome, taken here to mean that PCR-
based cloning from gDNA is complicated by sequence features. Firstly, GC content
is high, at ~68% in coding regions. Data from Mackinder et al. (2017) shows that
the average GC content for successfully cloned targets by ATG-Stop PCR cloning
was 61.4%, while the average for unsuccessful targets was 64.3% – a value exceeded
by over 41% of Chlamydomonas nuclear genes. Secondly, cloning from the nuclear
genome is complicated by an abundance of repetitive regions, even if those regions
themselves are extremely simple in nucleotide composition at a sequence level (e.g.,
a run of AAAA. . . ). Analysis of sequence data from Mackinder et al. (2017) for 624
Chlamydomonas genes indicated a strong association between cloning success and
repeat frequency; the average PCR-cloned ATG-Stop region contained 6.1 repeats
per kbp whereas the average uncloned region contained 7.5 repeats per kbp (Mann-
Whitney U = 24110, p < 0.001, two-tailed).

Repetitive regions are categorised into tandem repeats, (e.g., mononucleotide,
AAA; dinucleotide; ATATAT; trinucleotide, ATCATCATC, etc.), and inverted repeats,
(i.e., sequences followed immediately or several bases later by their reverse
complement). Beyond these, larger and more interspersed repeats comprise regions
that are repeated several times throughout a gene or elsewhere, causing problems
for gene synthesis and sequencing. These were measured using WindowMasker, a
program designed to detect a range of repeat types simultaneously (Morgulis et al.
2006) and provide one combined value, referred to as global repeats. Analysis of
all Chlamydomonas genes using WindowMasker revealed an average of 38.9 global
repeats per gene (6.8 per kbp) whereas Arabidopsis contains 13.7 (5.5 per kbp) and
yeast contains 6.0 (4.2 per kbp). Within genes, Chlamydomonas sequences are more
repetitive between their start and stop codons than in their untranslated regions,
although at least one repeat was detected by WindowMasker in 36.6% of 5’UTRs
and 87.6% of 3’UTRs. Fig. 3.1A expands the histrogram of gene sizes to show
per-kilobase repeat frequency for Chlamydomonas, yeast, Arabidopsis and wheat.
Chlamydomonas genes > 3 kbp long were the most repetitive of the four genomes.
Uniquely, Chlamydomonas genes showed a slight trend of increasing repeat-content
as gene length increased, likely compounding the probability of PCR failure for very
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long targets.

3.3.1.3 Unsuitable primers

A major limitation of ATG-stop PCR cloning is the limited flexibility of primer design.
We analysed primer suitability from a genome-wide set of computer-designed primer
pairs for ATG-Stop cloning, from which the primers for the 624 targets in Mackinder
et al. (2017) were taken. The average primer in the dataset had a high predicted
melting temperature (Tm) of 69.2°C and a high GC content of 64.2%. Primer Tm
and GC content are expected to be high in comparison to other organisms with less
GC-rich genomes, however, many primers also breached recommended thresholds
pertaining to length, secondary structure formation, repetitive sequences or 3’ GC
content using Primer3Plus. The Primer3Plus check_primers module (Untergasser
et al. 2007) utilises a strict set of thresholds for primer suitability. Analysis of
our genome-wide primer set resulted in the rejection of over 60% of individual
primers in the dataset, even when the program was set to ignore predicted annealing
temperatures (Fig. 3.1C, orange bars). Under these settings, only 13% of pairs were
free from detectable issues in both primers. Interestingly, there was a high GC
content mismatch between forward and reverse primers with a considerably higher
GC content of reverse primers (Fig. 3.1C, inset).

3.3.1.4 Mis-annotation of start sites

Another challenge associated with PCR or gene synthesis is incorrectly annotated
gene models that lead to cloning of a non-biologically relevant sequence. The analysis
of transcript models in the Chlamydomonas genome shows that additional ATGs
upstream of the annotated start site are highly prevalent (Cross 2016) (Fig. 3.1D).
Cross categorized these potential upstream open reading frames (uORFs) into three
classes: class 1 uORFs initiate in-frame with the annotated start site, potentially
producing an N-terminal extension relative to the annotated gene model; class 2
uORFs initiate out-of-frame with the annotated start site and terminate within
the coding sequence; and class 3 uORFs initiate and terminate within the 5’UTR.
Data on the presence of Kozak sequences preceding class 1 uORFs suggests that
approximately half are the correct translation initiation site in vivo (Cross 2016).
In a PCR-based approach where a constitutive promoter is used, cloning from the
wrong ATG may result in an out-of-frame or truncated product, potentially removing
essential signal sequences for correct targeting. 57 of the 298 successfully cloned
genes from Mackinder et al. (2017) contained a class 1 in-frame ATG upstream of the
cloned region, therefore ~10% of cloned regions may have encoded truncated protein
products.
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Figure 3.1: Analysis of Chlamydomonas genes reveals the scale of the
problems affecting PCR-based cloning of nuclear DNA sequences. A.
Histograms arranging the 17,741 genes of the Chlamydomonas nuclear genome by
size, binned by 1,000 bp. The number of genes in the Chlamydomonas, Arabidopsis,
yeast and wheat genomes within each 1 000 bp category are displayed above the x-
axis, revealing more large genes in Chlamydomonas. Below, the frequency of repeats
detectable by the program WindowMasker for genes in each size category are shown,
revealing a trend of high repeat frequency for Chlamydomonas. B. Again arranged
by size, the proportion of Chlamydomonas genes in each 1,000-bp size category we
predict to be clonable by ATG-stop PCR are shown in dark blue. This prediction
is an extrapolation from results in Mackinder et al. (2017). Error bars are 95%
confidence intervals. C. The results of analysing a genome-wide set of ATG-stop
PCR primers using Primer3. Over 60% of primers were deemed unsuitable, even
when Tm was removed as a factor. Below, then inset shows a disparity in the GC
content of primers, reflecting particularly high GC content at the 3’ end of nuclear
genes. D. The percentage of nuclear genes containing detectable upstream open
reading frames, splice variants, or introns. E. An example gene displaying many
of the problems associated with PCR-based cloning; long, repetitive, replete with
introns and containing a large 5’ and 3’UTR. The 5’UTR sequence is expanded below,
showing a possibly misannotated start site due to a class 1 uORF (green) along with
just one of seven detected class 3 uORFs (magenta). Luke Mackinder recorded data
for PCR cloning success presented in panel B and generated the genome-wide set of
primers analysed in panel C.

3.3.1.5 Introns, UTRs and splice variants

Chlamydomonas genes have a relatively high intron frequency, providing a further
challenge for PCR-based cloning by increasing gene length. The average gene
contains 7.3 introns with an average intron length of 373 bp compared to an average
exon length of 190 bp. 94% of genes contain introns between their start and stop
codons, 13% of genes contain one or more introns in their 5’UTRs and 3.4% have
introns in their 3’UTRs. ATG-Stop cloning would omit introns in UTR regions,
potentially missing critical regulatory information. Furthermore, approximately
9% of genes are annotated with two or more transcript models that result from
alternative splicing (Fig. 3.1D). This variation would be missed through cloning from
cDNA or through gene synthesis that excludes native introns.

Retrieval of gDNA sequences from BACs can circumvent many of these sequence
features simultaneously. Recombineering can avoid issues of high GC content
and repetitive sequences, provided that the homology regions are themselves
unique. In theory, recombineering should be able to clone very large sections
of DNA. Recombineering can therefore also avoid issues of mis-annotation by
capturing upstream regions that contain all the native 5’ cis regulatory features,
including alternative start sites. Fig. 3.1E shows a gene from chromosome 8
that exhibits several examples of the sequence features presented in this genome
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analysis. Cre08.g379800 is > 16 kbp long with 40 introns, contains mono-, di-,
tri- and pentanucleotide repeat regions of ∏ 9 repeats. It also contains a potential
misannotated upstream ATG in the 5’UTR that could initiate a class 1 uORF, as well
as seven class 3 uORFs (Cross 2016). Cre08.g379800 was successfully cloned and
tagged by recombineering.

3.3.2 Development of a recombineering pipeline

In developing our recombineering pipeline, we adapted a method designed for C.
elegans by Sarov et al. (2006) to clone genes with their upstream regions intact and
a 3’ tandem fluorescent-affinity tag. The pipeline relies on gap-repair recombination
to capture a target region contained on a BAC (or fosmid or cosmid), facilitated by
the sequential introduction of two plasmids into the BAC clone. The first, pRed,
contains a temperature sensitive origin of replication (pSC101) and is used to make a
target BAC clone recombination competent by expressing the lambda viral Bet, Gam
and Exo proteins (RedÆØ∞), as well as recA (Sarov et al. 2006). The second houses a
tagging cassette that is introduced into the BAC clone as linear DNA and retrieves
the target region by gap-repair recombination.

The simplicity of our pipeline enables completion in four days using only generic
reagents. The final recombineered product is a plasmid containing the target region
(typically including the native promoter, 5’UTR and open reading frame) recombined
in-frame with a downstream fluorescent protein and terminator (Fig. 3.2A). Our
pipeline has four key steps: (1) E. coli harbouring a BAC containing the gene of
interest is made recombination competent by transformation with the pRed vector
(Fig. 3.2B); (2) Expression of RedÆØ∞ and recA is induced by addition of arabinose
followed by transformation with a linear tagging cassette including 50 bp homology
arms to the target gene (Fig. 3.2C); (3) kanamycin provides selection for successfully
recombineered products, and a shift to 37°C inhibits pRed replication to minimise
further undesired recombination (Fig. 3.2D); and (4) plasmid products are isolated
and verified by restriction digest and junction sequencing (Fig. 3.2E).

3.3.2.1 Design of a series of gene tagging cassettes

We designed and built a series of tagging cassettes to facilitate gene tagging using
a variety of tags and housing a range of antibiotic resistance cassettes. The
original cassette, named pLM099 (Fig. 3.2A), was constructed by six-fragment Gibson
assembly and contained eight key features: (1) the codon optimized YFP CrVenus
for localisation studies, (2) a 3xFLAG tag for downstream immunoblotting, (3) the
PSAD terminator as a general regulatory element, (4) the paromomycin selection
marker (AphVIII) for transformation into Chlamydomonas, (5) the p15A medium-
copy-number origin of replication to prevent over-production of the recombineered
product once retrieval into a plasmid is achieved, (6) the kanamycin resistance gene
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(KanR) for selection in E. coli, (7) the ccdB counter selection gene to minimise false
positives due to pLM099 carryover (Bernard and Couturier 1992), and (8) the I-SceI
restriction site to allow linearisation prior to transformation into Chlamydomonas.
I-SceI has an 18 bp recognition site not found within the Chlamydomonas reference
genome, allowing for functionality with any genomic target.

Amplification of the tagging cassette from pLM099 is performed using primers
containing 50 bp homology arms corresponding to regions flanking the target
gene (Fig. 3.2A). Accordingly, one primer binds at least 2,000 bp upstream of the
start codon to encompass the native 5’ promoter and UTR region and the other
primer binds at the 3’ end of the coding region (immediately upstream of the
stop codon). The annealing site of the reverse primer can easily be altered to
amplify a cassette from pLM099 that can clone genes without a fluorescent tag
or with only the 3xFLAG tag. To further expand the functional application of
our recombineering pipeline we designed additional backbone vectors (pLM160,
161, 162 and 459) that enable protein tagging with the fluorophores mScarlet-
i-3xFLAG (Bindels et al. 2016), mNeonGreen-3xFLAG (Shaner et al. 2013) and
mTurquoise2-3xHA (Goedhart et al. 2012) and that allow selection with hygromycin
or zeocin (Fig. 3.2A). These make possible multi-protein labelling within the same
cell and also permit complementation of paromomycin-resistant mutants from
the Chlamydomonas Library Project (CLiP) (Li et al. 2019). The presence of
either 3xFLAG or 3xHA tag enables use of the vectors for affinity purification to
explore interacting partners of tagged proteins. Different fluorophore pairs (i.e.,
mNeonGreen and mScarlet-i) could also be used for FRET based studies to explore
protein-protein interactions. In addition, by choosing different primer binding sites,
all vectors can be used for cloning genes without fluorescence tags or with only short
affinity tags (3xFLAG and 3xHA).

3.3.2.2 Small scale application of the pipeline

We initially tested our pipeline on 12 targets. For all targets except one, plasmids
isolated from most picked colonies gave a correct banding pattern after restriction
digest. Sequencing then confirmed the successful cloning of 11 out of our 12
targets. To further expand the capabilities of our pipeline we tested whether we
could successfully recombineer large and complex gene from fosmids (available from
the Chlamydomonas Resource Center). We targeted SAGA1 (fosmid VTP41289),
a gene that had previously been highly challenging to gene synthesize (Itakura
et al. 2019) and was not available in the BAC library (Brazelton et al. 2018).
Restriction digest of recombineered plasmids purified from three colonies all showed
the correct digestion pattern. Sequencing confirmed that the 19,601 bp target
region, that included 2,913 bp upstream of the predicted SAGA1 start codon, was
successfully cloned. Similarly, we successfully cloned both STT7 (fosmid VTP75523),
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Figure 3.2: Recombineering pipeline in Chlamydomonas. A. Sequence features
of plasmid pLM099, from which pLM160/1/2 and pLM459 were derived to expand
the spectral palette of encoded fluorophores and resistance cassettes. B. Day 1 of
the recombineering pipeline, involving transformation of BAC-containing cells with
the plasmid pRed, encoding RedÆØ∞ and recA. C. On day 2, recombineering cassettes
were amplified from pLM099 with gene-specific primers. These linear PCR-products
were transformed into the transformants from the previous day, then recombination
induced by a shift to 37°C. Transformants were then recovered and plated on
kanamycin-containing LB agar. D. On day 3, colonies from day 2’s transformation
were picked and grown in small-scale cultures for plasmid checking. E. On day
4, cultures were miniprepped and digest patterns ascertained using I-SceI and a
double cutter, chosen based on the predicted sequence. F. The success rate from
a large-scale attempt at parallel recombineering 191 genes encoding components of
the Chlamydomonas CCM. Gary Yates, James Barrett, Irina Grouneva, Chun Sing
Lau and Charlotte Walker aided in development and implementation of the pipeline.
Recombineered products were checked for correct digestion (panel E) in collaboration
with Gary Yates.

the key state transition kinase, and the chlorophyll synthase, CHLG (fosmid
VTP23797), into pLM160 for downstream localisation and affinity purification using
the mNeonGreen-3xFLAG tag.

3.3.2.3 High-throughput application of the pipeline

Confident that our recombineering method was robust we pursued the development
of a large-scale pipeline that would allow the parallel tagging of genes with most
steps achievable in 96-well format. We shortlisted 191 genes that could be mapped to
a clone from the Chlamydomonas BAC library. 81 genes previously targeted for ATG-
stop cloning in 2017 were retried here by recombineering, this time with > 2,000 bp
upstream sequence included. 41 of these were previously unsuccessful by PCR and
40 were previously successful but included here to compare the effect of retaining the
native promoter. The latter included five targets that contain a class 1 uORF and
so may have previously produced misleading localization data due to expression of
a truncated protein. Selection of the remaining 110 targets was guided by pyrenoid
transcriptomics (Brueggeman et al. 2012) and pyrenoid proteomics data (Mackinder
et al. 2016). E. coli strains containing the correct BACs were recovered from the
BAC library and processed in parallel using 96-format culturing plates. We randomly
selected a small subset of BAC clones to check for the presence of our target genes by
PCR, all of which were correct.

To optimise efficiency, we successively ran the pipeline three times removing
successful targets once confirmed. 100% of our 191 target BAC lines were
made recombination competent and out of the 191 target genes, one gene-specific
tagging cassette failed to amplify, possibly due to the formation of secondary
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structure(s) within the 50 bp homology regions of the primers. Of the 190
that amplified successfully, 187 yielded colonies after selection with kanamycin.
Validation by enzymatic digestion confirmed that 146 of these lines contained correct
recombineering plasmid products (Fig. 3.2F). Recombineering plasmid products from
the 146 successful lines were extracted and their junctions confirmed by Sanger
sequencing. Our high-throughput pipeline had an overall efficiency of 76%. 26
target genes that were unsuccessful by PCR in 2017 were successfully cloned here by
recombineering, and all five previously successful targets containing class 1 uORFs
retried here were successful.

In addition, for 14 out of the 146 correctly recombineered lines in our high-
throughput pipeline, use of an alternative BAC from the library yielded success after
an initial failure. We found that for approximately half of the target genes it was
necessary to validate multiple colonies by enzymatic digest in order to rule out false
positives; beginning with the 187 colony-producing lines from our high-throughput
pipeline, picking just a single colony gave a 49% success rate, screening a second
colony increased the success rate to 66% and a third colony gave a 76% success
rate. For a small proportion of targets screening > 3 colonies led to identification
of a correctly recombineered product (Fig. 3.2F). Taken together with our 12 initial
targets, we successfully cloned 157 out of 203 target regions from BACs using our
recombineering pipeline, achieving an efficiency of 77%.

3.3.3 Analysis of successes reveals good tolerance of large and
complex targets

We analysed our 203 target regions for differences in gene size and repeat frequency
between successful and unsuccessful reactions. Cloning success rate versus gene size
is shown as a histogram in Fig. 3.3A, revealing no obvious trend. This is reflected
in a lack of statistical differences between the median lengths (Mann-Whitney U
= 3303, p = 0.38, two-tailed); average successful targets were 7.26 kbp while average
unsuccessful targets were 7.32 kbp long. This contrasts clearly with the strong
effect of target size on cloning success for PCR-based cloning from Mackinder et
al. (2017) (shown in Fig. 3.3A and Fig. 3.1B). Furthermore, our recombineering
results produced a remarkably high efficiency for cloning very long genes; the longest
recombineered region was 22,773 bp, with successful cloning achieved for 24/30
targets > 10 kbp long.

We then compared our cloning success rate to the per-kilobase repeat frequency.
For our recombineering pipeline, the average successful target contained 6.48 repeats
per kbp while the average unsuccessful target contained 6.81, which did not amount
to a statistically significant difference (Mann-Whitney U = 3129, p = 0.17, two-tailed).
In contrast, there is a clear negative effect on PCR-based cloning success for targets
with > 4.8 repeats per kbp (Fig. 3.3B). For the most repetitive targets involved in



75

Figure 3.3: Size and complexity tolerance of our recombineering pipeline vs
PCR. A. Cloning success rates for gene targets arranged by size (binned by 1,000 bp)
shows no clear size-dependency on recombineering success, contrasting markedly
with PCR success. B. Cloning success rates for gene targets arranged by repeat
frequency (binned by 0.6 repeats per kbp) shows a slight negative trend for PCR
success, but no clear trend for recombineering. Below the x-axis, the genome-wide
distribution of genes is shown, revealing that most Chlamydomonas genes contain
between 7 and 9 repeats per kbp. These highly repetitive genes were associated with
low PCR success rates but high recombineering success rates.
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our analysis (those with > 9 repeats per kbp), our recombineering cloning efficiency
remained above 60%; an efficiency over three times higher than for ATG-stop cloning
(Fig. 3.3B). The genome-wide distribution of repeat frequencies shows that most
nuclear genes contain between 7 and 9 repeats per kbp, presenting a technical
challenge for PCR-based cloning (Fig. 3.3B). The success rate of our recombineering
method for genes with these repeat frequencies suggests many of these repetitive
genes could now be more easily clonable.

3.3.4 Localisation of tagged proteins agrees with previous data

The aim of the pipeline was to enable parallel gene tagging for localisation studies,
a powerful tool for estimating gene function in a multifaceted system like the CCM.
It was therefore important to investigate whether localisation of proteins expressed
from recombineered genes (with their native promoter and 3’ Venus tag) agreed
with localisation results derived from previous work. We selected a small subset
of recombineered genes for confirmation of localisation by fluorescent microscopy,
including PSAF, TAB2, ISA1, LCI9 and LCIB (3.4A-C). Recombineering products
containing these genes were confirmed by sequencing, then transformed into strain
CC-4533, the same strain used to generate the CLiP mutant library Li et al.
2019). Lines expressing these genes were also immunoblotted against the C-terminal
3xFLAG epitope to confirm fusion protein size (not shown).

PSAF (PSI subunit F), TAB2 (a protein linked to early PSI assembly) and
ISA1 (Isoamylase 1) were present in the pyrenoid (Fig. 3.4A), supporting previous
affinity purification mass spectrometry data (Mackinder et al. 2017) and pyrenoid
proteomics data (Mackinder et al. 2016). PSAF is a core transmembrane subunit
of photosystem I (see Fig. 1.4 on page 17 in Chapter 1), and so, as expected, shows
strong colocalization with chlorophyll outside of the pyrenoid, however in addition it
clearly localizes to the thylakoid tubules traversing the pyrenoid. Interestingly, in
the pyrenoid tubules the chlorophyll signal is minimal, particularly at the “pyrenoid
tubule knot” where the tubules converge (Engel et al. 2015). These data along with
the localization of other PSI and PSII components to the pyrenoid tubules (Mackinder
et al. 2017) suggest that the tubules contain both PSI and PSII but that chlorophyll-
containing light harvesting complexes found within the pyrenoid may be quenched
or at low abundance.

Tagged Cre17.g702500 (TAB2), a protein linked to early PSI assembly (Dauvillée
et al. 2003) and previously identified as an interactor with PSBP4 at the periphery of
the pyrenoid (Mackinder et al. 2017) was also enriched at the pyrenoid. Interestingly,
the location of TAB2 is not just restricted to the pyrenoid periphery but is also found
within the pyrenoid forming distinct small foci (Fig. 3.4A). This may indicate that
early PSI assembly could be occurring within the pyrenoid as well as at the pyrenoid
periphery (Uniacke and Zerges 2009).
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ISA1 is a starch debranching enzyme that is essential for starch synthesis, with
ISA1 deletion lines lacking both chloroplast and pyrenoid starch (Mouille et al. 1996).
The presence of the pyrenoid starch sheath and its correct organization is known to
be critical for correct CCM function; the absence of starch in an ISA1 knock out (4-
D1) resulted in incorrect LCIB localization (correct localisation shown in Fig. 3.4C),
retarded growth at very low CO2 (0.01% v/v) and reduced inorganic carbon affinity
(Toyokawa et al. 2020). Interestingly, in Toyokawa et al. (2020) the authors failed to
attain localization data for an ISA1-mCherry fusion driven by the HSP70A/RBCS2
hybrid promoter.

3.3.5 Comparison of native promoter- and PSAD promoter-driven
gene expression

To confirm that localization of proteins driven by their native promoter did not
differ from those driven by the constitutive PSAD promoter we compared localization
between native-LCIB-Venus and PSAD-LCIB-Venus. LCIB is an essential CCM
component that shows dynamic relocalization to the pyrenoid periphery at CO2 levels
< 0.04% (v/v) (Yamano et al. 2010). LCIB expressed from its endogenous promoter
was localized to the pyrenoid periphery at very low CO2 (0.01% v/v), in full agreement
with localization data when LCIB expression is driven by the constitutive PSAD
promoter (Fig. 3.4C). Similarly, LCI9, a low-CO2 inducible protein, was previously
shown via PCR-based cloning to localize to the pyrenoid periphery. Recombineered
LCI9 was 7,160 bp long including the native promoter region, and was cloned into
pLM099, 160 and 162 (Fig. 3.2A) to assess localisation with CrVenus, mNeonGreen
and mScarlet-i. All fluorophores displayed the same pyrenoid periphery localization
pattern (Fig. 3.4B) and agree with the localization information obtained when LCI9
expression was driven from the PSAD promoter (Fig. 3.4B), supporting the use of
2,000 bp upstream regions as promoters for fusion protein expression.

As our pipeline retains the native promoter of the target gene, we hypothesized
that fluorescence output would be representative of relative changes in protein
abundance in response to environmental conditions. To test this, we grew lines
with LCIB driven from either the constitutive PSAD promoter (PSAD-LCIB-Venus)
or its native promoter (Native-LCIB-Venus). LCIB-Venus signal stayed relatively
constant between high (3% v/v) and low (0.04% v/v) CO2 when LCIB was expressed
from the PSAD promoter but showed an approximate 8-fold increase between these
conditions when the native promoter was used, with this change consistent across
three independently transformed lines (mean ± SEM) (Fig. 3.4D). This agrees with
previous immunoblotting data, in which a comparable fold increase was seen in LCIB
abundance when cells were transferred from high CO2 to low CO2 (Yamano et al.
2010).
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Figure 3.4: Localisation data for a small subset of recombineered genes
using fluorescent microscopy. A. Confocal fluorescence microscopy images of
transformed CC-4533, showing localisation data for recombineered three genes, each
with their native promoter region and a C-terminal Venus tag. PSAF is the F
subunit of PSI; TAB2 is a putative PSI assembly factor; ISA1 is a chloroplastic starch
debranching enzyme. These data confirm previous proteomics and interactome data
(listed to the right). B. Localisation data for LCI9 tagged with Venus, mNeonGreen,
mScarlet-I and expressed from either the native promoter or the strong PSAD
promoter plus 5’UTR, revealing a high level of agreements between imaged lines.
C. LCIB expressed from either the native promoter region or PSAD promoter +
5’UTR, showing a high level of agreement in localisation. D. Relative change in
LCIB-Venus fluorescence between high and low CO2 detected using a plate reader.
Three independently transformed lines were tested. Error bars are SEM. Gary Yates
conducted the microscopy and plate reader fluorescence measurements. Scale bars
are 5 µm throughout.

3.3.6 Mutant rescue with recombineered LCIB and STT7

Finally, we tested that our recombineering pipeline could be used to successfully
complement mutants using two examples; first in a CLiP mutant deficient in
LCIB (LMJ.RY0402.215132), and second in a mutant deficient in STT7 generated
by CRISPR-Cas9. We first transformed native-LCIB-Venus (cloned into pLM161
that contains the APHVII gene conferring hygromycin resistance) into a CLiP lcib
mutant (LMJ.RY0402.215132). Four transformants showing Venus fluorescence were
selected for microscopy and growth phenotyping. All showed a typical pyrenoid
peripheral localization pattern when grown at very low CO2 (Fig. 3.5A) and all
rescued the lcib mutant phenotype to varying degrees, with lcib::LCIB-Venus-1
showing close-to-complete rescue (Fig. 3.5B).

Secondly, we aimed to rescue a CLiP stt7 mutant (LMJ.RY0402.236842) that
contains an insertion in the 5’UTR of STT7. The insertion was confirmed by PCR
across the 5’ of the gene, but Western blotting using the anti-STT7 antibody showed
a weak but unmistakeable signal at ~77 kDa, implying this strain still accumulates
some STT7 (Fig. 3.5C). We therefore set out to generate a mutant deficient in STT7
using CRISPR-Cas9 in the high expression strain UVM4, with the eventual aim
of purifying tagged STT7. UVM4 cells were co-transformed with the hygromycin
resistance cassette and a sgRNA-Cas9 RNP targeting STT7 exon 2. 87 transformant
colonies were recovered on hygromycin in low light and screened by PCR across exon
2. Eight colonies yielded a larger amplicon or no amplicon, indicating the presence
of an insertion; these were taken forward for Western blotting with anti-STT7. Four
colonies showed no evidence of a band at ~77 kDa, one of which is shown in Fig. 3.5D.
This colony, cTE035, was taken forward for rescue with recombineered STT7.

The 6.9 kbp ATG-stop region of STT7 was originally recombineered into pLM160
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and sequenced to ensure correct assembly. PCR and restriction cloning was used
to replace mNeonGreen-3xFLAG with a Strep-tag® II affinity tag for downstream
purification, and to insert an upstream PSAD promoter for high expression. PSAD-
STT7-Strep was transformed into cTE035 and transformants were screened as above,
first by PCR then Western blotting (Fig. 3.5E). Three transformants (cTE038, 039
and 040) showing correct bands sizes on a Western blot were selected for phenotype
testing by measuring the cells’ ability to perform a transition to state II, which is
dependent on STT7. This is demonstrated for cTE038 in Fig. 3.5F; cells of UVM4,
cTE035 and cTE038 were prepared for measurements in anoxic conditions to trigger
a transition to state II, then flash frozen for measurement of chlorophyll fluorescence
at 77 K (see Methods, Section 2.7.1). The mutant cTE035 shows an impaired ability
to enter state II relative to UVM4, observable as a smaller fluorescence peak at ~720
nm, which is associated with PSI chlorophyll fluorescence (Fig. 3.5F). Strong PSI
fluorescence is strongly boosted in cTE038, indicating a transition to state II and
implying overexpression of a functional STT7.

3.3.7 Purification of STT7 from Chlamydomonas

STT7 is a central regulatory protein in cellular bioenergetics, phosphorylating
thylakoid proteins during a transition to state II (Depège et al. 2003). It is also
implicated in both the upregulation of the CCM and CET by unknown mechanisms,
and may be activated by interaction with the stromal domain of cytb6f (Dumas et
al. 2017). Having shown our recombineered STT7 could rescue state transitions,
we set out to purify STT7 with the eventual aim of ascertaining the structure. The
structure of the soluble kinase domain of a putative STT7 homologue from the green
alga Micromonas sp. RCC299 was solved by x-ray crystallography in 2013, but the N-
terminal domain was missing, and may be significantly differently to the N-terminal
transmembrane domain in Chlamydomonas STT7 (Guo et al. 2013).

Eight litres of cTE038 cells expressing PSAD-STT7-Strep were grown in bubbled
TAP media until mid-log phase, then switched to TP for 12 h. Cells were harvested,
and the thylakoid membranes extracted and solubilised in styrene maleic acid
copolymer solution to stabilise the protein. STT7-Strep was extracted from the
thylakoids on a StrepTactin gravity column, then concentrated and prepared for SDS-
PAGE. Fig. 3.5G shows the results of the purification, indicating a sample strongly
enriched in ~77 kDa protein (left) shown by Western blotting to be STT7 (right).
Due to time constraints on the project, structural and biochemical work was not
pursued further. Instead, the purification results stand as evidence that successful
purification of proteins expressed from recombineered genes is tenable and lays the
groundwork for future structural and interaction work.
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Figure 3.5: Recombineered genes rescue mutant phenotypes. A. Fluorescence
microscopy images of three independently transformed lines expressing recombi-
neered LCIB in the CLiP library lcib mutant background. LCIB is a low-CO2 in-
ducible component of the CCM important for cell growth under limiting CO2. Scale
bar is 5 µm. B. Growth phenotypes of wild type, mutants and rescued LCIB lines
grown under high and low CO2, showing successful restoration of low-CO2 growth
the rescued strain lcib::LCIB-Venus-1. C. Western blot using the anti-STT7 anti-
body, indicating a low level of STT7 accumulation in a putative STT7-deficient mu-
tant from the CLiP library. D. Western blots using the anti-STT7 antibody of five
transformant lines in the UVM4 background resulting from a CRISPR-guided inser-
tional mutagenesis experiment. Strain cTE035 shows no detectable accumulation of
STT7 even when the blot is over-exposed. The additional band below ~77 kDa may be
a non-specific target for the anti-STT7 antibody. E. Western blot showing very strong
STT7 expression from strain cTE038, generated by transformation of cTE035 with re-
combineered STT7-Strep. F. Chlorophyll fluorescence spectra of anoxia-treated cells
at 77 K normalised to the sharper peak at ~680 nm that is associated with chloro-
phyll fluorescence from PSII. Cells were subjected to oxygen depletion in the dark
for 20 min, triggering a transition to state II (Buchert et al. 2020) prior to freezing.
The broader peak at ~720 nm, associated with PSI fluorescence, is significantly de-
pleted in cTE035 compared with UVM4 symptomatic of an inability to trigger state II.
The rescued strain cTE038 displays a greatly increased PSI-associated fluorescence,
likely due to overexpression of recombineered STT7-Strep. G. Coomassie-stained
SDS gel showing purified STT7-Strep from cTE038, with a Western blot confirming
that the band at ~77 kDa is STT7. Some fragmentation products of the purified
protein are visible in the Western blot. James Barrett performed the LCIB comple-
mentation experiments in panels A and B.

3.4 Discussion

Our recombineering approach has enabled the efficient cloning of large and complex
genes that could not be achieved via PCR-based cloning. It opens the door to a
better understanding of the functional role of a large fraction of the Chlamydomonas
genome though protein localization, protein-protein interaction studies, real-time
monitoring of relative protein abundance and complementation of mutants (both
random insertion mutants and CRISPR/Cas generated mutants). Our approach
circumvents the challenges associated with cloning large, GC-rich and complex genes
that are prevalent in Chlamydomonas. Indeed, the results from WindowMasker
appear to confirm that Chlamydomonas has a particularly repeat-rich genome
in comparison to other model organisms (Fig. 3.1A). While we recognise genome
complexity can be assessed in multiple ways, we opted for simplicity in choosing
to quantify repeat frequency using a single program. WindowMasker is particularly
useful for comparisons between genomes as it detects repeats using only the genomes
themselves (Morgulis et al. 2006), without referring to species-specific lists of known
repetitive sequences, relied on by alternative programs such as RepeatMasker (Smit
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et al. 2015).
Our cloning success rate was 77%, considerably higher than a previous PCR-

based high-throughput cloning pipeline (48%) (Mackinder et al. 2017), which was
itself inflated due to an enrichment of small target genes. Our comparisons to the
success rate of PCR-based cloning are instructive but limited to ATG-stop cloning.
PCR is an irreplaceable technique for cloning Chlamydomonas genes, and our method
is intended to complement the capabilities of PCR-based cloning by sidestepping
some of its major limitations (i.e., gene size, complexity, and unsuitable primers). For
example, PCR was used for downstream editing of recombineered genes as described
here for the adaptation of recombineered STT7 for high expression from a UVM4
background (see S Section 1.5.4 on page 36 in Chapter 1 for details). Our overall
success rate is slightly lower when compared to recombineering pipelines in other
organisms, with success rates of 89% achieved in C. elegans (Sarov et al. 2012) and
93% for Arabidopsis (Brumos et al. 2020). This reduced overall efficiency may be due
to the complexity of the Chlamydomonas genome.

3.4.1 Possible reasons for recombineering failure

Restriction digest analysis of plasmids isolated from incorrectly assembled recom-
bineering events suggested that cloning could fail due to a broad range of reasons.
These include cassette recircularization, cassette duplication, cassette insertion into
the BAC or retrieval of incorrect target regions. Increasing homology arm length, us-
ing alternative homology arms, and using fosmids are potential solutions to overcome
incorrect recombineering for specific targets. However, the mechanisms contributing
to the probability of failure for these reasons is unclear. Notably, batch-scale recom-
bineering appears to show higher success rates than large-scale attempts. We expect
a higher success rate when the pipeline is applied to small sample numbers since it
is easier to optimise bacterial growth prior to transformation on a per-sample basis if
there are fewer samples to manage. For example, since publication of the pipeline, we
have successfully recombineered approximately fifty additional genes at batch-scale
with a 100% success rate (Philipp Girr and Chun Sing Lau, personal communication).

Previous research has linked DNA secondary structural features to recombineer-
ing failure (Nelms and Labosky 2011). We reasoned that formation of strong hairpins
or other secondary structures at or near the homology regions may disrupt lambda-
red recombination. In Nelms and Labosky, 2011, the authors analysed a short region
of DNA resistant to both PCR and recombineering using the secondary structure pre-
diction program RNAfold (Lorenz et al. 2011), finding that the problematic sequence
was flanked by two hairpin structures with high base-pairing probability. We there-
fore analysed our successful and unsuccessful targets using RNAfold at 37°C, the
temperature of the recombination step in the pipeline (Fig. 3.6). However, to analyse
multiple sequences in parallel we simply quantified the number of high-probability
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Figure 3.6: Secondary structural features predicted by RNAfold differ
between successful and unsuccessful recombineering targets. A. RNAfold
results from 3 kbp sequences surrounding the 5’ end of each target region (centred
~2kbp upstream of the start codon). The average number of high-probability base
pairs in unsuccessful targets involved in hairpin stems > 5 bp long (29.2) was
significantly more than for successful targets (t(188) = 2.01, p < 0.05). The average
number of predicted G4s in unsuccessful targets (10) was also significantly higher
than for successful targets (Mann-Whitney U = 2529, p < 0.05, two-tailed). B. Results
from querying 3 kbp sequences surrounding the 3’ end of each target region (centred
on the stop codon). The average number of predicted G4s in unsuccessful targets
(12.5) was significantly higher than for successful targets (Mann-Whitney U = 2332, p
< 0.01, two-tailed). Stems refer to the number of high-probability base pairs detected
that were part of a run of > 5 or > 10 consecutive bases, indicating a hairpin stem. G4s
are the number of g-quadruplexes predicted in the queried sequences by RNAfold.
Plotted bars show means and SEM.
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base pairs involved in consecutive runs of five or more throughout our target se-
quences. Many of our recombineering targets were longer than the maximum allowed
length for analysis, so we split our datasets into the 3 kbp surrounding the 5’ end of
each target region (Fig. 3.6A) and the 3 kbp surrounding the stop codon (Fig. 3.6B).
RNAfold also predicts the formation of g-quadruplexes (G4s) in ssDNA, which form
among clusters of guanines by non-canonical base-pairing. G4s are thought to be
resistant to polymerases (Jamroskovic et al. 2019), but we reasoned they may also
disrupt recombineering. Fig. 3.6 shows the results of the analysis, revealing small
but significant increases in the number of G4s and in the number of consecutive runs
of five or more high probability base-pairs in our unsuccessful targets. Statistical
values are reported in the figure legend. These two parameters alone may not fully
explain why some of our targets failed, particularly since it has not yet been shown
mechanistically how they could interrupt recombination. However, these data indi-
cate that recombineering may not be truly independent of sequence complexity, and
that secondary structure ought to be considered for difficult targets.

3.4.2 Benefits of including the native promoter

Due to the good tolerance of our method of gene size (Fig. 3.3A), we could include the
native promoter of target genes. Harnessing this more native-like expression from
recombineered genes, our localisation results were in good agreement with previous
work, or even provided the first localisation data for a previously cloned gene in the
case of ISA1 (Toyokawa et al. 2020). Interestingly, using a native promoter allowed
relative protein abundance for LCIB to be tracked between conditions (Fig. 3.4D).
Once validated, acquiring relative abundance data was straightforward and could be
easily parallelised for multiple targets. In this way, our pipeline provides a highly
complementary method to the recently released CLiP mutant collection (Li et al.
2019). Future experiments could include tracking relative protein abundance in 96-
well libraries of tagged proteins in response to a perturbation (e.g., high to low CO2

or O2 transition). This could provide novel insights into cellular processes involved
in the CCM and CET, aiding in our understanding of how bioenergetic processes are
interconnected (Burlacot et al. 2022).

3.4.3 Limitations of our pipeline

Although our relative abundance data for LCIB appeared to closely reflect im-
munoblotting data, it should be noted that using a native promoter will not fully
mimic native expression for several reasons. Firstly, this discrepancy can be due to
insertional effects, either caused by integration into transcriptionally unfavourable
regions of the genome that lack native trans regulatory features or by transcriptional
silencing (Schroda 2019). At a protein level, fluorescent protein folding time could af-
fect protein stability and turnover and the presence of the fused fluorescence protein
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could affect function or multi-subunit assembly.
The largest contributing factor to non-native expression is likely the absence

of 3’ cis regulatory elements in our recombineered products. Whilst our approach
allows the native promoter, 5’UTR region and open reading frame to be cloned,
the native 3’UTR is not maintained. This could be addressed through a two-step
recombineering pipeline where the tag is first inserted into the BAC at the desired
location, markers could then be removed via a Flp-FRT recombinase system (Sarov
et al. 2006, Brumos et al. 2020), and the edited target gene can then be retrieved
into a final Chlamydomonas expression vector. When establishing our pipeline, we
decided not to pursue this strategy in order to maximise the success rate by limiting
the number of steps, with a focus on developing a simple, easy-to-apply approach. In
addition, whilst we have focused on C-terminal tagging as this allows conservation
of N-terminal transit peptides required for organelle targeting, our recombineering
pipeline could be applied for N-terminal tagging by modification of our cloning vectors
with a constitutive promoter and N-terminal tag.

Recombineering relies on the availability of a BAC library or similar, and another
limitation we encountered was that only 86% of nuclear genes are covered by the
BAC library. However, this value only takes into account ~73% of BACs, with
the remaining BACs potentially incorrectly mapped to the current version of the
Chlamydomonas genome. Our analysis suggests the true percentage of genes covered
could be higher than 86% but confirming this may require a careful re-mapping of
the library. A promising solution is cloning from fosmids, which are smaller DNA
fragments compared to BACs, possibly helping to improve efficiency by reducing off-
target recombination. In addition, the fosmid library is expected to have close to 100%
genome coverage. We demonstrated that our pipeline can be successfully applied
for cloning from fosmids using SAGA1, STT7 and CHLG. A Chlamydomonas fosmid
library is now available, having been released in July 2020 from the Chlamydomonas
Resource Center.

Finally, though our pipeline has proven useful for cloning genes for re-introduction
into Chlamydomonas by nuclear transformation, future developments in CRISPR-
based technologies may soon make recombineering obsolete. If large insertions can
be made into the genome at specific loci with high efficiency, researchers may be able
to tag any gene with any tag, achieving close-to-native expression and regulation
of modified genes. Publication of our method has nonetheless provided a useful
resource for the Chlamydomonas research community, and genes recombineered with
our method are in use in several labs, including our collaborators in Münster, and
have already been included in two publications (Mukherjee et al. 2019, Meyer et al.
2020).
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Chapter 4

Tethering FNR to PSI

4.1 Summary

A tagging cassette was designed and constructed to express ferredoxin-NADP+ re-
ductase (FNR) tethered by its N-terminus to the stromal face of the F subunit of PSI
(PsaF). The cassette was co-transformed with a gRNA-Cas9 ribonucleoprotein target-
ing exon 3 of PSAF, resulting in a strain in which every copy of PSAF was tagged with
FNR. One of these lines was transformed again with a second ribonucleoprotein tar-
geting exon 6 of FNR, resulting in strains that lack accumulation of native FNR but
still express a PSI-tethered FNR. The growth phenotypes and thylakoid proteomes
of two of these double-mutant lines were compared with the wild type, revealing a
retarded growth rate and possible restructuring of PSI in response to the mutations.

4.2 Background

CET is an important regulatory feature of plant and algal photosynthesis. Our
current knowledge of CET suggests it plays a dual role in Chlamydomonas,
supplementing LET to balance the ATP/NADPH cycle while also providing a means
to quickly increase ¢pH to trigger the important photoprotective processes of qE and
photosynthetic control. CET effector proteins also interact with the state transition
kinase STT7, implicated in CET upregulation under light limited conditions to drive
the extra production of ATP during a transition to state II. Though the mechanism of
electron transfer and the mechanism of upregulation under ATP-depleted conditions
are still mysterious, the severe phenotypes displayed by mutants with a deficiency
in CET effector proteins hints at its importance. In Chlamydomonas under anoxia,
mutants deficient in PGR5 show light sensitivity, a PSI acceptor side limitation
phenotype but also higher H2 production via HYDA due to less competition from
CET. In Arabidopsis, mutants deficient in PGR5 cannot trigger qE or photosynthetic
control, leading to severe ROS-induced PSI acceptor side limitation and a reduced
growth rate under fluctuating light.
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CET clearly has a significant influence on cell bioenergetics. A deeper understand-
ing of the mechanistic details of CET could be advantageous to crop researchers look-
ing to improve yields of important species by tweaking photosynthesis. Since PGRL1
was recently excluded as the FQR in Arabidopsis (Rühle et al. 2021), the leading
theory for the mechanism of CET is a return of electrons from Fd- to PQ within
cytb6f via haem ci, mediated by FNR, PGR5, PGRL1 and possibly STT7 (Buchert
et al. 2020). The role of FNR is particularly interesting; FNR is currently thought
to hold a pivotal role in supplying CET with reducing power by catalysing the inter-
conversion of Fd- and NADPH (Shahak et al. 1981). FNR can dynamically localise to
its thylakoid-associated binding partners, Tic62 and TROL, in plants (Lintala et al.
2014), a process that may be light controlled (Kramer et al. 2021). FNR was also
identified as part of the putative CET-supercomplex, which was reported to form un-
der state II-inducing conditions (Iwai et al. 2010). In Arabidopsis, tethered FNR (to
either Tic62 or TROL) was found to be crucial for high CET rates (Kramer et al. 2021)
but equivalent tethering sites are yet to be identified in Chlamydomonas. Whether
the CET supercomplex is obligatory for CET also remains unclear. In this case, sup-
porting evidence for supercomplex-driven CET comes from mutants of LHCA2 and
LHCA9 that show higher CET (Steinbeck et al. 2018). LHCA2/9 are peripheral PSI
subunits thought to obstruct formation of the supercomplex when present, suggest-
ing that some form of complex involving PSI is involved in enhanced CET. Could
this involve a close association between cytb6f and PSI, with FNR/Fd catalysing the
transfer of electrons between them? Recent spectroscopic evidence suggests a func-
tional supercomplex does indeed assemble under hypoxia to upregulate CET (Joliot
et al. 2022). However, CET measurements were performed with an artificial stromal
electron donor, methyl viologen (see Section 1.2.2.11 on page 15), and it is unclear
whether FNR was involved in the methyl viologen-mediated FQR reaction.

Investigating the involvement of FNR in CET is hampered by our limited ability
to perform reverse genetics to elucidate the role of FNR in CET. FNR is essential
to LET, and LET is essential to organismal viability in most of the green lineage.
Partial depletion of FNR has been achieved in tobacco and in Arabidopsis, with
clear problems with photoprotection observed in the resulting plants in both studies
(Lintala et al. 2012, Palatnik et al. 2003). The coming of age of genetic tools for
Chlamydomonas represents an opportunity to advance our understanding of FNR by
disentangling its roles in LET and CET using genetic engineering. This task is made
easier due to the presence of only one known isoform of FNR in Chlamydomonas,
while at least two are usually present in higher plants (Kramer et al. 2021), and
three in maize (Goss and Hanke 2014). Unique amongst oxygenic photosynthetic
model organisms, the facultative heterotrophy of Chlamydomonas (reviewed in Yang
et al. 2015) may enable the deletion of FNR from wild type cells if grown in acetate-
containing TAP media (tris-acetate-phosphate). Analysis of the essential proteins for
mixotrophic growth (acetate plus light) conditions identified Chlamydomonas FNR
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Figure 4.1: Hypothetical model of altered photosynthetic electron flow in
the FNR-tether mutants. A. Schematic of photosynthetic electron flow in wild
type Chlamydomonas thylakoids based on the theory that electrons re-enter the PQ
pool at cytb6f using an FNR-dependent, Fd-assisted Q-cycle (Buchert et al. 2020).
B. We hypothesise that tethering FNR to the PSI acceptor side will permit LET as
usual but block FNR-dependent PGR-CET, resulting in measurably less CET. Protein
structural models are the same as those shown in Figure 1.2 on page 7.
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as non-essential, or at least substitutable (Chapman et al. 2015). In the same study,
CET was seen to be upregulated under mixotrophic conditions. Depending on the
involvement of FNR in CET, therefore, mutations involving FNR may still produce
a noticeable phenotype in acetate-containing media. To this end, we set out to
design an experiment that would inhibit direct involvement of FNR in CET while
maintaining its ability to participate in LET. This might be achieved by tethering
FNR to the stromal face of PSI using a peptide linker. FNR tethered directly to PSI
at the PSI acceptor side may still function to catalyse the reduction of NADP+ by
Fd but would be artificially prevented from freely associating with cytb6f or other
thylakoid components (Fig. 4.1).

4.3 Results

4.3.1 Design of a DNA construct for tethering FNR to PSI

Tethering FNR to PSI was accomplished by design of a DNA construct that could
drive expression of a chimaeric fusion protein consisting of the PSI subunit PsaF
and the FNR peptide connected by a short, flexible peptide linker (NGTGGSGGR).
Like FNR, PsaF is encoded in the nucleus, and was identified as a suitable PSI
subunit due to its proximity to the PsaA/B-coordinated PSI acceptor side. The PsaF
peptide forms a transmembrane helix in vivo with its N-terminus in the lumen and
C-terminus in the stroma, enabling tethering of FNR to the PsaF C-terminus. This
orientation avoided any steric hindrance that might result from tethering a fusion
partner to the FNR C-terminus, which is positioned close to the active site (Tejero
et al. 2005). A serine-alanine linker and Strep-tag® II (WSHPQFEK) were added to
the FNR C-terminus for downstream purification, chosen due to the tag’s small size
and comparable inertness (Kimple et al. 2013).

The PsaF-FNR construct design was based on the pLM005 vector family
(Mackinder et al. 2017), which drives the expression of a gene of interest using the
promoter and terminator from PSI subunit PsaD, and is prepended by the AphVIII
gene, bestowing resistance to paromomycin. Construction first involved insertion
of the ~1,200 bp native PsaF sequence into pLM005 by Gibson assembly, amplified
from gDNA using PCR. Next, the FNR nucleotide sequence was analysed against a
chloroplast protein database to estimate the length of the chloroplast transit peptide.
The ~2,200 bp native FNR sequence (minus the transit peptide-encoding sequence)
was amplified from gDNA using primers that included the codon-optimised linker
peptide sequence and Strep-tag® II nucleotide sequence, then added into the vector
in frame with the PsaF sequence by restriction-ligation cloning.

Lastly, a series of silent mutations were made by overlap extension PCR to remove
Cas9 recognition sites in PsaF exon 3 and FNR exon 6. Suitable Cas9 cleavage sites
were identified using online databases (see Section 2.3.3 in Chapter 2 on page 43)
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Figure 4.2: Plasmid pTE051 encoding the AphVIII and PSAF-FNR-Strep
expression cassette. The double-cutter Eco32I was used to prepare the plasmid
for transformation into UVM4. PSAF and FNR contain silent mutations at exon 3
and exon 6, respectively, to avoid recognition by Cas9. FNR is truncated at the 5’ end
to remove the predicted chloroplast transit peptide.
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and chosen due to low predicted off-target cleavage sites. Three silent mutations
were made to the PsaF exon 3 recognitions site, including removal of the PAM
sequence. Codon restrictions around the FNR exon 6 recognition site meant the
PAM sequence could not be modified, so four additional silent mutations were made
throughout the remainder of the recognition site to compensate. The final vector,
named pTE051 (Fig. 4.2), was sequenced to confirm correct assembly, then prepared
for transformation by digestion with a blunt cutter. The resulting excised cassette
was ~7,000 bp long and encoded the AphVIII cassette from pLM005 and the PsaF-
FNR-Strep fusion protein driven by the PsaD promoter and terminator.

4.3.2 CRISPR-mediated one-step deletion/insertion with the PsaF-
FNR cassette

We designed a cloning strategy to generate mutants deficient in native PsaF but
expressing PsaF-FNR in a single transformation step. We achieved this by co-
transformation with a sgRNA-Cas9 RNP targeting PsaF exon 3 and the pTE051-
derived expression cassette. Ideally, NHEJ repair of the CRISPR-induced double
stranded break would then incorporate the co-transformed DNA at the cut-site.
Alternatively, alternate fragments of exogenous or endogenous DNA would be
incorporated at the cut site disrupting the locus, while the expression cassette would
be integrated into the genome elsewhere.

sgRNA corresponding to the PsaF exon 3 recognition site was complexed with
Cas9 in vitro to produce RNP. The high-expression strain UVM4 was chosen
for transformation as it harbours a mutation impairing epigenetic gene silencing
(Neupert et al. 2020). UVM4 was co-transformed by electroporation with 61 pmol
of RNP and 500 ng of expression cassette then selected on TAP + 1.5% agar plates
containing 20 µg ml-1 paromomycin. After two weeks of recovery, 193 colonies were
picked and their gDNA extracted for PCR screening. Disruption of the native PsaF
locus was assessed first. Using primers that amplified across the native locus, 88
colonies failed to produce an amplicon at all, suggesting either PCR failure or the
presence of a large insert (Fig. 4.3A). These were then assessed for the presence of
the expression cassette. Primers were designed to amplify a ~1,000 bp sequence from
the 3’ end of the PsaF coding sequence to FNR exon 6. 72 colonies failed to amplify,
but 16 colonies produced the correct amplicon indicating the presence of the central
section of the PsaF-FNR cassette in the genome (Fig. 4.3A, (ii)). These 16 colonies
were grown in TAP media for a week to achieve enough cells for Western blotting.
Colonies were then blotted with an anti-FNR primary antibody; all colonies showed
a clear band at ~35 kDa indicating the native FNR peptide, with eight colonies also
showing a distinct band at ~53 kDa indicating expression of the PsaF-FNR fusion.
Three colonies denoted as NT4, NT7 and NT12 (for ‘native/tethered’) were taken
forward for Western blotting with anti-PsaF antibody; NT4 and NT12 showed no
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Figure 4.3: Transformation of UVM4 with a PSAF-FNR expression cassette.
A. Results of the co-transformation of UVM4 with the PsaF-FNR expression cassette
and RNP targeting PSAF exon 3. (i) shows the intended outcome of CRISPR-guided
insertional mutagenesis, in which the PsaF-FNR expression cassette is inserted into
native PSAF exon 3 as part of the NHEJ repair process. (ii) shows colony PCRs with
NT4 and NT12. Absence of an amplicon across the PSAF locus indicated a large
insertion at exon 3. (iii) shows successful amplification using primers specific to the
PsaF-FNR cassette in lines NT4 and NT12, which indicated successful integration
of the cassette into the genome. B. Western blots with anti-PsaF confirmed deletion
of native PsaF in NT4 and NT12. Blots with anti-FNR confirmed expression of the
PsaF-FNR peptide along with native FNR.
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band at ~18 kDa but a clear band at ~53 kDa, indicating deletion of the native PsaF
(Fig. 4.3B).

4.3.3 Deleting FNR

FNR is an essential protein for phototrophic growth but is thought to be non-
essential during mixotrophic growth in acetate (Chapman et al. 2015). To investigate
the essential nature of FNR we first tried to obtain mutants deficient in FNR
alone. We obtained a mutant from the Chlamydomonas collection in Minnesota,
USA (https://www.chlamycollection.org/, accessed Sep. 2022), LMJ.RY0402.101504,
that contains a putative insertion in the 3’UTR of Cre11.g476750, encoding FNR.
However, Western blotting of LMJ.RY0402.101504 using the anti-FNR primary
antibody showed a clear signal at ~35 kDa, indicating this mutation does not deplete
the expression level of FNR (Fig. 4.4A). Next, we tried making our own FNR-deficient
mutant by targeted insertional mutagenesis. UVM4 cells were co-transformed with a
sgRNA-Cas9 RNP targeting FNR exon 6 and the AphVII expression cassette excised
from plasmid pLM006 (Mackinder et al. 2017), conferring resistance to hygromycin.
Transformants were recovered on hygromycin in the dark to pre-empt any light-
sensitivity caused by loss of FNR. 80 colonies were obtained and assessed by PCR,
but all 80 produced an amplicon of the correct size across the native locus suggesting
no insertions or deletions were present (result not shown). PCR products from nine
colonies were sequenced to check for small frameshifts or indels but the FNR locus
was unaltered. Strains were not tested by Western blotting due to time constraints,
but the uniform, healthy appearance of the 80 colonies tentatively suggests that they
all still express functional FNR.

We then applied the same method to colony NT12, expressing the PsaF-FNR
fusion. TAP-grown NT12 cells were co-transformed with AphVII cassette and RNP
targeting FNR exon 6, then recovered on 20 µg ml-1 paromomycin and 25 µg ml-1

hygromycin. 56 colonies were obtained and assessed by PCR using three primers in
a single reaction, two that amplified outwards from either end of the AphVII cassette
and one that bound in FNR exon 6 facing the CRISPR recognition site. Seven colonies
produced amplicons of ~400 bp, indicating successful insertion of the AphVII cassette
in either orientation within FNR exon 6 (Fig. 4.4B). These colonies were grown in TAP
media in the dark and Western blotted using anti-FNR and anti-PsaF antibodies. Six
colonies showed the correct banding pattern: an absence of native FNR, an absence
of native PsaF, and a clear band at ~53 kDa with both antibodies (Fig. 4.4C). A faint
ladder of bands around the size of native FNR could be seen in the Western blots
using anti-FNR, possibly indicating bleed-through expression of native FNR, or a
very low level of cleavage of PSAF-FNR. No evidence could be seen for native PsaF
expression from whole cell blots. The six colonies were named T7, T10, T34, T37, T43
and T44 (for ‘tethered’ only). T7 and T10 were taken forward for isolation of PSI.
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Figure 4.4: Deletion of FNR. A. Western blot using anti-FNR, demonstrating that
CliP mutant LMJ.RY0402.101504 is not deficient in FNR. B. Results of the CRISPR-
mediated deletion of native FNR from NT12. (i) shows the AphVII cassette used for
transformation, encoding resistance to hygromycin. The intention was to select for
insertion of AphVII into native FNR exon 6 (ii) as part of the NHEJ repair process.
(iii) shows the intended result, along with evidence of successful PCR amplification
across the boundary between native FNR and AphVII using a three-primer PCR that
allowed for insertion of AphVII in either orientation. Amplicons in T7 and T10 are
strong evidence of correct insertion. C. T7 and T10 Western blots using anti-PsaF
and anti-FNR indicated deletion or thorough depletion of native FNR, showed the
absence of native PsaF and the presence of PsaF-FNR.
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4.3.4 Isolation of PSI-FNR

Strains UVM4, T7 and T10 were grown in TAP for purification of PSI by anion
exchange and sucrose gradient separation (see Section 2.5.2 in Chapter 2 on page
50). UVM4 cells were grown under ~60 µE m-2 s-1 constant light while T7 and
T10 were grown in the dark to avoid possible light sensitivity. Thylakoids were
solubilised in ØDDM; the resulting sucrose gradients showed distinct, high-molecular
weight bands (Fig. 4.5A); banding patterns were the same for T7 and T10, but
different in UVM4 likely owing to the different light conditions used to grow the
cells. Absorption measurements of the lower bands from each gradient gave a distinct
PSI-like spectrum (Fig. 4.5A). These bands were buffer exchanged out of sucrose
and concentrated to 0.5 mg ml-1 chlorophyll then prepared for SDS-PAGE. SDS gels
were stained with Coomassie dye, revealing a PSI-like banding pattern (Fig. 4.5B)
including the distinct double-bands at ~50 kDa resulting from the reaction centre
core subunits PsaA/B. Unfortunately, the strong staining of PsaA/B occluded any
band at ~53 kDa that might indicate the presence of the PsaF-FNR fusion peptide in
PSI complexes from T7 and T10. Instead, the presence of PsaF-FNR in the bands was
indicated by Western blotting with anti-PsaF, anti-FNR and anti-Strep antibodies.
These showed clear bands at ~53 kDa for strains T7 and T10, while UVM4 only
showed a band at ~18 kDa with anti-PsaF (Fig. 4.5C).

PSI samples were next prepared for single particle electron microscopy. Samples
were subjected to gel filtration and eluted in a mild HEPES buffer. Eluates were
concentrated again and applied to microscopy grids, but unfortunately no suitable
grids could be produced.

4.3.5 Growth phenotype testing

To determine the ability of the FNR-tether mutants to photosynthesise, we assessed
growth rate in TP media, which lacks a carbon source. Liquid growth tests
were performed with UVM4, NT12, T7 and T10 in TP media with gentle shaking
under different light regimes (Fig. 4.6). To assess potential variation between
transformants, we included two additional clones of NT12 (NT4 and NT7) and four
additional clones of T7 and T10 (T34, T37, T43 and T44). Liquid growth tests
under ~60 µE m-2 s-1 constant light in TP over the course of two weeks clearly
indicated the mutants grew more slowly than UVM4 (Fig. 4.6A) but could still reach
a relatively high cell density. There were no clear differences in mean growth rate
between native/tethered mutants and tethered-only mutants. Clones from the same
transformation did show some variation in growth patterns but these were consistent
with the general slow-growth phenotype seen in NT12, T7 and T10. Similar results
were obtained with just UVM4, T7 and T10 under 14 h:10 h day/night cycling
(Fig. 4.6B). In the absence of evidence for in vitro PSI-FNR activity, the ability of
T7 and T10 to grow in TP without native FNR is consistent with the suggestion that
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Figure 4.5: Purification of PSI from UVM4, T7 and T10. A. Sucrose gradients
and spectra indicate successful isolation of PSI-enriched bands from thylakoids of
UVM4, T7 and T10. T7 and T10 cells were grown in the dark, likely pushing cells
into a different state than UVM4, which was grown at ~60 µE m-2 s-1 constant light.
This difference in state may explain the different banding patterns of PSI and PSII
supercomplexes in T7 and T10 sucrose gradients. Spectra from the specific bands
(upper, U; lower, L) are shown, indicating a strong enrichment in PSI. B. SDS gel
of purification of bands from the sucrose gradients in panel A, showing clear PsaA/B
banding pattern indicative of concentrated PSI in the lower (L) bands of T7 and T10.
C. Western blots of the sucrose gradient bands in panel A using anti-PsaF, anti-FNR
and anti-Strep. Presence of PsaF-FNR peptide in PSI particles from T7 and T10 is
observed, but not from UVM4.

FNR-Strep is active in LET.
Next the effects of fluctuating light on growth rate were assessed. Cells were

grown in TP for over two weeks under constantly cycling illumination; 25 s of low
light (~24 µE m-2 s-1) followed by 5 s of high light (~240 µE m-2 s-1), with an average
of ~60 µE m-2 s-1 over the full cycle. This extreme light regime retarded growth
rate severely in all strains (Fig. 4.6C), though UVM4 nonetheless reached high cell
density after 15 days. NT4, NT7 and NT12 showed extremely slow growth, implying
an impaired ability to induce photoprotective mechanisms similar to the phenotype
of PGR5-deficient cells (Yamamoto and Shikanai 2019). However, T7, T10, T34 and
T37 showed no growth at all or even a loss of cells after two weeks. The small but
significant difference in growth between NT12 and T7/T10 under fluctuating light
may reveal specific sensitivity to photooxidative damage caused by the loss of native
FNR.

4.3.6 Changes to the thylakoid proteome

We reasoned that changes in photosynthetic electron flow caused by a lack of
native, diffusible FNR in T7 and T10 might trigger long-term expression changes
in the thylakoid proteome. We set out to quantify and compare thylakoid proteins
between UVM4, NT12, T7 and T10. Thylakoids from each strain were isolated
from TAP-grown cells by sonication and suspended in Bis-Tris buffer. The protein
concentration was assayed and equalised between samples before preparation for
mass spectrometry. Membranes were processed for nanoLC-MS and analysed in
triplicate for each sample according to Flannery et al. (2021). The data were queried
against the Chlamydomonas reference proteome (see Section 2.9 on page 58 in
Chapter 2) and a total of 4,030 Chlamydomonas proteins were identified across all
four samples. Protein intensity (max LFQ abundance score) was estimated by label-
free quantification and normalised by the intra-analysis sum of all detected protein
intensities from each run. After checking intensity values from each replicate for
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Figure 4.6: Phototrophic growth curves for the FNR-tether mutants under
different light regimes. A. Growth in 3 ml TP under ~60 µE m-2 s-1 constant light,
shaking at 120 rpm. Data for native/tethered FNR-containing strains are averaged
across strains NT4, NT7 and NT12. Data for tethered-only strains are averaged
across strains T7, T10, T34, T37, T43 and T44. B. Growth of UVM4, T7 and T10
in 3 ml TP under ~60 µE m-2 s-1 14 h:10 h light/dark cycling, shaking at 120 rpm.
C. Growth in 1 ml TP under fluctuating light, shaking at 180 rpm. The y-axis is
scaled using log2 cell count to highlight the difference between the native/tethered
strains and the tethered-only strains. The light regime fluctuated constantly between
~24 µE m-2 s-1 for 25 s and ~240 µE m-2 s-1 for 5 s. Data for native/tethered strains
are averaged across strains NT4, NT7 and NT12. Data for tethered-only strains are
averaged across strains T7, T10, T34 and T37. Cells were grown at 20°C. Error bars
are SEM (three replicates per strain).
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normality, missing values were imputed according to a normal distribution using
Perseus software (Tyanova et al. 2016). The resulting values from the three technical
replicates were averaged and compared between each sample by a multiple t-test
in which the p-values were adjusted to control for the expected proportion of false
positives (a.k.a., the false discovery rate; Benjamini and Hochberg 1995).

Protein fold-changes and adjusted p-values are presented as volcano plots in
Fig. 4.7A and C for two comparisons: NT12 versus UVM4 and T7 versus NT12.
Proteins are highlighted if they showed significantly different expression between
strains (p < 0.05, three replicates). A threshold for the magnitude of change (fold
change) was also set so that proteins are not highlighted unless they showed a
positive or negative log2 fold change of 0.5 or more. This strategy identified 30
proteins in NT12 showing significant intensity changes from UVM4, and more than
200 proteins in T7 compared with NT12. PSAF and FNR are visible in Fig. 4.7 as
two of the most significantly altered proteins in NT12 versus UVM4. Other salient
up- and downregulated proteins are also highlighted, though many were unnamed
or uncharacterised. To help us understand the functions of these highlighted
proteins better, we performed enrichment analysis using the Gene Ontology Resource
(http://geneontology.org/, accessed Sep. 2022), which produced a list of biological
processes associated with the genes for these proteins. We identified the biological
processes that were significantly over-represented in the highlighted proteins in
comparison to all 4,030 detected proteins. The degree of over-representation is
plotted below each volcano plot as fold enrichment (Fig. 4.7B and D).

Thylakoid proteins of interest to CET are highlighted further as a single
heatmap in Fig. 4.8, along with proteins involved in alternative electron flows, state
transitions, the CCM and representative subunits from the PSII core, cytb6f, the
PSI core and ATP synthase. PSII, cytb6f and ATP synthase appear to be similarly
expressed in all strains, with some minor exceptions. FNR and PsaF were expected
to show significantly increased expression in NT12, T7 and T10 compared with
UVM4 due to the strong PsaD promoter-driven expression of the PsaF-FNR fusion
peptide. Surprisingly, PsaF appeared to be downregulated relative to UVM4 in all
three mutants (Fig. 4.7A and Fig. 4.8). FNR was significantly increased in all three
mutants, and interestingly was also slightly increased in T7 and T10 compared with
NT12. However, native FNR is known to be only transiently associated with the
thylakoids (Joliot and Johnson 2011, Mosebach et al. 2017), so the native FNR in
NT12, as well as in UVM4, may have been partially lost during preparation of the
thylakoid membranes, meaning these comparisons should be treated with caution.
Nonetheless, higher FNR in the tethered-only mutants compared to NT12 suggests
and upregulation of our PsaF-FNR fuson protein caused by the deletion of native
FNR. Similarly, data for the soluble proteins PC, PGR5, FLVA and Fd (a.k.a., PETF)
are not expected to be completely representative due to variation introduced by the
thylakoid preparation procedure; these and other soluble proteins are indicated in
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Figure 4.7: Significant protein intensity changes and fold enrichment of
associated biological processes. A. Volcano plot showing significant protein
intensity changes between NT12 and UVM4. B. Enrichment analysis of biological
processes for NT12 vs UVM4, showing a clear upregulation of photooxidative stress
components LHCSR1 and LHCSR3.2. C. Volcano plot showing significant protein
intensity changes between T7 and NT12. Many more proteins were significantly
different between T7 and NT12 than between NT12 and UVM4. D. Enrichment
analysis for T7 vs NT12. Note the difference in the scale of the x-axis to panel
B, indicating fewer extreme changes to biological processes than between NT12
and UVM4. Samples were prepared in collaboration with Dr Phil Jackson. Mass
spectrometry was performed by Phil Jackson and data analysis was aided by Jack
Salisbury.

Fig. 4.8. The apparent depletion of PsaE peptide in the mutants is of particular note;
PsaE stabilises the Fe2S2-containing PsaC/D subunit pair on the PSI acceptor side
and is thought to interact with FNR in wild type cells (Andersen et al. 1992), so its
loss may be caused by steric hindrance from the PsaF-FNR fusion. Also of note is the
clear abundance of LHCSR proteins in NT12 and T7 versus UVM4; these proteins
are involved in qE and upregulated in response to photooxidative stress. The ~45-
fold enrichment in photooxidative stress components seen in Fig. 4.7B is entirely
attributable to these LHCSR proteins. Increased photooxidative stress in NT12 may
simply be a coincidence caused by improperly controlled growth conditions or could
suggest a photoinhibition phenotype, potentially explaining the lack of growth of
FNR-tether mutants under fluctuating light seen in Fig. 4.6C.

4.4 Discussion

The leading theory for the mechanism of Fd:PQ reduction (FQR) in CET postulates
FNR-dependent electron transfer from stromal Fd to PQ in the Qi site of cytb6f
(Buchert et al. 2020). If true, tethering FNR to PSI potentially represents a neat
way to exclude FNR from catalysing FQR activity while maintaining its involvement
in LET. The choice of PSAF and FNR as targets for mutation necessitated a
nucleus-engineering strategy. This was successfully accomplished with the use of
CRISPR-guided insertional mutagenesis, shown to be particularly efficient (~10%)
for the targeted deletion of FNR using the hygromycin resistance cassette. The
generation of these mutants showcases the promising potential of CRISPR-Cas9
for Chlamydomonas genetic engineering, and to our knowledge represents the first
tethered FNR mutants in Chlamydomonas. However, several key questions need to
be considered before we can confirm our system functions as intended.
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Figure 4.8: Relative protein intensities for key photosynthetic components.
Pairwise intensity changes for a subset of proteins involved in photosynthetic electron
transport and regulation, showing comparisons between UVM4, NT12, T7 and T10.
Protein intensities are shown on a log2 scale, where a log2 fold change of 1 is
equivalent to a 100% increase, whereas a log2 fold change of -1 is equivalent to a
50% decrease. Proteins are grouped by function or structural partners listed on
the right of the map. Soluble proteins are highlighted in grey; results for soluble
proteins may be uninstructive due to unpredictable loss of soluble peptides during
sample preparation. Lack of significant changes in PSII, cytb6f and ATP synthase
indicate these complexes accumulate to similar levels in all strains. Likewise, the
PSI core subunits PsaA and PsaB are largely similar. Notably, PsaE is dramatically
depleted in the mutants compared to UVM4, possibly indicating disruption caused
by tethered FNR. Data analysis and processing was performed in collaboration with
Jack Salisbury and Dr. Gustaf Degen.

4.4.1 Does PSI-FNR assemble in vivo?

The ideal tethering system would involve native-level accumulation of PSI and FNR,
and native-like localisation of PSI-FNR in the membranes. Our system links the two
genes as one open reading frame and drives expression using a non-native promoter
and terminator, and potentially from a non-native locus as well. These changes
likely have an impact on regulation, assembly, and transport of the fusion protein,
potentially affecting correct incorporation of PsaF-FNR into PSI complexes. We
observed lower levels of PsaF in our mutants compared with UVM4 and higher levels
of FNR (Fig. 4.8). However, we also observed promising indications of successful
assembly, e.g., the detection of FNR by immunoblotting of isolated PSI from strains
T7 and T10. Subsequent size exclusion chromatography indicated that all the
PSI particles in the sample were of similar sizes (results not shown), though the
lack of structural data still leaves it is unclear whether every copy of purified PSI
contained the FNR fusion. Previous work demonstrating that PSI can form in
vivo without PsaF makes this unlikely (Farah et al. 1995), as well as observation
that PsaF may be lost from PSI preparations during anion exchange (Hippler,
personal communication). Still, the similar signal intensities observed from blotting
purified PSI from UVM4 and T7 with anti-PsaF cautiously suggests there is no great
difference in the PsaF content of PSI complexes between the strains. Additionally,
the lack of PsaF signal or FNR signal at wild type molecular weights (~18 kDa and
~35 kDa, respectively) in T7 and T10 suggests the fusion peptide is not cleaved in
vivo (Fig. 4.4C).

4.4.2 Is the PSI-FNR active in LET?

We were unable to collect in vitro kinetic data on the ability of our purified PSI-
FNR complexes to catalyse PC to NADP+ electron transfer due to time constraints.
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However, successful growth in phototrophic conditions stands as indirect evidence of
the functionality of PSI in NT12, T7 and T10 (Fig. 4.6A and B). The fact that even T7
and T10 can still grow phototrophically under constant light is promising evidence
that the tethering of FNR to the PSI acceptor side does not abolish LET and suggests
that the inclusion of the Strep tag does not completely disable the tethered FNR.
T7 and T10 accumulate chlorophyll to a visually similar level as UVM4, suggesting
the supply of NADPH required for many of the steps of chlorophyll biosynthesis is
not severely compromised, as might be expected by loss of FNR-catalysed NADPH
production (Lintala et al. 2012).

4.4.3 Are there any side-effects?

To our knowledge, this is the first example of an investigation into the role of FNR
by expression of a tethered FNR fusion protein. This work builds on the promising
results of a recent publication describing the tethering of the stromal hydrogenase,
HYDA, to the PSI acceptor side (Kanygin et al. 2020). In that case, HYDA was
fused to the PsaC subunit of PSI and used to demonstrate increased H2 production
by outcompeting FNR for electrons at the PSI acceptor side. In a similar way,
we hypothesised that our FNR-tether system might increase the efficiency of LET
by concentrating FNR-bound Fd at the PSI acceptor side. On the contrary, the
fact that NT12 grows slower than UVM4 despite having extra FNR may suggest a
photosynthetic deficiency in NT12 (Fig. 4.6A and B). Additionally, the large changes
in abundance of LHCSR proteins involved in response to photooxidative stress
suggests cells are photoinhibited (Fig. 4.7A and 4.8), possibly because electron flow
from PSI to stromal acceptors is limited. This would be consistent with previous
work on FNR-deficient tobacco plants, which exhibited high photooxidative stress
(Palatnik et al. 2003). There may be several reasons for this, due both to the
intended mutation, (e.g., our tethered FNR may be a less efficient catalyst than free
FNR, causing increased photooxidative stress and photoinhibition), and unintended
mutations, (e.g., off-target effects of insertional mutagenesis).

All strains used in this work may house off-target mutations caused by
mutagenesis, potentially introducing uncontrolled variation into the measurements.
Firstly, UVM4 is itself a mutagenesis strain. The cause of the high transgene
expression phenotype in UVM4 has been assigned to a loss-of-function mutation in a
Sir2-type histone deacetylase (Neupert et al. 2020), however the strain may harbour
additional mutations that may confound phenotypic measurements of photosynthesis
in unexpected ways. Secondly, variation is introduced due to potential off-target
effects of the CRISPR-mediated transformation of PsaF-FNR in NT12, and the
further CRISPR-mediated deletion of FNR in T7 and T10. Though care was taken
to find unique 20 bp Cas9 recognition sites during the project design, the guide RNA
sequences used to target PsaF and FNR still showed predicted off-target recognition
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of multiple 8 bp sub-sequences of the full recognition site throughout the genome.
It is unclear whether efficient cleavage will have taken place at these sites, and
we expect there is variability in the number of off-target mutations even amongst
clones derived from the same transformation. As mentioned, we attempted to account
for this variation in growth tests by including multiple clones of the native/tethered
and tethered-only strains. Due to time constraints on the project we were unable to
sequence the genomes of these strains, but this would be a valuable future objective
to ensure there are no major off-target mutations compared to UVM4.

Risk of CRISPR off-target effects could have been avoided by developing an
RNAi approach to knock down native PsaF and FNR. Though there are RNAi tools
available for Chlamydomonas (Crozet et al. 2018), we did not pursue this approach
because our CRISPR method appeared to yield the desired results, so we thought it
prudent to push forward with the available mutants considering time constraints on
the project. For the same reason, we did not attempt to explore recently published
methods for encouraging homology-directed repair of CRISPR-induced cuts, instead
relying on the messier but more easily achievable incorporation of exogenous DNA
by NHEJ.

4.4.4 Do mutants T7 and T10 still perform PGR-CET?

Lastly, the most important remaining questions are whether CET is affected in T7
and T10, and what might be happening during photosynthesis at the level of PSI in
these mutants? We cannot be certain that the peptide linker between PsaF and FNR
in our fusion protein completely prevents interaction of FNR with cytb6f, and the
lack of structural data means we cannot estimate the range of movement of tethered
FNR around PSI. Similarly, in the absence of in vitro measurements of CET using
our mutants, FQR activity must be inferred indirectly instead.

If CET is impeded in T7 and T10, we might expect to see upregulation of
mechanisms such as PCEF and CMEF to compensate for loss of CET, in accordance
with previous data from PGRL1-deficient mutants (Burlacot et al. 2022). Mass
spectrometry of samples from phototrophic cells was not undertaken due to time
constraints but would provide a clearer picture of the consequences of the mutations
on photosynthetic gene expression. Changes to the thylakoid proteome from TAP-
grown cells, presented in Fig. 4.7 and 4.8, may still provide a general indication of the
types of mechanisms affected by the mutations. The significant but marginal increase
in NADP-MDH (NADP-malate dehydrogenase; a protein involved in CMEF) in T7
and T10 versus NT12 (Fig. 4.8) may indicate a compensatory mechanism, though this
would need corroboration from measurements of mitochondrial activity to confirm.
It is, however, worth nothing that intensity differences for soluble proteins may be
less uninstructive than for thylakoid intrinsic proteins due to variability introduced
during sample prep, as mentioned above.
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Beyond inferences from changes in the proteome, FQR activity can be inferred
by measuring changes in the redox state of key CET intermediates in vivo using
spectroscopic techniques. The next chapter describes in vivo measurements on NT12,
T7 and T10 to assess electron transfer and regulation, forming a clearer picture of
what might be happening during photosynthesis in these mutants.
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Chapter 5

Measuring photosynthesis in the
FNR-tether mutants

5.1 Summary

The FNR-tether mutants NT12 and NT4 (expressing both native and tethered FNR)
and T7 and T10 (expressing tethered FNR only) show slower growth and some
putative alterations to the PSI acceptor side. FNR shows dynamic localisation in
algae and is implicated in the mechanism of PGR-CET, potentially through a direct
interaction with the stromal face of cytb6f. We hypothesised that our tethered-
only mutants would show lower CET due to a lack of native, mobile FNR. Cells
expressing tethered FNR were assessed using three spectroscopic techniques to
measure photosynthesis: (i) chlorophyll fluorescence was used to investigate changes
in LHCII antenna size, photochemical activity of PSII and ability of cells to induce
NPQ; (ii) light driven ¢√ was assessed by measuring the electrochromic shift, which
also enabled quantification of changes in photosynthetic electron transfer rate; and
(iii) P700 oxidation changes were used to estimate PSI photochemical activity and
disentangle the level of donor side and acceptor side limitation in mutant and wild
type cells. The results show only scanty evidence for impaired CET in the tethered-
only mutants, leading to rejection of the hypothesis. However, minor differences
between UVM4 and the mutants led to our theorising a problem with photosynthetic
control induced either by the FNR-tether or the lack of native FNR. Possible causes
are discussed.

Some of the results presented here were gathered at the University of Münster,
Germany, with the invaluable guidance and collaboration of Prof. Michael Hippler
and his postdoc, Dr Felix Buchert. Contributions are stated explicitly in the figure
legends.
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5.2 Background

FNR catalyses the final step in LET, facilitating both the reduction of NADP+

using electrons from two molecules of Fd- and the reverse reaction to regenerate
Fd- from NADPH. This is an important role in cellular energetics, as evidenced
by the essential role of FNR for photosynthesis in many organisms including
Chlamydomonas (Chapman et al. 2015). In Chapter 4, we described the generation
of two mutant strains expressing a PsaF-FNR fusion protein, with the aim of
tethering FNR to the stromal face of PSI; first a strain expressing both native and
tethered FNR (native/tethered; NT) and subsequently a strain deficient in native
FNR (tethered-only; T). Previous evidence from angiosperms with multiple FNR
isoforms suggests FNR can redistribute in response to environmental conditions,
and that a loss of soluble FNR has consequences for photosynthetic electron flow
(reviewed in Goss and Hanke 2014). One putative function of FNR that may requires
dynamic redistribution is as an electron transfer mediator for CET, possibly via
a direct interaction with cytb6f or as part of a CET-supercomplex (Buchert et al.
2020, Steinbeck et al. 2018). If FNR is crucial to the mechanism of CET by direct
interaction to the stromal face of cytb6f, its tethering to PSI in Chlamydomonas with
a short peptide linker could impair CET function by precluding its association with
cytb6f.

In this chapter we present a series of experiments aimed at assessing photosyn-
thesis in UVM4 and our FNR-tether mutants. Formally expressed, our null hypoth-
esis is that CET is unaffected in the tethered-only strains (T7, T10, etc.), with our
alternative hypothesis being that a lack of native FNR in the tethered-only mutants
results in impaired or dysfunctional CET. These hypotheses are composed relative
to the native/tethered strains, since NT12 is the background strain for T7, T12 and
T34, etc. This is an important distinction, since there may be confounding factors in-
troduced by the tethered FNR that make comparisons between tethered-only strains
and UVM4 difficult. Nonetheless, the experiments in this chapter include measure-
ments of UVM4 alongside our FNR-tether mutants with the hope of improving our
understanding of what may be happening in photosynthesis in both mutant geno-
types.

CET is notoriously difficult to measure in Chlamydomonas. The stroma contains
more available electron sinks than in angiosperms, making it more difficult to isolate
the CET signal. Chlamydomonas PSI and LHCI also contain fewer far-red absorbing
chlorophylls than angiosperms (Melkozernov et al. 2004), making it far more difficult
to selectively drive CET using PSI-specific excitation without simultaneously exciting
PSII. To side-step these issues, Chlamydomonas researchers have developed a set
of spectroscopic techniques to disentangle CET from LET. These usually involve
suspension of cells in buffer or TP media, often with an inert thickening agent
to prevent sedimentation, followed by actinic (photosynthesis-driving) illumination
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with red or blue LEDs, and a measuring light to track changes in fluorescence or
absorption as the experiment progresses. We subjected our mutants to a series of
such tests, first using the IMAGING-PAM and DUAL-PAM fluorescence systems from
Walz, Germany, and then the JTS-150 spectrophotometer from BioLogic, France.
Together, these systems enabled the use of three main techniques, each of which
measure different but related phenomena occurring at the thylakoid membrane on
the nanoscale during actinic illumination. These techniques are briefly introduced in
the following sections.

5.2.1 Chlorophyll fluorescence

All chlorophyll-containing photosynthetic organisms fluoresce. Absorption of red
light excites an electron in chlorophyll to the S1 state. Absorption of a blue photon
excites an electron to a higher energy S2 state, which quickly relaxes to S1. Electrons
in the S1 state then decay to S0 through several competing pathways, including
the use of absorbed energy for photochemistry, dissipation of energy as heat or re-
emission of energy as a photon. Thylakoid-associated chlorophylls in light harvesting
pigment-protein complexes constantly emit absorbed energy as red photons, allowing
the fruitful use of chlorophyll fluorescence as a fluorescence microscopy marker for
the thylakoids (Fig. 5.1A). The level (or yield) of chlorophyll fluorescence is highly
responsive to changes in light intensity; if light intensity is increased, yield will
increase accordingly within ~1 s. This fast rise (known as the Kautsky effect) is
thought to be due mainly to light-driven electron flow quickly overwhelming the
electron carrying capacity of the PQ pool (Maxwell and Johnson 2000). This causes a
net over-reduction of the PSII acceptors, blocking further electron transfer from the
PSII special pair P680 to the QA site quinone at the acceptor side of PSII, leading to a
back reaction within PSII and dissipation or emission of the excitation energy instead
(Maxwell and Johnson 2000). For this reason, a PSII reaction centre with a reduced
QA site is referred to as closed, and the quantity of closed PSII centres is proportional
to the fluorescence yield. While both PSI- and PSII-associated antenna can fluoresce,
measurable chlorophyll fluorescence is dominated by signal from PSII and associated
LHCII; PSI makes only a fractional contribution to fluorescence output due to having
an extremely short fluorescence lifetime at ambient temperatures (Melkozernov et al.
2004).

Under sustained high illumination, a drop in fluorescence yield over several
minutes is often seen, thought to be caused by two co-occurring phenomena:
photochemical and non-photochemical quenching (Maxwell and Johnson 2000).
Photochemical quenching is an increase in the activity of downstream acceptors (such
as the CBB cycle enzymes), which increases the rate of electron flow through the
ETC. This works to unblock the system, relieving some of the PQ pool over-reduction
and allowing more PSII centres to open, leading to a drop in fluorescence. Non-
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photochemical quenching describes a range of processes but is due mainly to an
induction of qE (an increase in dissipation of absorbed energy as heat instead of
fluorescence) and due to a transition to state II that decreases the connectivity of
LHCII to PSII, decreasing the PSII-derived fluorescence. By monitoring fluorescence
yield over time, researchers can assess the proportion of energy used for PSII
photochemistry, can estimate the redox state of the PQ pool and can measure the
ability of cells to induce qE.

5.2.2 The electrochromic shift

Light driven electron flow is strongly coupled to proton translocation into the lumen,
generating a trans-thylakoid proton gradient that has a pH component (¢pH) and
a charge component (¢√), which together make up the pmf (Avenson et al. 2004).
¢√ can be measured in vivo by absorption spectroscopy due to the Stark effect. This
effect describes a slight change in the absorption spectrum of thylakoid-associated
pigments during illumination due to the distorting effect of ¢√ on the electrons
in these pigments. The absorption shift is present in the green section of the
electromagnetic spectrum, measurable as an increase in absorption at ~515-520 nm
relative to ~545-550 nm, referred to as the electrochromic shift (ECS). In the light,
¢√ is also contributed to by the movement of electrons; charge transfer within
PSI and PSII during photochemistry moves negative charge towards the stroma,
as does electron transfer within cytb6f during the Q-cycle, which briefly moves
electrons from the Qo site on the lumen side to the low potential chain on the
stromal side. Changes in the ECS signal are therefore reflective of light driven
electron flow and proton translocation, providing a useful spectroscopic measure of
photosynthetic activity. The ECS signal is complicated by competing signals from the
conversion of violaxanthin to zeaxanthin by VDE (~505 nm) and from a broad peak at
~535 nm thought to be due to scattering caused by lumen acidification (Schreiber and
Klughammer 2008). Fast changes occurring on the millisecond-to-second timescale
are mostly independent of these factors and so can be used to estimate the ability of
cells to form ¢√.

Measured over time in the presence of actinic light, a flat ECS signal indicates a
photosynthetic system in balance – called the steady state – with the production of ¢√
continuously counter-balanced by the release of protons back through ATP synthase.
When illumination is removed, the ECS signal in the light is collapsed in two ways,
either very quickly (< 1 ms) by charge recombination events in the photosystems
or, more slowly, by escape of excess protons back into the lumen via ATP synthase,
other ion channels, or leakage through the lipid bilayer. An example ECS trace is
shown in Fig. 5.1B, detailing the four main dynamic phases caused by changes in
illumination. When actinic light is first introduced the signal rises sharply, referred
to as the A-phase. The slower rise phase that follows is known as the B-phase, which
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Figure 5.1: Chlorophyll fluorescence, the electrochromic shift and P700
oxidation A. Chlorophyll fluorescence resulting from re-emission of absorbed light
from PSII-associated chlorophyll molecules in the thylakoids of Chlamydomonas.
The phenomenon is reliable enough to use a microscopy tool but can be monitored
using time-resolved spectroscopy from a population of cells, providing information
on PSII photochemical activity. B. An electrochromic shift (ECS) in the absorption
spectrum of cells in the green region (~500-550 nm) is induced upon absorption
of light. The cause is thought to be a change in the electrical micro-environment
of certain pigments in the thylakoids caused by the small voltage that develops
across the thylakoid membrane due to proton translocation and electron flow. Time-
resolved ECS spectroscopy can be described by four phases during illumination and
in darkness, explained in the text. Cells were overlaid with mineral oil during
measurements in this chapter to encourage anoxia. C. Monitoring of absorption
changes at 705 nm can reveal dynamics of the net appearance and disappearance
of the PSI reaction centre cation P700+. Appearance of P700+ causes a drop in
signal, associated with net PSI oxidation. Cells were overlaid with mineral oil during
measurements in this chapter to encourage anoxia. Protein structural models are
the same as those shown in Figure 1.2 on page 7.

decays slowly in the C-phase due mainly to ATP-synthase until a new steady-state is
reached. When actinic light is removed, the signal decays exponentially, referred
to as the D-phase, as the system settles back to the dark baseline. The initial
rate of the D-phase (i.e., between 1-10 ms) is proportional to the rate of electron
transfer in the light, and so can be used to compare the efficiency of photosynthetic
electron transfer between strains. The vertical extent of the D-phase (from the light
steady-state to the dark baseline) is proportional to the total pmf that was generated
during illumination. When PSII activity is disabled by the addition of the donor side
inhibitor HA and the acceptor side inhibitor DCMU, these D-phase kinetics provide
information on the rate of CET, since electron flow from cytb6f to PSI must originate
in the stroma.

5.2.3 Measurement of P700 redox state

PSI fluorescence provides too weak a signal to enable its use as a monitor of PSI
photochemistry. Instead, researchers assess PSI activity by following absorbance
changes at ~705 nm or in the far red at ~820 nm, both relative to an isosbestic
point on the spectrum. Under actinic illumination, an increase in absorption strongly
indicates the net appearance of P700+ cation in the sample, generated by the light-
driven oxidation of PSI and the flow of electrons from P700 to stromal acceptors (Alric
et al. 2010). With continued illumination this net oxidation disappears, and a steady
state is achieved. When the light is turned off, the absorbance signal decays back to
a dark baseline as the P700+ are reduced by electrons from cytb6f via PC (Fig. 5.1C).

Researchers use the kinetics of these changes in P700 oxidation to quantify the
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donor and acceptor side limitation of PSI; these are measures of either the paucity
of electrons flowing to P700 from PC (caused by a lack of electron flow through
cytb6f ) or of the downstream blockage of electron flow into the stroma (caused by
stromal over-reduction). For example, if a proportion of the population of P700+

in a sample remains oxidised even in the illuminated steady state, this implies an
insufficient availability of reduced PC-, likely due to cytb6f -dependent limitation in
upstream electron flow. Alternatively, researchers can use a short, saturating pulse
of strong illumination to attempt to fully oxidise the P700 present in the sample; if
full oxidation cannot be achieved, this implies an insufficient availability of stromal
acceptors for electrons emerging from PSI (i.e., the reaction centres are closed).
Though values obtained from these experiments are relative, they can be useful
for comparing the redox state of the stroma between strains. Additionally, in the
presence of the PSII inhibitors DCMU and HA, the rate of re-reduction of P700+

when illumination is removed is dependent on the rate of stromal electrons entering
the PQ pool, due mainly to the FQR reaction of PGR-CET. Researchers can then
compare the rate of CET between strains, with a higher rate of dark re-reduction
implying a greater capacity for CET.

5.3 Results

5.3.1 Analysis of chlorophyll fluorescence shows minor differences
at high light

We set out first to explore the effects of our FNR-tether mutation on basic
photosynthetic parameters measurable using chlorophyll fluorescence. To measure
changes in the fluorescence yield in response to light, we subjected cells to increasing
light intensity over a 12-minute period (a.k.a., a fluorescence lightcurve) (Fig. 5.2).
Lightcurves are a useful tool for comparing PSII activity between strains, providing
indications for the photochemical activity of PSII and the relative rate of LET.
Cells were suspended in TP to equal chlorophyll concentrations then placed under
an IMAGING-PAM (Walz) and fluorescence recorded in response to blue actinic
light. Fig. 5.2A shows the averaged results of three such independent experiments
(mean ± SEM) using UVM4, NT12, NT4, T7 and T10. Each experiment was
composed of the means of four technical replicates. Results from NT12 and NT4
were highly similar, likewise for T7 and T10, and were therefore plotted as overall
averages for native/tethered and tethered strains for simplicity. A stepwise increase
in fluorescence associated with increasing intensities of actinic light can be seen
for all strains, with cells incubated at each light intensity for 2 min before being
subjected to a saturating pulse to measure the maximum yield of PSII. Here the
raw fluorescence yield traces have been normalised between strains by dividing by
Fv/Fm (the maximum efficiency of PSII after dark adaptation), then aligning curves
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such that Fo (the fluorescence yield in the absence of actinic light) is equal to 0,
with these values ascertained from a saturating pulse of actinic light at the start
of the lightcurve. Fig. 5.3A provides graphical information on how these values
are calculated from the fluorescence yield signal, while more detailed equations are
presented in section 2.7.3 in Chapter 2 on page 55. At the highest light intensities
used (~90 and 175 µE m-2 s-1), fluorescence yield flattens then begins to drop during
illumination, and the saturating pulse response at 12.5 min is diminished compared
with lower light intensities. Though UVM4 showed high variability between the
three experiments at low light intensities, we observed a clearer trend of lower
fluorescence output in the FNR-tether mutants at higher light, both between the
saturating pulses and at the height of the pulses.

Lower fluorescence in the mutants could indicate smaller PSII antennae;
fluorescence yield is affected by the state of the cells in that cells in state I have
larger antenna around PSII and so emit more fluorescence. We therefore assessed
the antenna size between UVM4, NT12 and T7 to check for major differences in
cell state when subjected to the same treatment. 200 µl of dilute cell suspension
were plunge frozen in liquid nitrogen and their absorption spectra measured at 77 K
(Fig. 5.2A, inset). T7 and NT12 both showed a higher signal for the ~700-720 nm
peak (associated with PSI) compared with the peak at ~680 nm (associated with PSII)
(Fig. 5.2) in both oxia and anoxia, implying a relatively lower signal from PSII. This
could be due either to fewer open PSII reaction centres or due to state transitions,
with the mutants being pushed more into state II than UVM4.

We then repeated all measurements with cells placed in anoxia (see Methods),
which has the effect of over-reducing the stroma, stimulating CET and inducing state
II. Fig. 5.2B shows the effects of anoxia; the fluorescence yielded from each saturating
pulse was much lower compared with the yield between the pulses indicating a strong
shift to state II in all strains. However, a slight trend of lower fluorescence in the
mutants remained, suggesting that the mutants are still pushed further into state
II than UVM4. This was backed up by the 77 K spectra after induction of anoxia, in
which T7 and NT12 still have a larger PSI-related signal relative to PSII than does
UVM4.

Fast recordings of the fluorescence kinetics induced by each saturating pulse
enabled the calculation of two important values, 1-qP and NPQ. 1-qP is an estimation
of the proportion of closed PSII reaction centres, which increases along with light
intensity as the PQ pool becomes over-reduced and blocks electron transfer from QA

(Maxwell and Johnson 2000). NPQ is a measure of non-photochemical quenching,
the triggering of which depends on the cell’s ability to produce ¢pH. NPQ values
reported here were derived from the loss of fluorescence yield induced by a second
saturating pulse relative to an initial pulse, with the loss in yield likely due to
quenching mechanisms induced by light treatment in between the two pulses.
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Figure 5.2: Kinetics of fluorescence yield in response to increasing light.
A. Mean fluorescence yield of UVM4, NT4, NT12, T7 and T10 in oxic conditions
± SEM. NT4 and NT12 are averaged together, as are T7 and T10. Fluorescence
yield in response to saturating pulses at the end of each 2-min period of light are
shown as circles ± SEM. The inset shows whole-cell fluorescence emission spectra
at 77 K, with the high peak at ~680 nm representing PSII-associated fluorescence
and the lower shoulder at ~720 nm representing PSI-associated fluorescence. B. A
repeat of the experiments shown in panel A under anoxia. Note higher fluorescence
yields overall, and higher PSI-associated fluorescence at 77 K indicating relatively
less PSII-associated fluorescence. 77 K spectra were recorded in collaboration with
Felix Buchert.

Equations for 1-qP and NPQ are detailed in section 2.7.3 in Chapter 2 on page
55. Fig. 5.3A illustrates how the values used in these equations are calculated.
Fo’ is not possible to obtain using far red light in Chlamydomonas, so was instead
estimated (Oxborough and Baker 1997) (see Section 2.7.3 in Chapter 2 on page
55). Fig. 5.3B and C shows calculated values for 1-qP and NPQ for each light
intensity (mean ± SD), again showing averages for native/tethered and tethered-only
genotypes by combining calculations for NT12 and NT4 and for T7 and T10. NPQ
appeared to be slightly higher in oxic conditions in all strains but was so variable
that no significant difference could be seen between strains. Despite the apparent
difference in fluorescence yield from the kinetic traces in Fig. 5.2, 1-qP in the mutants
appeared very similar to UVM4 in both oxia and anoxia. This suggested there was
no clear difference in the redox state of the PQ pool between strains during these
measurements.

5.3.2 FNR-tether mutants show normal PSI:PSII ratio

To follow up the observable differences in 77 K fluorescence yield between our
mutants and UVM4, we assessed the ratio of open PSI:PSII reaction centres in our
cells. In collaboration with Dr. Felix Buchert and Prof. Michael Hippler at the
University of Münster, we measured the ECS signal of our FNR-tether mutants
using a JTS-150 system (BioLogic). This system includes a laser module capable
of nanosecond saturating pulses, which enabled us to induce near-to-single turnover
photosystem excitation. When DCMU and HA were added to the cells, this allowed
quantification of ECS changes in our cells normalised to the number of charge
separations per second per PSI in the sample. Fig. 5.4A shows two example ECS
traces from the JTS-150 resulting from a 6 ns flash, illustrating how the addition of
DCMU and HA affects the A-phase of the ECS. By making two serial measurements
on the same sample of cells, first without (Fig. 5.4A, (i)), then with DCMU and HA
(Fig. 5.4A, (ii)), we could quantify the ratio of open PSI to open PSII reaction centres
in our samples. Fig. 5.4B shows the results of six measurements of PSI:PSII ratio in
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Figure 5.3: Values derived from fluorescence kinetics A. an example fluores-
cence trace showing fluorescence kinetics between two saturating pulses, showing a
slight drop in pulse-induced yield of the second pulse relative to the first. Values in-
dicated are used to estimate the behaviour of PSII acceptors, QA and QB, as well as
to calculate the level of NPQ induced by the cells. B. 1-qP in oxia and anoxia calcu-
lated from the lightcurves in Figure 2. C. NPQ in oxia and anoxia calculated from the
lightcurves in Figure 2. See methods for equations used. Note NPQ results showed
high variation, but no differences were significant (t-test, p > 0.05).
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Figure 5.4: ECS normalisation method and PSI:PSII ratio. A. Example ECS
data from UVM4 induced by a very short saturating pulse in the absence (i) and
presence (ii) of DCMU and HA. DH = 10 µM DCMU and 1 mM HA. Data in the
presence of DCMU (ii) is an estimation of the ECS signal induced by a single turnover
of open PSI centres in the sample. B. The difference in ¢I/I absorption values of the
first measured point after t = 0 (t º 200 µs) in treated and untreated cells in panel
A was used to calculate the PSI:PSII ratio. There were no significant differences in
PSI:PSII ratio; all strains show ~0.6-0.7 open PSI per PSII. Error bars are SEM.
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this way (means ± SEM). No significant differences could be ascertained between
strains, indicating that the PSI-FNR complexes accumulate in our mutants to a
similar level as does native PSI in UVM4 (~60-70% of open PSII) and are able to
perform photochemistry to a similar degree under the conditions tested. This result
was remarkable twice: first, as it suggested there was no significantly deleterious
effect of tethering FNR to the PSI acceptor side on the number of functioning PSI
centres relative to PSII, and second, because it showed that differences in 77 K
spectra (Fig. 5.2) were not due to differences in PSI and PSII quantity, but suggested
our mutants were indeed pushed further into state II than UVM4.

5.3.3 FNR-tether mutants show a trend of lower pmf in high light

Progressing logically, we reasoned that if our mutants were being pushed further
into state II than UVM4, this may be caused by low ATP production. An ATP deficit
could be a symptom of decreased CET, which affects the cells’ ability to generate pmf,
particularly under anoxia. We therefore endeavoured to quantify the ability of the
FNR-tether mutants to generate pmf, this time by recording the ECS signal under
eight stepwise increases in light intensity, known as a lightcurve. Each lightcurve
consisted of a 2 min incubation at each light intensity followed by a 0.5 s dark
interval, during which the ECS was recorded once per millisecond. Fig. 5.5A details
an example of the changes undergone by the ECS signal during these light curves.
The extent of decay of the ECS signal in the first 300 ms of each dark interval is often
designated as proportional to the pmf generated by the cells during the preceding
illumination (Avenson et al. 2004). Following each dark interval, the light intensity
was increased to the next level in the light curve (Fig. 5.5A, (i)). The pmf can be
estimated using two additional parameters, detailed in Fig. 5.5A, (ii): the proton flux,
vH

+, and the proton conductivity of the membrane, gH
+. These are derived from the

slope of each dark interval ECS decay as shown in Fig. 5.5A, (ii). Values for pmf from
oxic and anoxic sample are presented in Fig. 5.5B for each light intensity (means
± SD). The results indicate a high degree of similarity between all strains tested
(UVM4, NT12, NT4, T7, T10 and T34), particularly at lower light intensities. Anoxic
samples produced lower pmf values than oxic samples, most evident at higher light
intensities. Mean values appeared to trend towards lower pmf in our mutants, and
indeed a small but significant difference was observed in anoxia between mean pmf
values at the highest light intensity (One-way ANOVA with Tukey’s posthoc HSD,
1,940 µE m-2 s-1; N = 10, p < 0.05 where indicated; normality was confirmed using
a Kolmogorov-Smirnov test). If representative of a physiological trend, lower pmf
in our mutants would also be consistent with an ATP deficit, implying FNR-tether
mutants struggled to produce enough ATP.
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Figure 5.5: Kinetics of the ECS signal in response to increasing light. A. An
example ECS trace in response to increasing actinic light, with a 1 s dark interval
inserted after 2 min incubation at each light intensity. (i) shows a zoomed view of
the dark interval, the vertical extent of which is proportional to the pmf generation
by the cells in the sample. (ii) shows an example drop in ECS during a dark interval
and demonstrates how values for proton flux (vH

+) and conductivity (gH
+) can be

calculated from a bi-exponential model fit to the curve. B. Comparisons of the pmf
after 300 ms of dark between UVM4, NT4, NT12, T7, T10 and T34 in oxia and anoxia.
NT4 and NT12 were averaged together, as were T7, T10 and T34. Means ± SD are
shown, N = 10. C. The results of repeating the experiments in panel B on cells of the
PGR5-deficient mutant pgr5 and its wild type t222+. Means ± SD are plotted, N =
3. D. Values for conductivity and proton flux calculated using the method in panel A
(ii) and derived from the anoxic data in panel B. Means ± SD are plotted. Proton flux
was significantly lower in tethered only mutants at higher light intensities (p < 0.01
where indicated).

To clarify our data, we included two extra strains in our measurements for
comparison: pgr5, a knock-down mutant deficient in PGR5 (kindly donated by
Prof. Michael Hippler) and its progenitor wild type strain, t222+. Pmf in pgr5
was drastically reduced compared to t222+, suggesting at least that the FNR-tether
mutations do not affect the ETC in the same was as does the deletion of PGR5.

Pursuing the idea that our mutants may show a weakened version of the same
trend, we attempted to disentangle the measured pmf values. Pmf is proportional
to the influx of protons into the lumen (proton flux; vH

+) and the efflux of protons
through the ATP synthase (conductivity; gH

+). The conductivity, gH
+, is calculable

from the half time of signal decay during a dark interval. We therefore needed to
measure the shape of the signal decay for each strain at each light intensity and fit
a decay model to estimate the half times. We found each decay could be modelled
reasonably closely using a bi-exponential function using the SSbiexp package in R.
Once modelled, we ascertained values for gH

+ (see Section 2.7.4 in Chapter 2 on page
55, and calculated vH

+ by multiplying gH
+ by the pmf for each curve. The resulting

values are plotted as lightcurves in Fig. 5.5D and E. Though gH
+ was similar between

strains, the tethered-only mutants showed a trend of lower vH
+ at high light (One-

way ANOVA with Tukey’s posthoc HSD, N = 10, p < 0.01 where indicated; normality
was confirmed using a Kolmogorov-Smirnov test). This indicated that the tethered-
only mutants were struggling to generate pmf in high light due to a low influx of
protons into the lumen, likely linked to a defect in electron transfer. We reasoned
this could be either caused by a deficiency in CET or a dysfunction in photosynthetic
electron flow as a whole.
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5.3.4 NPQ in FNR-tether mutants is impaired after high light
treatment

Though the calculated values for NPQ in Fig. 5.3C showed no clear difference,
we reasoned that longer light treatments might exacerbate a problem with pmf
generation in our mutants. Since NPQ is triggered by the generation of ¢pH
(a component of pmf ), we returned to measurements of NPQ using chlorophyll
fluorescence measurements. We subjected cells of UVM4, NT12, T7 and T10 to white
light at 500 µE m-2 s-1 for 4 h, then measured NPQ under strong actinic illumination
(~720 µE m-2 s-1 blue light) for 22 min, followed by 15 min darkness. Saturating
pulses were taken throughout to record NPQ induction and relaxation. Fig. 5.6 shows
the average NPQ for each strain (means ± SD) after 4 h high light treatment. The
FNR-tether mutants showed severely impaired NPQ compared to UVM4 when pre-
treated with high light. These data could be explained by both a lower pmf in the
mutants and perhaps by a higher level of photoinhibition, damaging PSII and LHCII
and diminishing fluorescence.

Figure 5.6: Impaired NPQ after high light treatment. NPQ response to
incubation for 22 min at 720 µE m-2 s-1 blue actinic light after 4 h treatment with
bright white light (~500 µE m-2 s-1). Mutant NPQ response was severely disabled
when pretreated with high light. Error bars are SD. Measurements aided by Felix
Buchert.

5.3.5 Oxidation of PSI is slightly impaired in FNR-tether mutants

With several clues now pointing to a slight deficit in pmf, possibly caused by a defect
in CET, we next aimed to measure the rate of CET directly. To do this we employed
a third technique that tracks the appearance of the P700 cation using absorption
changes at 705 nm minus 740 nm. Fig. 5.7A shows data recorded using a specific
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light regime to assess P700 kinetics; cells were treated using 10 s cycles consisting of
9 s of low light followed by 1 s of high light and finishing with a saturating pulse to
fully oxidise P700, then darkness to fully reduce P700. Note that in this experimental
set up it was trivial to switch between ECS measurements and P700 measurements,
enabling normalisation between P700 measurements and between strains by simply
switching back to an ECS set-up and recording the response to a 6 ns flash, as
described in Fig. 5.4, without having to replace or disturb the sample.

Net oxidation (an increase in the concentration of P700+) is presented as a drop
in signal, whereas net reduction is presented as a signal rise. Visible in Fig. 5.7A are
the instances of P700 oxidation induced by the onset of high light, and the net re-
reduction that occurs when the light is switched off, with the P700+ signal decaying
towards 0 (full reduction). When DCMU is added, full oxidation of P700 can be
approximated using the extent of the signal immediately following a saturating flash.
This is possible because in DCMU-treated cells, the ETC is effectively drained of
electrons without contribution from PSII, allowing oxidation of almost every copy of
PSI under strong illumination. Once a value for full oxidation is obtained, the signal
trace in the presence of DCMU is then used to normalise the trace in the absence of
DCMU, expressing any change in the concentration of P700+ relative to the values
for full oxidation and full reduction.

To compare the FNR-tether mutants with UVM4, cells were placed into anoxia
to enhance CET, with the intention of making any differences between strains easier
to spot. Fig. 5.7A, (i) shows the P700 signal in the presence of DCMU and HA in
the dark immediately following the saturating pulse. Data for multiple biological
replicates are shown (N = 5 for UVM4, N = 7 for mutants, mean ± SD plotted), and
revealed no clear difference between the FNR-tether mutants and UVM4. Since the
only electrons available to re-reduce P700 in the dark must come from the stroma
when PSII is inactivated by DCMU, this observation implies that the rate of CET is
similar between strains.

However, in the absence of DCMU and HA, there was an observable difference
between strains. In this case, the response of the FNR-tether mutants to 1 s of high
light treatment was noticeably smaller than in UVM4. Fig. 5.7B and C show the
signal changes averaged from across biological replicates (mean ± SD), each of which
consists of the means of three technical replicates. Firstly, it is clear from Fig. 5.7B
that each strain has a slightly different steady state level of oxidised P700 prior to
the onset of high light, with UVM4 being the most oxidised in low light (~0.21 r.u.).
All strains then show a fast net oxidation when high light is initiated, which
decays quickly to a steady state within ~200 ms. The FNR-tether mutants show
a smaller peak in oxidised P700 than UVM4 (~0.2 r.u for tethered-only, ~0.24 r.u. for
native/tethered, ~0.35 r.u. for UVM4). We highlight this further in Fig. 5.7C, in which
the oxidation curves induced by high light have been aligned to 0 at the onset of high
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Figure 5.7: P700 oxidation kinetics during 1 s high light and re-reduction
kinetics in the dark. A. Example P700 traces from UVM4 cells in the absence
and presence of DCMU and HA demonstrating three 10-s light treatments, each
consisting of 9 s of low light and 1 s of high light, ending with a saturating pulse
of light. Traces are normalised between full oxidation and full reduction. After the
third pulse, actinic light was removed and dark re-reduction of P700 was recorded. (i)
shows a zoomed view of dark re-reduction for UVM4, NT4, NT12, T7 and T10 when
treated with DCMU and HA to remove the contribution of electron flow from PSII.
Means ± SD are plotted. DH = 10 µM DCMU and 1 mM HA. B. A zoomed view of
oxidation caused by the onset of high light in UVM4, NT4, NT12, T7 and T10. The
different y-values of each mutants during the moments before high light indicates
slightly different steady-state oxidation states. C. A further zoom of the oxidation
data in panel B, with traces now aligned to 0 at the onset of high light. UVM4 has
a significantly greater response to high light than the mutants. No sig difference
between native/tethered and tethered-only. Method development and measurements
were made in collaboration with Felix Buchert.

light to make comparison easier. The difference in oxidation, which peaks between
~15 to 50 ms after high light is initiated, is significantly different between UVM4
and the tethered-only mutants but not for the native/tethered mutants (one-way
ANOVA with Tukey’s posthoc HSD test, N = 5 for UVM4, N = 7 for mutants, p < 0.05
where indicated; normality was confirmed with a Kolmogorov-Smirnov test). These
data indicate that the tethered-only mutants have a slightly diminished capacity to
oxidise PSI at the onset of high light. One reason for this might be a higher rate
of photosynthetic electron flow, meaning more electrons arriving at the donor side of
PSI during high light, preventing wild type levels of P700 oxidation.

5.3.6 FNR-tether mutants show a faster initial rate of electron
transfer

To complement our P700 oxidation data, we returned to measurements of the
ECS which would enable us to quantify the photosynthetic electron transport rate
(ETR). Using a similar light regime protocol to Fig. 5.7 we aimed to compare the
ECS response between strains during 1 s of high light. The measurements were
normalised using a flash-induced ECS pulse taken after the measurements were
completed. Fig. 5.8A shows the ECS data from this 1-s high light protocol compared
between UVM4, NT12 and T7 (mean ± SD). Though NT12 and T7 were highly similar,
the results show an interesting difference in the generation of ¢√ between the FNR-
tether mutants and UVM4 during the 1 s of high light (expanded in Fig. 5.7A, (i)). The
height of the A-phase and B-phase are both increased in the FNR-tether mutants,
suggesting an increased, though short-lived, capacity for photosynthetic electron flow.

To pursue this, we made a modified series of ECS measurements during 1 s of
high light. These measurements were carefully aligned with a series of brief (5 ms)
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Figure 5.8: Differences in ECS response to 1 s high light between UVM4 and
FNR-tether mutants. A. ECS traces for UVM4, NT4, NT12, T7 and T10 during a
10-s period of light (9 s low light, 1 s high light, followed by 5 s darkness. (i) shows
a zoomed view of the ECS signal during 1 s high light, indicating the FNR-tether
mutants generate a larger pmf than UVM4, possibly due to an increased rate of
electron transfer (ETR) brough about by malfunctioning photosynthetic control. (ii)
describes a method for ascertaining ETR using short dark intervals during the initial
~100 ms of high light, explained in the text. B. ETR rates during 1 s of high light
calculated using the method shown in panel A (ii), in the absence and presence of
DCMU and HA. UVM4 ETR was significantly lower than either mutant genotype for
the first ~100 ms (p < 0.05 or 0.01 where indicated). The x-axis is scaled to log10 to
provide higher resolution of the early timepoints. DH = 10 µM DCMU and 1 mM HA.
C. A repeat of the experiment presented in panel B using only UVM4, T7 and NT12,
this time in the presence of 100 µM nigericin. UVM4 ETR was still significantly
lower than T7 or NT12 at ~50 ms (p < 0.05 where indicated). Method development
and measurements were made in collaboration with Felix Buchert.
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dark intervals placed at defined intervals throughout the 1 s of high light; at 10 ms,
30 ms, 50 ms, 70 ms, etc. (illustrated in Fig. 5.8A, (ii)). These short dark intervals
were used to record the initial rate of decay (i.e., the gradient of the ECS signal) in
the 4 ms preceding the dark interval (light) and 4 ms during the dark interval (dark).
By subtracting the gradient value obtained in the light minus the dark, a value was
obtained proportional to the ETR at each chosen timepoint throughout the 1 s high
light (Nawrocki et al. 2019a). Fig. 5.8B plots the rate values derived from this method
for anoxic cells of strains UVM4, NT4, NT12 (combined as native/tethered), T7 and
T10 (combined as tethered-only), both in the presence and absence of DCMU and HA
(mean ± SD).

In the presence of DCMU and HA, the ETR dropped precipitously in all strains
and was in good agreement with previously published work using a similar protocol
(Nawrocki et al. 2019a). However, no difference could be observed between FNR-
tether mutants and UVM4, implying that the significant ETR difference in Fig. 5.8B
requires electrons from PSII. This may be further evidence that CET functions
similarly in the FNR-tether mutants and UVM4. In the absence of DCMU and HA,
however, the results show a significantly higher ETR in the first ~100 ms of high light
in both the native/tethered mutants and the tethered-only mutants compared with
UVM4 (Student’s t-test, N = 4 for UVM4, N = 7 for mutants, p < 0.05 or < 0.001 where
indicated, normality confirmed with a Kolmogorov-Smirnov test). This is consistent
with previous research showing that cells in state II have a higher initial rate of
electron flow (Buchert et al. 2022), but also led us to reason that the FNR-tether
mutants may have a defect in regulating ETR, possibly due to less photosynthetic
control. Photosynthetic control is triggered by ¢pH, so a loss of photosynthetic control
would be consistent with a lower pmf in high light.

To test this theory, we repeated the ETR measurements in the presence of
the inhibitor nigericin. Nigericin is thought to dissipate ¢pH by forming K+/H+

exchanging pores in the thylakoid membrane (Walters and Horton 1991), so should
cause proton leak through the thylakoids and raise the lumenal pH, in effect
preventing cells from inducing photosynthetic control. If photosynthetic control was
damaged in the mutants, we predicted that nigericin would have a smaller effect on
ETR in the FNR-tether mutants than in UVM4. Fig. 5.8C shows the ETR in the
presence of nigericin for UVM4, NT12 and T7. While UVM4 still showed a trend of
slightly lower rates, which was significant at ~50 ms (Student’s t-test, N = 3, p < 0.05
where indicated), the measured rates were far more similar between strains than in
the absence of nigericin (Fig 5.8B).

5.3.7 FNR-tether mutants are acceptor-side limited in high light

We predicted that a loss of photosynthetic control could mean lower donor side
limitation and higher acceptor side limitation of PSI. This is because faster flow
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Figure 5.9: Tethered-only mutants show higher acceptor side limitation than
native/tether mutants or UVM4. A. An example P700 oxidation trace from UVM4
in the absence and presence of DCMU and HA. Here, cells were incubated in light
(low, medium or high) for 10 s before application of a saturating pulse to fully oxidise
P700, then darkness to fully reduce P700. (ii) shows a zoomed view of the 700 kinetics
surrounding the saturating pulse. The relative y-values in the absence and presence
of DCMU can be used to estimate YND, YI and YNA as shown and described in
the text. DH = 10 µM DCMU and 1 mM HA. B. Estimates for YND, YI and YNA
calculated for UVM4, NT4, NT12, T7 and T10 using the method in panel A (i) after
incubation for 10 s in high light (550 µE m-2 s-1). T7 and T10 show significantly
high YNA than UVM4, NT4 and NT12 (p < 0.05 where indicated). Error bars are
SD. Method development and measurements were made in collaboration with Felix
Buchert.
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of electrons through cytb6f to PSI implies an abundance of PC- to reduce P700+,
shifting the problem onto the PSI acceptor side, where too many electrons exiting the
PSI acceptor side could be overwhelming the stromal acceptor pool, leading to over-
reduction. To explore this, we aimed to make a final set of P700 measurements that
would allow estimation of donor and acceptors side limitation. Using the JTS-150
once more, we prepared a modified light treatment consisting of 10 s light followed
by 2.5 s dark, then a saturating pulse to fully oxidise P700. The experiment was
repeated on each strain four times, with each batch of cells per strains subjected to
three consecutive measurements, first with 10 s low light treatment (21 µE m-2 s-1),
then medium light (18 µE m-2 s-1) and high light (550 µE m-2 s-1). Fig. 5.9A shows
an example using this protocol, displaying the result from a sample of UVM4 cells
measured first in the absence then the presence of DCMU and HA. Here, as before,
the measurements were normalised using a flash-induced ECS pulse taken after both
measurements were completed.

The example in Fig. 5.9A, (i) shows the key features of saturating-pulse induced
oxidation changes that can be disentangled to calculate estimations for donor and
acceptor side limitation (Klughammer and Schreiber 1994). The point Ps refers to
the steady-state P700 signal in the light just before application of the saturating
pulse. The fact that Ps does not equal 0 means that there is some concentration of
P700+ present in the sample even during illumination, implying that the supply of
electrons from cytb6f (via PC) is insufficient to fully reduce the P700 in the cell. This
is a measure of donor side limitation, termed YND. The difference between Ps and
the maximum oxidation level induced by a saturating pulse (Pm) is proportional to
the total oxidisable PSI in the sample. This is a measure of the quantum yield of PSI,
termed YI. The fact that Pm is not equal to the maximum oxidation signal in the
presence of DCMU, Pm’, means that there is a population of PSI in the sample that
cannot be oxidised even by a saturating pulse of actinic light. The difference between
Pm and Pm’, then, is related to the proportion of closed PSI reaction centres in the
sample, which implies a shortage of stromal electron acceptors to enable electron
transfer from P700 to Fd. This is a measure of acceptor side limitation, termed
YNA. These three values, YND, YI and YNA, are proportions that together equal
1 (Schreiber and Klughammer 2016).

Using this method, we quantified YND, YI and YNA for UVM4, NT12, NT4, T7
and T10. Data acquired from measurements made after treatment with low and
medium light showed no clear trend (data not shown). However, after treatment
with high light for 10 s, the tethered-only mutants showed significantly more YNA
than UVM4 or the native/tethered mutants (Student’s t-tests, N = 4, p < 0.05 where
indicated) (Fig. 5.9B). T7 and T10 also showed significantly less YND than UVM4
(p < 0.05), and T7 (but not T10) showed significantly less YND than both NT4 and
NT12 (p < 0.05). These trends are consistent with a high ETR in the FNR-tether
mutants, possibly caused by mis-regulated electron flow, leading to over-reduction of
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the stroma and higher YNA.

5.4 Discussion

5.4.1 Do we see evidence for impaired CET in the tethered-only
mutants?

The first key question is whether the data presented here constitute evidence for
damaged CET in the tethered-only mutants. In our view, only two clues from the
presented evidence support this hypothesis.

1. A significant increase in acceptor side limitation is seen for the tethered-
only mutants, compared with both UVM4 and with native/tethered mutants
(Fig. 5.9B). This is the firmest spectroscopic confirmation that our mutants
deficient in native FNR behave differently to those with both native and
tethered FNR. A higher acceptor side limitation could indeed be caused by the
loss or depletion of a stromal electron sink, which, in anoxia, could be CET.
However, the effect is only observable in high light, and we might expect a
similar effect across all light intensities if CET was significantly impaired.

2. Our FNR-tether mutants both showed a similar ETR to UVM4 when PSII was
blocked by DCMU, but a higher ETR when it was not (Fig. 5.7B). As a proportion
of total ETR, then, the ETR in the presence of DCMU is lower in our mutants
than in UVM4 during the first 100 ms of high light. This method has been
used recently to disentangle the rate of CET from LET (for example in Figure 5,
Supplement 1 in Kramer et al. 2021). If valid, we could then say that CET
is proportionally lower in the FNR-tether mutants than UVM4. However, this
assertion is based on the shaky assumption that poisoning PSII allows one to
access the full rate of CET without interference from LET. This is thought to be
false (Nawrocki et al. 2019b), since electrons in CET are constantly lost to other
stromal processes, meaning electrons from LET are always required to sustain
the maximal rate of CET.

Conversely, then, do we have enough evidence to reject our hypothesis that CET
is disturbed by deleting native FNR? Within the confines of our experimental system
(i.e., in the presence of the PSI-FNR fusion complex instead of native PSI), there
are three main pieces of evidence that recommend a rejection of the alternative
hypothesis.

1. Though our FNR-tether mutants appeared to have a trend of lower pmf than
UVM4 in high light, these data were far less dramatically different from the
results obtained for pgr5 relative to its wild type, t222+ (Fig. 5.3C). Taken
alone, these data support the recognition that our mutants do not show altered
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photosynthetic electron flow in the same way as brought about by the deletion
of PGR5, suggesting, at least, that CET is not impacted to the same extent.

2. We observed no difference in the rate of P700+ re-reduction in the dark
(Fig. 5.7A, (i)). Using absorption spectroscopy to approximate the concentration
of P700+ in our cells, the decay (re-reduction) of P700+ in the dark when
DCMU was present should be proportional to the rate of CET, since only cycled
electrons can reduce the PSI donor side when PSII is poisoned. That we see no
clear difference strongly implies that CET functions at a similar rate in both
FNR-tether genotypes, again suggesting that stromal electrons can still enter
the PQ pool without significant impedance.

3. ETR patterns in the presence of DCMU were highly similar between all
strains in anoxia (Fig. 5.8B). Though not explicitly indicative of a normal CET
phenotype (for example, Chlamydomonas cells deficient in PGRL1 also show
similar rates to wild type in Nawrocki et al. 2019a), a similar ETR under
these conditions certainly implies that our mutants can still perform the FQR
reaction. This therefore stands as strong evidence that FNR is not the FQR, or
that our PsaF-FNR fusion protein can still perform FQR with the same rate as
native FNR. This second option seems unlikely, but it also cannot yet be ruled
out that some PsaF-FNR remains soluble, or that some very low level of native
FNR is still accumulated in our tethered-only mutants that facilitates native-
like FQR activity.

Together, then, these three key observations recommend the acceptance of the
null hypothesis and a recognition that tethering FNR to PSI has not resulted in an
inability to perform CET in our mutants. If this is true for wild type cells as well,
then these results provide strong evidence that FNR is not the FQR.

5.4.2 What can be inferred about photosynthesis in our FNR-tether
mutants?

The effects of our FNR-tether mutation and the subsequent deletion of native FNR
remain somewhat mysterious. Rather remarkably, the similar measured ratios of
open PSI:PSII reaction centres (Fig. 5.4), and indeed the generally small effects
on electron flow offer tantalising clues that our PSI-FNR fusion complex is able
to catalyse PC--to-NADP+ electron transfer. Nonetheless, some of the uncertainty
associated with the FNR-tether mutation as mentioned in the previous chapter can
be reiterated here: without further work we cannot be confident that every copy of
PSI contains the PsaF-FNR peptide or that every copy of PsaF-FNR is integrated
into a mature, functional PSI complex. Moreover, without structural clues, we
cannot assert with confidence that our tethered FNR is physically prevented from
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interacting with cytb6f. There is a possibility, for example, that the putative PSI-
cytb6f supercomplex (Iwai et al. 2010, Steinbeck et al. 2018) is still able to form in
our tethered-only mutants, and that the FAD moiety within tethered FNR is able to
achieve electron transfer to haem ci of cytb6f. Though we did not pursue isolation
of the PSI-cytb6f supercomplex from our mutants due to time constraints, in vitro
biochemical and structural data from a purified supercomplex would make a valuable
addition to this data set and may help to clarify the mechanism of CET.

However, with the additional data presented here combined with that in Chapter
4, we can start to form a picture of what may be happening to photosynthesis in
these mutants. The relatively high intensity of the PSI -associated peak in our 77 K
fluorescence data suggest that the FNR-tether mutants are pushed further into state
II than UVM4 in both oxia and anoxia. Proteomics results presented in Fig. 4.8 of
Chapter 4 and ECS measurements (Fig. 5.4) strongly suggest that this is not due to
a difference in the ratio of PSI:PSII reaction centres in each cell and is, in fact, due
to state transitions. In agreement with a state II phenotype, we see some evidence
for lower pmf at high light (Fig. 5.5B), which we find likely to be due to a lower
proton influx (vH

+), rather than a problem with ATP synthase conductivity (gH
+)

(Fig. 5.5D and E). The striking inability of the FNR-tether mutants to perform NPQ
after 4 h high light treatment (Fig. 5.6) indicates a specific high light sensitivity that
may be furtherly detrimental to the cells’ ability to generate ¢pH, which is a trigger
for NPQ. This high light sensitivity implies a photoinhibited phenotype, consistent
with the growth phenotype under fluctuating light observed in Fig. 4.6 in Chapter
4, and consistent with the previously observed photoinhibited phenotype of FNR-
depleted mutant tobacco (Palatnik et al. 2003). Next, using P700 oxidation and ECS
measurements, we find no evidence of a change in CET in the presence of DCMU,
but two pieces of evidence to suggest the rate of electron flow (ETR) is higher in our
FNR-tether mutants (Fig. 5.7C and Fig. 5.8B), and that this could be explained by
a loss of photosynthetic control. This theory was partially supported by preliminary
results gathered in the presence of the inhibitor nigericin (Fig. 5.8C). As expected,
in the presence of nigericin, ETR in UVM4 was faster, closing the gap between
UVM4 and the FNR-tether mutants to a noticeable extent. The fact that UVM4
still showed a trend of lower ETR in the presence of nigericin implies that another
factor is at play, but unfortunately time constraints on the project prevented us from
following up these measurements with more repeats. Work is currently underway
in collaboration with Dr. Buchert and Prof. Hippler to clarify these results. Lastly,
a loss of photosynthetic control implies lower YND and higher YNA, which we do
indeed see using the P700 oxidation data presented in Fig. 5.9. Notably there was
no trend in YNA or YND after low light treatment, but a significant increase in YNA
and YND after as little as 10 s high light.

Two key experiments stand out from this line of evidence: (i) in the presence of
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DCMU, we see no difference in ETR or P700 reduction, suggesting the FNR-tether
mutation does not significantly disrupt CET; and (ii) in the presence of nigericin, we
mostly eliminate the ETR difference between strains, hinting that the FNR-mutants
have a problem with photosynthetic control.

5.4.3 Why might photosynthetic control be impaired in the FNR-
tether mutants?

Photosynthetic control describes the mechanism that slows down electron flow
through cytb6f in response to low lumenal pH, acting as a form of negative feedback
regulation on high levels of photosynthetic electron flow. In our view, impaired
photosynthetic control helps explain many of the differences seen between UVM4
and the FNR-tether mutants and could be part of the physiological consequences
of tethering FNR to PSI. Assuming electrons emerging from PSI are still accessible
to the primary electron acceptor Fd, then fusing FNR to PSI may work to increase
the concentration of Fd in the vicinity of FNR. Alternatively, or perhaps in parallel,
a tethered FNR may show different rates of forward and reverse reaction. Recent
research in angiosperms, which contain multiple FNR isoforms, has demonstrated
that different isoforms are tethered with different affinities to the thylakoid
membrane-bound anchors Tic62 and TROL (Goss and Hanke 2014). Deletion of
only a weakly bound or strongly bound isoform was suggested to disrupt the balance
between forward and reverse reactions of FNR, suggesting that strongly tethered
FNR may perform more of the reverse reaction (Goss and Hanke 2014). For example,
Arabidopsis FNR has been shown to bind more strongly to the membrane in the dark,
perhaps suggesting dynamic localisation based on the type of metabolism required
by the cell (Benz et al. 2009). By forcing FNR near to PSI, we may have similarly
disturbed the balance of the rates of forward and reverse reaction such that cells
accumulate too much NADPH in the stroma. Furthermore, by then deleting native
FNR in the tethered-only mutants we may have exacerbated the problem. Whether
by an increased affinity for Fd or by upsetting the balance between forward and
reverse reactions of FNR, the effect could be the overproduction of NADPH and
the over-reduction of the stromal NADP pool. This would be consistent with an
upregulation of NADPH-consuming processes in the stroma, possibly reflected in
the increase of NADP-MDH seen in T7 and T10 compared with NT12 visible in the
proteomics data presented in Fig 4.8 in Chapter 4 on page 104.

Previous work has shown that the NADP pool redox poise could be a triggering
factor for feedback regulation of photosynthetic control (Hald et al. 2008), although
the mechanism is still unclear. Using Arabidopsis depleted in either FNR or
GAPDH (the primary consumer of NADPH in the CBB cycle), the authors reported a
further interesting result wherein GAPDH deficient plants did not appear to suffer
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stress caused by too much NADPH due to a feedback mechanism triggered by an
unbalanced NADP pool (Hald et al. 2008), whereas FNR depleted mutants were
proposed to lack this feedback (Joliot and Johnson 2011). This could also be the
case in Chlamydomonas, with our tethered-only cells suffering from over-production
of NADPH due to the tethered FNR and lack of native FNR to provide feedback
regulation.

So, what might the consequences be of producing too much NADPH? The first
might be to stimulate a transition to state II. At low light, too much NADPH might
either over-reduce the electron transport chain carriers or might stimulate more
NDH-CET via the NADPH:PQ reductase, NDA2. Either way, this could result in
a more reduced PQ pool, activating STT7, which would then phosphorylate LHCII
and trigger a migration of antenna complexes from PSII to PSI. The effects of state
II in low light would be a stimulation of PSI photochemistry, increasing CET and
producing extra ATP. The extra ATP helps counterbalance the ATP:NADPH ratio
by boosting CBB cycle rate, consuming excess NADPH. If this efficient system of
regulation proceeds in our FNR-tether mutants, then we would not expect to see
an effect at low light. Indeed, we do see no differences in the photosynthetic
parameters presented above when using low light intensities. In high light, though,
an overproduction of NADPH would have worse consequences. When light is not
a limiting factor then the cell’s capacity to use stromal electrons becomes the
bottleneck, with the limiting step likely being the carboxylation reaction of Rubisco.
In this case, a transition to state II would not help, as stromal over-reduction
would begin to clog-up the ETC, leading to a lack of proton translocation despite
the larger PSI antenna. Couple this with lower photosynthetic control, and the
problem would be exacerbated, with over-reduction being arrived at even faster. This
may be reflected in the YNA calculations after just 10 s high light. Reduction of
the ETC would slow down electron transfer, meaning pmf would also start to drop
and LET would decrease. A scenario drawing together these ideas is shown as
a guide in Fig. 5.10. This scenario might explain why the native/tether mutants
grow slower generally and suffer worst at high light (Fig. 5.5 and Fig. 4.6 in
Chapter 4). The tethered-only mutants appear to suffer to an even greater extent,
possibly suggesting that the extra native FNR in the native/tether mutants was
helping to partially alleviate the problem. This would agree with previous work
on FNR-depleted Arabidopsis, which found that photoprotective mechanisms were
permanently induced in the mutants (Lintala et al. 2012). Finally, though we did not
measure it, we might expect an upregulation of the CCM in our mutants in high light
as the cells attempt to clear the stromal overreduction by speeding up Rubisco.

So, what can this tell us about FNR in wild type cells? If the cause of an unbalanced
NADP pool in our mutants really is due to the tether mutation, this may tell us that
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Figure 5.10: Possible explanation for the high light sensitivity of the FNR-
tether mutants based on impaired photosynthetic control and overproduc-
tion of NADPH. A. In low light: (i) low photosynthetic control leads to low YND
and high electron flow to PSI; (ii) tethered FNR causes overproduction of NADPH at
the expense of reduced Fd; (iii) NADPH causes reduction of the PQ pool either by
NDH-CET through NDA2 or by backing up the ETC; (iv) PQ pool reduction activates
STT7, which triggers transition to state II; (v) state II increases ATP production via
higher PGR-CET (data not shown); (vi) the extra ATP is used in the CBB cycle to fix
CO2, consuming the excess NADPH in the production of glyceraldehyde 3-phosphate
by GAPDH. B. In high light, points (i) to (v) from panel A apply as before. Low photo-
synthetic control leads to low YND, while tethered FNR causes an overproduction of
NADPH. Excess NADPH overwhelms the NDH-CET pathway (circle-ended arrows)
and causes over-reduction of the PQ pool (red arrows), driving the transition to state
II and triggering extra ATP production. This time, light is not a limiting factor, so
upregulation of the CBB cycle reaches a plateau and becomes limiting. (vii) Excess
NADPH is not consumed and builds up in the stroma, leading to (viii) eventual pho-
toinhibition of the acceptor side of PSI, while backing up the ETC, over-reducing the
PQ pool and leading to an eventual drop in photosynthetic efficiency and low pmf.
Protein structural models are the same as those shown in Figure 1.2 on page 7 and
Figure 1.7 on page 28.
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tethered FNR outcompetes the other Fd-consuming electron sinks in the stroma, e.g.,
the hydrogenase HYDA or the Flv proteins. If this scenario is accurate, it would
imply that a broader range of electron sinks in wild type cells enables them to oxidise
the NADP pool, achieving redox poise and preventing stromal over-reduction and
photoinhibition. Regulation of the NADP pool by FNR could then be seen as a
crucial feature of photosynthetic regulation, with a lack of oxidised NADP having
far-reaching consequences, including for photosynthetic control.

Designing experiments to measure CET in Chlamydomonas is difficult and re-
quires careful measurement. Though care was taken to ensure reproducibility be-
tween replicates for the experiments presented here, small sample numbers mean
caution must be used when drawing conclusions. This caution should apply partic-
ularly to P values derived from t-tests using less than five data points, since this
is often not enough to establish whether the data are normally distributed. Addi-
tionally, large values for standard deviation may reflect uncontrolled variation in
how the cells were prepared for measurement, for example due to differences in cell
cycle position when measuring constant-light grown cells versus day/night synchro-
nised cells. Time constraints on the project meant we could not supplement these
measurements using additional techniques that could help us further understand
the impact of the FNR-tether mutation on photosynthesis, including measuring O2

evolution, CO2 fixation, CCM induction and measurements of the redox state of the
NADP pool. Nevertheless, if the data presented here are accurate, they not only rep-
resent a promising starting point for further work on these mutants, but they also
highlight the importance of FNR for regulation of redox poise in the stroma, without
which photosynthetic regulation cannot function properly.
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Chapter 6

Concluding remarks

6.1 Thesis summary

The aims of this thesis were the development and use of genetic tools to answer
mechanistic questions about CET. In Chapter 3 we described the successful
adaptation of recombineering for use with Chlamydomonas genes, resulting in the
cloning of several genes that have not been previously cloned or characterised.
Including the native promoter region in cloned genes allowed native-like localisation
and expression patterns in the case of the CCM component LCIB. Rescue of mutants
using recombineered genes was also demonstrated, first for a CLiP mutant deficient
in LCIB and then a CRISPR-generated mutant deficient in STT7. We demonstrated
the efficacy of a four-day recombineering pipeline for cloning ~200 genes or regions
in parallel and made available the tools and methods for the research community.
This method was published in The Plant Cell in January 2021, and the publication
is included in this thesis as an appendix. The publication includes links to extensive
supplementary resources that can help any lab with basic biochemical equipment to
set up a recombineering pipeline. The timing of the publication is complementary
to the recent release of the Chlamydomonas fosmid and CLiP mutant libraries
housed at the University of Minnesota (Li et al. 2019), as well as the refinement
of Arabidopsis recombineering tools (Brumos et al. 2020). We designed the method to
be robust and easy to perform. Though our success rates were not as high as those
reported for C. elegans or Arabidopsis (Brumos et al. 2020, Sarov et al. 2012), we have
since observed a higher success rate and more reliable results when recombineering
genes in smaller batches, possibly due to the increased manageability of small sample
sizes. It is hoped that use of the method will prevent length or complexity of any genes
of interest from becoming a sticking point for future studies. Avoiding the delays and
expense that accompany cloning problems, such as those reported for the cloning
of the CCM gene SAGA1 (Itakura et al. 2019), would be a valuable boon to project
efficiency. The usefulness of the method for the wider community will hopefully be
proven in the long term by opening new avenues of scientific enquiry.
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One such avenue is represented by the fledgling biochemical work we presented
on the state transition kinase STT7. Downstream editing of recombineered STT7
to switch the affinity tag and promoter enabled Strep-based purification of STT7
from a UVM4 background. The STT7 kinase is a central regulatory protein in
photosynthesis, providing the switch for a transition to state II (Depège et al. 2003)
and possibly involved in the upregulation of CET (Buchert et al. 2022) and the CCM
through phosphorylation of CAH3 (Blanco-Rivero et al. 2012). There is a pressing
need to understand the activation of this protein, yet STT7 and its interaction with
cytb6f remain structurally uncharacterised from Chlamydomonas. The successful
cloning and purification presented here open the door to possible future experiments
such as co-purification of STT7 and cytb6f, in vitro interaction studies with STT7 and
cytb6f, or interaction data using proximity labelling with tagged STT7.

In Chapter 4 we support recent publications showing that CRISPR-guided
mutagenesis can work efficiently in Chlamydomonas. We show that deleting native
FNR is possible after tethering FNR to PSI, and that our tethered FNR is cautiously
presumed to be functional in LET. Experiments in Chapter 5 appeared to confirm that
LET functions in the absence of native FNR, with similar photosynthetic parameters
to wild type cells. We rejected our hypothesis that CET is disrupted in the tethered-
only mutants, which are depleted in native FNR, with the caveats that further work
is needed to show that the PsaF-FNR fusion protein cannot interact with cytb6f.
Small differences were observed in P700 oxidation and electron transfer rate in our
mutants, with evidence pointing to an acceptor side limited phenotype under high
light. We theorised this was due to an unbalanced NADP redox poise in the stroma,
possibly caused by a distortion of the ratio of forward and reverse reactions of FNR
caused by its tethering to PSI. These results cemented the reputation of FNR as a
crucial maintainer of homeostasis. Accordingly, FNR is difficult to engineer in higher
plants without severe phenotypes (Lintala et al. 2012), so the FNR-tether mutants
described in Chapter 4 and 5 represent an exciting springboard for future work on
FNR. Such work could involve an array of tethered positions for FNR, including
tethering to PSAE, thought to be the docking site of FNR to PSI during CET, or
tethering to cytb6f followed by further testing on CET rates. Perhaps of equal
interest, the FNR-tether mutants described here may express a unique, modified
form of PSI that can perform LET without accumulating PsaC/D/E. These clues are
worth further investigation, and work on these mutants is currently ongoing, with a
likely first step being repeating proteomic analysis in phototrophic conditions.

6.2 Natural next steps for identifying the FQR

Building on observations from our FNR-tether mutants, we propose two lines of
investigation that could be followed to address the question of the FQR mechanism in
Chlamydomonas. The first is to attempt to block stromal electron transfer to cytb6f
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directly by steric hindrance. This could be achieved by a tethered, inactive Fd or
perhaps by introduction of the PetP subunit from cyanobacteria, which appears to
bind to the stromal face of cytb6f (Proctor et al. 2022) and may bind successfully
with Chlamydomonas cytb6f as well. If successful blocking could be confirmed and
experiments could be correctly controlled to account for possible disruption in binding
of other cytb6f effector proteins (e.g., STT7 and PETO), this could be a powerful tool
for assessing the role of cytb6f in CET.

Secondly, we envisage building on evidence from studies of different Fd isoforms
in maize, in which the major isoform, FdI, is expressed in mesophyll cells while FdII
is expressed in the bundle sheath cells (Kimata and Hase 1989). The recognition
that maize mesophyll cells perform mostly LET while bundle sheath cells perform
mostly CET has led to the suggestion that the Fd isoforms may be specifically active
in LET or CET (Goss and Hanke 2014). Accordingly, the two major Fd isoforms in
Chlamydomonas, PETF and FDX2 (Cre16.g658400), may also function differently
in LET and CET even within the same organelle. This would support previous
research suggesting FNR binds to PETF and FDX2 with different affinities, with
a higher affinities reported for PETF when bound as part of the CET-supercomplex
(Mosebach et al. 2017). Additionally, cells are thought to be unable to grow in the
dark without FDX5 (Cre17.g700950), suggesting a specific role for different Fds in
different metabolic modes (Yang et al. 2015). Selective deletion of each Fd isoform
in Chlamydomonas may provide clues as to which isoform performs the majority of
CET, leading to further discoveries in the mechanism of the FQR.

6.3 The future of CET research

CET remains an enigmatic missing link in our understanding of photosynthetic
electron flow. As a regulatory process it is likely crucial for boosting pmf to trigger
the photoprotective mechanisms qE and photosynthetic control (Chaux et al. 2015,
Munekage et al. 2002). As a bioenergetic process it is likely more efficient than PCEF
or CMEF because it recycles electrons, perhaps helping to explain why angiosperms
appear to have dispensed with the Flv proteins (involved in PCEF) during their
evolution. As a mechanism, however, we are yet to identified unique intermediates
of CET despite over four decades of research. Chlamydomonas is not always the
ideal model organism for studying crop plant CET. The nuclear genome can be
difficult to work with, due to the sequence features, discussed at length in Chapter
3. The lack of efficient homology directed repair means transformations proceed by
random integration into the nucleus, risking gene fragmentation and poor expression
(Zhang et al. 2014). Widespread silencing also dampens expression of transgenes
or can lead to phenotype loss after multiple rounds of propagation (Neupert et al.
2020). Beyond the genome, the Chlamydomonas stromal pool of electron acceptors
is different to plants, with PCEF and the Flv proteins responsible for a large
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portion of electron flow, especially under low CO2 conditions (Burlacot et al. 2022).
Moreover, Chlamydomonas PSI is spectroscopically distinct to PSI in plants despite
sharing many structural features. Though small, this difference makes untenable
the selective excitation of PSI using far red light, a technique used to good effect
when measuring CET in plants (Kramer et al. 2021).

However, as pressure grows on the global food supply and the focus on developing
novel agriculture technologies sharpens, valiant efforts have been made to overcome
these technical hurdles, with possible benefits stretching beyond photosynthesis
research. CRISPR technologies are developing quickly (Akella et al. 2021), bringing
into view the eventual goal of creating scarless, targeted insertions or deletions
in the nuclear genome with high efficiency. Further work may enable serial,
efficient transformation experiments targeting multiple genes or whole pathways,
aided by the release of genetic technologies designed for high-throughput work,
e.g., MoClo (Crozet et al. 2018). Moreover, in an interesting synthesis of CET
and biohydrogen research, the discovery that mutants deficient in PGR5 stimulate
hydrogen production (Steinbeck et al. 2015) has helped build interest in the
Chlamydomonas stroma as a pool of potentially interesting biochemical reactions
that could be harnessed to produce high value biomolecules. While the facultative
heterotrophy of Chlamydomonas has long been useful for analysis of knockout
mutants of the key photosynthetic complexes, plastome engineering efforts now
include addition of whole new pathways to the chloroplast genome (Jackson et
al. 2021). These and parallel advances in chloroplast engineering have pushed
Chlamydomonas to become a biotechnological workhorse as well, opening avenues
into biopharmacology and nutraceutical production (Jackson et al. 2021). Studies
of the more unique features of Chlamydomonas photosynthesis are now feeding
back to efforts to improve crop plants, spurred on by preliminary successes in
efforts to engineer a Chlamydomonas-like CCM in Arabidopsis (Atkinson et al. 2016,
Atkinson et al. 2019). The stromal acceptors not found in plants are finding uses in
plant research, such as the recent success in introducing Flvs from cyanobacteria
into Arabidopsis, resulting in reduced photoinhibition (Vicino et al. 2021). The
spectroscopic and biochemical techniques used to measure CET in Chlamydomonas
are constantly improving, showcased by a wealth of recent publications (Buchert et
al. 2020, Buchert et al. 2022; Joliot et al. 2022, Nawrocki et al. 2019a). It is thus an
exciting moment for bioenergetics research in Chlamydomonas.
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Abstract
The ability to clone genes has greatly advanced cell and molecular biology research, enabling researchers to generate fluo-
rescent protein fusions for localization and confirm genetic causation by mutant complementation. Most gene cloning is
polymerase chain reaction (PCR) or DNA synthesis-dependent, which can become costly and technically challenging as
genes increase in size, particularly if they contain complex regions. This has been a long-standing challenge for the
Chlamydomonas reinhardtii research community, as this alga has a high percentage of genes containing complex sequence
structures. Here we overcame these challenges by developing a recombineering pipeline for the rapid parallel cloning of
genes from a Chlamydomonas bacterial artificial chromosome collection. To generate fluorescent protein fusions for locali-
zation, we applied the pipeline at both batch and high-throughput scales to 203 genes related to the Chlamydomonas CO2

concentrating mechanism (CCM), with an overall cloning success rate of 77%. Cloning success was independent of gene
size and complexity, with cloned genes as large as 23 kb. Localization of a subset of CCM targets confirmed previous mass
spectrometry data, identified new pyrenoid components, and enabled complementation of mutants. We provide vectors
and detailed protocols to facilitate easy adoption of this technology, which we envision will open up new possibilities in al-
gal and plant research.

Introduction
The unicellular alga Chlamydomonas reinhardtii (hereafter
Chlamydomonas) is a widely used model organism for

studying photosynthesis, biofuel production, human ciliopa-
thies, flagella-powered motility, and cell cycle control (Salomé
and Merchant, 2019). The nuclear, chloroplast, and
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mitochondrial genomes of Chlamydomonas have been se-
quenced, are well annotated and transformable. In addition, a
variety of genetic resources are available to any institution, in-
cluding a close-to-genome-saturating mutant library (Li et al.,
2019), extensive-omics-based data, and a wealth of molecular
tools developed over decades by a dedicated research com-
munity (Salomé and Merchant, 2019). These collections, data,
and tools are a vital resource for studies that aim to under-
stand fundamental biological processes, to guide engineering
efforts such as improved photosynthetic efficiency, and to en-
able efficient biomolecule production.

Reverse genetic approaches in Chlamydomonas often depend
on localizing target proteins to understand spatial distribution
and the complementation of mutants to link genotype to phe-
notype. Both of these methods generally rely on cloning a gene
of interest into a plasmid from genomic DNA (gDNA) by PCR,
followed by amplification in Escherichia coli and reintroduction
into Chlamydomonas cells. PCR-based cloning from gDNA
presents its own challenges and limitations that are particularly
problematic when working with Chlamydomonas nuclear
genes, which generally have a high guanine-cytosine (GC) con-
tent (68% in coding regions), contain one or more introns, and
can include complex repeating regions (Merchant et al., 2007).
On the other hand, cloning from complementary DNA can re-
sult in low or no expression of target genes, most likely due to
a lack of introns and regulatory elements (Lumbreras et al.,
1998; Schroda, 2019). Some of the challenges associated with
PCR-based cloning can be circumvented via whole or partial
gene synthesis followed by re-assembly using cloning strategies
such as Golden Gate. Although the falling costs of gene synthe-
sis make this a viable option for some genes, for many others
the need to include introns, high GC content and high gene
complexity, typical of the Chlamydomonas nuclear genome,
results in synthesis failure or is prohibitively expensive. For ex-
ample, the cloning of SAGA1 (encoding StArch Granules
Abnormal 1), a 16.7-kbp gene target, required over 12 months
of work, included multiple gene synthesis failures, and ulti-
mately had to be assembled from three synthesized fragments
with 14 introns removed due to repetitive regions (Itakura
et al., 2019).

Improved Chlamydomonas target gene and foreign gene
(collectively transgene) expression (e.g. GFP) have been achieved
through strain optimization (Neupert et al., 2009), the develop-
ment of systems with linked transgene and antibiotic resistance
gene expression (Rasala et al., 2012; Onishi and Pringle, 2016),
and an advanced understanding of transgene silencing
(reviewed in Schroda, 2019). Furthermore, the release of the
Chlamydomonas Golden Gate-based Modular Cloning kit has
provided a cloning framework and a selection of genetic ele-
ments to enable laboratories to rapidly assemble and test
transgene constructs (Crozet et al., 2018). Independent of
background strain and expression system, it is now clear that
inserting or maintaining introns, correct codon usage, and
promoter sequence are all critical for robust transgene ex-
pression (Barahimipour et al., 2015; López-Paz et al., 2017;
Baier et al., 2018; Weiner et al., 2018; Schroda, 2019). These

considerations have made the cloning of Chlamydomonas
target genes directly from gDNA the community standard for
mutant complementation and fluorescent protein tagging.
However, there are considerable technical hurdles to over-
come when working with the expression of large
Chlamydomonas genes, predominantly caused by inefficient
amplification of gDNA due to gene size, GC content, and the
complexity of target genes (Sahdev et al., 2007). Although
modern polymerases have been engineered to overcome se-
quence challenges (Hommelsheim et al., 2014), they may still
suffer from replication slippage events, which are exacerbated
by the presence of repetitive regions (Levinson and Gutman,
1987; Clarke et al., 2001). In addition to considerations of size
and complexity, cloning native genes based on current ge-
nome annotations can be complicated by the abundance of
upstream transcription start sites corresponding to possible
alternative open reading frames (ORFs; Cross, 2015) and,
hence, potentially resulting in incorrect target gene cloning.

The results of a recent high-throughput localization study il-
lustrate the challenges of PCR-based cloning of
Chlamydomonas nuclear genes (Mackinder et al., 2017). In
Mackinder et al. (2017), genes were PCR amplified from start
site to stop site using gDNA as the template. Amplicons were
then cloned in-frame via Gibson assembly with a fluorescent
protein and a constitutive promoter and terminator, resulting
in the successful cloning of 298 genes out of an attempted 624
(48% success rate), with most failures at the PCR amplification
step. This relatively low success rate prompted us to develop a
cloning platform based on recombination-mediated genetic en-
gineering (recombineering) to allow Chlamydomonas genes to
be cloned independently of size or sequence. Recombineering
allows gene cloning to be performed by homologous recombi-
nation in E. coli without the need for PCR amplification of the
template, making this technique predominantly indepen-
dent of the size of the target region. Large-scale recombin-
eering pipelines have been developed for bacterial artificial
chromosome (BAC) and fosmid libraries from a broad range
of organisms including the round worm Caenorhabditis ele-
gans (Sarov et al., 2006), fruit fly (Drosophila melanogaster;
Sarov et al., 2016), human and mice (Poser et al., 2008), and
Arabidopsis thaliana (Brumos et al., 2020). Our pipeline
involves making BAC-containing E. coli homologous recom-
bination competent by introducing the recombinogenic viral
proteins Red a, b, and c from the bacteriophage lambda vi-
rus (Yu et al., 2000; Copeland et al., 2001) and then retriev-
ing the target sequence by introducing 50-bp homology
regions flanking a linearized plasmid.

We decided to apply our recombineering pipeline to an
extended list of putative CO2 concentrating mechanism
(CCM) genes. The CCM enhances photosynthesis by increas-
ing the concentration of CO2 around Rubisco. To achieve
this, Chlamydomonas actively accumulates inorganic carbon
in the chloroplast and delivers it as CO2 to tightly packed
Rubisco within the pyrenoid (Wang et al., 2015). The pyre-
noid is essential for CCM function in Chlamydomonas
(Meyer et al., 2012; Mackinder et al., 2016). Due to the
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photosynthetic turbocharging properties of pyrenoid-based
CCMs, there is growing interest in engineering them into
crop plants to boost yields (Mackinder, 2017; Rae et al.,
2017). Recent studies have identified a large number of po-
tential pyrenoid and CCM components (Mackinder et al.,
2017; Zhan et al., 2018) that require functional characteriza-
tion to understand their utility for future synthetic CCM en-
gineering efforts. However, many of the genes encoding
these components are challenging to clone due to size and
sequence complexity, making localization and mutant com-
plementation studies difficult.

Here, by applying our pipeline, we successfully cloned 157
CCM-related genes with their native promoters. Successful
cloning using our system appears to be independent of target
gene size, and many target genes have multiple complex fea-
tures that would typically result in PCR failure. The average
cloned region was 7.3 kbp, and target regions up to 22.7 kbp
in size were successfully cloned. The inclusion of the native pro-
moters ensures that any upstream ORFs (uORFs) have been in-
corporated. The localization of a subset of the proteins
encoded by these genes allowed us to identify their diverse cel-
lular locations, confirming previous interaction data (Mackinder
et al., 2017) and pyrenoid proteomic data (Mackinder et al.,
2016; Zhan et al., 2018). We developed a series of recombineer-
ing vectors with a range of different fluorophores, epitope tags,
and selection markers that can be used for protein localization,
protein interaction, mutant complementation, and relative pro-
tein abundance studies. Our method takes 4 days to imple-
ment, is accessible for any laboratory equipped for molecular
biology, and requires no specialized reagents or equipment.
The BAC library used in this work and all developed vectors
are available from the Chlamydomonas Resource Center.
Finally, we provide a detailed protocol, allowing this method to
be rapidly adopted by research laboratories to clone nuclear
Chlamydomonas genes.

Results

Analysis of the Chlamydomonas genome highlights
the challenges affecting PCR-based cloning
Cloning Chlamydomonas genes for successful localization
and complementation studies often requires the amplifica-
tion of complete ORFs from gDNA, spanning from their
start site to their stop site including any introns (ATG-Stop).
To gain a better understanding of the challenges involved in
cloning Chlamydomonas genes, we performed a whole-
genome analysis of gene size, complexity, intron prevalence,
splice variants, and ATG-Stop primer suitability in
Chlamydomonas, including comparisons to available data-
sets and other organisms.

Gene size

A major limitation of PCR-based cloning is the size of the
target amplicon. Analysis of ATG-Stop cloning data from
Mackinder et al. (2017) for 624 genes using gDNA as a tem-
plate and Phusion Hot Start II DNA polymerase
(ThermoFisher Scientific, Waltham, MA, USA) revealed an

association between cloning success and gene size; the aver-
age cloned ATG-Stop region was !2.3 kbp long, while the
average uncloned region was !4.5 kbp (Mann–Whitney
U = 16,306, P5 0.001, two-tailed). Extrapolation of PCR effi-
ciency relative to target size from Mackinder et al. (2017) to
whole genes in the Chlamydomonas genome (version 5.5)
indicated that 68% of genes would be technically challenging
to clone via PCR-based methods (Figure 1A), predominantly
due to a severe drop off in amplification efficiency for genes
43-kbp long. The largest amplified target in Mackinder
et al. (2017) was 8 kbp, and genes at least as large as 9.7
kbp have been cloned before (Kobayashi et al., 2015), but
this appears to be highly gene-specific. Alternative
approaches exist to clone larger genes, such as testing a
broad range of PCR conditions and DNA polymerases, am-
plification in fragments and re-stitching together, cloning
from cDNA, and gene synthesis. While some of these
approaches avoid the challenges presented here, they can be
time consuming, costly, have low success rates, and may still
result in no or poor expression.

Gene complexity

High GC content and the presence of numerous repetitive
regions can make PCR-based cloning challenging. Analysis of
data from Mackinder et al. (2017) showed that the average
GC content for successfully cloned targets by ATG-Stop PCR
cloning was 61.4%, while the average GC content for unsuc-
cessful targets was 64.3%—a value exceeded by over 41% of
Chlamydomonas nuclear genes. To analyze the genome for
repetitive regions, we determined the frequency of simple
tandem repeats, inverted repeats, and larger, interspersed
repeats between the start of the 50-untranslated region
(UTR) and the end of the 30-UTR of each gene. Tandem
repeats were assessed by counting individual regions that
consist of consecutive mono-, di-, or trinucleotide repeats.
Mononucleotide repeats shorter than 10 bp and regions of
di- and trinucleotide repeats shorter than 20 bp were ex-
cluded. Some slight imperfections in the repeating pattern
of a region were allowed, with regions that showed 590%
identity (such as GGGGGTGGGG) included. Of the 17,741
coding genes in the nuclear genome, 8,810 contain one or
more mono-, di-, or trinucleotide repeats (Figure 1B). In
terms of prevalence per kilobase, the average
Chlamydomonas gene contains 0.21 tandem repeats,
whereas Arabidopsis contains 0.16 and the yeast
Saccharomyces cerevisiae contains 0.10. Interestingly, if poly-
nucleotide repeats with higher period numbers are counted
as well (from tetranucleotide repeats to tandem repeating
units of hundreds of base pairs), these values increase 5-fold
for Chlamydomonas (1.07 per kbp), 2.5-fold for Arabidopsis
(0.39 per kbp), and 3-fold for yeast (0.3 per kbp), highlight-
ing the repetitive nature of the Chlamydomonas genome.
We assessed inverted repeats by counting regions over 10-
bp long that are followed closely downstream by their re-
verse complement, with some mismatches allowed so that
regions with 590% identity were included. 14,454 genes
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Figure 1 Chlamydomonas nuclear genes are often large, complex, or misannotated, affecting PCR-based cloning attempts and transgene expres-
sion success. A, The distribution of gene sizes for the 17,741 genes in the Chlamydomonas nuclear genome (dark blue). Gene sizes are measured
from the start of the 50-UTR to the end of the 30-UTR. Within each size category, the predicted proportion amenable to PCR-based cloning is
shown in light blue. These proportions were extrapolated from cloning success for 624 CCM-related genes from Mackinder et al. (2017) in which
PCR-based cloning was used to amplify the ATG-Stop region of each gene, excluding any UTRs. The strong size-dependence of ATG-Stop cloning
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contain one or more inverted repeats of this kind
(Figure 1B), with an average of 0.93 repeats per kbp.

To further validate these findings, we analyzed nu-
clear gene sequences for repeats using WindowMasker,
a program for detecting global repeats that include
larger non-adjacent sequences as well as a diverse
range of tandem repeats and inverted repeats
(Morgulis et al., 2006). With this expanded detection
range, Chlamydomonas genes contain an average of
38.9 repeats (6.8 per kbp), whereas Arabidopsis con-
tains 13.7 (5.5 per kbp) and yeast contains 6.0 (4.2 per
kbp). On average, Chlamydomonas genes are more re-
petitive between their start and stop codons than in
their untranslated regions (Figure 1B), although at least
one repeat was detected by WindowMasker in 36.6% of
50-UTRs and 87.6% of 30-UTRs. Crucially, analysis of se-
quence data from Mackinder et al. (2017) for 624
Chlamydomonas genes revealed an association be-
tween ATG-Stop PCR cloning success and repeat fre-
quency: the average cloned ATG-Stop region contained
6.1 repeats per kbp, whereas the average uncloned re-
gion contained 7.5 repeats per kbp (Mann–Whitney
U = 24,110, P 5 0.001, two-tailed).

Mis-annotation of start sites

Another challenge associated with PCR-based and gene
synthesis-based cloning is the presence of incorrectly anno-
tated gene models, which leads to the cloning of a non-bio-
logically relevant sequence. An analysis of transcript models
in the Chlamydomonas genome showed that additional
ATGs upstream of the annotated start site are highly preva-
lent (Cross, 2015; Figure 1C top 4 bars). Cross (2015) catego-
rized these potential uORFs into three classes: Class 1
uORFs, which initiate in-frame with the annotated start site,
potentially producing an N-terminal extension relative to
the annotated gene model; Class 2 uORFs, which initiate
out-of-frame with the annotated start site and terminate
within the coding sequence; and Class 3 uORFs, which initi-
ate and terminate within the 50-UTR. Data from Cross
(2015) on the presence of translation initiation sites (Kozak
sequences) preceding class 1 uORFs suggest that approxi-
mately half are the correct translation initiation site in vivo.
In a PCR-based approach where a constitutive promoter is
used, cloning from the wrong ATG may result in an out-of-
frame or truncated product, potentially removing essential
signal sequences for correct targeting. Fifty-seven of the 298
successfully cloned genes from Mackinder et al. (2017)

efficiency seen in 2017 indicates that 68% of the genome would be challenging to clone. 95% confidence intervals for the predicted clonable pro-
portions of each size category were calculated using the Wilson score interval method. No genes over 8,000 bp are predicted to be clonable by
PCR although only a handful of regions of these sizes were tested in 2017 giving rise to the large confidence intervals for these categories. B,
Genome-wide sequence complexity, as indicated by the presence of one or more repetitive sequences and frequency of repeats per kbp in each
gene (pale blue). Values are also given for repeats localized to the 50-UTR (light indigo), ATG-Stop (indigo), and 30-UTR (dark indigo) within each
gene. Note that while all 17,741 genes contain a start-to-stop region, not all genes contain a 50-UTR and/or 30-UTR, so the percentages presented
for these are relative to totals of 17,721 and 17,717, respectively. Simple repeats are shown in the left three categories. Mono/di/tri refers to tan-
dem repeats with a period length of one, two or three; tetra + refers to all oligonucleotide tandem repeats with a period length of 4 or more and
a total length 520 bp. Combining whole-gene counts for mono-, di-, tri-, and tetra + produces an average value of 1.07 tandem repeats per kbp.
Inverted repeats refer to short (20–210 bp) sequences that have the potential to form secondary structures by self-complementary base pairing.
About 836 genes were free from detectable tandem and inverted repeats under our criteria, most of which are small, with an average length of
1,766 bp. Global repeats refer to repetitive sequences masked by the National Centre for Biotechnology Information (NCBI) WindowMasker pro-
gram (Morgulis et al., 2006), which includes both longer, non-adjacent sequences and shorter, simple repeats (see Methods section). All genes con-
tained detectable repetitive regions using the default WindowMasker settings, with an average of 40.07 per gene. UTR data are based on gene
models from Phytozome (version 5.5). C, Gene features that complicate correct transgene expression. Top four bars illustrate potential misannota-
tion of functional start sites in the genome shown by the percentage of genes containing one or more uORFs of each class (see text). Note that
some genes contain multiple classes of uORF. Shown below this is the percentage of Chlamydomonas genes with multiple transcript models
(splice variants), and those containing introns in the UTRs and TRs (between start and stop codons). uORF data are from Cross (2015). Splice vari-
ant and intron data are based on gene models from Phytozome (version 5.5). D, Analysis of a set of ATG-Stop PCR primers designed to clone every
gene in the genome from start to stop codon using gDNA as the template (Mackinder et al., 2017). Many primers are predicted to be unsuitable
for efficient PCR, as shown by the percentage of forward (dark blue) and reverse (light blue) primers that breach various recommended thresholds
associated with good primer design. Pairs (pale blue) are shown for which one or both primers breach the respective thresholds. Thresholds shown
pertain to length, secondary structure stability, tandem repeats, and 30-GC content. The inset shows the distribution of GC content of primers in
the dataset, illustrating a clear trend in higher GC content at the 30-end of coding sequences. Below this, the given reason for rejection of primers
by the Primer3 check_primers module is shown in orange. Dimer and hairpin values refer to primers rejected for “high end complementarity” and
“high any complementarity” errors, respectively. E, Annotated gene structure of Cre08.g379800. The gene encodes a predicted protein of unknown
function but shows examples of several sequence features that contribute to sequence complexity. The unspliced sequence is 16,892 bases long
with a GC content of 64.3%. The 41 exons are shown as regions of increased thickness, with 40 introns between them, the annotated 50-UTR in
green (left) and the 30-UTR in red (right). Labels denote selected examples of simple repeats throughout the gene. The inset shows the 50-UTR se-
quence, displaying examples of two classes of uORFs (see text); Class 3 is highlighted in magenta and Class 1 in green. For simplicity, only one of
the seven class 3 uORFs are shown in full. Cre08.g379800 was successfully cloned and tagged using recombineering. F, A comparison of gene size
and complexity between Chlamydomonas, bread wheat (Triticum aestivum), A. thaliana and Saccharomyces cerevisiae. Gene sizes were binned as
in (A), and the average number of global repeats kbp masked by the NCBI WindowMasker program was counted for genes in each size category
(Morgulis et al., 2006). Genes were measured from the start of the 50-UTR to the end of the 30-UTR.

Figure 1 (continued)
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contained a Class 1 in-frame ATG upstream of the cloned
region; therefore, !10% of cloned regions may have
encoded truncated protein products.

Introns, UTRs, and splice variants

Chlamydomonas genes have a relatively high frequency of
introns, providing a further challenge for PCR-based cloning.
The average gene contains 7.3 introns with an average in-
tron length of 373 bp compared to an average exon length
of 190 bp. Ninety-four percent of genes contain introns be-
tween their start and stop codons, 13% of genes contain
one or more introns in their 50-UTRs, and 3.4% have introns
in their 30-UTRs. ATG-Stop cloning would omit introns in
UTRs, potentially missing critical regulatory information.
Furthermore, !9% of genes are annotated with two or
more transcript models that result from alternative splicing
(Figure 1C). This variation would be missed by cloning from
cDNA or by gene synthesis that excludes native introns.

Unsuitable primers

When performing ATG-Stop PCR cloning of either gDNA or
cDNA, the flexibility of primer design is limited. Sequence
analysis of a set of genome-wide primer pairs for ATG-Stop
cloning (Mackinder et al., 2017) indicates that primers are fre-
quently of poor quality and unsuitable for efficient PCR. The
average primer in the dataset had a predicted melting tem-
perature (Tm) of 69.2"C and an average GC content of 64.2%.
The primer Tm and GC contents of Chlamydomonas genes
are expected to be high compared to other organisms with
less GC-rich genomes; however, many primers also breached
the recommended thresholds pertaining to length, secondary
structure formation, repetitive sequences, and 30-GC content.
Primers are shown in Figure 1D (blue bars) as having
breached these four thresholds if (1) they were longer than
30 bp; (2) the free energy (DG) required to disrupt secondary
structure formation (self-dimers, cross-dimers, or hairpins)
was less than –9 kcal mol–1 at PCR-relevant annealing tem-
peratures (66–72"C); (3) they contained mono- or dinucleo-
tide repeats of 5 or more; or (4) their 30-ends contained five
or more consecutive G/C bases. A stricter set of thresholds is
utilized by the Primer3 check_primers module (Rozen and
Skaletsky, 2000), which resulted in the rejection of over 60%
of individual primers in the dataset, even when the program
was set to ignore predicted annealing temperatures
(Figure 1D, orange bar). Under these settings, only 13% of
pairs were free from detectable issues in both primers.
Interestingly, there is a mismatch in GC content between for-
ward and reverse primers, with reverse primers having a con-
siderably higher GC content (Figure 1D, inset).

Many individual genes contain a range of the above fea-
tures that result in challenges faced during PCR cloning or
gene synthesis. Figure 1E shows a gene from chromosome 8
that exhibits several examples and was a target for recombin-
eering. Cre08.g379800 is 416-kbp long with 40 introns and
contains mono-, di-, tri-, and pentanucleotide repeat regions
of 59 repeats. It also contains a potential misannotated

upstream ATG in the 50-UTR that could initiate a Class 1
uORF, as well as seven Class 3 uORFs (Cross, 2015). Structural
information for Cre08.g379800 was obtained from the version
5.5 gene model currently available on Phytozome.

To investigate whether the challenges faced in
Chlamydomonas were similar in other organisms, we ana-
lyzed gene size and gene complexity relative to gene size for
the model eukaryote S. cerevisiae, the model plant
Arabidopsis, and the !17 Gb hexaploid genome of bread
wheat (Triticum aestivum). As shown in Figure 1F,
Chlamydomonas has a higher proportion of long genes and
fewer short genes than the three other genomes tested,
along with a considerably higher average gene size (5,322 bp
versus 1,430 bp for yeast, 2,187 bp for Arabidopsis, and
3,521 bp for chromosome-assigned genes in wheat). Unlike
wheat, Arabidopsis, and yeast, Chlamydomonas genes show
a trend of increasing complexity per kilobase for longer
genes (Figure 1F), which might be in line with the observa-
tion that average UTR length increases with increasing gene
length (Salomé and Merchant, 2019).

Development of our recombineering pipeline
To overcome the challenges associated with PCR-based
cloning, we developed a high-throughput recombineering
pipeline for large-scale parallel cloning of Chlamydomonas
nuclear genes from BACs with their native promoter regions
intact. During pipeline development, we decided to pursue
a simplified 1-step DNA retrieval recombineering approach
rather than a BAC editing approach (i.e. Poser et al., 2008;
Brumos et al., 2020) for several reasons: (1) using a gene re-
trieval method allows all cloning to be performed in the
BAC host E. coli, thereby avoiding the need for BAC purifica-
tion, which can be timely and low yielding; (2) assembled
constructs contain only the gene of interest, making them
considerably smaller than the original BAC. This allows a
medium copy origin of replication to be used, which
improves the ease of handling, and the smaller constructs
minimize DNA fragmentation during Chlamydomonas trans-
formation (Zhang et al., 2014); (3) BACs contain many
genes, and therefore, additional copies of genes adjacent to
the gene of interest could have an unwanted phenotypic
impact on transformed Chlamydomonas lines; (4) the back-
bone of the available BAC collection lacks a suitable
Chlamydomonas selection marker. Therefore, additional
BAC editing to insert a suitable selection marker (Aksoy and
Forest, 2019) or inefficient and poorly understood plasmid
co-transformation strategies would be required for selection;
and (5) a typical BAC engineering approach would require
two recombination steps, which would increase the time
needed for the pipeline, decrease pipeline efficiency, and add
further challenges due to the repetitive nature of the
Chlamydomonas genome.

The simplicity of our pipeline allows the entire process to
be completed in 4 days using only generic reagents. The fi-
nal recombineered construct is a vector containing the tar-
get region (typically including the native promoter, 50-UTR,
and ORF) recombined in-frame with a downstream
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fluorescent protein gene followed by the photosystem I sub-
unit II (PSAD) terminator (see Figure 2 for a pipeline sche-
matic and Supplemental Protocol 1 for details). Our pipeline
has four key steps: (1) E. coli harboring a BAC containing
the gene of interest is made recombination competent by
transformation with the pRed vector containing the lambda
viral exo, beta, and gam genes (Redabc) and recA (Sarov
et al., 2006; Figure 2A); (2) Redabc and recA are induced by
arabinose treatment, followed by transformation with a lin-
ear tagging cassette including 50-bp homology arms to the
target gene (Figure 2B); (3) kanamycin selection is per-
formed to identify successful recombination events, and
temperature-induced inhibition of the pRed pSC101 replica-
tion origin is performed to minimize further undesired re-
combination (Figure 2C); and (4) the plasmid is isolated and
verified via restriction digest and junction sequencing
(Figure 2D).

The original tagging cassette consists of the codon-
optimized yellow fluorescent protein (YFP) gene CrVenus, a
3xFLAG tag, the PSAD terminator, the paromomycin selec-
tion marker (AphVIII), the p15A medium-copy-number ori-
gin of replication, and the kanamycin resistance gene
(KanR). Amplification of the tagging cassette from pLM099
is performed using primers containing 50-bp homology
arms corresponding to regions flanking the target gene; the
forward primer is located at least 2,000-bp upstream of the
start codon to encompass the native 50-promoter and UTR
and the reverse primer is located at the 30-end of the coding
region (immediately upstream of the stop codon). The
annealing site of the reverse primer can easily be altered to
amplify a cassette from pLM099 to clone genes without a
fluorescent tag or with only the 3xFLAG tag (see
Supplemental Protocol 1). To minimize false positives due
to pLM099 carryover, pLM099 contains the control of cell
death B (ccdB) counter-selection gene (Bernard and
Couturier, 1992). In addition, the cassette includes an I-SceI
restriction site. I-SceI has an 18-bp recognition site not
found within the reference Chlamydomonas genome (strain
CC-503) and allows the cassette to be linearized prior to
transformation into Chlamydomonas.

We initially tested our pipeline on 12 targets. To ensure
that the BAC library (available from the Chlamydomonas
Resource Center; https://www.chlamycollection.org/) was
correctly mapped, we performed PCR to check for the pres-
ence of the 50- and 30-ends of our target genes
(Supplemental Figure 1A). We next implemented the pipe-
line using a small-scale batch protocol (Supplemental
Protocol 1A). For all targets except one, plasmids isolated
from most picked colonies gave a correct banding pattern
after restriction digest (Supplemental Figure 1B). Sequence
confirmation indicated that we successfully cloned 11 out of
our 12 targets, resulting in a 92% success rate (Supplemental
Figure 1C). To further expand the capabilities of our pipe-
line, we tested whether we could successfully recombineer a
large and complex gene from a fosmid (available from the
Chlamydomonas Resource Center). We targeted SAGA1

(from fosmid VTP41289), which had previously been highly
challenging to synthesize (see above; Itakura et al., 2019)
and was not available in the BAC library. Recombineered
plasmids purified from three colonies all showed the correct
restriction digestion pattern (Supplemental Figure 1D).
Sequencing confirmed that the 19,601-bp target region, in-
cluding 2,913-bp upstream of the predicted SAGA1 start co-
don, was successfully cloned. Confident that our
recombineering method was robust, we pursued the devel-
opment of a large-scale pipeline that would allow the paral-
lel tagging of genes with most steps achievable in 96-well
format.

Successful large-scale application of the recombin-
eering pipeline
To test the efficiency of the pipeline, we shortlisted 191
genes that could be mapped to clones from the
Chlamydomonas BAC library. To more easily identify BACs
within the library that contain a target gene, we designed a
Python script (BACSearcher; see Supplemental Protocol 2)
and outputted the five smallest BACs for all targets in the
genome (Supplemental Data Set 1), revealing that 86% of
nuclear genes are covered by at least one BAC (87% if BACs
are included that terminate within 30-UTRs). BACSearcher
can also be used for the automated design of primers con-
taining 500-bp homology regions to target genes in optimal
positions; the script reports suitable 50-homology regions
2,000- to 3,000-bp upstream of the annotated start codon
and takes into account local DNA complexity features, in-
cluding mono- and dinucleotide repeating runs and GC con-
tent. This feature can be easily modified to design 50-
homology regions further upstream of the target (see
Supplemental Protocol 2A). The length of 50 bp is short
enough to design into an oligonucleotide but long enough
to be unlikely to share homology with more than one site
within a BAC. Supplemental Data Set 1 includes sequences
for the top five optimal 50-homology regions for each target,
all more than 2,000-bp upstream of the start codon, along
with the corresponding 50 bp 30-homology region. In addi-
tion, four pairs of primer sequences are included that can
be used to check for the presence of each target in a BAC.

Our 191 targets were primarily chosen based on our 2017
association study for CCM components (Mackinder et al.,
2017), transcriptomics (Brueggeman et al., 2012; Fang et al.,
2012), and pyrenoid proteomics (Mackinder et al., 2016;
Zhan et al., 2018). Eighty-one genes previously targeted in
2017 were retried here by recombineering, this time with
more than 2,000-bp upstream sequences included. Forty-one
of these were previously unsuccessfully cloned by PCR and
40 were successfully cloned but were included here to com-
pare the effect of retaining the native promoter. These in-
cluded five targets that contain a Class 1 uORF (Cross, 2015)
and so may have previously produced misleading localiza-
tion data due to expression of a truncated protein. Selection
of the remaining 110 targets was guided by new pyrenoid
proteome (Zhan et al., 2018) and CCM interactome data
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Figure 2 High-throughput recombineering pipeline for generating Venus-tagged fusion proteins with the native promoter regions intact. A, On
Day 1, BAC clones containing target genes are made recombineering competent by transformation with the pRed plasmid, which encodes the vi-
ral recombinogenic Redabc genes and recA under the control of an arabinose inducible promoter. Transformation efficiency shown on the right-
hand side relates to BAC clones that yielded colonies after selection with tetracycline and chloramphenicol. Cat: the chloramphenicol resistance
gene in the backbone of every BAC clone in the BAC library. B, On or before Day 2, the recombineering cassette is amplified from pLM099 using
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double cutting restriction enzymes. MW, molecular weight marker. E, Overall efficiency split into number of colonies screened via restriction di-
gest. For 74% of target regions, the correct digest pattern was observed from plasmids isolated from the first, second or third colony picked per
target. For 3% of targets, analyzing 43 colonies yielded the correct product.
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(Mackinder et al., 2017). Escherichia coli strains containing
the correct BAC, as identified by BACSearcher, were recov-
ered from the BAC library and processed in parallel using
96-format culturing plates. To optimize the efficiency of our
high-throughput pipeline, we successively ran the pipeline
three times, removing successful targets once confirmed. A
detailed protocol for the optimized high-throughput pipeline
is provided in Supplemental Protocol 1B. In summary, 100%
of our 191 target BAC lines were made recombination com-
petent (Figure 2A) and out of the 191 target genes, one gene-
specific tagging cassette failed to amplify (Figure 2B), likely
due to the formation of secondary structure(s) within the 50-
bp homology regions of the primers. Of the 190 that ampli-
fied successfully, 187 yielded colonies after selection with
kanamycin (Figure 2C). Validation by enzymatic digestion
confirmed that 146 of these lines contained correct recom-
bineering plasmid products (Figure 2D). We extracted the
recombineering plasmid products from the 146 successful
lines and confirmed their junctions by Sanger sequencing.
Our high-throughput pipeline had an overall efficiency of
76%, an average recombineered region length of 7,259 bp,
and a maximum cloned length of 22,773 bp corresponding to
gene Cre10.g427850 (Supplemental Data Set 2). Twenty-six
target genes that were unsuccessfully cloned by PCR in 2017
were successfully cloned here by recombineering, and all five
previously successful targets containing Class 1 uORFs retried
here were successfully cloned.

During pipeline development, we found that optimizing bac-
terial growth prior to transformation with the recombineering
cassette was critical (see notes in Supplemental Protocol 1). In
addition, for 14 out of the 146 correctly recombineered lines in
our high-throughput pipeline, the use of an alternative BAC
from the library yielded success after an initial failure. For ap-
proximately half of the target genes, it was necessary to vali-
date multiple colonies by enzymatic digest to rule out false
positives; beginning with the 187 colony-producing lines from
our high-throughput pipeline, picking just a single colony gave
a 49% success rate, screening a second colony increased the
success rate to 66%, and screening a third colony gave a 76%
success rate. For a small proportion of targets, screening 43
colonies led to the identification of a correctly recombineered
construct (Figure 2E). Restriction digest analysis of plasmids
isolated from incorrectly assembled recombineering events
suggested that cloning could fail for a broad range of reasons,
including cassette recircularization, cassette duplication, cas-
sette insertion into the BAC, or retrieval of incorrect target
regions. Increasing homology arm length, using alternative ho-
mology arms, using alternative BACs, and using fosmids are po-
tential solutions to overcome incorrect recombineering for
specific targets. Supplemental Data Set 1 provides up to five
options for homology arms and up to five available BACs per
gene, and BACSearcher can be easily modified to increase ho-
mology arm length (see Supplemental Protocol 2A). Taken to-
gether with our 12 initial targets, we successfully cloned 157
out of 203 target regions from BACs using our recombineering
pipeline, achieving an efficiency of 77%.

Cloning success is size independent and tolerant of
sequence complexity
To investigate if our recombineering approach was gene size
and complexity independent, we compared our successful
targets against unsuccessful targets (Figure 3). Here we de-
fined a target region to mean the ATG-stop ORF for PCR-
based cloning and the ATG-stop ORF plus an upstream re-
gion of 42,000 bp designed to encompass the 50-UTR and
native promoter for recombineering. There was no signifi-
cant difference in the lengths of these regions between
cloned and uncloned targets for recombineering (Figure 3A;
Mann–Whitney U = 3,303, P = 0.38, two-tailed), indicating
that our method is target size independent. This contrasts
to the clear effect of target size on cloning success for our
previous PCR-based cloning data (Figure 3A; Mackinder
et al., 2017). We then compared our cloning success to the
number of simple and global repeats per kilobase in target
regions. Our method appears to be far more tolerant of re-
petitive sequences than PCR-based cloning in terms of both
the per-kilobase prevalence of simple and global repeats and
the number of repeats per target region (Figure 3B and C).
For our recombineering pipeline, there was no significant
difference in the average number of repeats per kilobase be-
tween cloned and uncloned regions (Mann–Whitney
U = 3,129, P = 0.17, two-tailed), whereas PCR-based cloning
success was significantly reduced for targets with over !4.8
repeats per kbp (Figure 3B). For the most repetitive targets
involved in our analysis (49 repeats per kbp), our recom-
bineering cloning efficiency remained above 60%, a rate over
three times higher than that of PCR-based cloning
(Figure 3B). Extrapolation of these data overlaid with the
genome-wide distribution of repeat frequencies indicates
that a large proportion of genes that are technically chal-
lenging for PCR-based cloning due to high repeat frequen-
cies could be cloned by recombineering (Figure 3B).

Localization of Venus-tagged proteins
To assess the validity of the pipeline for localization studies,
we transformed wild-type Chlamydomonas cells with a sub-
set of linearized recombineering plasmid products tagged at
the C-terminus with CrVenus (Figure 4A). Paromomycin-
resistant colonies were directly screened for YFP fluores-
cence on transformation plates, picked, grown in Tris–phos-
phate (TP) minimal medium at air-levels of CO2 (!0.04%),
imaged by fluorescence microscopy to examine the localiza-
tion pattern (Figure 4B; Supplemental Figure 2), and immu-
noblotted against the C-terminal 3xFLAG epitope to
confirm fusion protein size (Supplemental Figure 2A). We
selected the genes for transformation based on previous af-
finity purification mass spectrometry data (Mackinder et al.,
2017) and pyrenoid proteomics data (Mackinder et al., 2016;
Zhan et al., 2018). The localization data support the proteo-
mics data as we detected Photosystem I subunit F (PSAF),
ISA1 (Isoamylase 1) and Chloroplast Stem-loop Binding
Protein of 41 kDa B (CSP41B) in the pyrenoid. PSAF is a
core transmembrane subunit of photosystem I. As expected,
PSAF showed strong colocalization with chlorophyll outside
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Figure 3 Our recombineering pipeline is target gene size independent and tolerant of sequence complexity. A, The size distribution of successfully
PCR-cloned coding sequences (Mackinder et al., 2017; red) or recombineered regions (this study; blue) are shown. Regions cloned by recombineer-
ing include !2 kbp of flanking DNA upstream of the annotated start codon to incorporate native 50-promoter sequences. A severe drop in PCR-
based cloning efficiency can be seen for templates 43-kbp long, whereas recombineering cloning efficiency does not show size dependency. No
recombineering target regions were less than 2,000-bp long due to inclusion of native 50-promoter sequences. B, As above but showing the depen-
dence of cloning success on the per-kilobase frequency of repeats masked by the NCBI WindowMasker program with default settings (Morgulis
et al., 2006). The number of target regions per repeat category is shown beneath this, overlaid with the percentage of Chlamydomonas genes in
each category. The distribution of targets for this study and our previous PCR-based cloning attempt (Mackinder et al., 2017) gives a reasonably
close representation of the whole-genome distribution. Almost a third of nuclear genes contain 7.2–8.4 repeats per kbp; this peak corresponds to
a clear drop in PCR-based cloning efficiency, but to a high recombineering efficiency of 75–85%. Data for repeats per kbp were continuous and
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of the pyrenoid; however, in addition, it clearly localized to
the thylakoid tubules traversing the pyrenoid. Interestingly,
in the pyrenoid tubules, the chlorophyll signal was minimal,
particularly at the “pyrenoid tubule knot,” where the tubules

converge (Engel et al., 2015). These data, along with the
finding that other PSI and PSII components localized to the
pyrenoid tubules (Mackinder et al., 2017), suggest that the
tubules contain both PSI and PSII but that chlorophyll-

Figure 4 Transformation and localization of a subset of recombineered targets. A, Chlamydomonas transformation pipeline. The I-SceI cut site
allows vector linearization prior to Chlamydomonas transformation via electroporation. Transformants are directly screened for fluorescence using
a Typhoon scanner (GE Healthcare, San Diego, CA, USA) and then picked and propagated prior to imaging. GOI: gene of interest. B, The localiza-
tions of a subset of the recombineered target genes. Localizations agree with data from an affinity-purification followed by mass spectrometry
study (Mackinder et al., 2017) or pyrenoid proteomics (Zhan et al., 2018 and/or Mackinder et al., 2016). Scale bars: 5 mm.

there are no values present in more than one category. C, As above but showing the number of simple and global repeats masked by
WindowMasker per template. Data are binned to provide a higher resolution for the lower value categories, since the targets for PCR-based clon-
ing were enriched in targets with low numbers of repeats. As in (A), a severe negative trend in PCR-based cloning efficiency can be seen, reflecting
a strong positive correlation between repeat number and region size. No negative association is present for recombineering cloning efficiency,
likely illustrating the benefit of avoiding size- and complexity-associated polymerase limitations. No recombineering target regions contained fewer
than six repeats.

Figure 3 (continued)
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containing light harvesting complexes found within the py-
renoid may be quenched or at low abundance. Tagged
TAB2, a protein linked to early PSI assembly (Dauvillée et al.,
2003) that was identified as an interactor with PSBP4 (a
photosystem II subunit P-like protein) found within and at
the periphery of the pyrenoid (Mackinder et al., 2017), was
also enriched at the pyrenoid. Interestingly, the location of
TAB2 was not just restricted to the pyrenoid periphery, but
it was also found within the pyrenoid, forming distinct small
foci (Figure 4B). This finding suggests that early PSI assembly
could be occurring within the pyrenoid as well as at the py-
renoid periphery (Uniacke and Zerges, 2009).

CSP41B localized to the pyrenoid matrix, and analysis of
the translated product of CSP41B showed that it belongs to
a family of NAD-dependent epimerase/dehydratases
(IPR001509) and contains a UDP-galactose 4-epimerase do-
main that may be involved in galactose metabolism. Its role
in pyrenoid function is unclear. Localization of ISA1 showed
that it was enriched in the pyrenoid, with an uneven distri-
bution. ISA1 is a starch-debranching enzyme that is essential
for starch synthesis, as ISA1 deletion lines lack both chloro-
plast and pyrenoid starch (Mouille et al., 1996). The pres-
ence of pyrenoid starch and its correct organization are
critical for correct CCM function (Itakura et al., 2019;
Toyokawa et al., 2020), as the absence of starch in an ISA1
knockout mutant (4-D1) led to incorrect localization of the
low-CO2-inducible (LCI) protein LCIB (see below), retarded
growth at very low CO2 levels (0.01% v/v), and reduced in-
organic carbon affinity (Toyokawa et al., 2020). Interestingly,
Toyokawa et al. (2020) failed to obtain localization data for
an ISA1-mCherry fusion driven by the HSP70A/RBCS2 hybrid
promoter.

Cre14.g613950 encodes a protein belonging to the ABC
transporter family that was identified as an interactor of
HLA3 (high light-activated gene 3; Mackinder et al., 2017), a
putative HCO#3 transporter located in the plasma mem-
brane (Duanmu et al., 2009; Gao et al., 2015). Like HLA3,
Cre14.g613950 shows a typical plasma membrane localiza-
tion pattern, with YFP signal at the cell periphery and signal
typical of the Golgi network. However, immunoblotting
against the C-terminal 3xFLAG tag of Cre14.g613950 in two
independent transformants showed a smaller molecular
weight band than predicted (Supplemental Figure 2). This
potentially indicates that the gene model for Cre14.g613950
is incorrect or that the protein undergoes post-translational
cleavage, as seen for other CCM-related proteins that transit
via the secretory pathway (Fukuzawa et al., 1990; Tachiki
et al., 1992).

Development of backbones with additional tags and
markers
To further expand the functional application of our recom-
bineering pipeline, we designed additional backbone vectors
that enable protein tagging with the fluorophores mScarlet-i
(Bindels et al., 2017), mNeonGreen (Shaner et al., 2013), and
mTurquoise2 (Goedhart et al., 2012) and that allow

selection with hygromycin or zeocin (Figure 5, A and B).
These vectors can be used to complement Chlamydomonas
Library Project (CLiP) mutants that have been generated us-
ing the AphVIII marker conferring paromomycin resistance
(Li et al., 2016, 2019) and to express two or three differently
tagged proteins within the same cell. For comparison, we
tested these vectors on LCI9 (Cre09.g394473), which encodes
the low-CO2 inducible protein LCI9 that, via PCR-based
cloning, we previously showed localizes to the pyrenoid pe-
riphery (Mackinder et al., 2017). Recombineered LCI9 was
7,160-bp long, including the native promoter region. All flu-
orophores displayed the same pyrenoid periphery localiza-
tion pattern (Figure 5C), which agrees with the localization
information obtained when LCI9 expression was driven by
the PSAD promoter (Figure 5C bottom image; the PSAD
promoter is here defined as the sequence spanning from 3
to 763-bp upstream of the PSAD start codon
[Cre05.g238332], encompassing both the 50-UTR and pro-
moter region). These results further support the use of ap-
proximately 2,000-bp upstream regions as promoters for
fusion protein expression.

To further confirm that the localizations of proteins
driven by their native promoters do not differ from those
driven by the constitutive PSAD promoter, we compared
the localizations of native-LCIB-Venus and PSAD-LCIB-Venus.
LCIB is an essential CCM component that shows dynamic
relocalization to the pyrenoid periphery at CO2 levels
50.04% (Yamano et al., 2010). LCIB expressed from its en-
dogenous promoter localized to the pyrenoid periphery un-
der ambient CO2 levels (~0.04% v/v), in full agreement with
the localization data when LCIB expression was driven by
the constitutive PSAD promoter (Figure 5D).

Finally, we tested whether our recombineering pipeline
could be used to successfully complement a CLiP mutant.
We transformed native-LCIB-Venus (cloned into pLM161,
containing the APHVII gene conferring hygromycin resis-
tance) into a CLiP lcib mutant (LMJ.RY0402.215132) and ex-
amined the phenotypes of four transformants showing
Venus fluorescence. All four transformants showed a typical
pyrenoid peripheral localization pattern when grown at very
low CO2 levels, and all rescued the lcib mutant phenotype
to varying degrees, with lcib:LCIB-Venus-1 showing complete
rescue (Supplemental Figure 3).

Maintaining the native promoter enables relative
protein abundances to be monitored
As our pipeline retains the native promoter of the target
gene, we hypothesized that fluorescence output would be
representative of relative changes in protein abundance in
response to environmental conditions. To test this, we grew
lines with LCIB driven by either the constitutive PSAD pro-
moter (PSAD-LCIB-Venus) or its native promoter (Native-
LCIB-Venus). LCIB-Venus signal stayed relatively constant be-
tween high (3% v/v) and low (0.04% v/v) CO2 conditions
when LCIB was expressed from the PSAD promoter (PSAD-
LCIB-Venus), but showed an approximately eight-fold
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Figure 5 Development and application of different recombineering vectors to obtain novel biological insights into Chlamydomonas biology. A,
Plasmid map for pLM099 and derivative recombineering vectors. PCR amplification with 50- and 30-cloning primers at the annealing sites shown
results in a !4.6-kbp linear cassette for recombineering target genes in-frame with a fluorescent protein and affinity tag. For each recombineering
vector, the fluorescent protein sequence is preceded by a flexible linker (GGLGGSGGR) and followed by a tri-glycine linker prior to the affinity
tag. The PSAD 30-UTR terminates all four fluorescent protein-affinity tag cassettes. The RBCS2 30-UTR terminates all three Chlamydomonas
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increase between these conditions when the native pro-
moter was used, with this change consistent across three in-
dependently transformed lines (Figure 5E). This finding
agrees with previous immunoblotting data, in which a com-
parable fold increase was seen in LCIB abundance when cells
were transferred from high CO2 to low CO2 conditions
(Yamano et al., 2010). This indicates that our recombineer-
ing lines can be used to monitor relative protein abundance
across different growth conditions.

DISCUSSION
We have established a rapid recombineering-based method
to clone large and complex Chlamydomonas genes from
BACs. Our approach circumvents the challenges associated
with cloning large, GC-rich, and complex genes that are
prevalent in Chlamydomonas. We demonstrated that the
method could be applied for small batch cloning as well as
96-well high-throughput cloning. Our overall cloning success
rate (combined batch and high-throughput results) was
77%, a value considerably higher than that of our previous
PCR-based high-throughput cloning pipeline (48%), which
was inflated due to an enrichment of small target genes.
Our overall success rate is slightly lower compared to
recombineering pipelines in other organisms, with success
rates of 89% achieved in C. elegans (Sarov et al., 2012) and
!93% in Arabidopsis (Brumos et al., 2020). This reduced
overall efficiency is likely due to the complexity of the
Chlamydomonas genome (Figure 1), as DNA secondary
structure was previously linked to recombineering failure
(Nelms and Labosky, 2011). We expect a higher success rate
when the pipeline is applied to a smaller number of sam-
ples, since it is easier to optimize bacterial growth prior to
electrotransformation on a per-sample basis if there are
fewer samples to manage. This may be evidenced by our
successful cloning of 11 out of 12 targets in an initial batch-
scale pipeline attempt (Supplemental Figure 1), although
the sample size is insufficient to generalize with confidence.

To enable expression of multiple fluorophores simulta-
neously and for the complementation of CLiP mutants, we
designed a series of vectors with modern fluorophores and
varying selection markers and demonstrated their perfor-
mance in Chlamydomonas (Figure 5). The presence of either
3xFLAG or 3xHA tag allows these vectors to be used for af-
finity purification to explore interacting partners of tagged
proteins. Different fluorophore pairs (i.e. mNeonGreen and

mScarlet-i) could also be used for FRET-based studies to ex-
plore protein–protein interactions. In addition, all vectors
can be used to clone genes without fluorescence tags or
with only short affinity tags (3xFLAG and 3xHA).

Due to the size independence of our method, we could
maintain the native promoters of target genes. For two
genes, LCI9 and LCIB, there were no noticeable differences in
protein localization between native promoter-driven expres-
sion and PSAD promoter-driven expression. Interestingly, us-
ing a native promoter allows relative protein abundance to
be tracked between conditions (Figure 5E). Once validated,
acquiring relative abundance data is straightforward and can
be easily parallelized. This allows relative protein abundance
to be tracked in real-time across a broad range of condi-
tions. Future experiments could include tracking relative
protein abundance in 96-well libraries of tagged proteins in
response to a perturbation (i.e. high to low CO2 transition).
This would be highly supportive of available transcriptomic
and proteomic data sets and would provide novel insights
into cellular processes (Mettler et al., 2014; Zones et al.,
2015; Strenkert et al., 2019). Although our relative abun-
dance data for LCIB appear to closely reflect the immuno-
blotting data, it should be noted that using a native
promoter may not always fully reflect native changes. This
discrepancy could be due to insertional effects caused by in-
tegration into transcriptionally unfavorable regions of the
genome and the absence of cis-regulatory regions in the
recombineered construct or by transcriptional silencing
(Schroda, 2019). At the protein level, fluorescent protein
folding time could affect protein stability and turnover, and
the presence of the fused fluorescence protein could affect
function or multi-subunit assembly.

While our approach allows the native promoter, 50-UTR,
and ORF to be cloned, the native 30-UTR is not maintained.
This could be addressed through a two-step recombineering
pipeline where the tag is first inserted into the BAC at the
desired location and the markers are then removed via a
Flp-FRT recombinase system (Sarov et al., 2006; Brumos
et al., 2020). The edited target gene could then be retrieved
into a final Chlamydomonas expression vector. When estab-
lishing our pipeline, we decided not to pursue this strategy
to maximize the success rate by limiting the number of
steps, with a focus on developing a simple, easy to apply ap-
proach. In addition, while we have focused on C-terminal
tagging, as this allows N-terminal transit peptides required

selection cassettes. The same RBCS2 intron is present in all three Chlamydomonas selection cassettes but is only inter-exonic in the hygromycin
and zeocin-resistance cassettes. B Additional vectors for tagging with different fluorophores and for complementation of Chlamydomonas library
mutants generated using insertion of the AphVIII paromomycin resistant gene. C, Localization of LCI9 with different fluorescence protein tags.
LCI9 was recombineered with its native promoter (Nat.) using pLM099, pLM160, and pLM162. A previously developed line cloned by PCR and us-
ing the constitutively expressed PSAD promoter is shown for comparison (PSAD-LCI9-Venus). Scale bar: 5 mm. D, A comparison of the low CO2

upregulated gene LCIB cloned with its native promoter via recombineering versus LCIB under the control of the constitutive PSAD promoter. Cells
were grown and imaged at atmospheric CO2 levels. Scale bar: 5 mm. E, Relative change in LCIB-Venus fluorescence between high (3% v/v) and low
(0.04% v/v) CO2 when expressed from the constitutive PSAD promoter versus expression from the native LCIB promoter. Data are shown for three
independent native LCIB promoter lines (L1–L3). Error bars are standard error of the mean.

Figure 5 (continued)
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for organelle targeting to be conserved, our recombineering
pipeline could be applied for N-terminal tagging by modify-
ing our cloning vectors with a constitutive promoter and N-
terminal tag.

The simplicity of our framework and vector design could
be adopted for other organisms with relative ease provided
a BAC or fosmid library and efficient transformation proto-
cols are available. Multiple features of our recombineering
cassette could make adaptation to different organisms rela-
tively straightforward, such as the use of ccdB counter-
selection and the rare I-SceI recognition site used for lineari-
zation of the recombineering cassette prior to transforma-
tion. For organisms in which selection with paromomycin,
hygromycin, or zeocin is ineffective or the AphVII, AphVIII,
or BLE genes included in the pLM099-derived cassettes can-
not be utilized, alternative selection genes can be quickly in-
corporated by restriction-ligation using flanks containing
KpnI and I-SceI recognition sites at the 50- and 30-ends,
respectively.

One limitation we encountered was that only 86% of nu-
clear genes are covered by the BAC library. However, this
value only takes into account !73% of BACs, with the
remaining BACs potentially incorrectly mapped to the cur-
rent version of the Chlamydomonas genome (see
Supplemental Protocol 2B). Our analysis suggests that the
true percentage of genes covered could be higher than 86%,
but confirming this may require a careful re-mapping of the
BAC library. A promising solution is cloning from fosmids.
We demonstrated that our pipeline can be successfully used
for cloning from fosmids, and a Chlamydomonas fosmid li-
brary is now available (released July 2020; Chlamydomonas
Resource Center). The use of fosmids, with smaller DNA
fragments compared to BACs, could help improve the effi-
ciency of our pipeline by reducing off-target recombination
between the PCR-amplified cassette and the BAC or by re-
ducing recombination between two repetitive regions of the
BAC. In addition, the fosmid library is expected to have
close to 100% genome coverage.

Our recombineering approach allowed us to efficiently
clone large and complex genes, which could not be achieved
via PCR-based cloning. This method opens the door to a
better understanding of the functional roles of a large frac-
tion of the Chlamydomonas genome through protein locali-
zation, protein–protein interaction studies, real-time
monitoring of relative protein abundance, and complemen-
tation of mutants (e.g. random insertion and CRISPR/Cas-
generated mutants). In addition, it provides a highly comple-
mentary method to the recently released CLiP mutant
collection.

Materials and methods

Plasmid and cassette construction
Fragments for pLM099 were amplified by PCR (Phusion
Hotstart II polymerase, ThermoFisher Scientific, Waltham,
MA, USA) from the following plasmids: Venus-3xFLAG,
PSAD terminator and AphVIII from pLM005 (Mackinder

et al., 2017); the p15A origin of replication from pNPC2; the
KanR resistance gene from pLM007; the counter-selection
ccdB gene from Gateway pDONR221 Vector (ThermoFisher
Scientific). The resulting amplicons were gel purified
(MinElute Gel Extraction Kit, Qiagen, Valencia, CA, USA)
and assembled by Gibson assembly (see Figure 5A for de-
tailed map). pLM160 was constructed from pLM099 to re-
place CrVenus with mNeonGreen (Shaner et al., 2013), and
pLM161 was constructed from pLM099 to replace the paro-
momycin resistance gene (AphVIII) with the hygromycin re-
sistance gene (AphVII). pLM162 was constructed from
pLM161 with the synthetic fluorophore mScarlet-i (Bindels
et al., 2017) replacing CrVenus. pLM459 was constructed
from pLM161 to replace CrVenus with mTurquoise2
(Goedhart et al., 2012), the 3xFLAG with the 3xHA haemag-
glutinin tag, and AphVII with the zeocin resistance gene (Sh
ble). Gene-specific cloning primers were designed to amplify
a !4.6 kbp cassette from the recombineering vectors
pLM099, 160, 161, 162, and 459 (Figure 5), excluding ccdB,
and providing 50 bp of sequence homology to the target
gene an average of !2,500-bp upstream of the 50-UTR and
directly upstream of the stop codon. This enables the re-
trieval of each target gene into the cassette in frame with a
fluorescent tag and with the native promoter region intact.
All oligonucleotide and plasmid sequences can be found in
Supplemental Data Sets 3 and 4.

Culturing
Escherichia coli cells were cultured in lysogeny broth (LB) or
yeast extract nutrient broth (YENB) at 37"C unless they
contained the temperature-sensitive pSC101-BAD-gbaA-tet
(pRed), in which case 30"C was used. All DNA for transfor-
mation was introduced by electroporation and transform-
ants were recovered in super optimal broth with catabolite
repression (SOC). DH10B cells containing fragments of the
Chlamydomonas genome in the form of BACs were
obtained from the Clemson University Genomics Institute
(now distributed by the Chlamydomonas Resource Center,
University of Minnesota, Minnesota, MN, USA). DB3.1 cells
expressing the ccdB antidote gene ccdA were obtained from
ThermoFisher Scientific and used for maintenance of the
recombineering vectors.

Chlamydomonas wild-type cells (strain CC-4533) were cul-
tured in Tris–acetate–phosphate (TAP) medium with re-
vised Hutner’s trace elements (Kropat et al., 2011) and
illuminated by white fluorescent light. Assembled recombin-
eering vectors were prepared for transformation into
Chlamydomonas by restriction digest with I-SceI endonucle-
ase (NEB). Transformation and selection of fluorescence lines
were performed in accordance with Mackinder et al. (2017)
using a Typhoon Trio fluorescence scanner (GE Healthcare,
Madison, WI, USA). Viable Chlamydomonas transformants
were screened for CrVenus and mNeonGreen fluorescence
emission at 555/20 nm, and for mScarlet-i at 615/12 nm.
Several strains emitting the strongest fluorescence for each
line were picked. The average number of fluorescent colo-
nies for recombineered Venus fusion proteins with their
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native promoter was !10%; however, this varied consider-
ably between constructs (PSAF (10/134) 7%, TAB2 (6/44)
13.6%, CSP41B (6/43) 13.9%, ISA1 (25/297) 8%,
Cre14.g613950 (2/22) 9%, LCI9 (6/25) 24%, and LCIB (6/19)
31.5%). Picked fluorescent strains were cultured in Tris–
phosphate (TP) minimal medium under ambient CO2

(!0.04%) conditions and imaged by fluorescent microscopy
to visualize protein localization. To ensure that the deter-
mined localizations were not due to in-frame integration of
a fluorophore-containing fragment of the cassette with an-
other gene, we confirmed localization in at least two inde-
pendent transformants and performed immunoblotting
against the 3xFLAG epitope to confirm the expected fusion
protein size.

For spot tests, cells were grown to !8 $ 106 cells mL–1

in TAP at !50 mmol photons m–2 s–1, washed with TP, and
serial diluted in TP prior to spotting 1,000, 100, and 10 cells
on TP 1.5% agar plates. Replica plates were incubated in
0.04% or 3% CO2 chambers for 24 h at 50 mmol photons
m–2s–1, then 24 h at 150 mmol photons m–2 s–1, followed
by 48 h at 300 mmol photons m–2 s–1 prior to imaging.

Protein extraction and immunoblotting
Lines expressing recombineered fusion proteins were cul-
tured in 50 mL TAP medium containing 5 mg mL-1 paromo-
mycin to a cell density of !2 $ 106 cells mL–1. Cells were
harvested by centrifugation at 5,000g for 10 min at room
temperature. The supernatant was discarded, and the pellet
was resuspended in 500 mL of protein extraction buffer (20
mM Tris–HCl pH 7.5, 5 mM MgCl2, 300 mM NaCl, 5 mM
Dithiothreitol [DTT], 0.1% Triton-X100, Roche protease in-
hibitor) and flash frozen in liquid nitrogen in 100 mL ali-
quots. Cells were thawed on ice and flash frozen again
before a final thaw on ice. Samples were then centrifuged at
17,000g for 15 min at 4"C to separate the soluble and
insoluble fractions. The soluble supernatant was transferred
to a new tube, mixed 1:1 with 2$ Laemmli buffer containing
b-mercaptoethanol, and heated at 80"C for 10 min prior to
sodium dodecyl sulfate–polyacrylamide gel electrophoresis
(SDS–PAGE).

About 15–30 mL of each sample was loaded onto a 10%
mini-protean TGX gel (Bio-Rad) and transferred to a polyvi-
nylidene difluoride membrane via semi-dry transfer (10V, 60
min). Fusion proteins were immuno-detected using the
monoclonal anti-flag M2 antibody (1:1,000; Sigma-Aldrich, St
Louis, MO, USA; catalog # F1804), followed by Alexa-Fluor
555 goat anti-mouse secondary antibody (1:10,000;
Invitrogen, Carlsbad, CA, USA; catalog # A-21422). The
membrane was imaged using a Typhoon 5 Scanner.

Microscopy
Sample preparation for microscopy was performed as per
(Mackinder et al., 2017). Images were acquired using a Zeiss
LSM880 confocal microscope on an Axio Observer Z1 invert,
equipped with a 63$ 1.40 NA oil planapochromat lens.
Images were analyzed using ZEN 2.1 software (Zeiss, San
Diego, CA, USA) and FIJI. Excitation and emission filter

settings were as follows: Venus and mNeonGreen, 514 nm
excitation, 525–550 nm emission; mScarlet-i, 561 nm excita-
tion, 580–600 nm emission; and chlorophyll, 561 nm excita-
tion, 665–705 nm emission.

Plate reader assay
To monitor changes in fluorescence in response to CO2,
three independent native-LCIB-Venus lines, a single PSAD-
LCIB-Venus line, and wild-type (WT) were grown in TP bub-
bled at low CO2 (0.04% v/v) or high CO2 (3% v/v) condi-
tions at 300 mmol photons m–2 s–1. Four samples per line
were aliquoted into a 96-well plate and chlorophyll (excita-
tion 625/34, emission 692/50) and Venus (excitation 504/10,
emission 540/12) fluorescence was immediately measured
using a BMG Labtech Clariostar Plate Reader. Venus fluores-
cence was normalized by chlorophyll, and WT background
was then subtracted. The average fluorescence value under
low CO2 conditions was divided by the average fluorescence
value under high CO2 conditions for each line. Error was cal-
culated by the propagation of variance across both low and
high CO2 values and is shown as the standard error of the
mean.

Recombineering procedure for one-step subcloning
and tagging
The following outlines the batch-scale recombineering pro-
tocol. Extended batch and multi-well plate-scale recombin-
eering protocols are provided in Supplemental Protocol 1.

For each target, a recombineering cassette was amplified
from plasmid pLM099 (Phusion Hotstart II polymerase,
ThermoFisher Scientific, Waltham, MA, USA) using primers
containing 50-bp homology arms, one homologous to a re-
gion upstream of the annotated start codon of the target
gene, and one homologous to the 30-end of the coding se-
quence (excluding the stop codon). The resulting PCR prod-
uct was gel purified (MinElute Gel Extraction Kit, Qiagen,
Valencia, CA, USA) and its concentration measured using a
NanoDrop spectrophotometer. Upstream region lengths
ranged from 1,000 to 4,000 bp from the start codon, with
an average of !2,500 bp. For two genes, Cre04.g220200 and
Cre16.g678661, the first 50 bp of the 50-UTR was used as the
upstream homology region due to BAC coverage limitations.

The pRed plasmid pSC101-BAD-gbaA-tet was extracted
from E. coli cells grown overnight at 30"C (Plasmid Mini Kit,
Qiagen, Valencia, CA, USA) and its concentration measured
by NanoDrop. Escherichia coli cells harboring a BAC contain-
ing the target gene were recovered from the
Chlamydomonas BAC library and used to inoculate 20 mL
of YENB medium containing 12.5 lg mL–1 chloramphenicol,
followed by overnight growth in a 50 mL conical flask at
37"C with vigorous shaking. After 16 h of growth, 120 lL of
the culture was used to inoculate 4 mL of fresh YENB con-
taining 12.5 lg mL-1 chloramphenicol. This was grown for
!2 h at 37"C until an optical density (OD600) of 2 was
reached. About 2 mL of the culture was then incubated on
ice for 2 min, followed by centrifugation at 5,000g for 10
min at 4"C. After removing the supernatant, the pellet was
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placed back on ice and washed by resuspension in 1 mL of
chilled 10% glycerol, followed immediately by centrifugation
at 5,000g for 10 min at 4"C. The resulting supernatant was
removed, and the pellet was placed back on ice and resus-
pended in 100 lL of 0.1 ng lL–1 pRed. This mixture was
transferred to a pre-chilled 2 mm gap electroporation cu-
vette and electroporated at 2,500 V, 400 X, and 25 lF using
a Gene Pulser II (Bio-Rad, San Diego, CA, USA). The electro-
porated cells were immediately recovered in 800 lL SOC
and incubated at 30"C for 90 min with vigorous shaking.
The whole outgrowth was added to 20 mL of YENB contain-
ing 12.5 lg mL-1 chloramphenicol and 5 lg mL-1 tetracycline
and grown overnight at 30"C with vigorous shaking.

After 16 h of growth, 600 lL of culture was used to inocu-
late 4 mL of fresh YENB containing 12.5 lg mL-1 chloram-
phenicol and 5 lg mL-1 tetracycline. This was grown for 3 h
at 30"C, or until reaching an OD600 42, at which point 80
lL of 10% L-arabinose was added to induce pRed expression
and growth was shifted to 37"C for 1 h with vigorous shak-
ing. About 2 mL of the induced culture was incubated on
ice for 2 min, then centrifuged at 5,000g for 10 min at 4"C,
the supernatant removed, and the pellet placed back on ice.
Cells were then washed in 10% glycerol, centrifuged at
5,000g for 10 min at 4"C, the supernatant removed, and the
pellet placed back on ice. The pellet was resuspended in 100
lL of 5 ng lL-1 PCR product and transferred to a pre-chilled
2-mm gap electroporation cuvette, followed by electropora-
tion as before. Electroporated cells were immediately added
to 800 lL of SOC and recovered at 37"C for 90 min with
vigorous shaking. About 450 lL of outgrowth was spread
onto 1.5% LB-agar containing 25 lg mL-1 kanamycin, air-
dried, and incubated overnight at 37"C. Selected colonies
were used to inoculate 4 mL of LB containing 25 lg mL-1

kanamycin and grown for 16–18 h at 37"C with shaking.
Recombineering products were extracted and validated by
restriction digest using the appropriate enzymes, followed
by Sanger sequencing using primers designed to amplify the
junctions between the pLM099-derived cassette and the tar-
get region.

Statistics
Confidence intervals for Figure 1A were calculated using the
Wilson score interval method based on the number of
attempted and successfully cloned ATG-Stop amplicons per
size category in Mackinder et al. (2017). Statistical differences
in the distribution of sizes and repeat frequencies between
successful and unsuccessful PCR and recombineering targets
(presented in Figure 3) were assessed using the Mann–
Whitney U test. A non-parametric test was chosen based on
results of the Kolmogorov–Smirnov test for normality for
recombineering targets. Test statistics are detailed in
Supplemental Table 1.

Genome analysis
Chlamydomonas, Arabidopsis, yeast, and wheat nuclear
genes were analyzed for gene size and sequence complexity.
Gene sizes are defined from the start of the 50-UTR to the

end of the 30-UTR. Note that in Figure 1A, the predicted
clonable proportion of genes in each size category is based
on cloning success for ATG-Stop regions, not full genes.
Sequence complexity is defined in relation to intron preva-
lence, GC content, and the prevalence of various repeat
regions. We designate regions containing a high frequency
of repeats as being more complex than regions with a low
frequency. This reflects the increased potential for cloning
complications presented by sequences with large numbers
of repetitive regions, though it differs from descriptions
given by Morgulis et al. (2006). Sequences were analyzed for
complexity using the freely available bioinformatics software
detailed below (see Supplemental Protocol 3 for settings),
and outputs were processed using custom python scripts
(see Supplemental Protocol 4 for usage information). GC
content was calculated using annotated bases only.

Sequence data sources: Unspliced Chlamydomonas nuclear
gene sequences used for the analyses were generated using
a custom python script (available in the associated GitHub
repository) to extract whole-gene, 50-UTR, ATG-Stop, and
30-UTR sequences from the genome based on their start
and end positions in the current gene models (Phytozome
version 5.5). Chlamydomonas gene models are based on pre-
dictions using Augustus (annotation version u11.6) and re-
fined using a range of RNA-seq datasets. Files containing the
whole genome nucleotide sequence (version 5.0) and the
annotation information for each of the 17,741 nuclear genes
(version 5.5) were downloaded from Phytozome 12 and are
provided as precursor files for running the BACSearcher
script (see Supplemental Protocol 2). Sequence data for A.
thaliana (TAIR10 assembly) and Triticum aestivum nuclear
genes (International Wheat Genome Consortium assembly)
were obtained from EnsemblPlants BioMart. Analysis was
limited to the 105,200 chromosome-assigned wheat genes.
Sequence data for Saccharomyces cerevisiae (S288C reference
genome, 2015 release) were obtained from the
Saccharomyces Genome Database. Gene sequences were
appended to include all annotated UTRs and introns, result-
ing in a dataset that is more closely comparable to the
unspliced gene data used for Chlamydomonas, Arabidopsis,
and wheat.

Analysis of repeats: Repetitive regions in the nucleotide
sequences analyzed in this work are categorized into simple
and global repeats. We use the term simple repeats to refer
to relatively short (tens to hundreds of bases) repetitive
regions in a nucleotide sequence that display regular or
semi-regular repeating patterns. We include consecutive re-
peating motifs of varying unit lengths, known as tandem
repeats, as well as inverted patterns in which a short region
is followed closely (or immediately, if palindromic) by its re-
verse complement sequence. Chlamydomonas genes were
analyzed for tandem repeats using Tandem Repeats Finder
(Benson, 1999). The default settings were modified to pro-
vide a cut-off for detection such that no repeats under 10
bp in length were reported (see Supplemental Protocol 3A).
All Tandem Repeats Finder outputs were processed using a

The Plant Cell, 2021 Vol. 33, No. 4 THE PLANT CELL 2021: 33: 1161–1181 | 1177

D
ow

nloaded from
 https://academ

ic.oup.com
/plcell/article/33/4/1161/6126392 by U

niversity of Sheffield user on 07 Septem
ber 2021

https://academic.oup.com/plcell/article-lookup/doi/10.1093/plcell/koab024#supplementary-data
https://academic.oup.com/plcell/article-lookup/doi/10.1093/plcell/koab024#supplementary-data
https://academic.oup.com/plcell/article-lookup/doi/10.1093/plcell/koab024#supplementary-data
https://academic.oup.com/plcell/article-lookup/doi/10.1093/plcell/koab024#supplementary-data
https://academic.oup.com/plcell/article-lookup/doi/10.1093/plcell/koab024#supplementary-data


custom python script and analyzed in spreadsheet format
to generate mean values for the number of genes with ei-
ther: (1) at least one mononucleotide repeat 510 bp in
length and with 590% identity; (2) at least one di- or trinu-
cleotide repeat 520 bp in length with 590% identity; (3)
at least one tandem repeat 520 bp in length, with a period
length of four or more (tetra + ), with 590% identity; and
(4) the mean number of repeats of these types per kilobase
of sequence.

Chlamydomonas genes were analyzed for inverted repeats
using the Palindrome Analyser webtool (Brázda et al., 2016),
available at http://palindromes.ibp.cz/#/en/palindrome. The
default settings were modified to report repeats with a max-
imum of 1 mismatch for every 10 bp of stem sequence, a
maximum spacer length of 10 bp, and a maximum total
length of 210 bp (see Supplemental Protocol 3B for set-
tings). All Palindrome Analyser outputs were downloaded
and analyzed in spreadsheet format to generate mean values
for the number of genes containing one or more inverted
repeats over 20 bp long with 590% identity and the mean
number of inverted repeats of this type per kilobase.

All nuclear genes from Chlamydomonas (Figure 1B),
Arabidopsis, yeast, and wheat (Figure 1F), and recombineer-
ing target regions (Figure 3B and C) were analyzed for global
repeats using the NCBI WindowMasker program (Morgulis
et al., 2006). We use the term global repeats to denote the
combined number of individual masked regions detected by
the WindowMasker modules DUST and WinMask. DUST
detects and masks shorter repetitive regions including tan-
dem and inverted repeats, overlapping with and providing
support for the Tandem Repeats Finder and Palindrome
Analyser outputs. WinMask detects and masks families of
longer repetitive regions that do not necessarily occur adja-
cently in the genome. Default settings were used throughout
(see Supplemental Protocol 3C). These modules mask repeti-
tive regions using only the supplied sequence as a template.

Chlamydomonas repeats localized to the 50-UTRs, ATG-
Stop regions, and 30-UTRs were distinguished using posi-
tional information from Phytozome (genome annotation
version 5.5). Repeats that spanned from a 50-UTR across the
start codon or across the stop codon into the 30-UTR were
not counted, although were included in the whole-gene re-
peat analyses described above.

uORFs, transcripts and intron analysis: Data on the pres-
ence of uORFs in Chlamydomonas transcripts were obtained
from the results of a BLASTP analysis performed by Cross
(2015) and adapted to provide the per-gene values. A list of
Chlamydomonas transcripts was downloaded from
Phytozome Biomart and used to identify the number of
genes with more than one transcript model. Genomic data
detailing the number and order of exons within each gene
were also downloaded from Phytozome Biomart; this infor-
mation was used to ascertain the number of genes contain-
ing introns in their translated and untranslated regions.

Primer analysis: To assess the impact of inefficient priming
on PCR-based cloning, analysis was performed on a dataset

of PCR primers designed to clone every gene in the
Chlamydomonas genome from start to stop codon using
gDNA as the template and generated such that the pre-
dicted Tm difference for each pair was not more than 5"C
where possible. Primer sequences were then assessed against
four thresholds pertaining to efficient priming, set in accor-
dance with advice found in the Primer3 manual, support
pages provided by IDT, and the Premier Biosoft technical
notes. These thresholds relate to primer length, propensity
for secondary structure formation, the presence of repeats,
and the GC content of the 30-end. Long primers can have a
reduced amplification efficiency, secondary structure forma-
tion can reduce the number of primers available to bind to
the intended template during a PCR, multiple repeats can
increase the risk of mispriming, and a high 30-end GC con-
tent can increase the risk of primer–dimer formation.
Thresholds for each were set as follows: (1) primer length
should not be more than 30 bp; (2) the DG required to dis-
rupt predicted secondary structures should be above –9
kcal mol-1 at 66 or 72"C; (3) tandem single nucleotides or
dinucleotide motifs should repeat no more than 4 times,
and (4) the 30-end should consist of no more than 4 G/C
bases in a row. The number of primers in breach of each of
these thresholds is shown in Figure 1D as a percentage of
the dataset. The percentage of unsuitable primer pairs was
calculated by counting pairs for which one or both primers
breached one or more of these thresholds. Tm considera-
tions were omitted from analysis since Chlamydomonas
genes have an unusually high GC content, so primers
designed to amplify gDNA are expected to have higher than
recommended Tm’s according to generic primer design
guidelines. GC content was calculated using annotated bases
only.

To complement these results, primers were analyzed using
the check_primers algorithm from Primer3 (Rozen and
Skaletsky, 2000). The settings used were the default settings
for Primer3Plus (Untergasser et al., 2007)—an updated, on-
line version of the Primer3 package—with minimal modifica-
tions that included removing the Tm constraints (see
Supplemental Protocol 3D for full settings used). The output
was analyzed with a custom python script that reported the
primary reason for rejection of individual primers (see
Supplemental Protocol 4C). Tm was removed as a constraint
to allow for more detailed analysis of primer sequence
parameters, since the default maximum allowable Tm for
Primer3Plus is 63"C, which results in rejection of almost 90%
of primers for this reason alone if used. 1.6% of primers
were too long to be considered for analysis (436 bp); these
were included in Figure 1D (orange bar) as having been
rejected for breaching the length constraint. The majority of
rejected primers produced one of the following three rea-
sons for rejection: (1) “high end complementarity” for
primer pairs, which implies a high likelihood that the 30-
ends of the forward and reverse primers will anneal, en-
abling amplification of a short, heterogeneous primer-dimer
(cross-dimer); (2) “high end complementarity” for single
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primers, which implies a high likelihood that a primer’s 30-
end will bind to that of another identical copy, self-priming
to form a homogenous primer-dimer (self-dimer); and (3)
“high any complementarity” for single primers, which implies
a high likelihood of self-annealing without necessarily self-
priming, relevant to both the inter-molecular annealing of
identical copies and to instances of hairpin formation result-
ing from intra-molecular annealing. Primers rejected for
these three reasons are labeled in Figure 1D (orange bar) as
cross-dimers, self-dimers, and hairpins, respectively.

Note on differences between the Chlamydomonas BAC li-
brary strain and CLiP mutant strain: The Chlamydomonas
BAC library was constructed using the genome reference
strain CC-503, so researchers working with alternative strains
need to take into account potential genomic divergence.
For example, here we transformed recombineered DNA
from the BAC library into CC-4533, the wild-type strain
used for the CLiP mutant collection and a popular strain for
studying the CCM. Genomic analysis of CC-4533 relative to
CC-503 has revealed 653 instances of variation that may be
disruptive to protein function, although only three of these
are unique to CC-4533 compared to other common labora-
tory strains (Li et al., 2016). Two genes affected by this varia-
tion were successfully cloned using our recombineering
pipeline: Cre06.g250650 in CC-4533 contains three short
deletions relative to CC-503 with an uncertain impact on
the protein, while Cre06.g249750 in CC-4533 contains a pre-
dicted inversion affecting the final three exons and part of
the 30-UTR.

BACSearcher python resource
Suitable BACs containing the target genes were identified
using a python script that also identifies 50-bp binding sites
for recombineering cloning primers and provides sequences
for primers that can be used to check for the presence of a
target gene within a BAC (see Supplemental Protocol 2).
BACSearcher output is available for all 17,741 genes in the
genome in Supplemental Data Set 1. For individual targets
in our recombineering pipeline that were not covered by a
BAC in the BACSearcher output, an alternative method was
employed to search for BAC coverage. This method is de-
tailed in Supplemental Protocol 2, along with usage and
modification instructions for BACSearcher, including instruc-
tions on how to output suitable fosmids for all genes in the
genome. BACSearcher resources can be found in the associ-
ated GitHub repository at https://github.com/
TZEmrichMills/Chlamydomonas_recombineering.

Accession numbers
Sequence data from this article can be found in Phytozome,
the Plant Comparative Genomics portal of the Department
of Energy’s Joint Genome Institute, under the following ac-
cession numbers: Cre11.g467712: SAGA1; Cre09.g412100:
PSAF; Cre03.g155001: ISA1; Cre10.g435800: CSP41B;
Cre17.g702500: TAB2; Cre10.g452800: LCIB; Cre09.g394473:
LCI9.

All plasmid sequences are available in Supplemental Data
Set 4 and have been deposited in GenBank with the follow-
ing IDs: pLM099, MT737960; pLM160, MT737961; pLM161,
MT737962; pLM162, MT737963; pLM459, MT737964.
Plasmids are available from the Chlamydomonas Resource
Center (https://www.chlamycollection.org/), as are the BAC
and fosmid libraries. Full protocols for batch and high-
throughput recombineering are available in Supplemental
Protocol 1. Data used for the genome analyses presented in
Figure 1 are available on request. The python computer
code used for identifying BACs, fosmids and suitable homol-
ogy regions for recombineering is available at https://github.
com/TZEmrichMills/Chlamydomonas_recombineering.

Supplemental Data
The following materials are available in the online version of
this article.

Supplemental Figure 1. Batch-scale recombineering
results.

Supplemental Figure 2. Validation of fluorescently local-
ized lines.

Supplemental Figure 3. Complementation of the lcib
CLiP mutant.

Supplemental Table 1. Mann-Whitney U test statistics.
Supplemental Protocol 1. Protocols for batch and large-

scale recombineering.
Supplemental Protocol 2. BACSearcher usage.
Supplemental Protocol 3. Bioinformatics software usage.
Supplemental Protocol 4. Bioinformatics python analysis.
Supplemental Data Set 1. BACSearcher output.
Supplemental Data Set 2. Large-scale pipeline results

summary.
Supplemental Data Set 3. Oligonucleotide sequences.
Supplemental Data Set 4. Plasmid sequences.
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Morgulis A, Gertz EM, Schäffer AA, Agarwala R (2006)
WindowMasker: window-based masker for sequenced genomes.
Bioinformatics 22: 134–141

Mouille G, Maddelein ML, Libessart N, Talaga P, Decq A, Delrue
B, Ball S (1996) Preamylopectin processing: a mandatory step for
starch biosynthesis in plants. Plant Cell 8: 1353

Nelms BL, Labosky PA (2011) A predicted hairpin cluster correlates
with barriers to PCR, sequencing and possibly BAC recombineer-
ing. Sci Rep 1: 106

Neupert J, Karcher D, Bock R (2009) Generation of
Chlamydomonas strains that efficiently express nuclear transgenes.
Plant J 57: 1140–1150

Onishi M, Pringle JR (2016) Robust transgene expression from bicis-
tronic mRNA in the green alga Chlamydomonas reinhardtii. G3 6:
4115–4125

Poser I, Sarov M, Hutchins JR, Heriche JK, Toyoda Y,
Pozniakovsky A, Weigl D, Nitzsche, A, Hegemann B, Bird AW,
et al. (2008) BAC TransgeneOmics: a high-throughput method for
exploration of protein function in mammals. Nat Methods 5:
409–415

Rae BD, Long BM, Förster B, Nguyen ND, Velanis CN, Atkinson N, Hee
WY, Mukherjee B, Price GD, McCormick AJ (2017) Progress and chal-
lenges of engineering a biophysical carbon dioxide-concentrating mech-
anism into higher plants. J Exp Bot 68: 3717–3737

Rasala BA, Lee PA, Shen Z, Briggs SP, Mendez M, Mayfield SP
(2012) Robust expression and secretion of Xylanase1 in
Chlamydomonas reinhardtii by fusion to a selection gene and proc-
essing with the FMDV 2A peptide. PLoS One 7: e43349

Rozen S, Skaletsky H (2000) Primer3 on the WWW for general users
and for biologist programmers. In Bioinformatics Methods and
Protocols. Springer, Berlin, pp. 365–386

Sahdev S, Saini S, Tiwari P, Saxena S, Saini KS (2007)
Amplification of GC-rich genes by following a combination strat-
egy of primer design, enhancers and modified PCR cycle condi-
tions. Mol Cell Probes 21: 303–307
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