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Abstract 

Photosynthetic thylakoid membranes contain a complex and adaptable network of proteins 

and lipids that regulate the light-harvesting, energy transfer and photoprotective abilities 

of land plants. It can be challenging to disentangle and understand the numerous 

interactions that control photosynthetic processes, however, it is possible to use simplified 

model systems to interrogate or manipulate components from the biological system in a 

controllable manner. This thesis describes the development and application of a range of 

model lipid membranes to: (i) enhance the absorption cross-section of photosynthetic 

proteins for applications in light-harvesting nanotechnologies, (ii) to characterise the 

energy transfer and quenching processes that occur between freely-diffusing organic 

fluorophores, and (iii) to quantify the quenching interactions that can occur between 

thylakoid proteins to improve our understanding of how their photophysical properties 

may be important in photoprotection. The model systems developed throughout this thesis 

led to a more comprehensive understanding of the photophysical interactions that may 

occur between synthetic fluorophores and photosynthetic proteins and how these 

interactions may modulate photoprotective processes in land plants.     
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Chapter 1  1 

1 Introduction 

This chapter will introduce the concepts of photosynthesis, light-harvesting, energy 

transfer and the functions of various proteins in higher-order plants. The chapter 

will outline the current challenges and questions faced within the field of 

photosynthetic research. The use of model systems and model lipid membranes to 

interrogate photosynthesis will be reviewed, with the aim of discussing the pros and 

cons of each approach and outlining potential areas for development. This will 

provide context for the motivation of the new research described in this thesis.  

1.1 Motivation for studying photosynthesis 

Photosynthesis is the primary or secondary source of energy for almost every living 

organism on the planet. It is defined as the biological process in which energy 

provided by light from the Sun is converted into chemical energy which can be 

stored and used1. The majority of the solar light that reaches the Earth’s surface is 

in the wavelength range from 380 to 700 nm and photosynthetic absorption in this 

region provides the primary source of energy for plants, algae and cyanobacteria2. 

Other so-called purple and green photosynthetic bacteria may absorb light in the 

near-infrared (up to 1000 nm)3. The initial photosynthetic processes of energy 

capture, transfer, and stabilisation are far more efficient than any equivalent 

renewable human-fabricated process1. For this reason, understanding the nature of 

photosynthesis on both molecular and macro levels is hugely important for the 

development of renewable energy systems which are necessary to alleviate the 

worldwide demand for non-renewable fossil fuels4. In addition, the demand for food 

and biofuels is steadily increasing, whilst gains in the yield of many major food crops 

(through traditional breeding and natural variation) have plateaued and large 

portions of fertile land are predicted to become arid by the middle of this century5. 

It has been suggested that enhancing the photosynthetic process, by increasing 

either light-harvesting or the efficiency of photochemical processes could increase 

crop yields by up to 50%6. It is crucial to develop innovative carbon-neutral and 

sustainable solutions if we are to limit the environmental effects and humanitarian 

costs of climate change5.  
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1.2 Photosynthesis and the role of light-harvesting proteins 

1.2.1 The structure of the thylakoid membrane 

In plants, the primary reactions of photosynthesis takes place within organelles 

called chloroplasts. These organelles share many features with, and are thought to 

have evolved from, prokaryotic cyanobacteria which perform photosynthesis with 

a similar mechanism to plants7. Contained within the chloroplast is a complex 

system of bio-membranes called the thylakoid (Figure 1.1a), which is the location 

of solar energy capture, transfer, and initial chemical stabilisation (the “light-

reactions” of photosynthesis)8. Within the chloroplast and surrounding the 

thylakoids is a fluid called the stroma, which contains many soluble proteins crucial 

for the latter stages of photosynthesis and so-called “dark-reactions” in which 

energy is converted to sugars for long-term storage (i.e. carbon fixation, etc). Light 

and dark reactions of photosynthesis are given below, where ΔG∘ is the free energy 

change of the reaction. The positive sign of ΔG∘ means that the reaction requires 

energy (from light-absorption) to take place9.   

Light-induced reactions: 

2H2O + light (4 photons) → O2 + 4H+ + 4e− (ΔG∘ =  + 317 kJ · mol−1) 

Dark reactions (where (CH2O)n represents long-chain sugars): 

CO2 + 4H+ + 4e− → (CH2O) + H2O (ΔG∘ =  + 162 kJ · mol−1) 

Overall: 

H2O + light + CO2 → (CH2O) + O2 (ΔG∘ =  + 479 kJ · mol−1) 
 

Thylakoids are made up of an interconnected membrane which encapsulates an 

inner space, termed the lumen, and separates the lumen from the stromal liquid. The 

thylakoid is laterally-differentiated into densely-packed stacks of discs, called grana, 

and single layered regions, called stromal lamellae, that connect between the grana 

stacks. The heterogeneous membrane structure is accompanied by an uneven 

distribution of membrane proteins within the thylakoid membrane, such that the 

light-harvesting complex II (LHCII) and photosystem II (PSII) are primarily 

concentrated in the grana, while photosystem I (PSI) and the chloroplast adenosine 

triphosphate (ATP) synthase are localized in the stromal lamellae10 (Figure 1.1b). 

This “lateral heterogeneity” results in functional differences between the grana and 
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stromal lamellae, allowing many processes to take place in various regions of the 

membrane simultaneously11. The structure of the thylakoid membrane changes in 

response to high or low light conditions10. The diameter of grana, number of layers 

and number of grana per chloroplast can vary on the time scale of minutes12, and it 

is hypothesized that these changes may regulate light-harvesting and energy 

transfer through the membrane13, 14, or may alter the distribution of proteins (e.g., 

electron transfer complexes or electron carriers) to regulate electron transfer 

pathways15-17. 

 

Figure 1.1: Schematic of a plant chloroplast and thylakoid membrane. (A) Cartoon showing 

the cross-section of a chloroplast and thylakoid membrane. (B) Schematic of a thylakoid 

membrane showing the cross section and protein composition of grana stacks and 

interconnecting stromal lamellae. Adapted from Mirkovic et al (2017).18 
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1.2.2 Energy transduction in chloroplasts 

The energy pathway within photosynthetic chloroplasts is shown in Figure 1.2. 

Energy is initially absorbed by photosynthetic proteins confined within grana 

regions of the thylakoid membrane. Both PSII and LHCII contain numerous 

chlorophyll molecules that can absorb an incident photon and form an excited 

electronic state, or “exciton”. PSII and LHCII can arrange into a large connected 

network of proteins, called “supercomplexes”, that increases the overall area for 

light-harvesting and funnel excitons, through a series of energy transfer processes, 

towards the central PSII reaction centre (RC) on the luminal side of the thylakoid 

membrane. The core PSII reaction centre consists of a “special pair” of chlorophyll 

molecules, called P680 (with an associated absorption relating to photons of 680 

nm), in close proximity to monomeric chlorophylls and pheophytins (like a 

chlorophyll pigment lacking the central magnesium ion). The light energy absorbed 

by PSII causes P680 to undergo charge separation to form an extremely oxidizing 

form of P680+, which has a redox potential sufficient to oxidize water. The water 

splitting reaction requires four electrons, and therefore four separate charge 

separations of P680 (turnovers of PSII) are required to drive the formation of one 

O2 molecule from two H2O molecules. To replenish the lost electron from P680+ a 

cluster of manganese ions within the oxygen-evolving complex (OEC) can donate 

electrons to “reset” P680. Manganese is a transition metal that can exist in range of 

oxidation states, from +1 to +5, and therefore accumulates positive charges derived 

from each light-induced turnover of P680. After the fourth turnover of P680, 

sufficient positive charge has built up on the OEC to allow the water splitting 

reaction to take place, in which two water molecules (H20) are split into molecular 

oxygen (O2), four protons (H+) and four electrons19. The protons produced in this 

reaction build up on the luminal side of the thylakoid membrane, creating a proton 

gradient across the membrane required for ATP synthesis, whereas electrons are 

used to regenerate the original state of the manganese cluster so that future water 

splitting reactions can take place. Plastoquinone (PQ) is a water-soluble electron 

carrier that resides within the membrane and transfers two electrons and two 

protons from PSII to the cytochrome b6f complex (cyt b6f). PQ gains two electrons 

from the electrons yielded from P680 during charge separation (two PSII turnovers 

are required) and takes up two protons from the stroma during the formation of 
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plastoquinol (PQH2). The protonated plastoquinone then joins a pool of PQH2 

molecules in the thylakoid membrane, transfers electrons to the cytochrome b6f 

complex (cyt b6f) and which then transfers electrongs to water-soluble 

plastocynanin (PC) to continue the light-dependant reactions. PC then binds with 

the membrane protein PSI in the stromal lamellae region of the thylakoid membrane 

and the electrons are transferred through an electron transfer chain to the soluble 

protein ferredoxin (Fd) on the stoma side of the membrane1. 

 

 

Figure 1.2: Schematic of membrane proteins found in the thylakoid membrane and 

chemical pathways for energy transduction. Adapted from Croce et al (2014).20 

 

The electron transport from plastocyanin to ferredoxin via PSI requires additional 

energy provided by the absorption of photons by the PSI or its associated antenna 

proteins LHCI. Similarly to PSII, PSI contains a reaction centre that consists of a 

‘special pair’ of chlorophylls with a corresponding absorption wavelength of 700 nm 

(P700). After photon absorption, the excited P700 is a strong reductant that donates 

an electron to reduce ferredoxin (Fd) which, in turn, is required to generate 

nicotinamide adenine dinucleotide phosphate (NADPH). The P700+ is restored to 

P700 for further reactions by accepting electrons from PC. The reduced Fd is then 

oxidised by the enzyme ferredoxin-NADP+ reductase (FNR), which utilises the 

electrons in ferredoxin to produce NADPH by reducing NADP+ in the stroma. NADPH 

is a stable reducing agent used in many cellular reactions including molecular 

synthesis and the ‘dark reactions’ of photosynthesis. This includes the Calvin cycle, 

where long-chain sugars are formed to store chemical energy in plants. The proton 

gradient formed by protons being produced on the lumen side of the membrane, via 
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the oxidation of plastoquinol and the water splitting reaction, is utilised by the 

protein ATP synthase which is located in the lamella stroma region of the thylakoid. 

ATP synthase uses the energy from the protein gradient to convert ADP to ATP 

which is used as the standard ‘energy currency’ in cells for processes such as the 

Calvin cycle and complex molecule synthesis1. 

1.2.3 Light absorption and fluorescence in photosynthetic 

systems 

The very first stage of photosynthesis involves the absorption of photons by a 

number of different pigments in both photosystems and their associated light-

harvesting proteins. Absorbance occurs when a photon interacts with an atom, or 

molecule, and transfers energy to an electron, causing the electron to enter an 

excited vibrational state. Generally, a photon can be absorbed by an atom, or 

molecule, if its energy corresponds to the gap between the molecule’s ground state 

energy level (S0) and the energy level of the first (S1) or second (S2) electronic 

excited states. It is also possible for higher energy photons to excite electrons from 

the ground state (S0) into higher excitonic states (S0 → Sn, n = 1, 2, 3…), but this 

typically corresponds to photons with a wavelength outside the visible range. For 

fluorescent molecules with multiple interacting atoms and molecular orbitals, each 

electronic energy state (S1, S2, etc) may actually consist of many vibrational sub-

states that greatly broaden the energy levels available. An electron may be excited 

to a high vibrational sub-state by photon absorption, and due to the small energy 

gap between these sub-states, will rapidly return to the lowest vibrational sub-state 

(within a given electronic state) though a process called “vibrational relaxation” 

which dissipates excess energy to the environment as heat. It is also possible that 

the vibrational sub-states of one electronic orbital may overlap with the vibrational 

sub-states of another electronic orbital, allowing non-radiative transitions between 

them (also known as “internal conversion”).  From the lowest-vibrational state of 

the S1 excited state, there may be relaxation to the ground electronic state (often via 

associated higher-energy vibrational sub-states) through the re-emission of an 

absorbed photon, commonly termed “fluorescence” (a type of photoluminescence). 

The combined loss of energy due to vibrational relaxation and internal conversion 

results in an overall loss of energy, and the vibrational relaxation during S0-S1-S0 
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transition manifests as a red-shift (termed the “Stoke’s shift”) in the wavelength of 

the emitted photon relative to the absorbed photon.  

 

 

Figure 1.3: A typical Jablonksi diagram showing excited states of a fluorescent molecule 

and possible routes for internal conversion and vibrational relaxation. Adapted from 

Edinburgh instruments F980 fluorescence spectrometer manual. 

 

LHCII, the major light-harvesting antenna of photosystem II, is the primary source 

of photon-absorption in thylakoid membranes and has been shown to act as the 

antenna protein for the water splitting PSII21. Since its discovery, the structure of 

LHCII has been obtained with a resolution of up to 2.5 Å (top and side views of an 

LHCII trimer are shown in Figure 1.4a,b)22-24. In nature, LHCII functions both in a 

monomeric and in a trimeric form. Both are found in the dimeric PSII-LHCII 

supercomplex, with monomers labelled CP29, CP26 and CP2425. Each monomer of 

LHCII contains three transmembrane alpha helices, 8 chlorophyll a, 6 chlorophyll b, 

4 carotenoids and 2 bound lipids22.   
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Figure 1.4: Structure of LHCII trimers and chlorophyll and carotenoid pigments and the 

resulting emission spectra of LHCII. (A) + (B) Top and side views of an LHCII trimer complex 

respectively; the membrane has a thickness of 35Å. Grey; polypeptide chain, Cyan; 

chlorophyll a, Green; chlorophyll b, Orange; Carotenoids, Red; Lipids. Adapted from 

Standfuss et al (2005)22. (C) Absorption and emission spectra of isolated LHCII in detergent. 

(D) Chemical structure of chlorophyll a. (E) Chemical structure of a lutein molecule.   

 

Chlorophyll (Chl) a is the most common chlorophyll in nature and absorbs strongly 

in the visible wavelength regions of 380 – 450 nm (termed “Soret” band) and 625 - 

725 nm (termed Qy), as well as a weaker absorption peak between 550 – 600 nm 

(termed Qx). Electrons in the Qy (S1) excited state are relatively stable and persist 

for several nanoseconds (lifetime ~4 ns), making it effective for the onwards 

transfer of excitation energy to other pigments. In contrast, the higher-energy Soret 

and Qx excited electronic states are unstable and typically transition to the Qy state 

by rapid internal conversion within picoseconds.  Chlorophyll molecules consist of 

a planar ‘head group’, which have a magnesium atom at the centre ligated by four 

nitrogen atoms, and a hydrocarbon ‘tail’ which provides stability and allows the 

pigment to be incorporated into complex structures such as proteins, as shown the 

chemical structure of Chl a in Figure 1.4d. The chemical structure of lutein, the most 

common carotenoid found in plant light-harvesting proteins, is shown in Figure 

1.4e. Carotenoids typically absorb strongly in the 400-500 nm range of the visible 

spectrum related to a strong S0 – S2 transition and associated vibrational manifold 
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(the S0 – S1 transition is “forbidden”). Carotenoids have multiple roles in 

photosynthetic systems: first, energy absorbed by carotenoids in the blue part of the 

visible spectrum can be transferred to chlorophylls for eventual use in 

photochemical reactions. Second, the ability of carotenoids to quickly dissipate 

electron energy as heat through internal conversion and vibrational relaxation 

(because the carotenoid S2 excited state lifetime is <300 fs, which is very short 

compared to the chlorophylls) make them crucial for the rapid quenching of 

potentially damaging chlorophyll triplet states which can form if photosynthetic 

proteins are excited by multiple photons in a short time period. Thirdly, carotenoids 

have important structural roles in stabilizing the 3D structure of many pigment-

protein complexes1. 

 

Absorption and emission spectra of LHCII isolated in detergent are shown in Figure 

1.4b. The densely packed arrangement of pigments within an LHCII monomer gives 

the complex strong absorption in the blue region of the visible spectrum (400 -500 

nm), due to the combined absorption bands of the chlorophyll Soret and carotenoid 

S2 transitions, and it also has a strong absorption in the red (650 – 700 nm) due to 

the Qy transitions of chlorophyll a and b. Energy absorbed by any of the pigments in 

LHCII is transferred to the lowest-energy (‘terminal’) chlorophyll a molecules, 

corresponding to a wavelength of ~680 nm, ready for either fluorescence or transfer 

to another protein. In the natural membranes, under normal conditions, the 

majority of energy is transferred to PSII in a few picoseconds on average26. The 

energy rapidly directed to a ‘terminal’ chlorophyll a results in a single fluorescence 

emission peak for isolated LHCII trimers at 681 nm corresponding to emission from 

a single type of pigment. This fluorescence band has moderate breadth (FWHM ~ 50 

nm) and a minor shoulder at ~710-750 nm due to the various vibrational sub-states.  

1.2.4 Resonance energy transfer and light-harvesting systems 

The initial stages of photosynthesis involve photons being absorbed by a number of 

different pigments in both photosystems and their associated light-harvesting 

proteins. For productive photosynthesis, these “excitons” must be transferred to 

specific chlorophyll pairs located within the reaction centres of PSII and PSI in order 

to perform photochemistry. The principal mode of energy transportation between 

pigments in photosynthetic proteins is through a process called Förster Resonance 
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Energy Transfer (FRET)27, in which energy can be transferred from one fluorophore 

to another via dipole-dipole coupling. Dipole-dipole coupling occurs (due to 

Coulombic interactions18) when two electromagnetic dipoles, such as vibrational 

electronic dipoles in chlorophylls, are aligned with each other and are in close 

proximity (e.g., within 10 nm). An energy level diagram of this general process is 

shown in Figure 1.5a with the electronic states of the donor fluorophores, and of 

the acceptor. After initial absorption of a photon by the donor molecule an electron 

is excited to some vibrational state of the S1 electronic state, which then returns to 

the lowest vibration state of S1 through vibrational relaxation. If the dipoles are of a 

similar frequency then the vibronic dipoles can become coupled and the energy of 

the excited state in the donor is transferred to the acceptor. In this process, the 

excited electron in the donor molecule relaxes to the ground state without photon 

emission. Simultaneously an electron is excited from acceptor molecule ground 

state to an S1 excited electronic state without photon absorption. This coupled 

donor-acceptor process represents non-radiative transfer of excitation energy. 

Photon emission (fluorescence) or some other relaxation process can then occur 

from the acceptor. There are multiple requirements for FRET to occur between 

fluorescent molecules: (i) overlapping energetic states (overlapping spectra) and a 

downhill energy transfer (as net energy cannot be increased), (ii) the donor and 

acceptor must have parallel (or close to) transition dipole orientation, and (iii) the 

fluorophores must be in close enough spatial proximity to allow dipole-dipole 

coupling28.  

 

The conditions for energy transfer can be defined by the donor molecule emission 

spectrum and acceptor molecule absorption spectrum. The peak representing the 

possible wavelengths (energy levels) of photon emission from the donor must 

overlap with the possible photon absorption wavelengths (energy levels) of the 

acceptor; this condition must be met so that the energies of vibronic states are 

sufficiently similar to allow dipole-dipole coupling. This overlap of donor emission 

and acceptor absorption can be defined by a spectral overlap factor, J. The overlap 

factor J correlates to the area of overlap the donor’s fluorescence emission spectra 

and the acceptor’s absorption spectra, which is the integral with respect to 

wavelength of the molar extinction coefficient of the acceptor, ε(λ), and the 
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normalised emission spectrum of the acceptor, FD(λ). The equation for the overlap 

integral (in M-1cm-1nm4) is given by: 

 
𝐽 = න 𝜀(𝜆)𝐹(𝜆) 𝜆ସ𝑑𝜆 Eq. 1.1 

where λ is the wavelength (in nm), ε(λ) is the molar extinction coefficient of the 

acceptor as a function of wavelength (in M-1cm-1) and FD(λ) is the normalised 

emission spectrum of the donor as a function of wavelength. A spectral 

representation is shown in Figure 1.5b (B, grey shaded area). 

 

 

Figure 1.5: Jablonksi diagram showing donor-acceptor FRET and required spectral overlap. 

(A) Energy level diagram for donor to acceptor FRET. (B) Spectral conditions needed for 

donor to acceptor FRET to take place. The grey shaded area is the overlap defined by the 

overlap integral J. Adapted from Mirkovic et al (2017).18  
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The orientation of dipoles relative to each other is also crucial to the efficiency of 

energy transfer; if the dipoles are parallel then energy transfer will be most effective 

due to maximised Coulombic interactions, whereas if they are perpendicular 

coupling is not possible. The orientation of dipoles relative to one another is given 

by an orientation factor, κ:  

 𝜅ଶ = (cos 𝛼 − 3 cos 𝛽ଵ cos 𝛽ଶ)ଶ Eq. 1.2 

Where α is the angle between planes of dipoles and β is the angle between the dipole 

direction and a vector linking to the other dipole. For randomly oriented dipoles (e.g. 

fluorophores in a lipid bilayer), the interaction factor has an average value of 2/31, 

29. 

 

The rate of energy transfer (kD→A) can be calculated by defining a critical distance 

between two pigments where energy transfer is 50 % efficient (R0). The critical 

distance considers the rate of fluorescence of the donor dipole in the absence of 

energy transfer (kf) (which is equal to 1/donor fluorescence lifetime (τD)). The value 

of R0 between a donor and acceptor pair can be calculated from:  

 𝑅
 = 8.79 × 10(ିହ) 𝐽 κଶ 𝑛ିସ ϕ  Eq. 1.3 

where n is the optical refractive index of the medium, and ϕ is the fluorescence 

quantum yield of the FRET donor. The value for R0 varies from pigment to pigment 

but is generally between 60 Å and 100Å30. Molecules must be separated by at least 

10Å for FRET to take place, due to the Pauli Exclusion Principle which limits massive 

particles from occupying the same space and comes into effect at sub-nanometre 

separation1.  

 

The rate of energy transfer in a system can also be defined by the rate of fluorescence 

of the donor (kD), donor–acceptor dipole separation (rDA) and the critical distance 

(R0):  

 𝑘→ = 𝑘(𝑅 𝑟)⁄ 
  Eq. 1.4 

The rate of energy transfer is proportional to r-6 meaning that FRET is extremely 

sensitive to distance between molecules, this has been utilised in many 

nanotechnological applications which involve measuring when two molecules are 

sufficiently close for FRET to occur31.  
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Finally, the energy transfer efficiency (ETE) between donor and acceptor molecules 

can be defined by the relative rates of energy transfer from the donor due to dipole-

dipole coupling (kD→A) and the rate of natural donor fluorescence (kD). This can be 

combined with Equation 1.4 for the rate of energy transfer defined by donor-

acceptor separation (rDA) and R0 to give energy transfer efficiency in these terms: 

 
𝐸𝑇𝐸 =

𝑘→

𝑘→ + 𝑘
=  

𝑅


𝑅
 +  𝑟

  
Eq. 1.5 

In photosynthetic systems, LH antenna proteins and PSII are arranged in such a way 

to increase the spatial and optical area for light-harvesting and to funnel this energy, 

via FRET, to the photosynthetic reaction centre subunits. Calculations show that 

solar energy is relatively dilute, and that individual chlorophyll molecules in PSII 

absorb a photon once every ~100 μs1. Since multiple cycles of photon absorption, 

photochemistry and electron transfer are required in the PSII RC for the water 

splitting reaction to take place, relying on the absorption of these chlorophylls alone 

would result in a rate of water splitting that well below the maximum rate that 

reaction centres are capable of (once every 300 ps)32. Instead, antenna proteins and 

photosystems are organised into large light-harvesting supercomplexes (typically 4 

LHCII trimers and a PSII dimer) together with a larger pool of loosely associated 

LHCII trimers, in which energy is transferred to the RC at a rate that allows regular 

photochemistry to take place. Within the supercomplexes, the outermost carotenoid 

pigments absorb the highest energy photons (lowest, blue wavelengths) and 

excitons are transferred to the orange and then red-absorbing pigments, chlorophyll 

b and a, respectively, before reaching the reaction centre ‘special pair’ of chlorophyll 

a molecules with an associated energy of 680 nm. In reality, at room temperature 

the energy funnel is extremely shallow and thermal energy from the local 

environment, kBT, can provide additional energy to excitons which allows them to 

transfer to pigments with higher corresponding energies. For this reason, excitons 

are effectively de-localised across multiple pigments allowing them to “hop” via 

FRET to eventually reach the central reaction centres18,33.  
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1.2.5 The regulation and mechanism of non-photochemical 

quenching 

The antenna of PSII is highly efficient, with ~85 % of the photo-induced excitation 

being delivered to the RC and leading to photosynthetic charge separation34. In low 

light this efficiency ensures an optimal rate of energy delivery to PSII RCs. In high 

light, however, a highly efficient antenna network can lead to saturation of the RCs, 

a build-up of chlorophyll triplet states within the antenna35 and the formation of 

highly reactive oxygen states that will oxidise molecules in their immediate vicinity 

and damage the protein36. This damage, known as photoinhibition, can take several 

hours to reverse and can impact the viability of the organism long term. However, 

plants have evolved the ability to cope with intense illumination, through a variety 

of adaptive mechanisms and “feedback loops”.  

 

In the most rapid photoprotective mechanism the rate of photoinhibition reduced 

by the regulation of energy transfer pathways within the PSII antenna, LHCII, and 

the formation of dissipative pathways that reduce the “excitation pressure” on the 

overburdened reaction centres37-39. This so called “non-photochemical quenching” 

(NPQ) manifests itself as the quenching of chlorophyll fluorescence, i.e. a reduction 

in the fluorescence emission and lifetime of the Chl excited state. In 2012, Ruban and 

co-workers established a description of NPQ that consists of four key stages, namely: 

(i) the trigger, (ii) the site, (iii) the quencher and (iv) the mechanism40. The trigger 

is the primary event that brings about the formation of the dissipative pathways, 

and acts upon the site (i.e., the location of the quencher). The mechanism is the 

precise physical change that forms the quencher, i.e., the molecular state (or states) 

that accept and dissipate excess energy. For the rest of this subsection, we will 

discuss what is and is not known about each of these aspects, and the highlight the 

outstanding questions regarding NPQ.  

 

1.2.5.1 Trigger 

Whilst there is still controversy, most researchers agree that the LHCII trimer is the 

primary protein that brings about the formation of dissipative pathways and that 

site (i.e., the quenching pigments) resides within LHCII. There is extensive evidence 
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that an increase in the transmembrane pH gradient (ΔpH), due to the accumulation 

of photons from higher rates of water-splitting reactions and latter processes under 

intense sunlight, may act as a feedback loop and initiate quenching40-42. There is also 

causal evidence to suggest that the “xanthophyll cycle”, i.e., the enzymatic 

conversion of antenna-associated carotenoids, also contributes to quenching41, 43-45. 

Under high-light conditions, the carotenoid LHCII violaxanthin is converted to the 

carotenoid zeaxanthin and results in quenching of fluorescence within LHCII either 

by acting as the main quenching site or by some stabilisation of the quenched state39. 

Finally, numerous researchers have identified a link between the presence of the 

PsbS protein in the thylakoid membrane and the amount of fluorescence 

quenching46-49. It is likely the case that the aforementioned trigger for NPQ is a 

combination of all three of these factors.  

 

1.2.5.2 Site 

Since the early 1980s numerous lines of evidence have emerged which suggest that 

the site of NPQ resides within the LHCII antenna. Early spectroscopy measurements 

of the quenched state in thylakoid extracts found that the quencher preferentially 

quenches LHCII emission bands at 680 nm and 700 nm42. Plant mutants lacking a 

majority of their LHCII were found to display strongly reduced NPQ50, 51. It has since 

been suggested that the aggregation of LHCII (termed the “LHCII aggregation 

model”), i.e., the clustering of LHCII proteins within the thylakoid membranes, 

causes a quenching of fluorescence even in the absence of other photosynthetic 

proteins, suggesting that inter-protein interactions, specifically those involving 

LHCII, may lead to energy dissipation41,42,43. LHCII trimers have been shown to 

rapidly reorganise in order to balance excitation levels between the two 

photosystems and divert excess energy away from the one which is energetically 

saturated and unable to utilise excitons. Both LHCII and PSII have been 

demonstrated to aggregate during NPQ to change organisation from LHCII-PSII 

supercomplexes that are highly efficient at transferring excitation energy to a state 

where proteins are more closely aggregated and pigments within the proteins are 

capable of energy dissipation52, 53. In addition, in both extracted thylakoids and 

model systems (e.g. protein aggregates in solution and protein reconstituted into 

liposomes) LHCII has been shown to undergo concentration-dependant quenching, 
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manifesting as a reduced fluorescence emission and lifetime, apparently based on 

the extent of LHCII-LHCII associations54-56. Hence it is now widely accepted that 

LHCII contains the quenching site, and modulates energy pathways and dissipation 

through the membrane.  

1.2.5.3 Quencher 

In recent years there is growing concensus that carotenoid (Cars) pigments, 

specifically lutiens, are responsible for quenching excitons within LHCII. Cars have 

an absorption maximum at the wavelengnths where Chls have a near-minimum1, 

and the optically bright S2 state of cars can rapidly transfer energy to lower Chl 

energy states. In addition to the bright S2 state, cars posess a low-lying “dark” state, 

S1 (and associated vibrational states S*), that is optically forbidden and therefore 

cannot be directly absorb or emit photons but are accessible by energy transfer from 

other fluorophores. These dark states posesses an extremely short lifetime (~10 ps) 

due to the proximity of S1 with the ground state and a high probability of internal 

conversion. This short lifetime and the close proximity of the S1 state to the lowest 

excited state of Chl makes cars extremely effective quenchers40. Multiple 

researchers have used transient absorption spectroscopy measurements to reveal 

the timescales of energy transfer between pigments within LHCII (isolated in 

detergent or in nanodiscs) and suggest that the quenching mechanism of LHCII 

relies on energy transfer from chlorophylls to this rapidly decaying “dark” 

carotenoid state57-60. Croce et al identified that, due to the downward energy funnel 

of LHCII, a likely candidate for quenching is a carotenoid located in the proximity of 

the lowest energy chlorophyll, termed a612. Chlorophyll a612 is the nearest 

neighbour of a lutein site L620 (Figure 1.6), in addition to being part of a cluster of 

three strongly coupled, low energy chlorophylls (a610-a611-a612)61. Since this 

identification, it has been observed that the spectral signatures associated with NPQ 

are absent in LHCII monomers lacking a612 Chls57, and theoretical modelling of 

pigments within LHCII identify strong coupling and rapid energy transfer from Chl 

pigments to L620, whereas the strength of coupling between Chls and other 

carotenoids was significantly weaker61. These findings, and a variety of other 

experimental59, 62 and theoretical evidence63, strongly suggest that lutein is the site 

of the quencher in LHCII and that a transfer pathway from a612 to L620 is opened 

or closed due to conformational changes of the protein64-66.  
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Figure 1.6: Schematic showing the location of the lowest energy chlorophyll, a612, relative 

to the lutein molecule, L620, and potential pathway of exciton quenching. Excitons are 

quenched by the transfer of energy from the Qy band of chl excitation to an optically “dark” 

S* or S1 Lutein state, wherein it rapidly decays (~30 ps) to the ground state without the 

emission of a photon. Reprinted from Son et al (2019)58. 

 

1.2.5.4 Mechanism 

The exact molecular mechanism of quenching is still under scrutiny. The LHCII 

aggregation model suggests that the ΔpH trigger results in the in-membrane 

aggregation of LHCII which is linked to a conformational change within the complex 

that forms the quencher (as shown in Figure 1.7)41. However, recent evidence has 

suggested that aggregation is not a requirement for fluorescence quenching and that 

isolated trimers may switch between a light-harvesting and energy dissipative state 

either due to the application of external forces (e.g. hydrostatic pressure54) or 

intermittently due to seemingly random fluctuations of the light harvesting state67-

69. In all cases quenched isolated trimers exhibited spectral similarities to 

aggregation-induced quenching41. It has been proposed that this “blinking” can be 

explained by the conformational switching between two distinct conformational 

states70, though this has since been complicated by single-molecule spectroscopy 

measurements suggesting that LHCII may actually possess multiple quenching 

conformations and therefore multiple quenching mechanisms65. The formation of 

quenched states of LHCII in the absense of aggregation leads to the question of the 

exact role of aggregation and macromolecular reorganisation within the membrane 
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and it has been suggested that aggregation may merely be a thermodynamic 

consequence of the conformational change, rather than actively stabilising the 

dissipative state of LHCII71. In either case,  thylakoid membrane reorganisation, 

LHCII aggregation and the blinking of isolated trimers68, 69 have all been shown to 

be sensitive to a variety of local physiochemical conditions, and it is apparent that 

the precise mechanism of trap formation is the combination of numerous complex 

interactions between LHCII proteins and the surrounding thylakoid environment. A 

significant challenge for future photosynthetic researchers is to delineate these 

effects.  

 

Figure 1.7: Schematic showing the reorganization of PSII/LHCII supercomplexes and 

peripheral LHCII during NPQ in the dark (A) and light states (B). Adapted with from Ruban 

(2016).36 

1.2.6 Structural techniques to study non-photophysical 

quenching in photosynthetic membranes 

Recent studies have already made significant progress towards delineating various 

structural and photophysical effects. Structural microscopy methods such as atomic 

force microscopy or electron microscopy have been used by numerous authors to 

directly visualise the reorganisation of thylakoid membranes and photosynthetic 

proteins in lipid bilayers in reponse to various conditions72-76. Atomic force 

microscopy (AFM) in particular has the advantage that the technique can be 

performed in aqeuous environements and using gentle imaging forces to directly 

image the organisation and topography of membranous samples. Recently, Zhao et 
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al were able to visualise structural changes in bacterial thylakoid membrane 

extracts with exceptionally high lateral and vertical resolution (~1-2 nm and 0.1 nm 

respectively). These topographs (Figure 1.8a) reveal the dense aggregation of 

proteins within the thylakoids under high light conditions and structural 

heterogeneity that may bear similarities to the photoprotection that occurs in plant 

thylakoids. Other AFM applications include the recent innovation of affinity-

mapping AFM which measures the interaction forces between targeted proteins and 

a chemically altered AFM tip, as well as providing topographic information. This 

approach was recently applied by Johnson et al to determine the precise location of 

cyt b6f dimers within thylakoid extracts and to reveal the strucutres of nanodomains 

within the membrane (Figure 1.8b). By chemically altering the AFM probe to 

selectively interact with other proteins, it may be possible to map protein 

rearrangement and native thylakoid compositon in a range of conditions. The study 

by Johnson et al is also notable for the application of the extremely high vertical 

resolution of AFM (typically ~0.1 nm) to identify specific types of proteins within 

the thylakoid, by measuring their protrustion from the bilayer and comparing that 

to the known crystal structures of each protein. In addition to AFM, electron 

microscopy is commonly employed to reveal the structure of large areas of 

membrane as well as smaller protein complexes. An advantage of this approach is 

the ability to visualise the 3D organisation of the membrane, for example, it was 

recently observed that PSII/LHCII complexes are more highly ordered in stacked 

thylakoid membranes (Figure 1.8c) and may register (be aligned) between multiple 

layers of stacked membranes, suggesting that protein organisation may play a large 

structural role in the stability of the thylakoid grana. 
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Figure 1.8: AFM and electron microscopy reveal the organisation of photosynthetic 

proteins within the thylakoid. (A) AFM topographs of bacterial thylakoid extracts grown in 

moderate-light (i)-(ii) and high-light (iii)-(iv) conditions. The high resolution (1-2 nm) 

reveals membrane heterogeneity and tightly packed protein aggregates that may contribute 

to photoprotection. Adapted from Zhao et al (2020)77. (B) (i)-(ii) Affinity-mapping AFM 

schematic showing the functionalisation of the probe and interactions that the linker 

molecule may have with a targeted protein (in this case cyt b6f). (iii) A topographic map of 

a thylakoid extracted from spinach and (iv) the associated force map that reveals the 

location of cyt b6f in the membrane. (v) A topographic map of protein clusters within a 

thylakoid extract, overlaid with protein crystal structures in (vi) that correspond with the 

membrane topography. Adapted from Johnson et al (2014)72. (C) Freeze-fracture electron 

microscopy measurements of thylakoid extracts showing (i) the 3D structure of a large area 

consisting of stacked and unstacked thylakoid membranes (scale bar = 100 nm). (ii) and 

(iii) The organisation of proteins in stacked membranes showing the registration between 

proteins between two stacked lipid bilayers. Adapted from Daum et al (2010)78.   
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Fluorescence lifetime measurements are another technique that is popular in the 

photosynthetic community, due to the ability to assess the photophysical properties 

or interactions between proteins as indicated by their fluorescent lifetime. Multiple 

authors have identified fluorescence quenching (lifetime shortening) and NPQ-like 

spectral signatures in LHCII aggregates and isolated trimers in a variety of 

conditions. Fluorescence lifetime measurements have been obtained by Natali et al79 

of LHCII reconstituted into proteoliposomes, wherein it was identified that 

proteoliposomes with a greater protein:lipid ratio have shorter fluorescence 

lifetimes (shown in Figure 1.9a as steeper gradients in the fluorescence decay 

curves). This work took advantage of the modularity of model proteoliposomes to 

generate a series of proteoliposomes with different LHCII/DOPC ratios and detailed 

the relationship between protein crowding and function within a lipid environment. 

One limitation of the work, is that one cannot observe the structural arrangement of 

individual proteins within the membrane so this could not be directly correlated to 

the fluorescence changes. As a result, some researchers have tended towards 

fluorescence lifetime measurements of LH proteins on solid surfaces, to directly 

observe the spatial organisation of proteins or any sample heterogeneity correlated 

to differences in the fluorescence lifetime. This has the additional advantage that 

proteins may be arranged into desired structures. In an example by Vasilev et al80 

LHCII proteins were arranged into thin stripes <100 nm wide (Figure 1.9bi) and 

FLIM measurements on these patterned complexes show the fluorescence lifetime 

could be reversibly shortened or elongated in response to aggregating or 

disaggregating the proteins using detergent (Figure 1.9bii). More recently, 

researchers have combined both FLIM and AFM measurements, to provide high-

resolution structural information that is correlated to fluorescence lifetime data. 

Application of this combined technique is still relatively rare, due to the time-

consumption and technical complexity of collecting both data forms. However, a 

notable example by Adams et al56 demonstrates the application of AFM to determine 

the position of proteins within a few nanometers (Figure 1.9ci-ii), combined with 

FLIM measurements to determine their photophysical state (Figure 1.9ciii). It was 

observed that increasing the average distance between proteins within aggregates 

(by introducing lipids) resulting in lifetime elongation and unquenching, and 

strongly suggests that the protein-protein interactions may modulate the onset of 

photosynthetic NPQ.  
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Figure 1.9: FLIM measurements can report on the photophysical properties and function 

of photosynthetic proteins in a variety of samples. (A) Electron microscopy measurements 

of LHCII reconstituted into proteoliposomes and accompanying fluorescence decay curves 

of different proteoliposome populations varying lipid:protein ratio. Adapted from Natali et 

al (2016)79. (B)(i) Fluorescence image of LHCII trimers deposited onto solid substrates in 

thin 2D arrays. (ii) Fluorescence decay curves of the sample in (i) showing the result of 

aggregation (blue) and disaggregation (red) of the proteins by removal or addition of 

detergent. Adapted from Vasilev et al (2014)80. (C) A combined AFM and FLIM study of 

LHCII deposited on mica substrates. (i) AFM topograph of LHCII deposited onto mica, that 

has self-assembled into a series of aggregates. The trace below shows the height of the 

proteins from the substrate, and can be used to determine the separation of proteins with 

high resolution. (ii) AFM topograph of the sample in (i) but after it has been incubated in a 

solution of DOPC liposomes. A supported lipid bilayer forms surrounding the protein 

aggregates and between individual proteins to reduce the extent of protein aggregation. 

(iii) Fluorescence decay curves obtained from LHCII in a variety of aggregated states. Red: 

obtained from a sample similar to (i). Orange: obtained from a sample similar to (ii) but 

“backfilled” with thylakoid lipids. Blue: obtained from a sample similar to (ii) backfilled with 

DOPC lipids. Green: obtained from LHCII in detergent solution, representing an entirely non-

aggregated state. Adapted from Adams et al (2018)56. 
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1.3 Using model systems to mimic or interrogate natural 

processes 

In natural systems, biological lipid bilayers are often densely packed with 

transmembrane proteins which have crucial biological functions such as molecular 

transport, molecular synthesis and signalling1. In photosynthetic thylakoid bilayers, 

membrane proteins such as those involved in solar energy capture (introduced in 

section 1.1.1), are estimated to make up ~70 % of membrane surface area8. The 

large number of proteins performing a multitude of functions in biological 

membranes make it extremely difficult to study the properties of the lipid bilayer 

itself or any specific protein in the system. To delineate the complex photosynthetic 

machinery, many researchers have developed and utilised “model” systems, which 

typically consist of fewer components (e.g. proteins, lipids, etc.) in controlled or 

well-characterised systems, to interrogate specific photosynthetic processes. This 

section will provide an overview on some of the model systems previously 

developed, as well as discussing the pros and cons of each approach.  

1.3.1 Bio-membrane extracts 

Photosynthesis researchers have utilised natural membranes extracted from 

chloroplasts to investigate the structure and role of the thylakoid membrane since 

as early as the 1960s81, 82. Thylakoid membranes are typically isolated from 

chloroplasts after mechanically disrupting the organelles (by sonication or French 

press) followed by ultracentrifugation and/or further treatment with detergents83, 

84. It is possible to purify a largely intact network of thylakoid membranes, often 

consisting of multi-layered structures and densely-packed protein 

supercomplexes8. In many ways, thylakoid extracts are an ideal material for 

studying photosynthesis since they provide a close to native membrane composition 

and contain many of the protein types found in in vivo membranes required for the 

early stages of photosynthesis84, 85. It is possible to study the structure of thylakoid 

extracts by adsorbing thylakoids onto support grids for electron microscopy 

measurements52, 86-88 or by adhering thylakoids onto flat substrates (e.g. mica or 

etched glass) for atomic force microscopy measurements72, 89, 90. These 

measurements have been invaluable to determine the 3D structure of thylakoid 

membranes and the organisation of proteins within the membrane, both of which 
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are key aspects when considering the interactions between proteins required for 

effective photosynthesis. Nonetheless, challenges remain, and recent studies have 

shown that the use of typical detergents (DDM) during this thylakoid extraction 

process can disrupt the protein arrangement, but it is possible to purify thylakoids 

with more gentle detergents (digitonin)91  or to avoid detergents entirely73.  

 

Thylakoid extracts are one of the most biologically relevant model systems in which 

to study photosynthesis, however, a direct consequence of their complexity is the 

additional challenge of delineating specific effects. To assess the effects of specific 

proteins or physiochemical conditions on the thylakoid structure and function, it is 

possible to alter the composition of the extract thylakoids by selectively breeding 

plant mutants92, 93, modifying plant growth conditions92, 94, 95 or by comparing 

thylakoid membranes from different plant species96, 97. However, a “simple” change 

(e.g. protein knockout) may often result in a combination changes to the overall 

membrane structure and function. For example, a previous study comparing wild-

type rice plants with a PsbS knock-out mutant reported a multitude of differences 

in the thylakoid, including changes to the concentration of protein supercomplexes, 

variations in the overall protein concentration, greater LHCII phosphorylation, and 

a suppression of the NPQ response92. Whilst it was obvious that PsbS plays a 

significant role in modulating the structure and the photoprotective ability of the 

thylakoid, it was not clear if/how these multiple effects were linked or the precise 

differences in protein interactions that lead to such widespread differences. 

Numerous other studies using thylakoid extracts result in similarly complicated 

observations92-95 and the associated difficulty of interpreting numerous, interlaced 

effects in a heterogeneous system. 

1.3.2 Protein-only models 

An alternative “bottom-up” approach to understanding photosynthesis is to 

accumulate knowledge in a piecewise fashion using simplified model systems. These 

model systems typically consist of one or two photosynthetic components (e.g. 

LHCII, PSII, thylakoid lipids, etc.) incorporated into a modular system where specific 

effects can be interrogated. Multiple researchers have generated protein-only 

systems as models to investigate energy transfer and quenching between pigments 

within a single protein, or energy transfer and interactions between multiple 
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proteins in the absence of other membrane components47, 56, 68, 69, 80. Typically 

proteins are purified from grana membranes by solubilising the grana with high 

concentrations of detergents and centrifugation. The supernatant (containing a 

variety of solubilised proteins) is then fractionated through ultracentrifugation 

through a sucrose gradient, and can be further purified using size exclusion 

chromatography to separate membrane components based upon their mass56, 80, 98. 

SDS-PAGE, native-page and absorption spectroscopy are among the variety of 

biochemical tools available to characterize the protein purity, oligermisation state 

and the extent of any protein denaturation.   

 

An obvious target for protein-only studies was the determination of the protein 

structure of LHCII and LHCII/PSII super-complexes to a high resolution (2.5 Å)24, 99, 

100 which has led to the development of numerous theoretical models of energy 

transfer between inter/intra protein chlorophylls and a better understanding of the 

photophysical and structural properties of the membrane components39, 61, 71, 101, 102. 

Other studies of protein-only models have allowed ensemble solution spectroscopy 

measurements of proteins in solution55, 103, and single molecule spectroscopy 

measurements of proteins immobilised onto substrates66, 104, 105, that have been 

used to elucidate the pathways and rates of energy transfer between specific 

pigments and to identify various photophysical states of LHCII/PSII in response to 

physiochemical conditions (pH, temperature, detergent, etc.). Additional 

methodologies include the immobilization of proteins onto substrates106, 107, as 

patterned arrays80 or into solid gel systems47 for high-resolution  microscopy or 

spectroscopy measurements. An advantage of this approach is that the distance 

between proteins can be precisely controlled and measured, and the result on the 

fluorescent properties of the proteins can be assessed. In addition, protein-only 

models are highly adaptable, and it is relatively straight forward to change the 

protein concentration or environmental conditions to determine the photophysical 

or functional implications of similar changes within the thylakoid membranes. A 

notable disadvantage of protein-only studies is the removal of proteins from their 

native-like lipid environment, which has been shown to help stabilise proteins from 

denaturation and conformational changes74, 108 and alter the spectroscopic 

properties of LHCII trimers62, 109. Due to the limited number of components these 
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systems may not always provide biologically relevant insight into the processes and 

interactions that occur in natural thylakoids.   

1.3.3 Model lipid bilayers and membrane protein reconstitution 

To effectively study the properties of lipids and/or membrane proteins in a native-

like lipid environment, model lipid membranes can be formed in vitro. Lipid bilayers 

can be prepared from specifically selected lipids that self-assemble into nanoscale 

structures which are stable in aqueous solutions. This is often achieved by the 

gradual hydration of lipids dried onto a surface110, through disrupting aggregates of 

liposomes in solution by applying a force through sonication111, or by solubilising 

lipids into detergent micelles and gently removing the detergent112. All of these 

methods involve breaking up any preformed aggregates of lipids and allowing lipids 

to self-assemble into various structures. In solution, this typically results in the 

formation of liposomes or micelles, i.e. approximately spherical structures wherein 

the hydrophobic moieties of the lipids are protected from unfavourable interactions 

with polar water molecules. Liposomes, which consist of two layers of lipids that are 

fully enclosed, can be studied in solution or deposited onto hydrophilic surfaces to 

form “supported lipid bilayers (SLBs) (see Figure 1.10b). This has the advantage 

that SLBs consist of a far larger flat area than liposomes (10-100s of microns) and 

the capacity to be studied via microscopy techniques. SLBs can be formed on solid 

surfaces such as glass or mica by vesicle fusion and spreading methods (incubation 

of a clean hydrophilic substrate with a  solution of liposomes)113. Lipid-tagged or 

lipophilic fluorophores are often utilised in both liposomes and supported lipid 

bilayers, allowing these bilayers to be labelled and also be environmentally sensitive 

to changes in local conditions114. Dyes are often directly covalently-tagged to lipid 

head or tail groups which will either freely diffuse laterally in the bilayer or be 

localised to specific lipid types or phases115.  
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Figure 1.10: Examples of model lipid bilayers and lipid structures. (A) Structures of a 

commonly used synthetic lipid, DOPC, and two lipids found in photosynthetic thylakoid 

membranes, MGDG and DGDG. Structures obtained from Avanti Lipids. (B) Various 

examples of model lipid bilayers. White, circles represent hydrophilic lipid headgroups. Grey 

represents the hydrophobic lipid tails that bury themselves into the membrane and form 

hydrophobic associations to avoid contact with the aqueous buffer. Adapted from Bitounis 

et al (2012)116. (C) A side- and top-view schematic of a nanodisc assembled from lipids 

(white) and MSP polypeptide (black). Hydrophobic regions on the MSP associated with the 

hydrophobic lipid tails, to enclose a disk of lipids within the polymer “belt. Adapted from 

Malhotra et al (2014)117. 
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Model lipid bilayers can also be used as a platform to study proteins and their 

function, by incorporating proteins into “proteoliposomes” during the self-assembly 

process. Membrane proteins are typically solubilised into detergent micelles during 

the procedures used for their isolation and purification procedure from natural 

membranes. Then, proteoliposomes can be formed by removal of the detergent 

which allows reconstitution of membrane proteins into lipid bilayers, which is often 

done by rapidly diluting the protein solution to lower detergent concentration or by 

the gradual removal of detergent by porous polystyrene beads118. This reduces the 

concentration of detergent in solution below the critical micelle concentration 

causing micelles to disassociate, and the membrane proteins will then reconstitute 

into lipid bilayers to minimise free energy by removing their hydrophobic regions 

from contact with the aqueous solution. These “proteoliposomes” can be studied in 

solution98, tethered to a surface for microscopy measurements105, 119 and can also be 

deposited onto surfaces to form supported lipid-protein bilayers74. Proteoliposomes 

can be used to study the effect of in-membrane protein aggregation120, lipid-protein 

interactions120, 121, changes in environmental conditions122, and can even be utilised 

to study differences in chemical conditions on the interior versus the exterior of the 

liposome123.  

 

One potential issue with the use of proteoliposomes is the interactions that may 

occur between many proteins reconstituted within the bilayer, which complicate the 

measurement of specific features occurring the single-protein level; this can be 

especially challenging when studying proteins with known conformational and 

functionality changes related to aggregation124. To study individual membrane 

proteins independently of protein-protein interactions, lipid nanodiscs have been 

developed to encapsulate individual membrane proteins (Figure 1.10c). These 

nanodiscs consist of amphiphilic scaffold proteins that self-assemble to form a 

amphipathic “belt” of a defined radius that encapsulates a section of lipid bilayer and 

a single membrane protein so that measurements on truly isolated membrane 

proteins reconstituted into their native membrane environment are possible125. 

 

Numerous researchers have incorporated photosynthetic proteins into model lipid 

membranes, such as proteoliposomes, SLBs and nanodiscs, in order to study them 

in a near-native lipid environment from both bacterial126, and plant systems127. 
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LHCII and PSII have been co-reconstituted into proteoliposomes to quantify the 

enhancing effect of LHCII energy transfer to the activity of PSII by observing the 

increase in PSII oxygen evolution with the incorporation of the antenna protein128. 

PSII and ATP synthase have also been co-reconstituted into proteoliposomes in 

order to create an ‘artificial chloroplast’ where the cross-membrane proton gradient 

produced by PSII in the water splitting reaction is used to drive ATP synthase in an 

in vitro system129. The deposition of proteoliposomes onto solid surfaces as 

supported lipid bilayers allows the effect of different lipid compositions on the 

stacking of membranes containing photosynthetic protein to be studied74. It also 

allows physical measurements such as single molecule force spectroscopy to be 

performed on proteins and reveal the stabilising effects of different lipids. LHCII 

aggregation is thought to be a driving force in the process of non-photochemical 

quenching, and LHCII reconstitution into proteoliposomes is an established method 

of studying both the effect of different lipids and of protein aggregation on the 

photophysical properties of the protein119. The likelihood of LHCII-LHCII 

interactions within the membrane can be mediated by altering the lipid:protein 

ratio in proteoliposomes, which reveals a gradual change of the system towards an 

energy dissipative state LHCII-LHCII interactions are increased79, 120 Lipid nanodiscs 

are able to provide a membrane environment with minimal LHCII-LHCII 

interactions, resulting in a significant reduction in the quenching of LHCII 

fluorescence and further enforcing the idea that the dissipative state is strongly 

related to aggregation79, 120. The minimised dissipative pathways of LHCII 

reconstituted into nanodiscs also allow the focused study of interchromophore 

energy transfers that occur within a single non-quenched LHCII complex using 

ultrafast spectroscopy techniques62. 

 

A challenge associated with lipid bilayers is the lengthy process of biochemical 

purification required to prepare purified proteins (which often includes the removal 

of native thylakoid lipids74, 129-131) and the complex procedures required to 

reconstitute proteins into proteoliposomes. For these reasons, such model systems 

are often limited to one or two types of protein, which simplifies the numerous 

interactions that are present in thylakoids, and may poorly represent the 

composition of the native membrane. In addition, there has been little success in 

reconstituting photosynthetic membrane proteins into lipid bilayers at biologically 
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relevant concentrations (previous models have achieved a protein occupation of a 

maximum of ~25 % of the membrane area74, 98 compared to 60-70% in vivo). 

Therefore, the effects observed in model lipid membranes must be carefully 

interpreted when compared to processes that may occur in native thylakoid 

membranes.  

1.3.4 Array-patterning of supported lipid bilayers 

Patterned lipid membranes are commonly used to restrict the movement and 

diffusion of lipids/proteins to prevent the mixing of lipids between corralled 

membranes or to prevent the diffusion of lipids/proteins into certain parts of the 

sample132-135. In addition, membrane patterning can provide discrete and easily 

recognisable micro arrays that can increase the throughput or accuracy of 

analysis135-137. A widely used approach to generate patterned lipid bilayers is to use 

“microcontact printing”, in which a lipid “ink” is deposited onto a surface using a 

micropatterned stamp (typically PDMS), which can generate features as small as a 

few micrometers136, 138, 139. However microcontact printing has the potential for 

surface fouling, non-specific binding or “overspill” from the stamp, and risks 

denaturation of the associated molecules if the “ink” dries. Other approaches include 

direct patterning of the bilayer using UV photolithography140, dip-pen 

nanolithography (i.e. “writing” a lipid ink using an AFM probe)141, or incubating 

liposomes onto a chemically (i.e. alternating regions of hydrophobic/hydrophilic 

areas) or physically (i.e. an empty template) patterned substrate such that lipids 

associate with hydrophilic or hydrophobic regions of the pattern to form discrete 

lipid membranes134, 142.  

1.3.5 In-membrane electrophoresis of supported lipid bilayers 

One application of micropatterned membranes is a method known as “in-membrane 

electrophoresis” (Figure 1.11a-c), which utilises electric fields applied parallel to 

patterned lipid membranes to control the movement and concentration of charged 

molecules that are associated with the membrane143-145. Here, researchers have 

typically used lipids with a fluorophore attached to them (as a probe for 

fluorescence microscopy) or membrane-associated proteins (e.g., streptavidin). 

When charged molecules (or any particle) are placed in an electric field, they 

experience a Lorentz force equal to: 
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 𝑭ഥ = 𝑞𝑬ഥ Eq. 1.6 

where q is the charge of the molecule, E is a vector representing the direction and 

magnitude of the electric field, and F is a vector representing the direction and 

magnitude of the force146. The Lorentz force causes charged particles molecules to 

accelerate in the direction of the force, ultimately reaching a “terminal drift velocity” 

that describes their velocity when the Lorentz force is balanced with frictional forces 

that may occur in the system (e.g. bilayer viscosity, or friction between the 

molecules and the buffer). Fluorescence microscopy can be used to track the motion 

of lipid-tagged fluorophores and measure the E-field induced migration velocity (or 

the usual random 2-D diffusion). The terminal drift velocity is proportional to the 

magnitude of the electric field that is applied to the membrane, such that:  

 𝑽𝒅𝒓𝒊𝒇𝒕 = 𝜇ா𝑞𝑬ഥ Eq. 1.7 

Where Vdrift is the terminal drift velocity and µ is the electrophoretic mobility (i.e. 

the strength of the response of a molecule to the Lorentz force). The electrophoretic 

mobility is related to the Einstein mobility (i.e., the tendency of a molecule to 

randomly diffuse) by:  

 𝜇ா =  𝛼𝜇ிோ =  𝛼 
𝐷

𝑘𝑇
 

Eq. 1.8 

where D is the diffusion constant (in µm2s-1) of the molecule measured via 

fluorescence recovery after photobleaching experiments, kB is Boltzmann’s constant 

and T is the temperature146. The difference between µEP and µFRAP, denoted by the 

ratio α, is due to frictional forces experienced by the molecule during 

electrophoresis. Specifically, ions in the buffer can accumulate close to the lipid 

bilayer, due to electrostatic interactions between the charged fluorophores and the 

buffer, and will migrate in the opposite direction to the fluorophores when an 

electric field is applied to the system. The resulting friction between the 

fluorophores and the buffer is known as “electroosmotic drag”. Different molecules 

will experience differing amounts of electroosmotic drag, due to their relative 

charges and the amount that the molecule protrudes into the aqueous buffer143, 145, 

and previous researchers have taken advantage of this effect to selectively separate 

specific fluorophores from a mixture of molecules (see example in Figure 1.11d)143, 

144. 
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Figure 1.11: Cartoon schematic of an in-membrane electrophoresis experiment and 

various examples from literature. (A) Prior to the application of the electric field, charged 

fluorophores (red) are uniformly distributed throughout the membrane due to random 

diffusion. Oppositely charged ions (blue) accumulate close to the membrane surface to 

screen electrostatic interactions. (B) Immediately after the application of an E-field. 

Charged fluorophores begin to drift at the terminal drift velocity due to the applied Lorentz 

force. The oppositely charged ions also experience a Lorentz force in the opposite direction 

to the fluorophores. Friction between the fluorophores and the buffer creates 

“electroosmotic drag”. (C) A long time after the E-field is turned on. The system reaches an 

equilibrium where electrophoretic forces are balanced by the random diffusion of 

molecules. (D) Separation of a mixture of fluorescent proteins (membrane bound and 

fluorescently labelled streptavidin) and lipids using in-membrane electrophoresis. 

Different electrophoretic and electroosmotic properties drive the separation of molecules 

when the electric field is applied. Adapted from Liu et al (2011)147. (E) An electrophoresis 

trap with complex geometry (series of rachets/hooks) is used to concentrate fluorophores 

in a spiral pattern using alternating current fields. (i) The starting distribution of 

fluorophores (ii) After the application of the field for 10 minutes. Adapted from Bao et al 

(2012)145. (F) In-membrane electrophoresis being used to increase the concentration of 

fluorescently labelled transmembrane protein, proteorhodopsin (pR). By varying the trap 

geometry (length) it was possible to modulate the final pR concentration at the end of the 

trap by up to 7× its initial concentration in the membrane. Adapted from Bao et al (2017)148. 
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During in-membrane electrophoresis, the patterned membrane acts as an 

impermeable barrier, such that when fluorophores migrate through the membrane 

they will eventually reach the pattern edge and begin to accumulate at that location. 

Eventually, the system reaches a dynamic equilibrium, wherein the electrophoretic 

Lorentz force is balanced by the random diffusion of fluorophores, and the 

concentration of fluorophores, C, at a distance, r, away from the pattern edge is given 

by 

 
𝐶(𝑟) =  𝐶𝑒ି

ೝ


 Eq. 1.9 

Where C0 is the concentration of fluorophores at r = zero143, 146. This methodology 

can be used to increase the concentration of charged fluorophores. Changing the 

length and shape of the patterned membrane changes the maximum concentration 

reached during in-membrane electrophoresis, by focusing more fluorophores into a 

smaller area. Many researchers have worked on the synthetic lipid-tagged 

fluorophore Texas Red to design electrophoresis traps which use complex 

geometries or alternating currents that are capable of increasing the fluorophore 

concentration by up to 25× its initial concentration144, 145, 149. To date, there is only 

one published report where in-membrane electrophoresis was applied to increase 

the concentration of trans-membrane (i.e., membrane spanning) proteins. In this 

report, the concentration of fluorescently-labelled proteorhodopsin proteins (a 

membrane-spanning proton pump)  could be increased by up to 7× its initial 

concentration (see example in Figure 1.11f148). This study was a convincing 

demonstration of the ability to manipulated and generate SLBs containing high 

concentrations of transmembrane proteins, however, the characterisation relied 

upon fluorescence intensity and AFM measurements alone (i.e. no fluorescence 

lifetime data) and no attempt was made to assess the effect of protein concentration 

on its fluorescent properties or its light-mediated functionality. An exciting potential 

application of in-membrane electrophoresis would be to increase the concentration 

of photosynthetic membrane proteins (e.g. LHCII, PSII) in lipid bilayers to 

biologically relevant concentrations and to use fluorescence lifetime or structural 

measurements to determine the effect of protein organisation on the photophysical 

properties of these proteins. In-membrane electrophoresis has the advantage that 

patterned SLBs are highly adaptable and modular. It would theoretically be possible 

to screen a variety of membrane compositions and physiochemical conditions with 
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the aim of delineating the complex mechanisms involved in photosynthetic 

photoprotection.  

1.4 Aims of this thesis  

This introduction has provided an overview of the basics of photosynthesis and has 

discussed the current frontiers of photosynthetic research.  In particular, this 

chapter has highlighted the challenges involved in delineating the numerous 

interactions that occur in photosynthetic membranes, and the large scale structural 

and photophysical changes that result in the non-photochemical quenching (NPQ) 

of chlorophyll fluorescence and the photoprotective capabilities of land plants. A 

large suite of model systems are available to researchers to interrogate the effects 

of different proteins, lipids or physiochemical conditions on photosynthetic 

processes, however, none of these systems are able to provide a complete 

understanding of photosynthesis and each platform has its own associated benefits 

and flaws. Therefore, photosynthetic research must rely on a multi-disciplinary 

approach, combining multiple experimental and theoretical platforms, and a careful 

interpretation of results in order to address the current unknowns in the field.  

 

With this context, the aims of this thesis can be briefly summarised into the 

following: (i) to develop and characterise a range of experimental platforms which 

may be used to investigate energy transfer and dissipation that occurs between 

synthetic fluorophores and photosynthetic proteins in lipid membranes, (ii) to 

employ these platforms to investigate the manner in which the organization and 

concentration of fluorophores in lipid membranes may alter energy transfer and 

energy dissipation between synthetic fluorophores and photosynthetic proteins, 

(iii) to exploit the energy transfer between synthetic fluorophores and 

photosynthetic proteins to increase the light-harvesting or electron transfer 

capabilities of photosynthetic model membranes as bio-hybrid nanomaterials and 

(iv) to interpret our results, in context with existing literature, to delineate the 

mechanism of photoprotective non-photochemical quenching in thylakoid 

membranes.  
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The remainder of this thesis as follows. Chapter 2 provides the theoretical 

background of experimental techniques used throughout this thesis. Chapter 3 

details the experimental protocols used in the preparation and characterisation of 

samples. Chapter 4 describes the characterisation of a new type of model membrane 

that is surface-supported and micro-patterned and the use of this model membrane 

for the interrogation of a mixture of thylakoid proteins. Chapter 5 details the 

development of two types of model membranes designed to interface the synthetic 

chromophore Texas Red (TR) to chlorophyll(Chl)-containing proteins. We 

demonstrate the ability to incorporate a range of concentrations of both TR and 

proteins into the membranes and to enhance the overall absorption cross-section of 

the system. Chapter 6 describes the use of electric fields to control the organisation 

of charged organic fluorophores within surface-supported model membranes and 

FLIM measurements as a means to investigate the self-quenching that occurs 

between small-molecule fluorophores. Three commonly used synthetic 

fluorophores were investigated and found to undergo fluorescence quenching as a 

function of their concentration within the membrane. Finally, chapter 7 documents 

the application of electric fields and FLIM to quantify the self-quenching that occurs 

between photosynthetic proteins, in order to provide insight into the mechanism of 

photoprotective non-photochemical quenching in plants.  
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2 Theory of experimental techniques 

This chapter provides a theoretical basis for experimental techniques used 

throughout this thesis.   

2.1 Optical spectroscopy 

2.1.1 Steady state fluorescence spectroscopy 

Steady-state fluorescence spectroscopy is a technique used to determine the level of 

fluorescence emission from a sample at a particular wavelength after excitation at 

another wavelength. Typically, there are two kinds of steady-state fluorescence 

measurements that can be made with a standard fluorescence spectrometer. (i) 

Fluorescence emission spectroscopy, in which samples are excited at a defined 

constant wavelength whilst the intensity is measured as the different emission 

wavelengths are scanned. This produces an “emission spectrum”. (ii) Fluorescence 

excitation spectroscopy, in which emission intensity is measured at a defined 

wavelength whilst the excitation wavelength range is scanned. This produces an 

“excitation spectrum”. 

 

In a fluorescence spectrometer (schematic in Figure 2.1) a white light lamp with a 

wide wavelength range is used to create an initial beam of light. This beam is then 

passed through an adjustable monochromator which produces a beam of light 

centred at a specific wavelength to excite the sample. This excitation beam will have 

a ‘slit width’ with defines the range wavelengths in the beam that exits the slit. This 

light will be directed towards the sample, often though an iris which can open or 

close to mediate beam intensity, where it will interact with the sample. Fluorescence 

emission from the sample is then collected at 90° from the excitation beam. The 

emission beam passes through a second adjustable monochromator which will 

allow a defined wavelength range, again with a defined emission ‘slit width’, to reach 

a detector that records the fluorescence intensity of the sample for those specific 

excitation and emission wavelengths. 
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Figure 2.1: Fluorescence spectrometer schematic. Adapted from Edinburgh Instruments 

FLS980 fluorescence spectrophotometer manual. 

2.1.2 Absorption spectroscopy 

Absorption spectroscopy is a steady-state technique which measures how much 

light is absorbed by a sample at a particular wavelength. Chromophores and systems 

made up of many chromophores, such as light-harvesting proteins, often have 

complex absorption spectra due to different absorption efficiencies at different 

wavelengths. Changes in a chromophore local environment, such as charge, solvent 

or interactions with other chromophores, often manifest as changes in the 

absorption spectra that can be measured with absorption spectroscopy. The 

absorbance of a sample, A,  is proportional to the concentration in accordance with 

the Beer-Lambert law:  

 𝐴 =  𝜀𝑙𝑐 Eq. 2.1 

where ε is the molar extinction coefficient of relevant component (M-1cm-1), l is 

optical path length of absorption spectroscopy measurement (cm), and c is the 

molar concentration of relevant component (M). An absorption spectrometer uses 

a white light lamp with a wide wavelength range to create an initial beam of light. 

This then passes through an adjustable monochromator which utilises concave 

mirrors and a diffraction grating to produce light centred at a specific wavelength; 

this beam will have a controllable ‘slit width’ which defines the wavelength range of 

light produced. The beam will pass through the sample and toward a detector to 

quantify the intensity of light transmitted to the detector, and therefore the light 

absorbed by the sample at each wavelength. To take into account the absorption of 
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the cuvette and any solution used a ‘blank’ measurement must be taken of the 

solution and cuvette without the sample. This can be done with a parallel cuvette 

and beam-splitter or a ‘matched’ cuvette as used for the sample measurement. This 

measurement of ‘blank’ absorption is subtracted from the sample measurement to 

provide a spectra of the sample absorption only.  

2.2 Epifluorescence Microscopy 

Epifluorescence microscopy is a form of microscopy where excitation light 

illuminates a sample at an angle of 90° from the surface and emission is collected 

along the same path as the excitation. Fluorescence microscopes can be used to 

image different fluorophores by having selective excitation and emission filters 

which control the wavelength range of excitation light that reaches the sample and 

the wavelength range of emission light collected, respectively (Figure 2.2). The 

excitation and emission filters are paired with a dichroic mirror, which will reflect 

shorter wavelengths and transmit longer ones with a defined cut off, to form a ‘filter 

cube’ that is matched to the spectral properties of the desired fluorophores. The 

dichroic cut off is typically designed to separate excitation and emission wavelength.  

 

Figure 2.2: Schematic of the optics within an epifluorescence microscope. Adapted from 

ThorLabs user manual. 
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In a typical epifluorescence microscopy system, a white light lamp with a wide 

wavelength range provides a beam of light. This beam initially passes through a 

mechanical aperture which can open and close to block the beam or mediate its 

width. The white light is directed towards the excitation filter, allowing the desired 

excitation wavelengths to pass through. This excitation beam is then reflected 90° 

towards to the sample by the dichroic mirror, through a magnifying objective lens, 

and onto the sample stage. The excitation light will cause chromophores in the 

sample to fluoresce and the emitted light will travel back through the objective lens. 

Due to the Stokes’ shift, the emitted light is red-shifted by approximately ~50 nm 

relative to the excitation light. The emitted light is then transmitted though the 

dichroic mirror, though a final emission filter and onto the CCD detector where an 

image is recorded.  

2.3 Fluorescence lifetime imaging microscopy 

2.3.1 Overview 

An important characteristic of fluorescent molecules is their distinctive 

fluorescence lifetime; measured as the characteristic time it takes for an excited 

fluorophore to relax from an excited state to a ground state, and release the 

excitation energy as a photon150. For most biological molecules, or artificial dyes 

(commonly used as fluorescence bio-markers), the fluorescence lifetime is of the 

order of a few nanoseconds151, but will change predictably as a result of interactions 

between the fluorophore and its local environment. As such, fluorescence lifetime 

measurements provide a quantitiative method to probe the pH, 152, 153 viscosity, 154 

155 ion concentration and other conditions using a range of commonly used “lifetime-

based sensors” 156-159. 

 

Fluorescence lifetime imaging microscopy (FLIM), is a microscopy technique that 

has gained popularity because of its high sensitivity to the molecular environment. 

FLIM typically encompasses a scanning laser which passes through a confocal 

pinhole (or two photon-excitation) to eliminate out-of-focus light and provide high-

resolution intensity maps. The application of multiple lasers, often used in Pulsed 

Interleave Excitation (PIE) mode makes multi-spectral detection relatively easy, 
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such that FRET donors and acceptors can be probed simultaneously160, 161. In 

addition to fluorescence intensity measurements, FLIM can be used to generate 

fluorescence decay curves at each location, providing an average lifetime 

measurement (as can be produced with ensemble spectroscopy), as well as 

information about the colocalisation of fluorophores98, and allowing for the 

correlation of fluorescence lifetimes and microscale structures within a sample. 

FLIM can also be combined with other surface-based microscopies, such as atomic 

force microscopy, to directly probe the relationship between fluorophore 

arrangement, sample structure and interactions that may alter the photophysical 

state.  

2.3.2 Principle of Time Correlated Single Photon Counting 

Time-correlated single photon counting (TCSPC) is a spectroscopic technique used 

to the determine the average fluorescence lifetime of chromophores. The method is 

based on the excitation of fluorophores with a narrow pulse of light, followed by the 

precisely timed registration of the arrival of single photons that are emitted from 

these fluorophores. The time difference between the excitation and emission is 

accurately measured by a combination of timing electronics and highly sensitive 

single-photon detectors that act like a stopwatch. This cycle is repeated many times, 

and then stopwatch readings are sorted into a histogram consisting of a range of 

time bins, typically with a temporal resolution of <50 picoseconds. The result is a 

fluorescence decay curve where the amplitude of the curve at each point represents 

the probability of recording photon emission at that time after the initial excitation. 

The fluorescence lifetime can be calculated by fitting an exponential function to the 

decay curve.  

 

Fluorescence lifetime imaging microscopy (FLIM) combines TCSPC measurements 

with sample scanning, such that a TCSPC decay curve is obtained for each pixel in an 

image. To achieve this, a coarse time-tag is recorded for each photon, in addition to 

the “stopwatch” time, called the Time-Tagged Time-Resolved (TTTR) data stream. 

This TTTR records the macroscopic time of arrival for each photon, and is then 

synchronised with the position of the scanner at that time, as illustrated in Figure 

2.3a.  

 



 
Chapter 2  41 

 

Figure 2.3: Instrument schematic for the generation of FLIM images using Time-Correlated 

Single Photon Counting (A) TCSPC and TTTR data streams. In the TCSPC data, the start-

stop-time for each photon is measured as the time period between the peak of the laser 

pulse (blue line), and the registration of the photon by a detector. In the TTTR data, the time 

of arrival for each photon is measured from the start of the experiment, and synchronised 

with external markers, to correlate the photon arrival with the location of individual pixels. 

(B) A representation of the TCSPC data after it is “binned” into a histogram to generate a 

fluorescence decay curve. (C) An example FLIM-image, showing the intensity only data 

(left), and intensity data overlaid with false-colour lifetime data (right). Adapted from 

technical documentation from FLIM manufacturer Picoquant (GmbH).  

 

This enables the electronics to reconstruct 2D, or even 3D, images, consisting of both 

intensity (the number of detected photons) and fluorescence decay curves (the 

histogram of “stopwatch” times) for each pixel (Figure 2.3b). The combination of 

spatial, and temporal information, is a particularly powerful tool to interrogate 

systems where the structural arrangement of fluorophores may result in changes to 

their photophysical properties. To display this information, FLIM data is typically 

represented as 2D images, where the “brightness” represents the fluorescence 

intensity at each location, and a false-colour scale is used to represent the average 
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fluorescence lifetime (an example is shown in Figure 2.3c). For consistency and 

ease of interpretation, in all FLIM-images shown throughout this thesis, lifetimes are 

represented by a false-colour scale which is blue‐green‐yellow‐orange‐red from 

short lifetime to long lifetime. 

2.3.3 Typical FLIM instrumentation 

In FLIM measurements, an optical microscope is used as a sample stage with the 

ability the couple light to the FLIM Main Optical Unit (MOU) containing confocal 

optics. Briefly, the MOU consists of the following components: 1) An excitation 

segment, 2) A basic confocal unit, 3) Beam diagnostics, 4) Detection channels. A 

complete schematic of the Main Optical Unit (MOU) is shown in Figure 2.4. Prior to 

the excitation beam segment (Figure 2.4, yellow), the emission from up to three 

Laser Diode Head (LDH) sources are aligned and coupled into a single-mode fibre 

optic leading to the MOU. The laser intensity can be adjusted by the placement of 

neutral density filters and a “razor-blade” that blocks a portion of the beam.  

 
To maintain the shortest possible laser pulse width and provides the best temporal 

resolution, the voltage supplied to each laser is always set at the minimum required 

to allow lasing and kept constant for all measurements. The correct laser is chosen 

to match the absorption of the sample fluorophore. For imaging samples consisting 

of multiple fluorophores, multiple LDHs can be operated in Pulsed Interleaved 

Excitation (PIE) mode, such that two, or more, wavelengths of laser light are pulsed 

in an alternating sequence with precisely defined intervals (which should be 

sufficient to allow exciton decay before the next pulse). This allows for dual channel 

measurements that are both spectrally (selected through excitation and emission 

wavelengths) and temporally resolved and results in multiple FLIM channels with 

high specificity and minimal cross talk (typically <1%) between channels. The 

pulsed excitation is directed to the sample using a “FLIMBee” mirror-based 

galvanometer scanner (PicoQuant) that is attached to the basic confocal unit. The 

rapid raster speed and precision of the galvanometer allows for both FLIM images, 

and rapid video-speed measurements over large areas. 
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Figure 2.4: Instrumental schematic for the FLIM system at the University of Leeds with 

sections coloured corresponding to the different segments. Adapted from the Picoquant 

(GmbH) user manual.  

 

Light returning from the sample to the dichroic consists of two components; i) light 

that has been scattered by the sample-substrate interface and ii) light that has been 

absorbed and re-emitted by fluorescence molecules on the substrate. The scattered 

light has the same wavelength as the excitation light, and is therefore reflected by 

the dichroic mirror to the beam diagnostic segment (Figure 2.4, blue) of the MOU 

where the symmetry of the laser beam and quantity of scattered light can be 

monitored. The re-emitted light has a longer wavelength than the excitation beam 

(due to a Stokes shift of ~50 nm for most common fluorophores) and transmits 

through the dichroic to other components of the confocal unit (optical filters) and 

towards the detection segment (Figure 2.4, green upper). Within the detection 

segment, the emitted signal can be directed towards two detectors (Figure 2.4, 

upper green), a Photon Multiplier Tube (PMT) or a SPAD (Single Photon Avalanche 

Detector). With this arrangement of detectors, multiple fluorophores can be probed 

independently by placing different emission filters in front of each detector. Typical 

experimental parameters for FLIM measurements are given in Chapter 3 (and where 

required per experiment).  
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2.3.4 Common FLIM artefacts: Pile-up and wrap-around effects 

After registering a photon, the detectors require some time to reset and be ready for 

the detection of the next photon. This so-called “dead time” is typically in the range 

of 25 to 90 ns for high-quality detectors. If multiple photons arrive within a single 

cycle, the first photon to arrive at the detector will be registered, but the second 

photon is “lost”. Therefore, this effect, termed the “pile-up effect” (Figure 2.5a), 

manifests itself as an over representation of photons with shorter lifetimes, a 

shortened average measured lifetime, and the addition of a more rapid decay 

component – a mono-exponential decay, will become a bi-exponential decay. To 

avoid these lifetime artefacts, only one photon must reach the detector per cycle. 

This requirement is met by ensuring that the probability of detecting a single photon 

per cycle is low (in fact, many cycles will not result in a detected photon at all) by 

attenuating the excitation laser power at the sample in order to limit the number of 

excited fluorophores generated by each pulse. In order to maintain single-photon 

statistics, on average only 1 in 100 excitation pulses should generate a count at the 

detector. This parameter is monitored during TCPSC experiments, ensuring that the 

average count rate at the detector does not exceed at most ~1% of the laser pulse 

rate. For example, for a pulsed laser source running with a repetition rate of 20 MHz, 

the average detector count rate should not exceed 0.2 MHz (200,000 counts per 

second). 

 

A second form of TCSPC artefact, called “wrap-around artefacts” (Figure 2.5b), 

occurs when the excitation pulse rate is large enough that multiple pulses occur 

within the lifetime of a single excited state. In this scenario, the emission of an 

excited state generated by one laser pulse is likely to be registered as the response 

to a later laser pulse. This leads to distortions in the fluorescence decay curve, where 

excited states with a long lifetime are under-represented or registered as short-

lifetime components, and the baseline (i.e. background level) of the fluorescence 

decay curve increases in response to overlapping portions of the fluorescence decay 

curve. To prevent these artefacts in the fluorescence decay curve, the laser pulse 

rate used for single (or dual) channel measurements is selected such that the excited 

state of the fluorophore had sufficient time to decay before a subsequent laser pulse. 

The ideal pulse rate for any given fluorophore can be found experimentally (by 
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visually inspecting the decay curve to ensure complete decay before the next pulse), 

or mathematically using the exponential decay function  

 𝐼(𝑡) = 𝐴𝑒ି௧/ఛ Eq. 2.2 

Where I(t) is the time-resolved intensity, A is the amplitude, t is the time after a laser 

pulse, and τ is the lifetime of the fluorophore. Substituting, the fluorescence lifetime 

of LHCII (~4 ns) into this equation, shows that the fluorescence intensity has almost 

completely decayed (to less than 1% of the initial amplitude) after ~20 ns. A pulse 

rate of 20 MHz (i.e. one pulse every 50 ns) is therefore more-than-sufficient for 

measurements of photosynthetic proteins.   

 

 

Figure 2.5: Examples of common TCSPC artefacts. (A) Photon pile-up effect. (B) Wrap 

around effect. The fluorescence decay curves (right) show an curve unaffected by wrap-

around effects due to the slow pulse rate (red), compared to a decay curve where the second 

pulse (black, dashed) occurs before the curve has fully decayed (blue). The result is a higher 

baseline, and a shortened fluorescence lifetime. Adapted from the Picoquant (GmbH) 

technical documentation.  

 

2.3.5 Interpretation and analysis of fluorescence decay curves 

The characteristic of a TCSPC system that summarizes the overall time precision is 

the instrument response function (IRF). The IRF represents the sum of all the 

temporal inaccuracies of the system including the detector resolution, the laser 

pulse width and the timing jitter of the electronic components. The most significant 
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component of the IRF is often the uncertainty of the detector, due to the time taken 

to convert a photon into an electrical signal. For most TCSPC detectors, this may 

introduce uncertainties of 200 to 400 ps. The second most contribution to IRF 

broadening is the pulse width of the excitation source, which, including the time 

taken to obtain a reference signal, can be as large as 100 ps.  

 

Overall, an estimate of the overall IRF width, can be obtained from the geometric 

sum of individual components, or the propagated error of each component  

 𝐹𝑊𝐻𝑀ூோி ≫  ට 𝐹𝑊𝐻𝑀௧
ଶ  Eq. 2.3 

The IRF for our system was found experimentally by calculating the full width at 

half-maximum (FWHM) of the temporal response of the FLIM to scattered light. In 

this case, the time-dependence of the detected signal is only the result of instrument 

uncertainty (since light is scattered instantaneously), and provides an approximate 

estimate for the resolution of the system. As a rule of thumb, and in favourable 

experimental conditions, reconvolution analysis can be used to recover lifetimes 

down to ~1/10th of the IRF width. 

 

To accurately calculate the lifetimes from fluorescence decay curves, IRF 

measurements were made for each detector (using a particular laser and repetition 

rate), prior to each series of measurements. Measured IRFs were used as part of a 

reconvolution fit, in the SymPhoTime software. Initially, data was fit to a 

monoexponentially model and the number of parameters was increased until an 

acceptable fit was achieved. An acceptable fit is characterized by the following 

criteria: (i) the fitted curve overlays well with the decay curve, (ii) the residuals are 

minimized and randomized around zero, (iii) the χ2 value approaches 1, and (iv) the 

calculated fitted values are reasonable (positive amplitudes and lifetimes). The 

fitted decay curve can be described by a sum of exponential components, where each 

exponential curve represents a population of fluorophores following a particular 

decay mechanism. The time-resolved intensity, I(t), of an ensemble of fluorescent 

molecules at given time, t, after an excitation pulse, is given by 

 𝐼(𝑡) =   𝐴 exp ൬−
𝑡

𝜏
൰ 

Eq. 2.4 
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Where Ai is the amplitude (normalised such that the sum of Ai equals 1) and τi is the 

time constant of each decay component. The average lifetime of a fluorophore is 

typically quoted as the mean amplitude-weighted lifetime, <τ> and is calculated 

from average of the time-constants, weighted by their respective amplitudes.   

 < 𝜏 > =   𝐴𝜏 Eq. 2.5 

2.4 Atomic force microscopy 

2.4.1 Overview 

The atomic force microscope (AFM) was developed out of the scanning probe 

microscope (SPM) classification of microscopes used for studying surface properties 

of materials from the atomic to the micron level. The AFM measures forces between 

a solid probe and the sample whilst scanning in a raster fashion across the surface 

to give a surface topography. The AFM can measure: forces at the pN scale, lateral 

distances at the nm scale and vertical distances at the sub-angstrom scale. Coupled 

with the ability to operate under physiologically relevant, liquid environments this 

makes the AFM a great tool for high-resolution structural and mechanical 

investigations of biological samples in a non-destructive manner. Developments in 

each component have, and continue to allow advances in resolution, speed and 

function which will be discussed further in the following sections. 

2.4.2 Typical instrumentation 

A common instrumental set up of an AFM is shown schematically in Figure 2.6. Two 

vital components of an AFM are the probe and the scanner. The probe consists of a 

cantilever and a sharp tip (with tip radius of ~2 nm or greater), whereby forces 

between the sharp tip and sample cause a deflection in the typically ~100 µm long, 

flexible cantilever to which it is bound. This deflection causes a change in angle of 

the cantilever which can be detected by a laser beam reflecting off the back of the 

cantilever end, onto a photodiode split into 4 quadrants. The SPM scanner is made 

from piezoelectric materials in such a configuration that provides precise 

positioning control. Piezoelectric materials contract or expand when a voltage is 

applied with a mechanical movement that is proportional to the voltage applied. The 

scanner has a combination of independently operated piezo electrodes for X, Y, and 
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Z in a single tube, making a scanner that can manipulate samples and probes with 

high precision in three dimensions. AC voltages applied to the different electrodes 

of the piezoelectric scanner produce a scanning raster motion in the x and y 

directions.  The AFM probe can be mounted on piezoelectric device, also. This 

combination allows the probe to be scanned over the sample, or the sample scanned 

under the probe, whilst measuring cantilever deflections which can then be 

interpreted by a computer to generate a map of surface topography (X, Y and Z 

positions).  

 

Figure 2.6: Schematic diagram showing the basic components of contact mode atomic force 

microscopy. Here, the piezo-scanner is mounted under the sample stage. Alternatively (or 

additionally) the piezo-scanner can be mounted on the AFM probe. Adapted from Bruker.   

 
To control the force applied by the tip to the sample a feedback loop is used to ensure 

the tip tracks the surface. The feedback circuit uses the real-time cantilever 

deflection signal (measured in voltage by the photodiode) as an input and attempts 

to keep the cantilever deflection to a user-defined value by changing the voltage 

applied to the Z-direction piezo-scanner thus changing the tip-sample separation 

distance. This regulates the applied force generated by the AFM probe on the sample 

and allows this force to be minimized, which is useful in preventing damage to soft 

biological samples (and the tip). In addition, this feedback in the relative change in 

height of the sample is used as the signal for generating an AFM height image 

(topography map). The sensitivity of the feedback loop can be controlled by user-
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defined settings known as the integral and proportional gain, correcting for either 

the errors or proportional difference in cumulative height, respectively.  

2.4.3 Modes of operation 

The original mode of AFM operation is Contact Mode (CM), in which the tip stays in 

physical contact with the sample whilst scanning. The two different methods of 

operating in CM are either by holding the probe at constant force or at constant 

height. During constant force mode the feedback loop maintains constant tip-sample 

interaction force by controlling the z-piezo. In this mode, the position of the z-piezo 

replicates the topography. In constant height mode no feedback loop is used and the 

cantilever is held at a constant level in relation to the surface. An image is then 

created from the cantilever deflection giving greater vertical sensitivity but at the 

expense of potentially large applied forces to any sample which is not very flat. In 

CM of AFM, the tip is always in contact with the surface which can create high shear 

(torsional) forces that could damage and deform the surface and, in some cases, 

sweep the sample off the surface. The relatively large shear forces applied on the 

surface can make CM unsuitable to image some sensitive, soft biological samples 

such as dispersed proteins. However, CM can be useful for imaging supported lipid 

bilayers which are often relatively flat (~1 nm) and laterally stabilised by 

hydrophobic forces. 

 

In Tapping Mode (TM) of AFM the tip is oscillated in the Z-direction whilst still being 

raster scanned in the XY-directions across the surface (Figure 2.7); this greatly 

reduces shear forces and sample damage relative to CM. A sinusoidal voltage is 

applied to the piezo causing the tip to oscillate at its resonant frequency. When the 

tip is far from the surface, the piezo motion causes the cantilever to oscillate with a 

high amplitude (~ 20 nm). As the tip is moved towards the surface it begins to lightly 

touch or “tap” the surface and the cantilever oscillation is reduced due to energy 

loss. The reduction in oscillation amplitude is used to identify and measure the 

surface features. The feedback loop attempts to maintain a constant cantilever 

amplitude by moving the cantilever further from or closer to the surface so that the 

TM imaging force is maintained at a user-defined level. 
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Figure 2.7: Schematic diagram showing the basic components of tapping mode atomic force 

microscopy. Adapted from Bruker.   

 
A more-recently developed imaging AFM mode is Peak Force Tapping (PFT) mode 

(Figure 2.8), where the cantilever is sinusoidally oscillated close to the sample but 

well below the resonance frequency. Interactions between the probe and the sample 

(i.e. Van der Waal forces, or adhesion) result in changes to the tip deflection and the 

measured signal, which is measured as a force-distance curve as the probe 

approaches and withdraws from the surface. One major advantage of PFT as 

compared to TM is the direct force control over every approach-retract cycle, with 

feedback over the real-time force applied. Additionally, a multitude of material 

properties can be extracted and quantified from the force-distance curve at each 

pixel within an image, such as modulus, adhesion force, and deformation depth. In 

PFT, the oscillation of the probe is significantly slower compared to standard TM 

and results in more gentle tapping forces and less damage to the sample, at the cost 

of a slower imaging technique compared to TM/CM.  
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Figure 2.8: Schematic diagram showing the trajectory of the probe (black dashed line) 

during peak force tapping measurements. Each tip approach and withdrawal generates a 

force distance curve (blue/red, dashed line) that can provide mechanical information about 

the sample alongside topography measurements. Adapted from Bruker.   
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3 Experimental protocols 

This chapter documents the experimental procedures used and developed within 

the thesis and gives details of the samples and substrate preparation used. Protocols 

throughout the rest of the thesis are as described here, unless specifically stated in 

subsequent chapters. 

3.1 General protocols 

3.1.1 Materials 

All solvents and chemical solids were purchased from Sigma-Aldrich, unless 

otherwise stated. Solvents were Bio-Ultra analytical grade or higher, and chemical 

solids were HPLC grade or higher, unless otherwise stated. 

3.1.2 Standard Buffers 

All water used was deionized and filtered by a milli-Q water purification system 

(Millipore). All buffers were initially prepared as concentrated stock solutions, 

typically a 50 mL volume at 1 mole/litre (M), by weighing solids to a 1 mg precision 

and dissolving in ultrapure water to be within <1 % difference of the intended 

concentration. Stock solutions were stored at 4 °C for up to 3 months. For each 

experiment, buffers were prepared by diluting the concentrated stocks in with 

milliQ water to achieve the desired concentration. Buffers were purified through 

0.22 μm filters using syringes before use and typically stored at 4 °C for up to a week. 

pH-fixed buffers were prepared to be within 0.1 of the intended final pH by the 

dropwise addition of 1-10 M hydrochloric acid or sodium hydroxide.  

3.1.3 Preparation of hydrophilic substrates  

Hydrophilic glass was prepared by incubating glass coverslips (#1.5 thickness) in 

“piranha solution” of 3:7 sulphuric acid (H2SO4) hydrogen peroxide (H2O2) for 30 

minutes, followed by copious rinsing with milliQ water. Glass coverslips were used 

within 5 days of cleaning by removing the substrate from the water with clean 

tweezers, and drying with nitrogen gas flow.  
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3.2 Protein biochemistry 

3.2.1 LHCII isolation and purification 

Trimeric LHCII complexes were biochemically purified directly from spinach leaves 

using a previously established procedure by Hancock et al.98, adapted from the 

procedures of the Johnson group56. Briefly: leaves were macerated using a blender, 

chloroplasts were osmotically lyzed and then thylakoid membranes solubilized with 

0.5 % n-dodecyl α-D-maltoside (α-DDM ≥99 % purity, Generon). Thylakoid 

membrane proteins were isolated using continuous sucrose density gradients in 20 

mM HEPES pH 7.5, 0.03 % α-DDM (8-13 % w/w sucrose) and ultracentrifuged at 

100,000 g for 36 hr, 4 °C. The dense green band of LHCII trimers was collected and 

concentrated using a 30 kDa Amicon Ultra centrifugal filters (Merck Millipore, UK). 

LHCII trimers were further purified using high-resolution size exclusion 

chromatography using a 16/600 Superdex 200 prep grade column and an AKTA 

Prime FPLC system (GE Healthcare Life Sciences, PA, USA) in the buffer 150 mM 

NaCl, 0.03 % α-DDM, 20 mM HEPES (pH 7.5). Appropriate eluted fractions were 

pooled and concentrated. Finally, LHCII trimers were at a concentration of approx. 

100 nM, corresponding to an absorbance of ~20 at 675 nm estimated by absorption 

spectroscopy, in a final buffer of 20 mM HEPES (pH 7.5) and estimated 0.3 % α-DDM. 

SDS-PAGE and Native-PAGE confirmed protein purity and oligermisation state. Note 

on contributions: All LHCII isolation and purification was performed and 

characterised by A. M. Hancock. 

3.2.2 Preparation of extracted thylakoids 

Thylakoid membranes were isolated from spinach (Spinacia oleracea) as described 

by Morigaki and co-workers.162 Briefly, this involved macerating leaves at 4°C, 

disruption of the chloroplasts by passing them through a high-pressure vessel and 

recovery of thylakoid membranes in an aqueous buffer (50 mM KH2PO4, 10 mM 

NaCl, 2 mM MgCl2, 330 mM sorbitol, pH 7.5). Absorption specstropy confirmed that 

the membranes contained the expected optically-active proteins (LHCII, PSII, PSI, 

see section 4.2.2). These “extracted thylakoids” were used to form hybrid 

membranes within a few days or were flash-frozen with liquid nitrogen and stored 
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at -80°C. Note on contributions: Thylakoid extracts were prepared in Kobe by 

members of the Morigaki group and shipped to Leeds.  

3.3 Formation of model lipid membranes  

3.3.1 Lipid preparation and storage 

Plant thylakoid lipids monogalactosyldiacylglycerol (MGDG), 

digalactosyldiacylglycerol (DGDG), sulphoquinovosyldiacylglycerol (SQDG) and the 

synthetic lipid 1,2-dioleoyl-sn-glycero-3- phosphocholine (DOPC) were purchased 

from Avanti Polar Lipids as lyophilized solids (received as ampules sealed under dry 

nitrogen). The fluorescently-tagged lipids Texas Red 1,2-dihexadecanoyl-sn-

glycero-3-phosphoethanolamine (TR-DHPE), 1,2-dipalmitoyl-sn-glycero-3-

phosphoethanolamine-N-(7-nitro-2-1,3-benzoxadiazol-4-yl) (NBD-DHPE) and N-

(4,4-Difluoro-5,7-Dimethyl-4-Bora-3a,4a-Diaza-s-Indacene-3-Propionyl)-1,2-

Dihexadecanoyl-sn-Glycero-3-phosphoethanolamine (BOD-DHPE) were purchased 

as a solid from Life Technologies (Invitrogen), Avanti Polar Lipids and Thermo 

Fischer Scientific, respectively (received as ampules and sealed under dry nitrogen). 

Lipid mixtures was prepared by solubilising dry lipids in chloroform to a known 

concentration, and mixing the required volumes of the lipid-chloroform solutions to 

obtain the desired ratios and mass for sample formation. Fluorescently-tagged lipids 

were dissolved in chloroform and added as required to aliquots of lipid mixtures 

before drying. Solubilised lipids were then subsequently dried under dry nitrogen 

gas flow for 40 min and then placed in vacuum desiccator for 3-12 hrs to remove 

any residual traces of solvents (room temperature, in the dark). Lipid aliquots were 

then either used immediately or stored under argon gas at -80 °C until use. Single-

use glass vials were used throughout when working with lipids in organic solvents.  

3.3.2 Liposome formation 

Aliquots of dry lipid mixture were solubilised in a buffer solution of 20 mM HEPES 

(pH 7.5), 40 mM NaCl to reach a final lipid concentration of 1 mg/mL. Vortex mixing 

was applied to fully solubilise the solution until there is no visible lipid film in the 

vial and the solution is turbid. The lipid solution was then loaded into a temperature-

controlled glass sample holder (pre-cooled to 4 °C) and tip sonicated for 20 minutes 

at 20 % power (Sonifier 250, Branson, USA) to form small unilamellar vesicles. To 
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remove titanium residue from the sonicator tip, samples are centrifuged at 10,000 

g for 3 min before the supernatant (liposome solution above the precipitated solid) 

was transferred into fresh vials and used for further characterisation.  

3.3.3 Proteoliposome formation 

Proteoliposome samples were formed containing either DOPC lipids or a thylakoid 

lipid mixture that was comprised of 35 % MGDG, 20 % DGDG, 12 % SQDG, 8 % Soy-

PG and 25 % DOPC (% wt/wt), adapted from Grab et al163, as specified in subsequent 

chapters. Aliquots of dry thylakoid lipid mixture (“Grab mix” as prepared above) or 

DOPC lipids where specified were solubilised with 0.5 % α-DDM, 20 mM HEPES (pH 

7.5) at room temperature for approximately 12-16 hours with agitation via a 

pinwheel rotator to generate a mixed micellar lipid-DDM solution (approx. 9:1 

molar ratio of detergent-to-lipid). For example, typically 0.4 mL of this buffer would 

be added to 1 mg DOPC to give approx. 2.5 mM DOPC and 22 mM DDM in final 

volume of 0.4 mL (lower masses of thylakoid lipids were often used due to their cost 

and a lower final volume). The starting protein-lipid-detergent suspension was 

prepared in plastic microfuge tubes by mixing calculated volumes of the following: 

the pre-solubilized lipid-DDM suspension, aqueous buffers, and purified LHCII 

trimers to a final concentration of: 1 mM total lipid, 0.2 % α-DDM, 20 mM HEPES (pH 

7.5), 40 mM NaCl and the desired LHCII concentration. The desired LHCII 

concentration was achieved by calculating the volume of isolated LHCII trimers 

required to reach a defined lipid-to-protein (mol/mol) ratio for each sample (with 

molar concentration of lipids calculated from known masses and molecular weights 

and LHCII protein concentration determined from absorption as stated above). The 

lipid-DDM-protein mixture was then incubated with Bio-Beads SM-2 Adsorbents 

(Bio-Rad) to gradually remove the detergent and allow proteoliposome formation 

via self-assembly, as follows: four incubation cycles with increasing quantities of 

fresh Bio-Beads (8 mg/mL, 20 mg/mL and 40 mg/mL and 100 mg/mL) for 90 min, 

90 min, 90 min, and ~16 hours, respectively. Proteoliposome samples were 

prepared in parallel, typically in sets of 5 to 7 samples, stored in the dark at 4 °C 

when not in use, and diluted samples from these immediately were characterised by 

ensemble spectroscopies (within 16 hours) and by microscopies (within 24-72 

hours). Sample volumes were varied based on the required quantity of material 

needed (generally governed by the characterisation to be performed), typically 
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volumes of 300-500 μL were used to allow good mixing of BioBeads in the detergent 

removal stage and provide enough volume to be diluted for both cuvette based 

spectroscopy and microscopy. Samples were diluted by the desired factor for the 

characterization method, typically using a buffer solution of 20 mM HEPES (pH 7.5) 

40 mM NaCl, unless any other additives were required. 

3.3.4 Formation of supported lipid bilayers 

Supported bilayers were formed on hydrophilic glass by pipetting a droplet of 

liposome solution onto the surface at a desired lipid concentration (typically within 

the range of 0.2 to 0.5 mg/mL). An “open-droplet” sample geometry was maintained 

by using either “multi-well” ultrathin adhesive spacers (Grace Bio-Labs) or a 

custom-built flow chamber or an OEM sample holder. After 20 minutes, samples 

were then washed into milliQ-water with at least 10 changes of the sample buffer to 

remove any loosely adsorbed liposomes (pure water has previously been reported 

to help rupture liposomes through a process of osmotically stressing the liposomes) 

before being washing into the imaging buffer to maintain a consistent pH and to 

keep characterisation conditions consistent between different measurements.  

3.3.5 Preparation of polymerised lipid templates and hybrid 

membranes   

The polymerized lipid templates were prepared by collaborators at the University 

of Kobe, as described in several previous publications.134, 164 Briefly, lipid bilayers of 

1,2-bis(10,12-tricosadiynoyl)-sn-glycero-3-phosphocholine (Diyne-PC) were 

deposited onto substrates by vesicle spreading and then polymerization was 

conducted by UV irradiation using a mercury lamp, using very careful control over 

power delivered, process temperature and presence of oxygen. Substrates 

patterned with polymerized Diyne-PC could be stored in water for weeks at room 

temperature. Immediately before use, patterned substrates were dried with 

nitrogen and placed into a microscopy sample holder as desired (as above, either 

adhesive imaging spacers or the AFM OEM coverslip holders). Note on 

contributions: Polymerized Diyne-PC templates were prepared in Kobe by 

members of the Morigaki group and shipped to Leeds.  
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3.3.6 Formation of hybrid or patterned membranes in 

polymerised lipid templates 

Hybrid membranes were formed by incubating a mixture of extracted thyalkoids 

and DOPC liposomes on polymerized Diyne-PC templates. First, extracted thylakoids 

and DOPC vesicle suspensions were combined in a lipid ratio of 1:1 (w/w) unless 

otherwise stated. DOPC (0.5 mM) is 0.393 mg/mL (MW = 0.786 g/mol). 1 mg Chl/mL 

is equal to 3.524 mg lipid/mL,165 therefore 0.165 mg Chl/mL is 0.68 mM. The 

thylakoid/DOPC suspension was added to the substrate at a final concentration of 

0.68 mM DOPC. After 30 min incubation, samples were rinsed with copious buffer 

solution and were ready for microscopy. Patterned lipid-only membranes were 

formed by incubating a solution of DOPC liposomes, containing a small percentage 

(typically 0.5 % (w/w)) of lipid-tagged fluorophores, on polymerized Diyne-PC 

templates. The liposome solution was diluted to a final concentration of 0.5 mg/mL, 

using an open droplet, a 20 minute incubation, and rinsed with milliQ followed by 

copious amounts of buffer solution.  

3.4 Experimental protocols for sample characterisation 

3.4.1 Fluorescence spectroscopy  

All cuvette-based steady-state fluorescence spectroscopy on proteoliposomes was 

performed using an Edinburgh Instruments FLS980 fluorescence 

spectrophotometer equipped with dual excitation monochromators and dual 

emission monochromators. Samples were maintained at 20 °C and gently stirred at 

500-1000 rpm during all measurements using a thermoelectrically-cooled cuvette-

holder with magnetic stirring capabilities (Quantum Northwest TC 1 Temperature 

Controller). A 450W Xenon arc lamp was used for excitation and a red-sensitive-

PMT for detection (Hamamatsu R928 PMT). Emission scans with selective excitation 

of LHCII were acquired with excitation at 473 nm, collecting emission between 500-

800 nm (2 nm and 1 nm bandwidth excitation and emission slits, respectively). 

Emission scans with selective excitation of Texas Red were acquired with excitation 

at 540 nm, collecting emission between 550- 800 nm (1 nm bandwidth for both 

excitation and emission slits). Data acquisition parameters were 0.5 nm steps, 

integrating 0.1 s/ step and five scans averaged for all samples. All ensemble 
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spectroscopy data were further analysed in Origin Pro (v.9) graphing software. Note 

on contributions: All cuvette-based fluorescence spectroscopy data was collected 

and analysed by A. M. Hancock 

 

All cuvette-based time-resolved fluorescence spectroscopy (TCSPC) measurements 

of LHCII in detergent and LHCII proteoliposomes were made using the Edinburgh 

Instruments FLS980 fluorescence spectrophotometer, described above. Samples 

were maintained at 20 °C and gently stirred, as above. A 473 nm pulsed diode laser 

(EPL-475, pulse width of ~100 ps) was used for selective excitation of LHCII, 

collecting emission at 681 nm with 10 nm bandwidth emission slits. A laser 

repetition rate of 0.5 MHz was always used. A dedicated high-speed red-sensitive 

PMT was used for detection (Hamamatsu H10720-20 PMT). A built-in ND filter 

wheel was applied to the pulsed laser for LHCII lifetime measurements to set 

excitation power as desired, an average power of approximately 1.5 μW for LHCII 

(pulse energy of 3.0 pJ). Control measurements for excitation power versus 

fluorescence lifetime showed that singlet-singlet annihilation effects are likely to be 

avoided using these settings. Decay curves from the Edinburgh FLS980 system were 

fitting using the manufacturer’s supplied software. The instrument response 

function (IRF) was determined by measuring scattered excitation light using a dilute 

solution of colloidal silica (Ludox, MilliporeSigma) and has a FWHM of ~270 ps.  

 

All cuvette-based TCSPC measurements of lipid tagged fluorophores in solvents, 

detergent and proteoliposomes were made using a Horiba PTI Quantamaster 8000 

fluorescence spectrometer equipped with a higher power supercontinuum 75 W 

excitation laser (pulse width of ~100 ps). This was because the 560 nm laser 

available for the Edinburgh system was an LED (not a “true” laser source) which had 

relatively low power and relatively broader pulse; we found that the Quantamaster 

instrument produced higher quality data. Samples were maintained at 20 °C and 

gently stirred. The acquisition parameters were: 0.5 MHz laser repetition rate, 

excitation set to 540 nm (1 nm slit) and emission collected at 610 nm (5 nm slit) 

with a dedicated PPD-900 PMT detector. Decay curves from the Quantamaster 

system were fitted using open source DecayFit TCSPC analysis software. The IRF 

was determined, as above, to have a FWHM of ~225 ps. Note on contributions: All 
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cuvette-based fluorescence TCSPC data was collected and analysed by A. M. Hancock 

(all FLIM TCSPC data was collected S. A. Meredith). 

3.4.2 Absorption spectroscopy 

All cuvette-based absorption spectroscopy for proteoliposome samples were 

performed using an Agilent Technologies Cary 5000 UV-Vis-NIR absorption 

spectrophotometer equipped with an “integrating sphere” (also called a Diffuse 

Reflectance Accessory, Agilent) to remove any minor scattering effects. Absorbance 

scans were taken with a wavelength range of 380-800 nm, 0.5 nm step size, 0.5 s 

dwell time. ‘Blank’ measurements of the absorbance of buffer-only samples to be 

automatically subtracted from sample absorption spectra were made before each 

set of measurements were taken. Note on contributions: All absorption 

spectroscopy data was collected and analysed by A. M. Hancock. 

3.4.3 Epifluorescence microscopy 

Epifluorescence microscopy was performed using a Nikon E600 microscope 

equipped with a Andor Zyla 4.2 sCMOS detector and appropriate filter cubes (LHCII 

cube: excitation 450-475 nm, dichroic 500 nm, emission 650-800 nm; Texas Red 

cube: excitation 540-580 nm, dichroic 595, emission 600-660 nm). Images were 

taken using a ×40 air objective (NA 0.6), 500 ms exposure and with appropriate ND 

filters inserted to maintain the maximum number of counts at a level for good 

detector signal-to-noise and linearity (10-75 % of detector saturation). Two-

channel imaging (Texas Red + LHCII) of a field of view was performed sequentially 

by switching between cubes and ND filters as appropriate.  

3.4.4 Fluorescence lifetime imaging microscopy 

FLIM was performed using a Microtime 200 time-resolved fluorescence microscope 

(PicoQuant GmbH). This system used an Olympus IX73 inverted optical microscope 

as a sample holder with light passing into and exiting various filter units for laser 

scanning, emission detection, and timing electronics. Excitation lasers were driven 

in pulsed interleaved excitation mode by a PDL 828 Sepia II burst generator module. 

The pulse width for the LDH 485 nm, LDH 561 nm, and LDH 640 nm lasers were 90, 

70, and 90 ps, respectively. Detector 1 was a single-photon avalanche diode and 

detector 2 was a hybrid photomultiplier tube. The instrumentation is described in  
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detail in section 2.3. Specific dichroic mirrors and emission filters, as described in 

each chapter, were used to define the emission channel wavelength range. Analysis 

of all FLIM data was performed with SymPhoTime software (PicoQuant). The mean 

amplitude-weighted lifetime of images or specific objects, 〈τ〉, was calculated by 

generating fluorescence decay curves from accumulated photons, and then 

modelling the curve as a multiexponential decay function (excellent fits were 

achieved for all data, with chi-squared values <1.1 and low residuals). 

3.4.5 Fluorescence recovery after photobleaching measurements 

Fluorescence recovery after photobleaching (FRAP) experiments were performed 

using the epifluorescence microscopy described in section 3.4.1 or FLIM microscope 

described in section 3.4.2. Images were taken of the sample area immediately (e.g., 

30 s) prior to photobleaching, before an aperture was inserted between the sample 

and the excitation source to expose an approx. 30 μm diameter region of the sample. 

This region was then exposed to bright excitation (typically white light) for a 

continuous period of 30 s to photodamage the fluorophores in that region. 

Immediately after photobleaching, full-field (aperture removed) images were 

acquired over a series of sequential timepoints to visualize the effect of fluorescence 

recovery of the bleached area. Analysis of FRAP data is described in the relevant 

chapters.  

3.4.6 Atomic force microscopy 

Standalone AFM was performed under aqueous buffers using a Bruker Dimension 

FastScan and PEAKFORCE-HIRS-SSB probes (Bruker AFM Probes) in Peak Force 

Tapping mode. Parameters were optimized while imaging to minimize applied 

forces of <0.2 nN, typically scanning at 2–4 Hz and 1024 × 1024 pixels. Topographs 

were processed and analyzed using Nanoscope Analysis Software (v1.9).  

3.4.7 Combined FLIM and AFM 

For combined FLIM+AFM, the AFM imaging used a JPK NanoWizard 4 driven by a 

Vortis Advanced control station. The FLIM lasers and optics were as described in 

section 3.4.2. The FLIM laser and AFM probe were initially coarsely aligned by 

observing the laser position and AFM probe in the eyepiece of an overhead Olympus 

IX73 inverted optical microscope. To improve the alignment the AFM probe was 
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scanned through the FLIM laser volume, such that light scattered from the AFM was 

detected by the FLIM optics to generate an image of the AFM probe “as seen by” the 

FLIM. Using this image, the position of the AFM probe was selected such that the 

FLIM laser and apex of the probe were within <1 µm. With the two systems aligned, 

the sample was placed on a JPK Tip-Assisted Optics stage which was used in a 

sample-scanning configuration, so that the FLIM laser and AFM probe remain in a 

fixed position and that the sample moved relative to both. This ensured that once 

the FLIM laser spot and AFM probe were aligned they remained in a fixed position 

to ensure consistent correlation between the two systems and minimal noise. Any 

misalignment (due to imaging forces or thermal drift) was monitored and corrected 

by repositioning the AFM probe in between measurements.  
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4 Hybrid membranes as a model platform to 

interrogate the photophysics of light-harvesting 

proteins  

4.1 Introduction 

The interaction between the photosynthetic machinery relies heavily on protein 

arrangement and the surrounding superstructure of the thylakoid lipid 

membrane.166 In the native system, LHCII and PSII proteins are organized into 

“supercomplexes” which are located within stacked membranes, called “grana” (see 

Figure 1.1).52 The overall stacked membrane arrangement provides a large surface 

area for incorporating many hundreds of pigments, creating a wide spatial and 

optical cross-section (>100 nm) for the absorption of sunlight. These grana are not 

static structures and dark-to-light transitions have been shown to profoundly alter 

the thylakoid membrane architecture (the grana diameter and number of layers is 

reduced in high light) and the macromolecular organization of photosynthetic 

complexes17. This structural reorganization is believed to modulate the efficiency of 

light-harvesting and energy transfer to the photosynthetic reaction centre, thereby 

protecting the reaction centre from long-term damage (photoinhibition) caused by 

a build up of harmful excitation energy. 39, 55, 56, 61, 66, 79, 106  

 

After decades of intense debate, it is now widely accepted that energy migration and 

photoprotective quenching (the harmless, non-radiative dissipation of energy) is 

modulated by the light-harvesting antenna, LHCII.39-41 In intact chloroplasts, 

extracted thylakoid membranes and in model systems (e.g. LHCII aggregates and 

proteoliposomes), LHCII has been shown to undergo concentration-dependent 

quenching, manifesting as a reduced fluorescence emission and lifetime, apparently 

based on the extent of LHCII-LHCII associations54, 55. Despite this, there is still no 

consensus about the intra/inter protein interactions that lead to LHCII aggregation 

or relaxation in high or low light, respectively. Various studies have suggested that 

excess light results in an accumulation of a transmembrane pH gradient generated 

by photosynthetic electron generation40-42 which activates interactions between 
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LHCII/carotenoids41, 43-45. The pH gradient may also trigger the protonation of the 

PbsS protein and leading to their dissasociation from PSII and aggregation within 

the membrane46-49. In addition to these pH driven changes, there is speculation 

around the exact mechanism that forms the LHCII quenched state and how these 

quenched states may operate within a complex network of LHCII and PSII super-

complexes. A combination of some, or all, of these factors, and the resulting 

organisation of LHCII and PSII may be responsible for the modulation of energy 

migration and electron transfer across membranes.75, 167, 168  

 

A particular challenge of photosynthetic research is to isolate each of these effects 

whilst still providing biological insight.  Electron microscopy is a powerful tool that 

has been used to study the high-resolution structure of photosynthetic membranes 

in situ8, 11, 53, 169; however, it cannot usually be performed on hydrated samples at 

room temperature or used to investigate dynamic processes. Alternatively, AFM 

allows the visualisation of LH and PS protein complexes at relatively high resolution 

(~1 nm laterally and ~0.1 nm vertically) and can measure membrane samples 

under close-to-native conditions (i.e. ambient temperature and aqueous 

environment).17, 72, 73, 170 AFM and fluorescence spectroscopy performed on 

thylakoid membranes, which have been extracted from chloroplasts onto a flat, solid 

surface such as mica or glass, has been used to increase our understanding of the 

interactions within the native system.17, 72 However, isolated or fragmented natural 

membranes are not always an ideal platform to test system functionality because of 

their unstable nature, lack of control over membrane composition and the 

challenges associated in interpreting specific effects in a heterogeneous system.  

 

Simplified model systems have also been used as an alternative to investigate 

photosynthetic behaviour. Interactions between LH proteins have been studied 

utilizing nanoscale array patterns of proteins on solid surfaces80, 171, 172 and LH 

proteins incorporated into model membranes (proteoliposomes).74, 79, 98, 119, 121, 173, 

174 These model systems offer several advantages as platforms to study the inherent 

physicochemical properties of the proteins, such as providing precise control over 

protein arrangement, known membrane composition and the incorporation of 

specific lipids to help maintain protein stability.120, 121 In addition, many of these 

platforms are accesible to fluorescence lifetime measurements that provide 
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information on the photophysical properties (i.e. energy dissipation and transfer) of 

the proteins. However, many of these models require extensive biochemical 

purification, chemical alteration of the protein or the support surface, and, or, 

removal of the native lipids, any of which may affect the stability and photophysical 

state of LH and PS proteins.74, 129-131 Furthermore, these models are often limited to 

one or two types of protein which simplifies the complex interactions that are 

present in the native system, because of the procedural challenge of reconsituting 

multiple types of purified protein into a single artificial lipid membrane.  

 

Therefore, there is a compelling need for a thylakoid membrane model that has an 

intermediate level of complexity: consisting of the full range of proteins found in the 

native thylakoid membrane, but with a greater control over membrane composition 

and amenability to fluorescence and structural microscopy. An ideal model system 

for the study of photosynthetic membranes would consist of a stable membrane on 

a solid support which contains the complete network of photosynthetic proteins 

embedded within a bilayer comprised of a native-like mixture of lipids. Very 

recently, our collaborators in the Morigaki group presented a solution through a 

new type of "hybrid membranes" by incorporating thylakoid components (see 

Figure 4.1.a) into supported lipid bilayers (SLBs) within an array-patterned 

template.162 The empty templates were formed from photo-polymerized 

diacetylene-phosphocholine (Diyne-PC) lipids (Figure 4.1b), and have exposed 

lipid bilayer edges (see Figure 4.1c-d), which promote the formation of hybrid 

membranes from the combination of synthetic lipid vesicles and natural thylakoid 

membrane.134, 164, 175, 176 The result is an  array of discrete, high-quality SLBs that are 

patterned into easily recognizable micro arrays to allow for more accurate 

analysis.135-137 These hybrid membranes could provide a model system to 

understand the photophysical and biochemical processes of photosynthesis and to 

inspire the design of new nanotechnologies.177-179 However, the previously 

published characterization of this model162 used simple epifluorescence microscopy 

to visualize the membranes at microscale resolution and did not resolve information 

about the nanoscale membrane structure or photophysical state of the system. To 

be able to use this platform as a testbed for further investigations, a crucial next step 

is to understand the structural arrangement and interactions between proteins 
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within the membrane and how this relates to their photophysical properities 

(manifested as a change to the fluorescent lifetime).  

 

This chapter presents a quantitative characterisation of the nanoscale structure and 

photophysical properties of photosynthetic hybrid membranes using fluorescence 

lifetime imaging microscopy and atomic force microscopy. To test the efficacy of this 

platform, the following questions were addressed: (i) What is the nanoscale 

structure of the hybrid membranes compared to natural thylakoid membranes?  (ii) 

How does the fluorescence lifetime of the hybrid membranes compare to the natural 

thylakoid membranes? (iii) What is the protein concentration of the hybrid 

membranes relative to the native system? (iv) How do thylakoid proteins diffuse 

and reorganize within the membrane? (v)  Can the platform be used for more 

effective functionality assays of the photosynthetic activity (electron transport)?  In 

addition to characterizing the final form of the hybrid membranes, we visualize the 

membrane formation to measure the migration of lipids and proteins in real-time.  

 

 

Figure 4.1.  Concepts for designing model LH membranes, as reported recently.162 (A) 

Schematic of the natural thylakoid membranes and the energy transfer processes occurring. 

Yellow arrows represent absorption of light, yellow bolts represent inter-protein excitation 

energy transfer and blue dashed lines represent the electron transfer chain (simplified). (B) 

Chemical structure of the Diyne-PC and the photo-polymerization reaction. (C) Schematic 

of the how photo-polymerization is carried out through a photomask to generate array 

patterns, where only the regions of Diyne-PC exposed to UV become crosslinked (red linkers 

indicate polymerized lipids). (D) Schematic of the “hybrid membranes” within the polymer-

lipid template. 
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4.2 Characterisation of extracted thylakoids 

4.2.1 The excitation fluence of FLIM measurements is optimised 

to prevent lifetime artefacts  

Prior to any characterisation of photosynthetic samples, it was necessary to ensure 

that the parameters selected for FLIM measurements did not introduce lifetime 

artefacts into our analysis of photosynthetic samples. Singlet-singlet annihilation 

(SSA) is a mechanism of fluorescence quenching induced by Förster-type energy 

transfer between two fluorophores while they are both in their first excited singlet 

state (S1S1), and may result in the unintentional truncation of the fluorescence 

lifetime, and misinterpretation of the photophysical properties of photosynthetic 

systems, or a sub-optimal fluorescence signal. SSA is very likely to occur in 

photosynthetic light harvesting complexes,180 due to the high density of pigments 

within photosynthetic proteins, and the probability of SSA is increased by increasing 

the concentration of excitons (or exciton flux) within the system, e.g. by increasing 

the intensity of exciting light.26, 181 Therefore, it was necessary to de-couple effects 

of SSA or to limit experimental parameters to a regime where SSA is unlikely to 

occur.  

 

Experiments were performed to select an appropriate excitation fluence for future 

protein measurements, and to characterise the extent of annihilation at a range of 

other fluences. To quantify SSA in photosynthetic systems, multiple FLIM 

measurements of LHCII trimers in a variety of aggregated states were obtained 

using a wide range of excitation fluences above and below the level where SSA was 

expected to occur (0.001 mJ/cm2 to 0.373 mJ/cm2). Since SSA within LHCII trimers 

is not the focus of this thesis, this series of experiments is described in full in 

Appendix 1. We find that the fitted fluorescence lifetime of LHCII remained 

approximately constant (<10% variation) at fluences below 0.0026 mJ/cm2, before 

rapidly decreasing at fluences above 0.0026 mJ/cm2. The results show annihilation 

effects can occur within LHCII complexes, and may significantly alter lifetime 

measurements above a laser fluence threshold. After this series of experiments, a 

fluence of 0.0026 mJ/cm2 was used for all subsequent FLIM measurements of the 

photosynthetic systems. This medium-low fluence was chosen to allow for the 



 
Chapter 4  67 

collection of data with moderate speed and high signal, whilst also minimising the 

effect of SSA on the fitted fluorescent lifetimes. In subsequent sections, this series of 

measurements gives us a high confidence in the analysis of the fluorescence 

lifetimes, and subsequent interpretation of the photophysical state of LH and PS 

proteins in a variety of conditions.  

4.2.2 Ensemble absorption and fluorescence spectroscopy of 

extracted thylakoids show that photosynthetic proteins were not 

denatured 

Hybrid membranes are self-assembled from a mixture of synthetic lipids and 

thylakoid membranes that had been extracted from spinach (see methods section 

3.3.6). Prior to using extracted thylakoid membranes to form our hybrid 

membranes, it was necessary to confirm that proteins within the thylakoid 

membranes were not denatured (i.e., in transit from our collaborators) and that the 

structure of these membranes was as expected (multi-layered membranes 

containing proteins in a native-like state).  In addition, the characterisation of 

thylakoid extracts can then act as a baseline to compare to the photophysical and 

structural properties of the hybrid membrane system to those of a native-like 

system. This allows us to comment on the photophysical and topological differences, 

as well as experimental considerations such as sample stability and accessibility to 

microscopic techniques.  

 

Spectral shifts in the absorption and emission of the thylakoid membranes could 

indicate damage/denaturation of the proteins, so a basic spectroscopy 

characterization was used to confirm that these samples contained the expected 

proteins (LHCII, PSII, PSI) and that there were no significant changes to the observed 

spectra. First, the absorption spectrum from biochemically-purified LHCII was 

measured to confirm the locations of characteristic absorption peaks as measured 

by our system and to provide a direct comparison to the absorption spectrum of 

extracted thylakoids. The LHCII absorption spectrum (Figure 4.2, green dashed line) 

shows a clear peak at precisely 675 nm and a lower intensity peak at precisely 650 

nm, representing Chl a and Chl b Qy transitions, respectively. The ratio of peak 

heights between Chl a and Chl b was as expected for LHCII and the subtle shoulder 
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at 475 nm is indicative of the trimeric form of LHCII. These peak wavelengths and 

intensities are in excellent agreement with previous reports of the optical properties 

of spinach LHCII55, 56, 98, 182. Gel electrophoresis of the purified protein showed the 

expected bands, as previously reported by our group.56, 98 

 

By comparison, the extracted thylakoids absorption spectrum (Figure 4.2, solid 

green) is more complex, with contributions from LHCII, PSII and PSI. There is a peak 

centred at ~680 nm which is significantly broader than for LHCII and there is only 

a shoulder at ~650 nm, rather than a distinct peak. In summary, this spectrum is 

very similar to published reports for extracted thylakoids.183 In detail, the well-

established features of plant thylakoids, are explained by the following: (i) PSI and 

its antenna has maximal Chl a absorption at ~682 nm as compared to the PSII at a 

maximum of ~677 nm, explaining why this peak is found at longer wavelength 

compared to isolated LHCII alone, (ii) the PSI peak is known to extend further into 

the red due to its more numerous low-energy chlorophylls, explaining the observed 

broadening of the peak towards the red end of the spectrum, (iii) furthermore, PSII 

has much lesser Chl b than LHCII, and PSI has even less again, explaining the reduced 

peak at ~650 nm. This is in good agreement with reports by Caffarri and co-

workers183 and others. The extracted thylakoids fluorescence emission spectrum 

(Figure 4.2, solid red) has one major peak at ~682 nm and broad “red tail” between 

700-750 nm represents emission from low energy Chl a (and its extended vibrionic 

manifold)102, 184 indicating that the highly connected chlorophyll network across 

photosynthetic proteins has been maintained in the preparation of the “extracted 

thylakoids” sample, again, as we would have expected. 
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Figure 4.2: Emission (solid red) and absorption (solid green) data for extracted thylakoids 

and absorption data for LHCII (dashed green), normalised at 675 nm for clarity. Cuvette-

based absorption spectroscopy was performed using an Agilent Technologies Cary 5000 

UV-Vis-NIR absorption spectrophotometer. Cuvette-based fluorescence spectroscopy was 

performed using an Edinburgh Instruments FLS980 system, using excitation at 473 nm and 

collecting emission from 500-800 nm (2 nm and 1 nm bandwidth excitation and emission 

slits, respectively). The absorption spectra from both samples share some features, with 

similar peaks but at subtly different maximum wavelengths and with varying peak 

intensities. As expected, the overlapping peaks due to carotenoids and the chlorophyll Soret 

bands are found between 400-500 nm and the known Qy bands for chlorophylls at 650-700 

nm. Data collected by A. M. Hancock. 
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4.2.3 Extracted thylakoid membranes have short fluorescence 

lifetimes likely due to the presence of protein-protein interactions 

To assess the photophysical state of proteins within the thylakoid extract, 

fluorescence lifetime measurements were used to quantify the degree of quenching 

from the excited state decay rate. The fluorescence lifetime of an excited state is 

shorterned as a result of energy dissipation and transfer,185 and can therefore be 

used to infer the “photophysics state” (i.e. energetic processes) of the proteins and 

the energy pathways throughout the membrane. Tightly-packed LH proteins are 

known to have relatively short fluorescence lifetimes (~0.4 ns), likely due to 

protein-protein interactions, compared to non-interacting proteins that are known 

to have long fluorescence lifetimes (~4 ns).56, 79 So changes to fluorescence lifetime 

may also provide information about the organisation of proteins within the 

membrane and interactions between proteins that occur at length-scales below the 

optical resolution of the FLIM. Fluorescence lifetime measurements, in combination 

with high resolution AFM topographs, were employed throughout the study to 

observe the structural arrangement of our membrane samples correlated to their 

photophysical properties. Specifically, a laser-scanning fluorescence microscope 

was used to acquire images (at ~300 nm resolution) where each pixel has both 

fluorescence intensity and a time-resolved fluorescence spectrum, termed 

“Fluorescence Lifetime Imaging Microscopy” (FLIM).56, 80 

 

To make the extracted thylakoids accessible to imaging via FLIM and AFM, and to 

assess their initial structure and organisation, the extracted thylakoids were 

adhered to a hydrophilic glass coverslip by incubating a solution of extracted 

thylakoids in an open droplet on a hydrophilic glass substrate. Figure 4.3a-b shows 

representative FLIM images obtained from the chlorophyll (Chl) fluorescence of 

extracted thylakoids, revealing many distinct objects which all appear to have 

similar, quite short fluorescence lifetimes of ~0.5 ns. Note, all FLIM images have a 

colour scale with fluorescence lifetime represented from blue (short lifetime) to red 

(long lifetime) and an intensity scale representing the total counts in each pixel. 

Control measurements of “blank” buffer samples showed that there is minimal 

nonspecific fluorescence from any other sources or impurities, giving confidence in 

the detection of chlorophyll fluorescence even where the signal is low.  
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Figure 4.3: (A) + (B) Representative FLIM images of thylakoid extracts adsorbed onto 

hydrophilic glass. Small, disordered particles appear to be randomly adsorbed onto the 

surface, showing a short (blue) fluorescence lifetime. The red, dashed region in (B) shows 

an area of the sample at higher magnification. (C) Fluorescence decay curve obtained from 

extracted thylakoids. The blue curve shows the calculated decay curve fitted over raw, light‐

blue, dashed, data. <τ> = 0.40 ± 0.01 ns from image (A) of extracted thylakoids adsorbed 

onto hydrophilic glass. The red curve shows the calculated decay curve fitted over raw, light‐

red, dashed, data. <τ> = 0.5 ± 0.1 ns from time resolved fluorescence spectroscopy data of 

extracted thylakoids in solution. (D) The fastFLIM distribution (showing the average time 

between excitation and photon detection) for extracted thylakoids from image (A). The 

distribution is narrow and centred around 0.6 ns. To estimate the width of the fastFLIM 

distribution,  a Gaussian curve (red) is fitted to the raw data (black dashed). 
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To analyse the Chl signal of thylakoid extracts quantitatively, a fluorescence decay 

curve was generated by accumulating the photons collected from the whole image 

(Figure 4.3c, blue curve): this reveals a mean fluorescence lifetime <τ> = 0.40 ± 0.01 

ns (N = 5 images, 1000s of membranes “spots” per image). This lifetime is in good 

agreement with previous reports of LHCII and PSII within intact chloroplasts and 

leaves186-188, and in approximate agreement with our ensemble spectroscopy data 

of the extracted thylakoids in solution, <τ> ~ 0.5 ± 0.1 ns, (Figure 4.3c¸ red curve). 

This difference may be the result of quenching due to interactions between 

extracted thylakoids and the substrate, or some rearrangement of the membranes 

when they adhere to the surface. The fluorescence lifetime of proteins in thylakoids 

is much shorter than the lifetime known for isolated LH and PS proteins in detergent 

(~ 4 ns), as expected, and suggests the presence of protein-protein interactions, 

which are known to cause fluorescence quenching, within the membrane. In 

addition to the fitted fluorescence lifetime, the fast-FLIM histrogram (representing 

the distribution of the average delay between excitation and detection for each pixel 

in an image), shows a narrow distribution centred close to the fitted lifetime (Figure 

4.3d, black curve). Fitting a Gaussian curve to this distribution (Figure 4.3d, red 

curve) yields a distribution centre at 0.6 ± 0.1 ns, with a FWHM of 0.10 ± 0.02 ns, 

showing that the lifetime of the extracted thylakoids is highly consitent within a field 

of view. This suggest that the protein concentration/interactions are consistent 

across all regions of the sample (variations in protein concentration/interactions 

would result in a broad range of photophysical states), and that thylakoid 

membranes are not disrupted when they adhere to the substrate. Overall, our FLIM 

data on thylakoids membrane samples agrees nicely with standard spectroscopy 

and shows that the “starting material” from which hybrid membranes are formed is 

of the expected quality.  
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4.2.4 Extracted thylakoids are topologically complex and difficult 

to characterise 

Topographical maps of the thylakoids adhered to glass, measured by AFM, reveal 

that these objects have a heterogeneous size distribution. In a large field of view 

(Figure 4.4a), a variety of structures are observed, from relatively compact 

assemblies (100-200 nm laterally and 10-100 nm in height, ringed green) to large 

microscale structures (3-4 µm laterally and up to 750 nm high, ringed blue) which 

contain distinct multilayers. Figure 4.4b shows a multilayered structure, where 

height profiles (Figure 4.4c, blue and red dashed) has been drawn to show the 

increase in height over consecutive multilayers, up to ~300 nm above the 

underlying substrate. AFM topographs of areas that appears to contain only one 

membrane layer (Figure 4.4d) reveal a mottled surface topography containing 

multiple tightly packed globular particles that are ~10-20 nm in diameter. These 

dimensions are in reasonable agreement to the crystallographic dimensions of 

photosynthetic complexes72, and suggesting that these particles are tightly packed 

photosynthetic proteins within the membrane, however, the precise dimensions of 

these particles were challenging to measure due to the instability of the adsorbed 

thylakoid extracts (multiple scans of the same area resulted in membrane damage), 

and the possibility that the particles may be  oscillating within the membrane. 

Height profiles drawn across this single membrane layer (Figure 4.4d, blue and red 

solid lines), show a stepwise increase of ~30 nm from the substrate to the top of the 

membrane. PSII has a crystallographic height of ~10 nm,72 so it is likely that even 

the smallest objects observed via AFM must consist of a few stacked protein-rich 

membranes, increasing up to tens of stacked membranes for the largest objects. The 

structures detected by AFM are consistent with the tightly stacked thylakoid grana 

membranes observed in vivo47, 72, and the short fluorescence lifetime is also in 

agreement with that typically measured for native thylakoid membranes186, 187. The 

fact that such a heterogeneous and disordered distribution of randomly adhered 

membranes are observed, highlights the requirement for a method to promote the 

formation of large, homogeneous membrane structures that are suitable for 

quantitative studies and light-harvesting nanotechnologies. 
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Figure 4.4: Multiple AFM images showing the distribution of extracted thylakoids and 

different structures within them. (A) AFM image of a similar sample as in Figure 4.3a-b. 

The topograph shows small, adhered membrane patches (ringed green) and larger 

multilayered structures (ringed blue). (B) A zoomed in topograph of a large multilayered 

thylakoid extract. (C) A zoomed in topograph of the blue dashed area in (c). Height profiles 

(blue and red dashed) are drawn across the multilayers, and shown in the adjacent graph. 

(D) A zoomed in topograph of the green dashed area in (b). Height profiles (blue and red 

solid) are drawn across the multilayers, and shown in the adjacent graph. 
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4.3 Characterisation of hybrid membranes  

4.3.1 Extracted thylakoids and artificial lipids backfill patterned 

templates to form hybrid membranes with a long fluorescence 

lifetime 

Hybrid membranes were prepared in a two-stage process. In stage 1, templates of 

polymerized Diyne-PC on glass coverslips were generated by photolithography by 

the Morigaki group, as previously published162 and shown schematically in Figure 

4.1c. The photolithogaphy generates a pattern based on the design of the photomask 

used; here, we chose a square-array grid pattern expected to produce an array of 

lipid bilayers with exposed edges providing large 20 × 20 µm corral regions of empty 

glass. In stage 2, natural and synthetic membranes were combined to fill the empty 

regions of the template and fuse with the exposed edges to form a corraled SLB. 

Specifically, Diyne-PC templates were incubated with an aqueous suspension of 

extracted thylakoids and synthetic lipid vesicles (DOPC), in a 1:3 weight/weight 

ratio, and the sample was washed with clean buffer solution.  

 

To confirm that the patterned templates perfomed as expected, and resulted in well-

defined hybrid membranes, FLIM measurements were performed on these samples 

before, and after, the templates were backfilled with hybrid membranes. The 

spectral and temporal selectivity of the FLIM instrument allowed for two separate 

FLIM channels: (i) the “Chlorophyll channel” defined as the combination of selective 

Chl excitation and a detector optimized for Chl detection, (ii) the “Template channel” 

optimized for the excitation and emission of the intrinsic fluorescence of the 

polymerized lipid template. Prior to hybrid membrane formation, FLIM 

measurements show the Diyne-PC template to be well-defined, with clear 20 × 20 

µm corrals (containing no fluorescence emission) embedded as an periodic array 

within the surrounding polymerised bilayer (Figure 4.5a).  There are few 

(negligible) counts in the Chl channel (Figure 4.5b) giving us confidence that the 

signal was due to the template alone and proving that the all-important chlorophyll 

fluorescence channel is not influenced by the template’s fluorescence. Indeed, 

calculations with control samples confirmed that there was minimal spectral 

overlap between these channels. The percentage spectral overlap was calculated by 
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imaging a sample containing the template-only, and by dividing the number of 

counts detected in the Chl channel (Figure 4.5b) by the number of counts in the 

detected in the Template channel (Figure 4.5a). The Template-to-Chl overlap was 

found to be 0.12 ± 0.01%. By measuring a sample containing Chl fluorescence only 

and repeating the previous calculation the Chl-to-Template overlap was found to be 

2.8 ± 0.4 %. Following hybrid membrane formation, FLIM images show clear array 

patterns (Figure 4.5c-d) where the vast majority of Chl fluorescence is localized 

within the square corrals regions defined by the templates. These patterned hybrid 

membranes were highly reproducible, with similar dimensions and fluorescence 

intensity across multiple preparations (~50 counts per pixel).  

 

 

Figure 4.5: Multiple FLIM images of polymerised template before and after backfilling with 

hybrid membranes. (A) A Diyne-PC template with no hybrid membrane as imaged in the 

Template Channel. (B) The same area as in (a) as imaged in the Chl channel. Note that even 

displaying this panel with a compressed intensity scale compared to (a), (c) and (d) there is 

negligible signal due to noise or spectral overlap. (C) A Diyne-PC template after backfilling 

with a hybrid membrane, as imaged in the Template Channel. (D) The same area as in (a) 

as imaged in the Chl channel.  
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To confirm that the areas of Chl fluorescence were correlated to a membrane 

structure, combined FLIM and AFM measurements were made to record nanoscale 

topography maps spatially correlated to multi-channel fluorescence data. These two 

fluorescence channels were probed simultaneously using a pulse-interleaved 

excitation mode, with AFM topographs acquired on the same region immediately 

after. Images of an “empty” lipid template are shown in Figure 4.6a. The AFM height 

profile in Figure 4.6c (red line) revealed a 4.81 ± 0.07 nm height from the 

polymerized lipids to the base of the empty corral, in excellent alignment with the 

fluorescence intensity profile which drops from ~75 counts to ~0 counts over the 

same region (Figure 4.6c, green line). For the “empty” lipid template, the 

background signal in the chlorophyll FLIM channel was approximately zero across 

the entire image, as expected (Figure 4.6c, blue line). After the formation of the 

hybrid membranes, there was largely homogeneous Chl fluorescence within the 

square corral regions with no resolvable defects at this scale (Figure 4.6b). The 

increase in the Chl fluorescence intensity (Figure 4.6d, blue line) corresponded with 

a step change in the AFM height to a mere 0.19 ± 0.08 nm (Figure 4.6d, red line). 

Thus, the average measured thickness of the hybrid membrane was inferred to be 

4.6 ± 0.2 nm. The precise spatial correlation between Chl fluorescence and the 

topography of the deposited membrane, demonstrates that the photosynthetic 

proteins present specifically within the corral regions and are excluded from the 

template grid.   
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Figure 4.6: Analysis of hybrid membranes by correlated FLIM and AFM measurements of 

hybrid membranes. For (a) and (b) the left panel is an AFM topograph, the center panel is 

the “Diyne-PC FLIM channel” (i.e., optimized to detect the polymerized lipid by using 

excitation at 485 nm and collection of emission between 505-535 nm), the right panel is the 

“Chl FLIM channel” (i.e., optimized to detect the chlorophyll fluorescence from LH and PS 

proteins by using excitation at 640 nm and collection of emission between 672-696 nm). 

(A) Correlated FLIM+AFM data showing a single square of the polymerized lipid “empty” 

template. The minimal signal in the Chl FLIM channel is statistically indistinguishable from 

detector noise. (B) Correlated FLIM+AFM data showing a similar region as in (a), but after 

the corrals were “backfilled” with the extracted thylakoids and DOPC liposomes to form the 

hybrid membrane. (C) and (D) show profiles drawn across the region in (a) or (b), 

respectively: showing the AFM height (red, dashed), FLIM intensity from Diyne-PC (green) 

and FLIM intensity from Chl (blue). The Chl intensity is displayed after multiplication by a 

factor of 3, for comparison purposes.  
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4.3.2 Hybrid membranes have a longer fluorescence lifetime than 

extracted thylakoids 

The Chl fluorescence lifetime, as determined from analysis of the time-resolved 

aspect of the FLIM data, was much longer for these hybrid membranes compared to 

extracted thylakoids. The fluorescence decay curve generated from analyzing the 

photons accumulated from the corral regions of the hybrid membrane (Figure 4.7b, 

white box regions) samples confirmed a slow decay process for hybrid membranes 

with <τ>= 4.1 ± 0.1 ns (red curve in Figure 4.7c). This value represents entirely 

“non-quenched” proteins (isolated LHCII in detergent has <τ> ~4 ns),189 in stark 

contrast to the short lifetime of extracted thylakoids (blue curve, Figure 4.7c). The 

long average lifetime suggests that the protein density in hybrid membranes must 

be sufficicently low that the protein-protein interactions found in the natural 

thylakoids (which reduce the fluorescence lifetime as discussed above) are 

relatively rare. Note, this long fluorescence lifetime was mainly observed inside of 

the corral region, with a minor sub-population of small particles with shorter 

lifetimes (occasional blue/green specks) observed on the surrounding framework. 

These short-lifetime particles are likely to be extracted thylakoids that have adhered 

to the top of the template and not merged with the synthetic lipid bilayers.  

 

It is informative to assess the distribution of lifetimes within each sample, because 

this allows us to comment on the range of photophysical states, and therefore 

possible protein interactions, within each membrane, rather than merely the 

average. To do this, a frequency distribution plot of fluorescence lifetime was 

generated for both hybrid membranes and extracted thylakoids by binning photons 

into appropriate time ranges, shown in Figure 4.7d. These distributions can be fit 

to Gaussian functions centred around 0.57 ns and 4.58 ns for the extracted thylakoid 

sample and the hybrid membrane sample, respectively. The width of the 

distribution was significantly narrower for extracted thylakoids than hybrid 

membranes (FWHMthylakoid = 0.15 ns versus FWHMhybrid = 2.31 ns). The narrow 

distribution of lifetimes in thylakoid extracts, suggests that there is little variation 

in the local protein concentration or quenching interactions. In contrast, the broad 

distribution of lifetimes in hybrid membranes could suggest local density 

fluctuations (due to protein diffusion) or stable but heterogeneous interactions.  
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Figure 4.7: Lifetime analysis of hybrid membranes compared to extracted thylakoids. (A) 

FLIM image of extracted thylakoids adhered onto glass (repeated from Figure 4.3a). The 

photons from the whole image are accumulated to generate the fluorescence decay curve 

and frequency distributions shown in blue in (c) and (d). (B) FLIM image of hybrid 

membranes (repeated from Figure 4.5d). The photons from the white, box regions are 

accumulated to generate the fluorescence decay curve and frequency distributions shown 

in red in (c) and (d). (C) Normalized fluorescence decay curves showing raw data (pale lines) 

and fits (dashed lines) on log/linear axes (y/x) for extracted thylakoids (blue) and hybrid 

membranes (red). (D) Frequency distribution of the “FastFLIM” fluorescence lifetime 

(binned over 25 ps), samples colored as in (c), normalized to a peak of 1. Extracted 

thylakoids (blue) have a significantly narrower distribution than hybrid membranes (red).  
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The dramatic increase in Chl fluorescence lifetime observed in both the fitted 

lifetime <τ> and frequency distributions, leads us to conclude that large-scale 

protein and lipid reorganisations occur during the hybrid membrane assembly. It 

seems likely that the photosynthetic proteins become diluted significantly when 

thylakoid membranes merge with DOPC lipid bilayers, resulting in a significantly 

slower rate of energy dissipation and a higher proportion of absorbed energy being 

re-emitted as fluorescence, leading to longer fluorescence lifetimes.  

 

Finally, we note that the formation of hybrid membranes was reproducible and 

consistent across numerous samples (multiple preparations are shown in Figure 

4.8a). The fitted fluorescence lifetime of each corral was found to be extremely 

similar (see Figure 4.8b the the distribution of <τ> for 40 such corrals) with a 

narrow distribution of Chl lifetimes (FWHM = 0.12 ns). This suggests there is little 

variation in the mechanism of membrane formation across multiple preparations, 

and that hybrid membranes as a platform are robust against small variations that 

may occur between experiments.   

 

 

Figure 4.8: Lifetime analysis of hybrid membranes showing reproducibility across multiple 

preparations. (A) A gallery of FLIM images acquired of hybrid membranes across multiple 

preparations. (B) A histogram of fitted fluorescence lifetimes accumulated from 40 

individual corrals. The fluorescence lifetime is very similar between hybrid membrane 

samples with a narrow distribution of Chl lifetimes (FWHM = 0.12 ns). This suggests the 

protein-protein interactions within the membrane are similar across multiple preparations. 
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4.3.3 Hybrid membranes have a significantly lower protein 

density than native light-harvesting membranes 

To test the hypothesis that the elongated fluorescence lifetime of hybrid 

membranes, relative to thylakoid membranes, was due to a lower density of 

proteins, the protein density was estimated using a careful analysis of the absolute 

magnitude of fluorescence emission. The fluorescence intensity of hybrid 

membranes was compared to the fluorescence intensity of a known amount of 

LHCII, whilst taking into account changes in the level of quenching and keeping 

consistent acquisition parameters for FLIM measurements. The density of proteins 

in hybrid membranes was then calculated in terms of “LHCII-trimer equivalents” in 

a three-stage calculation process.  

 

In the first stage, fluorescence emission in a sample containing a known amount of 

LHCII was measured. LHCII proteoliposomes were prepared from a defined quantity 

of purified LHCII (2.8 µM LHCII trimers) and natural thylakoid lipids, as previously 

described.98 Note that proteoliposomes are analyzed in detail in other parts of this 

thesis (see Chapter 5) but are merely used as a “control” sample here. These 

proteolipsomes were adhered to piranha-cleaned glass, and imaged using the same 

acquisition settings and laser fluence used for the hybrid membranes, giving a direct 

comparison of the fluorescence intensity (Figure 4.9a). The average intensity per 

proteoliposome, Fvesicle, (N>100 proteoliposomes) was measured, and corrected for 

the background number of counts from detector, to be 75 ± 8 counts for a 500-frame 

acquisition. This equates to an average Fvesicle of 0.149 counts per frame. Table 4.1 

shows the average intensity for 10 example LHCII proteoliposomes (circled) in the 

image shown in Figure 4.9b. 
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Figure 4.9: Example images of LHCII + DOPC proteoliposomes used as a comparison to 

calculate the protein concentration in hybrid membranes. (A) A representative image of 

LHCII proteoliposomes (containing approximately 2.8 µM LHCII and 1 mM thylakoid lipids) 

adhered onto cleaned glass. The samples were imaged in a buffer containing 40 mM NaCl, 

20 mM, HEPES, pH 7.5 using the same acquisition settings and laser fluence used for the 

hybrid membranes, giving a direct comparison of the fluorescence intensity of a known 

amount of LHCII. (B) A zoomed in area from the white, dashed box from (a), showing 10 

example proteoliposomes corresponding to the examples given in Table 4.1. 

 

Number Frames 
Noise per 
pixel per 

frame 

Number 
of 

selected 
pixels 

Total 
counts 

Detector 
noise in 

the 
selected 

area 

Corrected 
Fvesicle 

  (counts) (pix) (counts) (counts) (counts) 
1 500 3.68 × 10-4 42 155 7.73 147.27 
2 500 3.68 × 10-4 32 17 5.89 11.11 
3 500 3.68 × 10-4 21 71 3.86 67.14 
4 500 3.68 × 10-4 39 30 7.18 22.82 
5 500 3.68 × 10-4 30 47 5.52 41.48 
6 500 3.68 × 10-4 20 71 3.68 67.32 
7 500 3.68 × 10-4 23 126 4.23 121.77 
8 500 3.68 × 10-4 34 182 6.26 175.74 
9 500 3.68 × 10-4 63 18 11.59 6.41 

10 500 3.68 × 10-4 57 152 10.49 141.51 

Table 4.1: Calculation of the fluorescence intensity signal for 10 example LHCII 

proteoliposomes (from images as shown in Figure 4.9b) used to estimate the fluorescence 

signal per LHCII trimer. This “corrected” signal represents the number of counts (photons 

emitted) per proteoliposome after subtracting the detector noise. For a population of N=100 

proteoliposomes, the average  fluorescence intensity was found to be 74.58 ± 7.66 counts 

for a 500-frame acquisition. This equates to an average Fvesicle of 0.149 counts per frame. 
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In the second stage, the approximate fluorescence emission from a single trimer was 

calculated, by using a molecular packing model to estimate the number of LHCII 

trimers per proteoliposome. Here, the area per DOPC lipid headgroup was assumed 

to be between 0.65 to 0.70 nm2 (using 0.67 nm2 as a best estimated190) and the 

radius of an LHCII trimer to be 3 to 5 nm (using 4 nm as a best estimate22) based 

upon space-filling models from published protein crystallographic structures22, 190. 

The surface area of a proteoliposome, Avesicle, is then estimated to be the sum of the 

areas of all of the component molecules, such that: 

 𝐴௩௦ = 𝑛[𝐴ுூூ + 0.5(𝐿 𝑃⁄ )𝐴ௗ] Eq. 4.1 

Where ALHCII is the area of an LHCII trimer, calculated from ALHCII = πRLHCII2, and Alipid 

is the area of a lipid headgroup (note, the factor 0.5 is due to 2 lipids one from each 

two monolayer together to form one bilayer and thus occuping an area of Alipid) and 

L/P is the lipid-to-protein ratio. Due to the uncertainty associated in space filling 

models, we calculated a minimum, a maximum, and a best estimate for the number 

of LHCII trimers per liposome, as shown in Table 4.2, yeilding a range of 17 to 81 

trimers per liposome (best estimate = 36 trimers per liposome). In the final stage, 

the number of LHCII trimers per corral was estimated by comparing the 

fluorescence emission inside a corral to the estimated fluorescence emission per 

trimer, as is shown in Table 4.3. To account for the the relative quenching of the 

LHCII proteoliposomes (<τvesicle> = 0.64 ± 0.01 ns) and hybrid membranes 

(<τhybrid>= 4.1 ± 0.1 ns), the assumption was made that the fluorescence quantum 

yeild was proportional to the relative fluorescence lifetime, 
த౬౩ౙౢ

தీీ
 (τDDM is the 

lifetime of LHCII in detergent) and the intensity per LHCII is “corrected” by this 

factor. Our best estimate for the protein content is 44,300 ± 5,500 LHCII-trimer-

equivalents per corral (1,860,000 chlorophylls). The possible range for the protein 

density is estimated to be 69 – 326 trimers/μm2 corresponding to 0.27 – 2.56 % of 

the total membrane area being occupied by photosynthetic proteins (best estimates 

of 111 trimers/μm2 and 0.56%). Given that natural photosynthetic membranes are 

comprised of 60-70% protein by weight,52 these estimates are in agreement with 

the hypothesis that the hybrid membranes contain a relatively low concentration of 

proteins. Later sections assess if the change in the photophysical state and reduced 

density affects the functionality and energy transfer within the system.  
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Scenario 
D 

 (nm) 
L/P 

(mol/mol) 
Avesicle 

(nm2) 
Alipid 

(nm2) 
ALHCII 

(nm2) 

  
n (LHCII 

/vesicle) 

density 
(LHCII 
/µm2) 

best estimate 60 1071 11310 0.67 50.3 28 2444 

min. estimate 50 1071 31416 0.70 38.5 17 2205 

max. estimate 100 1071 7854 0.65 78.5 81 2586 

Table 4.2: Calculations for the number of LHCII proteins found on average per 
proteoliposome, given the estimated dimensions for the protein, lipids and the vesicle. This 
is for the proteoliposome sample shown in Figure 4.9 and Table 4.1 (which has 2.8 μM 
LHCII and 1 mM thylakoid lipids). 

D, average diameter measured via dynamic light scatterting measurements (DLS), 60 nm is 
the average but given the accuracy of DLS the low and high values shown represent 
reasonable low and high estimates;  

L/P, the average lipid-to-LHCII trimer ratio, as determinated from ensemble absorption 
spectroscopy measurements and spectral decomposition analysis using published 
methodology98; 

Avesicle, calculated from 4𝜋𝑟ଶ (where, r= D/2); 

Alipid, published value for DOPC headgroup area, given the uncertainty we use 0.65 and 0.70 
as the low and high estimates; 

ALHCII, estimation of the membrane area occupied by one LHCII, from the consideration of 
space-filling models of published protein structures and then approximation of LHCII as a 
circular area (𝜋𝑟ଶ) where r = 3.5, 4.0 or 5.0 for the low, medium and high estimates (range 
due to uncertain protein packing); 

Area per vesicle approximates to the following equation (note, the factor 0.5 is due to 2 
lipids one from each two monolayer togethe to form one bilayer and thus occuping an area 
of Alipid): 

 𝐴௩௦ = 𝑛[𝐴ுூூ + 0.5(𝐿 𝑃⁄ )𝐴ௗ] Eq. 4.1 

This expression was solved to calculate n using the values for L/P, Avesicle, Alipid and ALHCII. 

Density = n / Avesicle. 

The minimum, maximum and best estimates are made using the different possible values 
shown for each term, as shown. 
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Est.  

NLHCII 
per 

vesicle Fvesicle  𝛕𝐯𝐞𝐬𝐢𝐜𝐥𝐞  FLHCII  Fcorral  

NLHCII 
per   

corral 
Densit

y  ALHCII  A%  

 (#) 
(cnts/ 

frame) (ns) 
(cnts 

/frame) 
(cnts 

/frame) (#) (/μm2) (nm2) (%) 
best 28 0.149 0.637 0.0263 1503 44300 111 50.3 0.56 
min. 17 0.149 0.637 0.0446 1503 27800 69 38.5 0.27 
max. 81 0.149 0.637 0.0083 1503 130000 326 78.5 2.56 

Table 4.3: Calculations for the number of proteins per corral for hybrid membranes, in 
terms of “LHCII-equivalents”. This uses the average fluorescence counts measured by FLIM 
for an LHCII proteoliposome and converts to counts per LHCII protein, given the measured 
number of proteins within a typical proteoliposome (from Table 4.2). Consistent 
acquisition parameters were used to record FLIM images of both LHCII proteoliposomes 
and hybrid membranes. 

NLHCII/vesicle, estimated number of LHCII-equivalents per proteoliposome (n from Table 4.2). 
This range from the minimum to the maximum considering our combined uncertainties; 

Fvesicle, estimated fluorescence intensity measured per proteoliposome per frame (“average 
Fvesicle” as stated in the caption of Table 4.2); 

𝛕𝐯𝐞𝐬𝐢𝐜𝐥𝐞, the measured mean fluorescence lifetime of a typical LHCII proteoliposme (mean of 
N=100 measured particles from images similar to Figure 4.9); 

𝐅𝐋𝐇𝐂𝐈𝐈, the FLIM counts expected per LHCII trimer per frame calculated for each possible 
NLHCII/vesicle, as follows. LHCII within proteoliposomes is known to self-quench, shortening 
the fluorescence lifetime due to the self-association of neighbouring LHCII.56 The measured 
τ୴ୣୱ୧ୡ୪ୣ of proteoliposomes of 0.637 ns (SD = 0.015 ns) implies significant quenching relative 
to isolated LHCII  in detergent (τୈୈ ≈ 4ns), so to crudely take this into account we can 
multiply by the ratio of the lifetimes (4/0.637). Thus, the intensity of the proteins in the 
unquenched state is estimated as:  

 
𝐅𝐋𝐇𝐂𝐈𝐈 =  

𝐅𝐯𝐞𝐬𝐢𝐜𝐥𝐞 

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

× ൬
τୈୈ

τ୴ୣୱ୧ୡ୪ୣ
൰ =

0.149

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

× ൬
4

0.637
൰ =

0.94

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

 
Eq. 4.2 

Fcorral, average fluorescence intensity measured in FLIM of hybrid membranes, as total 
counts within one corral per frame. This vale is found from careful analysis of the corrals 
from many images of hybrid membranes similar to those shown in Figure 4.9 (N = 16 
corrals);  

NLHCII/corral, is the estimated number of LHCII trimers per corral, N = Fcorral / FLHCII; 

Density (LHCII/corral) = NLHCII/corral / Acorral (where each corral has area Acorral = 400 µm2); 

ALHCII, is the area occupied by a single trimeric LHCII protein complex, as estimated in Table 
4.2; 

Aprotein(%), estimated surface area fraction of the corral occupied by LHC and PS proteins:  

 
𝐴௧(%) = 𝐷𝑒𝑛𝑠𝑖𝑡𝑦(µ𝑚ଶ) × 𝐴ுூூ(𝑛𝑚ଶ)/10 Eq. 4.3 
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4.3.4 Chl-containing proteins within hybrid membranes appear to 

be highly mobile as shown by fluorescence recovery after 

photobleaching  

In an ideal model system, photosynthetic proteins would be able to freely diffuse or 

interact with each other in ways that mimic the dynamics of the natural system. To 

assess the ability of the proteins to diffuse within the hybrid membranes, we 

attempted to quantify the mobility of LH and PS proteins (detected via Chl 

fluorescence), and, by extension, determine if the sample substrate is hindering 

protein interactions.  

 

Fluorescence recovery after photobleaching (FRAP) measurements are a common 

method to determine the mobility of fluorophores within supported lipid bilayers 

(SLBs),191, 192 and typically involve the deliberate photobleaching of a small circular 

region within an “infinitely” large membrane (i.e., significantly larger than the 

bleached spot), and followed by monitoring the recovery of fluorescence within the 

bleached spot over time. If the fluorophores are mobile, the intensity of the bleached 

spot will increase, as bleached fluorophores diffuse out of, and bright (non-

bleached) fluorophores diffuse into, the bleached area. The rate of fluorescence 

recovery, and the proportional increase of the fluorescence intensity, can then be 

used to estimate the diffusivity and mobile fraction of the fluorophores. Due to the 

finite and small area of the hybrid membranes, the assumptions used in commonly 

used FRAP experiments were no longer accurate. Firstly, the size of the hybrid 

membranes is not “infinite” and there is a limited number of non-bleached 

fluorophores that can diffuse into the bleached area. Secondly, the bleached region 

was bound by a solid square edge (the Diyne-PC template), meaning that the 

mathematical models for the rate of recovery and calculations of the diffusion 

constant derived for circular bleached spots could not be applied.  

 

Therefore, to semi-qualitatively estimate the diffusivity of the photosynthetic 

proteins,  FRAP measurements of Chl fluorescence were compared to FRAP 

measurements of a fluorophore with a known diffusion constant (DOPC lipids, 

labelled with 0.5% Texas Red (TR) mol/mol) deposited into the Diyne-PC template. 

The epifluorescence instrument was a Nikon E600 microscope equipped set up with 
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a filter cube optimized for either the labelled lipid fluorescence (excitation 540-580 

nm, dichroic 595 nm, emission 600-660 nm) or the Chl fluorescence (excitation 450-

475 nm, dichroic 500 nm, emission 650-800 nm). Images were acquired using an 

100× oil objective, 0.5 s exposure and appropriate neutral density (ND) filters. For 

deliberate photo-bleaching, an aperture was inserted to expose a circular region 

(~15 μm diameter) of the sample for a continuous period of 30 s at full power (i.e. 

no ND filters). Immediately following bleaching, full-field images were acquired 

sequentially over a period of 120 s, and the fluorescence recovery plotted over time. 

 

Figure 4.10a shows a FRAP experiment performed on a DOPC lipid bilayer that was 

formed with the template pattern (i.e., only lipids, no proteins). The aperture was 

positioned over the corner of a corral to deliberately photo-bleach fluorophores 

within the blue, dashed area. The intensity of bleached area is seen to recover over 

subsequent time points (t = 10 s, 20 s etc) as fluorophores that were not bleached 

diffuse into that region. To account for photo-bleaching that occurs during the 

period after FRAP, the intensity of a neighbouring reference area (red, dashed) is 

also monitored. A similar experiment was performed for a typical hybrid membrane 

sample (i.e., containing thylakoid proteins), and can be seen in Figure 4.10b. The 

results of each experiment are shown graphically in Figures 4.10c and 4.10d for 

TR-lipid and Chl-protein fluorescence, respectively. In each graph, the intensity of 

the bleached area (black) is corrected for (divided by) the amount of photo-

bleaching in the reference area (red) to provide an estimate for the rate of recovery 

(blue). Note that Chl pigments become significantly more bleached than the TR 

fluorophore over the image acquisition, so this correction was essential to avoid 

underestimating the rate of fluorescence recovery. A mono-exponential fit, F = F0(1 

− e-kt), was used to obtain the “doubling time”, τ = ln(2)/k, for both (TR) lipid and 

(Chl) protein fluorescence, this was found to be 21.5 ± 1.6 s and 44.7 ± 10.3 s, 

respectively (fit ± standard error,). From the relative fluorescence doubling time, we 

approximate the diffusion constant of LH and PS proteins to be ~48 % of the 

diffusion constant of DOPC lipids (DChl/DDOPC = τChl/τDOPC). 
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Figure 4.10: Epifluorescence microscopy with photobleaching (FRAP) experiments to 

assess the lateral mobility of proteins and lipids within hybrid membranes. Images were 

acquired at the time-points as labelled on panels. (A) An epifluorescence time-lapse image 

series of a patterned DOPC lipid membrane which contained 1% Texas Red (TR) DHPE 

fluorescently-labelled lipids (mol/mol). The TR fluorophores were bleached within the blue 

dashed region at t = 0 s. The fluorescence can be seen to recover in subsequent images. (B) 

An epifluorescence time-lapse image series of a hybrid membrane. LH and PS proteins were 

bleached within the blue dashed region at t = 0 s, and non-bleached proteins can be seen to 

diffuse into the bleached region over the subsequent images. (C) Analysis of the recovery of 

fluorescence from (A) representing the lipid diffusion rate. The red line shows the 

fluorescence intensity tracked in a reference corral to correct for any photobleaching that 

occurs during image acquisition. The blue line shows the fluorescence intensity in the 

bleached area, corrected for photobleaching, as it increases over 120 s. As there is minimal 

bleaching during imaging the raw data (black) and the corrected (blue) datapoints overlap. 

A mono-exponential growth function was fitted to the recovery data (blue line), 𝐹(𝑡) =

𝐹 𝑒௧, where t=time, k= rate constant, 𝐹(𝑡) is the intensity at time t, 𝐹 is the initial intensity. 

This yields a fluorescence doubling-time 𝜏 = 22 s (𝜏 = 𝑙𝑛2/ 𝑘). (D) Analysis of the recovery 

of fluorescence from (B) representing the photosynthetic protein diffusion rate. This 

analysis was performed as described for (C) and yielded a doubling-time 𝜏 = 45 s.  
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In addition to the diffusion constant, we attempted to calculate the mobile fraction 

of the PS and LH proteins by devising a simple analysis procedure. This uses the logic 

that the “bleached” region must recover to an intensity equal to the “non-bleached” 

regions if the mobile fraction is 100%. Therefore, the mobile fraction is calculated 

by:  

 
𝑀 =  

𝐹ோ 

𝐹
 

Eq. 4.4 

where FR is the fluorescence intensity of the bleached area, and FD is the fluorescence 

of an area within the corral that was not bleached, after the system has been allowed 

to reach an equilibrium. As FR increases, the intensity of FD decreases, as bright 

fluorophores migrate into the bleached area, and vice versa. In the scenario where 

there is 100% mobility, FR/FD = 1 as the fluorescence of the two areas will tend to 

the same intensity over time.  

To account for fluorophores that are not completely bleached after 30 s, equation 

4.4 takes the form: 

 
𝑀 =  

𝐹ோஶ −  𝐹ோ 

𝐹ஶ −  𝐹ோ
 

Eq. 4.5 

where FR0 and FR∞ is the intensity of the bleached area at t = 0s and at t = ∞, 

respectively. In our analysis, we approximate 𝑡 = ∞ ~ 120 𝑠. Both FR and FD are 

corrected for any photobleaching that has occurred by tracking the intensity of an 

adjacent reference corral. 

 

To verify this method of calculating the mobile fraction, we first calculated the 

mobile fraction for lipids (labelled with 0.5% Texas Red DHPE). The mobile fraction 

for lipids is expected close to 100% (multiple authors report high mobile fractions 

for DOPC supported lipid bilayers193-195 and using the calculations shown in Table 

4.4, the mobile fraction of DOPC was found to be 96.9 ± 0.7 % (mean ± standard 

error, N = 6). By contrast, the mobile fraction of Chl fluorescence was found to be 

much lower (76.8 ± 3.1 %, Table 4.5). This finding suggests that there is some 

interaction between the substrate and the proteins that hinders the free diffusion of 

LHCII and PSII, however the large majority of proteins are able to migrate 

throughout the membrane. The high mobile fraction could indicate that the method 

of membrane self-assembly favours the incorporation of mobile proteins; this 

possibility is interrogated in later sections of this chapter.     
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Table 4.4: Calculations for mobile fraction of lipid-only membranes (DOPC/ TR-DHPE) 

backfilled into Diyne-PC templates. 

IRef0 and IRef∞, the fluorescence intensity of a reference corral, measured at time t = 0 s and t 

= 120 s, respectively. This is used to calculate the extent of photobleaching, P, that occurs 

during the FRAP acquisition as: P = 1 – (IRef∞/IRef0)   

FR0 and FR∞, the fluorescence intensity of the bleached area, measured at t = 0 s and t = 120 

s, respectively.  

FD0 and FD∞, the fluorescence intensity of a non-bleached area in the same corral as the 

bleached area, measured at t = 0 s and t = 120 s, respectively.  

M, the mobile fraction calculated from 

 
𝑀 =  

𝐹ோஶ −  𝐹ோ 

𝐹ஶ −  𝐹ோ
 

Eq. 4.5 

where FR0 and FR∞ is the intensity of the bleached area at t = 0s and at t = ∞, respectively. In 

our analysis, we approximate 𝑡 = ∞ ~ 120 𝑠. 

The average mobile fraction was found to be 96.9 ± 0.7 % (mean ± standard error, N = 6).  

  

Ref. 
area 

(t = 0s) 

Ref. 
area  

(t = 
120s) 

Photo-
bleach 

Bleach 
area  

(t = 0s) 

Non-
bleach 

area  
(t = 0s) 

Bleach 
area  

(t = 
120s) 

Corr. 
for 

photo-
bleach 

Non-
bleach

area  
(t = 

120s) 

Corr. 
for 

photo-
bleach 

Mobile 
% 

IRef0 IRef∞ (P) FR0 FD0 FR∞ FR∞/P FD∞ FD∞/P M 
414.5 405.6 0.98 67.86 482.4 223.9 228.8 228.4 233.4 97 
414.5 405.6 0.98 89.77 507.7 262.1 267.9 265.9 271.7 98 
426.9 426.8 1.00 26.53 428.8 175.9 176.0 183.6 183.6 95 
426.9 426.8 1.00 17.56 334.2 112.7 112.7 119.0 119.0 94 
426.9 426.8 1.00 76.02 437.4 327.7 327.8 332.7 332.8 98 
426.9 426.8 1.00 59.81 422.4 282.3 282.4 283.8 283.9 99 
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Table 4.5: Calculations for mobile fraction of LH and PS proteins in hybrid membranes. 

IRef0 and IRef∞, the fluorescence intensity of a reference corral, measured at time t = 0 s and t 

= 120 s, respectively. This is used to calculate the extent of photobleaching, P, that occurs 

during the FRAP acquisition as: P = 1 - IRef∞/IRef0.   

FR0 and FR∞, the fluorescence intensity of the bleached area, measured at t = 0 s and t = 120 

s, respectively.  

FD0 and FD∞, the fluorescence intensity of a non-bleached area in the same corral as the 

bleached area, measured at t = 0 s and t = 120 s, respectively.  

M, the mobile fraction calculated from 

 
𝑀 =  

𝐹ோஶ −  𝐹ோ 

𝐹ஶ −  𝐹ோ
 

Eq. 4.5 

where FR0 and FR∞ is the intensity of the bleached area at t = 0s and at t = ∞, respectively. In 

our analysis, we approximate 𝑡 = ∞ ~ 120 𝑠. 

The average mobile fraction across multiple measurements was calculated to be 76.8 ± 3.1 

% (mean ± standard error, N = 6). 

  

Ref. 
area 

(t = 0s) 

Ref. 
area  

(t = 
120s) 

Photo-
bleach 

Bleach 
area  

(t = 0s) 

Non-
bleach 

area  
(t = 0s) 

Bleach 
area  

(t = 
120s) 

Corr. 
for 

photo-
bleach 

Non-
bleach

area  
(t = 

120s) 

Corr. 
for 

photo-
bleach 

Mobile 
% 

IRef0 IRef∞ (P) FR0 FD0 FR∞ FR∞/P FD∞ FD∞/P M 
458.3 132.0 0.29 60.52 327.5 90.72 315.1 110.2 382.6 79 

332.8 81.45 0.24 38.16 127.2 56.22 229.7 78.22 319.6 68 

383.2 89.63 0.23 35.30 169.8 64.69 276.6 74.72 319.5 85 

381.1 89.64 0.24 47.01 193.2 70.66 300.4 86.67 368.4 79 

286.3 84.90 0.30 34.12 132.3 52.62 177.4 75.02 253.0 65 

286.3 84.90 0.30 37.51 125.4 49.48 166.9 56.51 190.6 85 
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4.3.5 Hybrid membranes are topologically flatter and larger than 

thylakoid extracts but contain nanoscale imperfections 

In addition to correlated FLIM and AFM measurements, a standalone AFM was used 

to obtain higher resolution topographical data to assess the nanoscale structure of 

the hybrid membranes. To identify structural features that are specific to presence 

of material from the thylakoid membranes, the topography of DOPC-only lipid 

membranes formed with the template was compared to the topography of hybrid 

membranes. Firstly, the thickness of the hybrid membrane was confirmed to be ~4.5 

nm by direct comparison of the step height at the edge of a corral before and after 

backfilling (Figure 4.11a), in agreement with other measurements. Note that DOPC-

only lipid membranes and hybrid membranes had a similar thickness (green and red 

lines in Figure 4.11a(iv)). 

 

Further AFM measurements were performed at the centre of the corrals, to avoid 

any pattern-related imperfections at the corral edge that could adversely affect the 

membrane structure (multiple Diyne-PC patches can be observed in Figure 

4.11a(i), ringed green, as a result of the resolution limit of the UV patterning). AFM 

topographs (Figure 4.11b and 4.11c) taken at the center of the hybrid membrane 

reveal the structure to be mostly flat and homogeneous across widespread areas 

(tens of micrometers). Multiple small pores were present in the membrane and 

occupy ~10% of measured area. These pores typically have a lateral scale of ~100 

nm and an average depth of 4.45 ± 0.62 nm (n = 10 profiles). The depth of these 

pores is in agreement (Figure 4.11d, height profile) with the published values for a 

DOPC bilayer (~4.5 nm), and show that the hybrid membranes have a similar 

thickness.196 Note that these pores were not present in membranes formed solely 

from DOPC and AFM measurements of DOPC-only lipid membranes showed a 

contiguous and defect-free DOPC-only membrane (Figure 4.11a(ii) and 4.12a-b) 

confirming the quality of our synthetic lipid vesicles and suggesting that the small 

breaks within the hybrid membranes are due some interaction between the 

extracted thylakoids and synthetic lipids and/or the template.   
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Figure 4.11: High resolution AFM analysis of “empty” templates versus hybrid membranes 

vs DOPC membranes. (A) AFM image centered on the step from the Diyne-PC template to 

the middle the corral for (i) an empty template (the green ringed area shows possible effects 

photolithography pattern blurring), (ii) a DOPC-only lipid membrane and (iii) a hybrid 

membrane. (B) and (C) AFM topographic images of a similar sample as in (a)(iii), taken in 

the centre of a corral where there are no pattern-related imperfections. (D) A zoomed in 

topograph of the hybrid membrane, with a height profile (blue arrow) showing the step 

height across a pore in the hybrid membrane. 
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4.3.6 AFM measurements of protein density are in agreement 

with FLIM estimations 

To confirm the protein density estimated from FLIM measurements, a manual 

analysis of particles observed in the high-resolution AFM topographs was 

performed. Firstly, to estimate the percentage of these particles that represent 

thylakoid membrane proteins (and not impurities from other sources), the particle 

density in hybrid membranes was compared to the particle density in lipid-only 

membranes. Qualitatively, significantly fewer particles can be seen in the DOPC-only 

membranes (Figure 4.12a-b) than in hybrid membranes (Figure 4.12c-d), 

suggesting that the vast majority of the particles in hybrid membranes are likely to 

be photosynthetic proteins. To show this more precisely, a careful manual analysis 

was performed across multiple topographs for hundreds of “protein-candidate” 

particles. Specifically, particles that are between 5-10 nm in height and ~10-20 nm 

in diameter, as expected for the thylakoid membrane proteins.72 Our analysis 

showed that the particle density was significantly higher for hybrid membranes 

(77.0 particles/µm2) than for the control sample of DOPC-only (9.7 particles/µm2). 

This suggests that ~80% of the particles observed in hybrid membranes by AFM can 

be confidently identified as LH or PS proteins, leading to an estimated protein 

density of ~60 proteins/μm2. This approximated protein density from AFM 

measurements was on the same order, but lower, than our previous estimates of 

protein density calculated via fluorescence intensity (AFM estimations of ~60 

proteins/μm2 from Figure 4.12, compared to FLIM estimate of 80-450 

proteins/μm2 from Table 4.3). This difference can be explained by considering that 

only static proteins can be observed by AFM, and that any highly mobile molecules 

would be “invisible” to the slow raster speed of the AFM probe (in Figure 4.12d the 

tip velocity was ~0.25 µm/s, whereas protein diffusivity is predicted to be >0.5 

µm2/s). From our FRAP calculations of mobile fraction, Table 4.5, we hypothesize 

that the protein density observed by AFM only represents a small minority (~20%) 

of the total population. After taking the “invisible” mobile population into account, 

the approximated protein density from AFM comes into good agreement to the 

approximated protein density calculated via fluorescence (AFM estimate of ~300 

proteins/μm2, FLIM estimate of between 80-450 proteins/μm2). 
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To determine which of the proteins present in thylakoid membranes (e.g. LHCII, PSII 

etc) may have incorporated into the hybrid membranes, we attempted to classify 

proteins based on the height of their protrusion from the lipid membrane, with 

knowledge that AFM instruments have much higher (~0.1 nm) z-axis resolution 

than lateral resolution (~1.0 nm). Height profiles were drawn across hundreds of 

proteins (N = 250) to measure the protrusion (i.e., the maximum height) of each 

protein from the surrounding lipid bilayer. A frequency histogram of these 

protrusions shows three distinct populations (see Figure 4.12e-f) that may 

represent different species of proteins. Note that there is some overlap between 

these populations, possibly due to an uncertainty in the measured particle 

protrusion caused by vibrational noise, particle oscillation, or other experimental 

factors. These populations can be fitted to a Gaussian distribution (R2 > 0.99), and 

were found to protrude from the bilayer by 0.75 ± 0.03 nm (assigned P1), 1.91 ± 

0.04 nm (assigned P2) and 3.19 ± 0.06 nm (assigned P3), respectively. Our results 

are in moderate agreement with the known crystal structures of LHCII, PSII and 

cytochrome b6f, and with previous AFM studies that have used the same approach.72 

The P1 peak is consistent with the predicted height for LHCII, and the P2 and P3 

peaks show the same relative heights for PSII and Cyt b6f, respectively. From this we 

conclude that hybrid membranes contain many of the relevant photosynthetic 

membrane proteins.  
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Figure 4.12: High resolution AFM analysis of lipid-only (DOPC) membranes versus hybrid 

membranes. (A) AFM image of an area at the center of a corral backfilled with a DOPC lipid 

bilayer. (B) AFM image of (a) at higher magnification. (C) An area at the center of the corral 

backfilled with hybrid membrane. Pores are visible with this resolution. (D) AFM image of 

(c) at higher magnification where particles are observed within the pores and lipid bilayers 

(ringed green). (E) Height profile from the red line shown in panel (d), showing three 

possible types of immobilized proteins found within pores (denoted P1, P2 and P3). (F) A 

particle height histogram obtained from profile analysis across N=250 particles. Height 

traces were drawn across individual particles, as in (A), and the difference in particle height 

from the surrounding bilayer (protrusion) across many particles was accumulated as a 

histogram. Within this population, three peaks are observed with corresponding particle 

protrusions of 0.753 ± 0.027 nm (assigned P1), 1.911 ± 0.035 nm (assigned P2) and 3.194 

± 0.062 nm (assigned P3), respectively. The inset shows an example region (yellow box, 

panel (d)), where particles have been color coded (P1 = green, P2 = red, P3 = blue) 

corresponding to their particle classification.  
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4.4 Investigating the dynamics of hybrid membrane formation 

Understanding the mechanism of hybrid membrane self-assembly is useful for 

explaining the changes in photophysics of the incorporated proteins and the 

occurrence of micro/nanoscale topographical features. We hoped to montinor 

changes to the membrane during self-assembly, as well as identifying the exact role 

of each component in the self-assembly process, to suggest reasons for the 

photophysical and structural features that are observed. In a biophysical context, 

one may also wish to understand more about the processes of self-assembly in a 

more general context, so that hybrid membranes may be developed and formed 

from other highly-curved natural membranes.  

4.4.1 The diyne-PC template and a nascent lipid bilayer play an 

essential role in hybrid membrane formation 

To investigate the specific role of the various components in the hybrid membrane 

formation, a series of experiments was devised to interrogate each component 

independently. Firstly, to test if the hybrid membrane would form in the absence of 

DOPC lipids, a diyne-PC template was incubated in a solution containing only 

extracted thylakoids (no DOPC). Secondly, to test if the hybrid membrane would 

form in the absence of the template, a hydrophilic glass substrate was incubated in 

a solution containing both DOPC liposomes and thylakoids (no template). Finally, to 

test if the hybrid membranes could form via protein insertion into a pre-formed 

DOPC membrane, a lipid-only membrane was assembled into the diyne-PC template, 

before being incubated in a solution of extracted thylakoids. Following a 30 minute 

incubation, all three samples were washed copiously with buffer, to remove any 

loosely adsorbed material. In all three scenarios, the hybrid membrane did not form. 

The data is presented below. 
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Firstly, in the absence of DOPC, the thylakoids membranes adhere to the hydrophilic 

glass surfaces and remain as distinct particles (right panel, Figure 4.13). The FLIM 

data bears resemblance to extracted thylakoids deposited on to hydrophilic glass 

(no template) suggesting that the thylakoids remain in the same state (multilayered 

membranes with tightly packed proteins). Note that there is no fluorescence signal 

in the TR channel (left panel, Figure 4.13), as expected, because no synthetic lipids 

or lipid dyes were present in this sample.  

 

 

Figure 4.13: The deposition of thylakoid extracts onto patterned glass substrates in the 

absence of lipids to investigate what determines the formation of high-quality hybrid 

membranes. FLIM image of thylakoid extracts deposited on a patterned surface. The sample 

was prepared by incubating the standard concentration of thylakoid extracts (0.18 mg/mL) 

with a patterned glass coverslip for 30 min. The sample was washed with copious buffer 

solution before imaging. Left column: fluorescence due to lipids (Texas Red DHPE). Right: 

Fluorescence due to the thylakoid proteins (chlorophyll). 
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In the absence of a template, the DOPC lipids appear to form an imperfect lipid 

bilayer (left panel, Figure 4.14), with multiple holes and bright patches surrounded 

by an otherwise homogeneous distribution of intensity. Inspecting the Chl channel 

(right panel, Figure 4.14a), it seems that the thylakoid membranes did not merge 

with the DOPC membrane and remained as distinct particles. A FRAP 

(photobleaching) experiment was performed to test whether the thylakoid 

membranes were connected to the DOPC bilayer; if the thylakoid fluorescence could 

even partially recovered after photobleaching this would suggest that some proteins 

can diffuse between the DOPC membrane and the thylakoid extracts. After 

photobleaching, there was no recovery of the bleached thylakoid extracts (Figure 

4.14c), whereas the lipids within the synthetic membrane showed significant lateral 

diffusion (Figure 4.14b) within the DOPC bilayer. This is evidence that the Diyne-

PC template is absolutely required in order for thylakoid membranes to merge with 

DOPC lipid membrane during the formation process of hybrid membranes. 
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Figure 4.14: The deposition of thylakoid extracts and DOPC lipids without a template to 

investigate what determines the formation of high-quality hybrid membranes. (A) FLIM 

image of a mixed assembly of thylakoid membranes and DOPC SLBs on glass. The sample 

was prepared by mixing the standard 1:3 ratio (weight/weight) of extracted thylakoid 

membranes with DOPC vesicles as an aqueous suspension (total concentration 0.5 mg/mL), 

and then depositing these onto a hydrophilic glass coverslip for 30 minutes. The sample was 

washed with copious buffer solution before imaging. Here, the DOPC liposomes were 

labelled with 0.5% (mol/mol) Texas Red-DHPE. (B) and (C) Photobleaching measurements 

to test the lateral diffusion of the lipids and proteins shown in the top panel. Left column: 

fluorescence due to lipids (Texas Red DHPE). Right: Fluorescence due to the thylakoid 

proteins (chlorophyll). 
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Finally, a DOPC membrane was pre-formed within a template and thylakoid 

membrane added afterwards, then the surface was washed with buffer flow to 

remove any loosely attached particles. This sample was imaged in a two-stage 

process, recording the location of thylakoid extracts immediately after incubation 

but prior to washing the sample and after the sample has been washed with copious 

amounts of buffer. Before washing, thylakoid particles can be observed across the 

surface with no particular pattern of preferential adherence to either the template 

grid or DOPC box region (Figure 4.15a) (although this could be obscured by the 

many out-of-focus particles which are in solution above the surface). This suggested 

that there were only loose interactions between thylakoids and a complete lipid 

bilayer. This was confirmed by the subsequent images acquired after washing the 

surface with fresh buffer solution, where thylakoid extracts have been completely 

removed from the sample surface (Figure 4.15b).  

 

The fluorescence lifetimes of the Chl fluorescence in all four scenarios were very 

short (~0.5 ns) and similar to the lifetime of thylakoid extracts. This suggests that 

the density of proteins was still very high, and that proteins had not been able to 

diffuse outward from the thylakoids into a hybrid membrane resulting in a lower 

protein density and a longer fluorescence lifetime (~4 ns). All together, this series 

of experiements demonstrate that it is not merely the presence of DOPC or the 

template that triggers the insertion of LH and PS proteins into the bilayer, but the 

combination of the exposed edge of the diyne-PC template together with a 

developing DOPC bilayer. More specifically, the lack of protein incorporation when 

thylakoids are deposited on top of a pre-formed lipid bilayer shows that it is unlikely 

the proteins are able to transfer vertically between the thylakoid and the DOPC 

membranes (this would expose hydrophobic portions of the protein to the polar 

solvent which would be thermodynamically unfavourable197).  
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Figure 4.15: The deposition of thylakoid extracts onto performed lipid membranes to 

investigate what determines the formation of high-quality hybrid membranes. (a) FLIM 

image after thylakoid extracts were incubated with “pre-formed” lipid membranes within 

the standard Diyne-PC template pattern, before any washing procedures. This sample was 

prepared in a two-stage process: (i) a template pattern was incubated with 1 mg/mL lipid 

vesicles comprised of 99.5% (mol/mol) DOPC and 0.5% Texas Red-DHPE for 30 min and 

then washed with buffer solution, (ii) this surface was then incubated with the standard 

concentration of thylakoid extracts (0.121 mg/mL). Microscopy was performed on this 

sample immediately. (B) FLIM image after washing the sample from (A) with copious buffer. 

As can be observed, no thylakoid membranes remained. Left column: fluorescence due to 

lipids (Texas Red DHPE). Right: Fluorescence due to the thylakoid proteins (chlorophyll). 

The buffer used was 50 mM KH2PO4, 10 mM NaCl, 2 mM MgCl2, 330 mM sorbitol, pH 7.5 

throughout. 
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4.4.2 Time-lapse FLIM reveals that the lipid membrane forms 

before the protein incorporation into the membrane has reached 

its maximum 

To directly observe the process of the hybrid membrane formation, time-lapse FLIM 

measurements were taken over the duration of the hybrid membrane self-assembly, 

and the intensity and lifetime of Chl fluorescence was monitored during this time. 

Each image (Figure 4.16a) represents the cumulative sum of all photons detected 

in a 20 s period, the minimum time required to provide sufficient signal for analysis.  

Over the 30-minute duration of the experiment, the time-lapse FLIM data shows an 

increasing Chl intensity. There appeared to be two types of membranes, 

distiniguished by their size and photophysical features: (i) a fluorescence signal 

with a relatively long fluorescent lifetime, ~4 ns, that predominantly occupied the 

square corral regions of the diyne-PC template  (red square features in Figure 

4.16a); (ii) a  signal with a short fluorescent lifetime, ~0.4 ns, that appeared as small 

globular particles across the whole image and became more numerous over time 

(large blue/green spots in Figure 4.16a). These two sub-populations had very 

similar fluorescent lifetimes to the “washed” hybrid membranes and extracted 

thylakoids previously calculated (see Figure 4.16c, repeated from Figure 4.7) and 

were therefore presumed to be developing hybrid membranes and extracted 

thylakoids that had not merged with the synthetic lipid bilayers for (i) and (ii), 

respectively. At later time points (after 300 s), the intensity due to extracted 

thylakoids continued to increase, ultimately obscuring the long-lifetime signal 

underneath. In several instances, Chl fluorescence appeared to diffuse radially 

outward from an extracted thylakoid that had adhered on top of a developing 

corraled membrane (Figure 4.16b), suggesting some level of connectivity between 

the two.  

 

To be able to suggest different mechaisms for the membrane self-assembly, we 

wished to quantify the rate of deposition for different membrane components. To 

achieve this, the FLIM was set up to detect either Chl fluorescence or fluorescence 

specific to the synthetic tipids (DOPC), and timelapse FLIM measurements were 

obtained during incubation of the patterned template in the thylakoid/DOPC 

solution to directly observe the membrane self-assembly.  
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First, to monitor the deposition of photosynthetic components, frequency 

distribution plots of the fluorescence lifetimes were generated for each 20 s 

timepoint (Figure 4.16d). As anticipated from the FLIM images, we observed a 

bimodal lifetime distribution, consisting of a long lifetime peak and a short lifetime 

peak, consistent with the frequency distribution plots from the steady-state samples 

of hybrid membranes and extracted thylakoids, respectively. The lifetime 

distribution for each timepoint was deconvoluted into two Gaussian populations, as 

shown in Figure 4.16e (acceptable fits were achieved for all time-points, with R2 > 

0.9). The peak amplitude of each Gaussian, representing the size of the sub-

population, was plotted against time in order to determine the rate of deposition for 

each type of membrane, see Figure 4.16f. The amplitude for extracted thylakoids 

increased with time in a roughly linear manner suggesting a progressively 

increasing surface coverage (blue line in Figure 4.16f). This signal may be expected 

to saturate after a sufficiently long time as the surface becomes completely covered 

by extracted thylakoids, but the deposition process was stopped before this point 

was reached. For hybrid membranes, the amplitude increased at a much faster rate 

reaching a maximum value at ~500 s (green line in Figure 4.16f).  

 

Next, to monitor the rate of the assembly of synthetic lipids, a small amount of 

fluorescently-tagged lipids were incorporated into DOPC vesicles (0.5 % 

weight/weight Texas Red lipids), before mixing with extracted thylakoids. Time-

lapse FLIM was performed on this sample (Figure 4.17a) to track the fluorescence 

specific to lipids during hybrid membrane formation, and images were analyzed as 

above (Figure 4.17b and red data points in Figure 4.17c). This was compared to 

the accumulation of Chl fluoresence into hybrid membranes into hybrid membranes 

(green data points in Figure 4.17c). Analysis of this comparison shows that the lipid 

component saturates much earlier than the protein component (tmax ~ 100 s for TR-

lipids, tmax ~ 600 s for Chl-proteins) and Figure 4.17a shows the lipid fluorescence 

was homogeneous across the corral at t = 100 s, suggesting a close to, or completely, 

fluid DOPC bilayer at this time.  
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Figure 4.16: Analysis of the dynamic assembly processes occurring during hybrid 

membrane formation. (A) Time-lapse series of FLIM images during hybrid membrane 

formation. Each panel shows a 20-second acquisition. (B) Time-lapse series of FLIM images 

during the formation of hybrid membranes showing an example of a large extracted 

thylakoid adhered to a nascent membrane. (C) Frequency distribution of fluorescence 

lifetimes from extracted thylakoids (blue) and hybrid membranes (red). This panel is 

repeated from Figure 4.8 to allow a side-by-side comparison with subsequent panels. (D) 

Evolution of the frequency distribution of fluorescence lifetimes during the time series 

shown in (a). Dark green to light green coloured curves represent increasing time-points (E) 

An example frequency distribution from a 20s snapshot (t = 220-240s), deconvoluted into 

two peaks (long-lifetime and short-lifetime). (F) The growth of components of the hybrid 

membrane over time (normalized to its maximum value for display purposes). Green: 

photosynthetic proteins in the hybrid membrane, tracked through the long-lifetime peak 

amplitude from (e). Blue: extracted thylakoids signal, tracked through the short-lifetime 

peak amplitude from (e). 



 
Chapter 4  107 

 

Figure 4.17: Analysis of the dynamic process of hybrid membrane formation monitoring 

the formation of the lipid component. (A) A series of FLIM images showing the deposition 

of a hybrid membrane containing both photosynthetic proteins and fluorescently tagged 

(TR-DHPE) lipids. The FLIM channel shown here is optimized for the detection of Texas Red, 

in order to compare the rate of lipid deposition to the deposition of photosynthetic proteins 

(excitation at 561 nm and emission collected between 590-650 nm). (B) Evolution of the 

frequency distribution of lifetimes during the deposition. Dark red to light red represents 

the cumulative frequency distribution at increasing time points of 20-40s, 40-60s, 60-80s, 

80-100s, 100-120s, 120-140s, 140-160s, 160-180s, 180-200s. Each distribution is fitted to 

a Gaussian curve, in order to calculate the Peak amplitude at each point. (C) Analysis of the 

growth over time of the TR intensity (from the peak amplitude data from panel (b), 

compared to the hybrid membrane Chl intensity (from the long-lifetime Chl peak amplitude 

data from main text Figure 3). The time at which the lipid signal reaches a maximum value, 

tmax, is a lot sooner (~60s) than that for the hybrid membrane Chl intensity (~500s).    
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For both lipid and protein accumulation, it is possible that the saturation behaviour 

arises from the effect of filling the finite area within the corral regions. This is 

consistent with the established model for a Langmuir isotherm,198 where the rate of 

material adsorption onto a substrate is proportional to the remaining free space on 

the substrate. In the early stages of this model, there is a large amount of free space 

remaining and the rate of deposition is almost linear. At later stages, the surface 

become increasingly occupied, and the rate of deposition then starts to slow down, 

eventually saturating. The Langmuir model is expressed mathematically as 𝑛 = 𝑁 −

𝑒(ି
ೃ

ಿ
௧ା) ,  where n is the number of absorbed molecules, R is a rate constant, N is the 

number of empty sites, t is the elapsed time, and C is some constant. To compare the 

two processes, the peak amplitude curve for both the protein and lipid deposition 

was fit to the Langmuir model, and the rate of lipid deposition was found to be 5.5 

times greater than the rate of protein deposition (Rlipids = 0.039, Rproteins = 0.007). Both 

the faster depositon rate and the time-lapse images suggest that a bilayer of 

synthetic lipids is largely assembled inside the corral, before the majority of 

photosynthetic proteins have been incorporated into the membrane: in fact, the 

amplitude representing proteins assembling in hybrid membranes increases 

another two- to three-fold after the lipid signal has saturated (compare green vs red 

curve at t=100 s in Figure 4.17c). 

 

4.4.3 Discussion of the mechanism of hybrid membrane assembly 

into the Diyne-PC templates 

The findings of this section can be briefly summarised into a several points that 

broadly describe the process of hybrid membrane formation: (i) Both the diyne-PC 

template, and a developing lipid membrane are required for hybrid membrane 

formation. (ii) Proteins are unlikely to move vertically between stacked membranes. 

(iii) Thylakoid extracts adhere to the top of the forming hybrid membrane, and Chl 

fluorescence appears to spread radially from the extracts into the hybrid membrane 

(iv) The lipid component of the hybrid membrane forms very rapidly, and is mostly 

complete before the bulk of the proteins insert into the hybrid membrane.  

 

From the direct observations of the migration of Chl fluorescence from an extracted 

thylakoid into the hybrid membrane (Figure 4.16b) and the results suggesting that 
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proteins are unable to move vertically between bilayers (Figure 4.15), it seems 

probable that proteins and thylakoid lipids migrate laterally between the ruptured 

thylakoids and the DOPC membrane. Therefore, we hypothesize that extracted 

thylakoids adhere to, and form lipid bridges with, exposed edges in the developing 

DOPC lipid bilayer. These adhered thylakoids may act as reservoirs, from which 

photosynthetic proteins undergo diffusion down a concentration gradient into the 

spreading hybrid membrane, as proposed in the cartoon in Figure 4.18a. Random 

(Brownian) motion in 2-D is expected to lead to an overall migration of membrane 

proteins from a high concentration in the thylakoids to a lower concentration in the 

hybrid membranes.199 This diffusion would eventually tend towards a dynamic 

equilibrium where a lower energy state is achieved, and result in the saturation-like 

behaviour observed in both the lipid and protien deposition curves.   

 

This hypothesis may also explain some of the characteristics of hybrid membranes 

examined in previous sections. Firstly, the concentration driven diffusion of proteins 

from a high to a low concentration, would result in a reduced protein density, and 

the elongation of fluorescence lifetimes previously described (section 4.2.2 and 

section 4.3.2). It also is likely that this method of hybrid membrane formation 

favours the generation of a system with a large proportion of mobile proteins (as 

observed in FRAP measurements in section 4.3.4), since only those proteins that are 

able to laterally diffuse along lipid bridges could be incorporated into the 

membrane. By extention, this process could result in the selective sorting of proteins 

into one transmembrane orientation with the exclusion of proteins that have an 

orientation where bulky extramembraneous protrusions would come into contact 

with the substrate. For example, PSII protrudes asymmetrically from the lipid 

bilayer (~4 nm on the lumenal side, compared to ~1.7 nm on the stromal side72), 

and is likely to be immobile if the lumenal side experiences friction with the 

underlying substrate. 

 

Finally, this process of membrane self-assembly may also result in the defects 

observed in AFM measurements (section 4.3.5). It is possible that the nanoscale 

pores in the membrane form when thylakoids that are loosely associated or have 

partially fused with the SLB are stripped away from the surface, pulling away 

sections of the membrane and leaving some material stuck to the substrate 
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(illustrated in Figure 4.18b-c). This interpretation is in agreement with other 

studies which observed lipid and cofactor diffusion between multilayers of stacked 

model membranes200 and bears similarities to the dynamic protein rearrangements 

which occur in natural thyalkoids.75, 166  

 

 
 

Figure 4.18: Illustration of the proposed process of hybrid membrane formation. (A) 

Extracted thylakoids adhere to the top of the membrane, and form lipid bridges with the 

underlying DOPC membrane (green and white circles represent thylakoid lipid and DOPC 

headgroups, respectively). Proteins within the thylakoid extract diffuse into the underlying 

hybrid membrane. (B) Proposed schematic of the hybrid membrane during the wash step. 

The loosely adsorbed thylakoid extracts are washed away in the direction of fluid flow, 

severing the connection with the hybrid membrane. (C) The hybrid membrane after the 

wash step. The removal of the lipid bridge between the thylakoid extract and the hybrid 

membrane may result in a defect where some photosynthetic proteins are immobilised.  
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4.5 Assessing the photosynthetic activity of hybrid 

membranes reveals that a commonly used functionality assay 

may be non-specific  

Finally, we attempted to assess the photosynthetic activity of the hybrid 

membranes, specifically, the transduction of excitation energy into electron 

transport (photochemistry). If this functionality is even partly retained in hybrid 

membranes, then this model system could be used to investigate these fundamental 

processes, or, due to the ability of PSII to donate electrons to downstream inorganic 

systems, may have applications in future photo-electronic technologies.201, 202  

4.5.1 Experimental concept: a photochemical assay to test 

electron transfer functionality from PSII 

Multiple studies have proposed that, by selectively switching on or off portions of 

the electron transfer energy process, various photochemical inhibitors can give an 

indirect measure of the activity of PSII.203-206 Therefore, we performed a 

“photochemical assay” on hybrid membranes by monitoring changes to the Chl 

fluorescence intensity (and lifetime), in response to these inhibitors. In hybrid 

membranes as prepared, the water-soluble proteins responsible for electron 

transport from PSII to other proteins are likely to be missing and therefore PSII is 

unable to transfer electrons (see Figure 4.19a). In this scenario, the PSII is saturated 

with electrons and absorbed energy from PSII would be primarily released as Chl 

fluorescence. In the first stage of the assay to test the system, an exogenous electron 

acceptor, DMBQ,  is introduced to the membranes at a relatively high concentration, 

to replace the natural electron carriers (PQ) which are likely to be saturated.203, 204, 

207 If DMBQ successfully accepts electrons from PSII, the level of Chl fluorescence 

should be reduced in its presence compared to its absence, because excitation 

energy can be used to eject electrons rather than being re-emitted (Figure 4.19b). 

In the final stage of the assay, “hydroxylamine” can be added as an aqueous solution 

and is known to increase the Chl fluorescence again (see Figure 4.19c).206, 208, 209 

Hydroxylamine is a small highly reactive compound, that has been frequently used 

to block the electron flow of PSII.210 It is reported to affect various cofactors within 
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PSII, disrupting the oxygen-evolving complex and inhibiting the electron transfer 

cycle.211  

 

 

Figure 4.19: Illustration of the photochemical assay used to measure the electron transfer 

capabilities of hybrid membranes. (A) Initially, electron transport from PSII is prohibited 

and PSII is saturated with electrons (blue circles), and energy is primarily released as Chl 

fluorescence.  (B) Upon the addition of DMBQ (orange circles), electron transfer occurs from 

PSII to DMBQ, and Chl fluorescence is quenched. (C) After the addition of hydroxylamine, 

electron transfer from PSII to DMBQ is interrupted, and the Chl fluorescence recovers.  
 

4.5.2 The electron transfer assay has positive results for both PSII 

and LHCII (suggesting that it is inaccurate) 

The photochemical assay described above was performed on hybrid membranes 

and control samples and characterized by FLIM. Figures 4.19a(i)-(ii) show that for 

hybrid membranes the Chl fluorescence intensity is indeed significantly quenched 

after the addition of DMBQ, to 55 % (± 13 %) of its original intensity. The additional 

decay mechanism resulted in the decreased fluorescence lifetime within the corrals 

of hybrid membrane (from red to green on the false-colour FLIM scale). Upon the 

addition of hydroxylamine, the fluorescence intensity recovered back to 97 % (± 17 

%) of its initial intensity, see Figure 4.20a(iii).  The trends for fluorescence 

intensity and for fluorescence lifetime of hybrid membranes are shown as green 

lines in the graphs of Figure 4.20c and 4.20d, respectively.  
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Figure 4.20: Quantification of possible photochemical activity using hybrid membranes 

and FLIM. (A) FLIM measurements of hybrid membranes, DOPC/TR lipid membranes, and 

LHCII proteoliposomes, before and after the addition of 0.5 mM DMBQ and after the addition 

of 0.5 mM hydroxylamine (as labelled). The FLIM instrument was set up to either detect Chl 

fluorescence for (i)-(iii) and (vii)-(ix) (with 640 nm excitation and 672-696 nm emission 

filters), or to detect TR fluorescence for (iv)-(vi) (with 561 nm excitation and 590-650 nm 

emission filters). Spectral overlap between these FLIM channels was minimal. (B) Graph 

showing the normalized fluorescence counts of each sample plotted against the different 

experimental conditions from (a) (averaged over 4 fields of view). (C) Graph showing the 

mean fluorescence lifetimes for each sample against the experimental conditions from (a) 

(averaged over 4 fields of view).  
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The fluorescence lifetime was reduced from 4.11 ± 0.12 ns initially to 2.85 ± 0.09 ns 

upon the addition of DMBQ, before recovering to 4.49 ± 0.05 ns upon the addition of 

the hydroxylamine. This final lifetime is longer than in the initial system and could 

be due to changes in the configuration of pigments within PSII after the addition of 

hydroxylamine. 

 

A series of control samples were studied to assess the specificity of this assay for 

photosynthetic proteins and for probing electron transfer. DOPC lipid membranes 

containing the fluorophore Texas Red (without any proteins) showed typical images 

of patterned membranes (see Figure 4.20a(iv)-(vi)), with no significant change at 

any stage of the photochemical assay of either the fluorescence lifetime or the 

fluorescence emission intensity. This showed that DMBQ does not cause quenching 

of this chromophore and hydroxylamine does not affect it either (red lines in Figure 

4.20b-c). Photochemical assays were then performed on control samples of both 

LHCII proteins within membranes that were deposited onto glass (solid magenta 

lines in Figure 4.20b-c) and isolated LHCII proteins suspended in an aqueous 

solution (dotted magenta lines in Figure 4.20b-c). These were assessed as samples 

which contained Chl but not PSII and either represented the quenched state or non-

quenched state of LHCII, respectively. Therefore, these samples are examples of 

photosynthetic proteins that lack the electron transfer functionality inherent in PSII 

that this assay is expected to probe. Surprisingly, the DMBQ caused quenching of the 

fluorescence intensity and lifetime in both LHCII-only samples, followed by the 

subsequent de-quenching by hydroxylamine. LHCII in proteoliposomes showed 

significantly less DMBQ-induced quenching and more hydroxylamine-induced de-

quenching compared to LHCII in solution, presumably because LHCII in 

proteoliposomes started in an already heavily quenched state. 
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4.5.3 Discussion: Interpreting the results of the photochemical 

assays 

The results of the photochemical assays suggest that the DMBQ/hydroxylamine 

assay is not specific for detecting electron transfers to and from PSII. Neither DMBQ 

or hydroxylamine induced a change in the fluorescence of Texas Red, so it is possible 

that the effects of this assay are specific to systems containing chlorophyll pigments. 

Whilst we cannot definitively rule out the possibility that the glass surface alters the 

structure or chemical activity of LH or PS protein complexes, we note that previous 

studies have concluded that LHCII and other protein complexes are not adversely 

affected by interactions with glass80, 172 or mica56 surfaces (comparisons of their 

fluorescence emission spectra indicate that the native protein conformation is 

maintained).  

 

One possibility for DMBQ-induced quenching is a direct “collisional quenching” 

mechanism whereby DMBQ diffuses through the lipid bilayer or through the 

aqueous solution and quenches an excited state upon close contact with Chl 

pigments.212 Alternatively, several authors report fluorescence quenching in LHCII 

via internal charge transfer mechanisms,103, 213-215 and there are even reports that 

LHCII can act as a photosensitizer for biophotovoltaic devices, i.e., it can directly 

donate electrons to electrodes under certain conditions (e.g., applied voltage).216, 217 

Therefore, it seems feasible that DMBQ could accept electrons from both PSII and 

LHCII resulting in the reduction in fluorescence lifetime and intensity of Chl 

fluorescence.  

 

The exact mechanism for the inhibition of PSII by hydroxylamine has been the 

subject of some scrutiny within the photosynthetic community. Various papers 

suggest that PSII inhibition by hydroxylamine consists of two-mechanisms, a 

reversible and non-reversible mechanism, that occur at high (>1 mM), and low (<1 

mM) concentrations of hydroxylamine, respectively.218 In the reversible process, 

oxygen-evolution is inhibited due to the reduction and subsequent release of 

manganese (an essential catalyst for O2 conversion210) from the oxygen evolution 

complex (OEC) of PSII.219, 220 This process seems unlikely to apply to LHCII, or other 

Chl containing proteins, that are not responsible for O2 evolution. In the irreversible 
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process, hydroxylamine is believed to competitively bind with specific moieties 

within PSII as part of a chemical reaction with either water-splitting enzymes or 

pigments.211, 221 It seems more likely that hydroxylamine lacks binding specificity 

and has the potential to react with and disrupt other Chl-containing proteins (and 

potentially other molecules). Indeed,  hydroxylamine seems to be used as a small-

molecule reducing agent for various purposes in chemistry and other industries 

(e.g., photography).222 The increased Chl fluorescence lifetime of >4 ns could suggest 

that hydroxylamine may either cause some sort of disaggregation of Chls which 

increases the intra-protein Chl-Chl distance, or a chemical change to the Chls which 

decreases the dipole-dipole coupling.  

 

A virtue of the use of FLIM over fluorescence intensity measurements is that one can 

quantify fluorescence quenching more definitively to give confidence in our 

interpretations (intensity measurements can be subject to distortions due to 

changes in pigment concentration whereas decay rate is unaffected). Despite the 

lack of PSII specificity of the photochemical assays, the results show that our hybrid 

membranes contain “active” Chl which responds to chemical modifications in a very 

different manner to other fluorophores, such as Texas Red. Our comparisons of 

LHCII in a quenched and non-quenched state, also indicate that the initial 

photophysical state of the proteins can significantly alter the outcomes or 

interpretations of functionality assays.  

4.6 Section summary and discussion 

Hybrid membranes have distinct advantages when compared to native thylakoids 

or other model systems as a platform to study the fundamentals of photosynthesis. 

Natural thylakoid extracts are heterogeneous, micro/nanoscale structures and are 

difficult to study due to their relatively instability. Alternative model membrane 

systems are typically formed by “bottom-up” approaches that use purified proteins 

and lipids to exert control over the system composition. For example, 

proteoliposomes can be very useful but they are formed at the expense of missing 

out many important components of an LH membrane and a resulting in a 

simplification of the complex interactions observed in natural membranes.74, 79, 119-

121, 173, 174, 177-179 Hybrid membranes offer an intermediate situation, and consist of a 
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stable, flat, and largely homogeneous structure (observed by FLIM and AFM) formed 

via self-assembly from natural membranes, such all the natural LH and PS proteins 

are potentially available for analysis. Our FLIM and FRAP measurements show that 

the proteins are highly mobile (~80% mobile fraction) and are free to interact with 

the surrounding lipids/proteins in a way that is unimpeded by the substrate. The 

protein concentration (approx. 1% of the membrane area) is significantly lower 

than that of native membranes, and the dilution of thylakoid proteins with synthetic 

lipids could disrupt natural protein-protein interactions in a way that they may not 

return. However,  there are many possible avenues which could be pursued in future 

studies to increase the protein concentration or alter the structural organisation of 

the hybrid membranes to better represent the native system, such as altering the 

concentrations of the starting material,162 or by using techniques established in the 

SLB community to direct the diffusion of membrane proteins.223, 224 Another 

possible limitation is that protein incorporation into hybrid membranes may favour 

particular proteins, and the ratio of LHCII to PSII (or other proteins) in hybrid 

membranes may not reflect the ratio found in natural systems. To account for this, 

future studies should aim to precisely quantify the protein populations present in 

hybrid membranes. One possibility could be to use detergents to extract the proteins 

from hybrid membranes for separation and analysis via gel-electrophoresis or size 

exclusion chromatography225, 226 (multiple samples may need to be extracted and 

combined to obtain sufficient material for these type of biochemical methods). 

Alternatively, if mobile proteins (which appear highly mobile) could be made visible 

to AFM this would allow for a more complete analysis of protein dimensions and 

species. This could be achieved by either significantly increasing the AFM raster 

speed (previous studies have applied “fast scanning” AFM to study protein 

dynamics227, 228), or by significantly reducing the protein mobility (by reducing the 

temperature229, or by inducing lipid-phase transitions lipids to “lock” the proteins 

in place230, 231).  

 

The combination of FLIM and AFM allowed us to observe the dynamic behaviours 

and interactions of individual elements of photosynthesis (i.e., LH and PS protein 

complexes) in a controllable platform, and opens the possibility to manipulate them. 

The fluorescence lifetime increased from ~0.5 ns in natural membranes to ~4 ns in 

the hybrid membranes, which suggests that the chlorophyll-proteins are switching 
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from a quenched to a light-harvesting state as the protein concentration decreases. 

Such changes in fluorescence lifetime have been previously suggested to relate to 

energy-dissipating pathways within LHCII being switched on and off and the crucial 

process of “photoprotection” in plants.39, 55, 56, 61, 66, 79, 106 It seems feasible that future 

studies could explore the fluorescence switching of single LH and PS proteins by 

utilizing a hybrid membrane platform that has a very low protein concentration 

within the membrane (to allow single protein tracking). Another key advantage of 

using model membrane systems is that specific proteins of interest can be 

investigated, as shown in our application of our hybrid membranes and 

proteoliposomes to photochemical assays. This revealed new challenges in 

accurately determining electron transport using DMBQ and hydroxylamine, 

suggesting that the assays used in the photosynthesis community may have to be 

reassessed.206, 208, 209, 211 

 

By imaging the self-assembly of lipids and photosynthetic proteins onto the solid 

surface in real time, we found that both the hydrophobic edge of the Diyne-PC corral 

and the developing DOPC bilayer are necessary for the formation of flat and 

contiguous membranes from highly curved natural membranes. One possibility is 

that hydrophobic interactions between the diyne-PC lipids and the thylakoid 

extracts reduces the free-energy required for bilayer formation and help to stabilise 

the otherwise highly-curved thylakoid membrane133, 232 This suggests that the 

polymerized lipid template could be used to support the formation of supported 

lipid bilayers from a range of biological membranes that are otherwise difficult to 

study (high-curvature, protein-dense).  

4.7 Concluding remarks and future outlook 

In this chapter, the photophysical properties and topological structure of the hybrid 

membrane model system have been compared to the structure of native-like bio-

membrane extracts. The hybrid membranes were characterized in detail to provide 

new information regarding the nanoscale structure of the membrane, the kinetics of 

membrane self-assembly, and their applicability to testing the function of 

photosynthetic functionality. Overall, the results in this chapter demonstrate the 

consistency and experimental accessibility of the hybrid membrane as a testbed for 
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photosynthetic research. Despite the significantly lower protein density than that 

found in natural systems (1% vs ~70%), it was possible to acquire much useful 

information about membrane structure and the resulting photophysical properties. 

The limitation of a low protein density may be overcome in future work.  

 

In future studies, hybrid membranes could be applied to investigate the roles of 

specific photosynthetic components by directly controlling the membrane 

composition. There are several possible routes to generate a new variety of model 

membranes, including (i) varying the starting thylakoid-to-DOPC ratio to alter the 

protein concentration, (ii) incorporating natural membranes from different plant 

mutants to alter the distribution of protein species233, 234, and (iii) merging thylakoids 

with liposomes containing photosynthetic components (thylakoid lipids, additional 

purified proteins74, 163) to exert a more precise control over the membrane 

composition or to introduce specific components and determine their effect. In this 

respect, hybrid membranes may have a particular advantage, in that “simple” 

changes to the experimental protocol could result in a series of  samples that are 

both complementary (i.e., similar topography, dimensions, and experimental 

accessibility), yet sufficiently diverse to interrogate specific aspects of light-

harvesting. In addition, it may be possible to generate desirable membrane 

architecture that might mimic the stacked structure of chloroplasts. Previous 

studies have shown that it is possible to generate self-assembling multilayered lipid 

membranes by exploiting electrostatic attractions between anionic lipids and 

cationic polymers,200, 235 divalent cations,236 or protein-protein interactions 

(including LHCII-LHCII).74 It may be possible to modify our methodology in similar 

ways to generate multilayered Diyne-PC templates to address the stacked nature of 

bioenergetic membranes. 

 

Finally, it may also be possible to take advantage of the self-assembly mechanism of 

hybrid membrane formation in order to introduce additional lipophilic components 

of interest (e.g., additional pigments for light-harvesting98 or quinones200). In the 

following chapter, the potential modularity of the hybrid membrane system is 

investigated to generate light-harvesting membranes that are enhanced by the 

incorporation artificial chromophores. In later chapters, a modified version of the 
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hybrid membranes are used to investigate protein self-quenching, by using electric 

fields to directly control the protein concentration. 

4.8 Chapter acknowledgements 

This chapter describes results that have been published within the study:  

Meredith S. A., Yoneda T., Hancock A. M., Connell S. D., Evans S. D., Morigaki K. Adams 

P. G. (2021), Model Lipid Membranes Assembled from Natural Plant Thylakoids into 

2D Microarray Patterns as a Platform to Assess the Organization and Photophysics of 

Light‐Harvesting Proteins, Small, 10.1002/smll.202006608 

 

S. A. Meredith was responsible for the preparation of membrane samples, 

acquisition of FLIM, AFM and some solution-based spectroscopy data, analysis and 

presentation of data, and wrote the first drafts of the manuscript. T. Yoneda 

prepared the patterned membrane templates, and was first author in the original 

development of hybrid membranes (DOI: 10.1021/acs.langmuir.0c00613). A. M. 

Hancock performed purification of the LHCII protein, reconstitution of LHCII into 

proteoliposomes, acquisition and analysis of solution-based spectroscopy and 

epifluorescence data. K. Morigaki was the academic supervisor of T. Yoneda. S. D. A. 

Connell and P. G. Adams were the academic supervisors of both S. A. Meredith and 

A. M. Hancock. S. D. Evans provided additional academic supervision to S. A. 

Meredith. 

 



 
Chapter 5  121 

5 Incorporating synthetic dyes into model 

membranes to generate bespoke light 

harvesting nanomaterials 

5.1 Introduction 

The biological systems characterised in this thesis are often a source of inspiration 

for the development of “artificial photosynthetic systems”. Specifically, the 

enhancement of the pre-existing photosynthetic network is often the area of focus 

for energy research and nanotechnology, with scope to develop new bio-

nanomaterials that can be used for light harvesting or the conversion of light energy 

into useful formats.  

 

One promising avenue of bio-hybrid photosynthetic research is the concept of 

increasing the amount of light that is absorbed by the photosynthetic system. The 

combination of pigment arrangements and interactions in the plant LHCII gives the 

protein complex a high absorption efficiency across the bulk of the visible spectrum1, 

22, with two distinct peaks centred around 436 nm and 676 nm, respectively. 

However, there exists an area of minimal absorption between 520-620 nm, which 

has been marked in photosynthetic nomenclature as the ‘green gap’237. Numerous 

authors have successfully filled the green gap by interfacing LHCII with 

complementary chromophores that absorb strongly in this spectral region, and 

transfer energy to the protein via Förster Resonance Energy Transfer (FRET)237-242. 

This was first demonstrated through the covalent attachment of one Rhodamine Red 

(absorption peak: 573 nm) dye per LHCII monomer237 such that the dye was 

positioned in close proximity (<3 nm) to chlorophyll pigments in the proteins. In 

this system, the rhodamine acts as a FRET donor, due to the extensive overlap 

between the donor emission spectra and the LH (acceptor) absorption spectra. 

When this dye-protein system was excited within the green gap, the dye emission 

was almost entirely quenched, and the fluorescence emission of the LHCII was 

increased significantly, confirming that energy was being successfully transferred 

from the Rhodamine-donor to the LHCII-acceptor.  
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Since this initial demonstration, the list of proven donors for LHCII enhancement 

has evolved to include synthetic organic compounds237-240 and quantum dots,241, 242 

and has so far relied on the direct attachment of the donor to the LHCII or the  

removal of LHCII from a native-like lipid environment. An obvious advantage of  

covalent bonding is that one may control the distance and orientation of the 

chromophores relative to each other, and optimise this to maximise the efficiency of 

energy transfer. However, the genetic and chemical protocols required to modify the 

protein are often expensive and time-consuming. The low throughput of protein 

modification for trialling lots of potential compounds is also a severe hindrance to 

the development, namely scalability, of these methods when considering future 

applications for light harvesting nanomaterials.  

 

An alternative approach would be to introduce additional chromophores to LHCII, 

in a system that does not require direct covalent attachment but makes use of 

spontaneous self-assembly instead. Both micelles and liposomes have been used to 

bring FRET donor and acceptor molecules into close proximity, by relying on the 

self-assembly of amphiphilic molecules such as lipids.243-245 In addition, it has 

already been demonstrated that LHCII can be integrated into model membranes 

(e.g. proteoliposomes and supported lipid bilayers74, 119, 124) as a platform to study 

its biophysical properties. Therefore, it seems feasible that a combination of LHCII 

and complementary chromophores could be reconstituted into a model membrane, 

as a means to enhance the spectral range of chlorophyll absorption. Whilst FRET 

between similar non-covalently coupled chromophores has been successfully 

demonstrated,243 the free diffusion of tagged-lipids or proteins within the 

membrane, or inconsistencies with the self-assembly, may make it difficult to 

maintain a consistent distance between FRET components. Therefore ensuring that 

chromophore-chromophore coupling is sufficient for energy transfer is a potential 

challenge for applying this approach to photosynthetic enhancement.  

 

Designing a modular system, in which there is control over individual components, 

would allow for a tuneable spectral range and energy transfer efficiency (ETE) and 

expanding the feasibility of this system for light harvesting materials with specific 

optical properties. In addition, adding the the chromophore to the lipid membrane 

would have several advantages compared to covalent modification of LHCII: (i) 
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lipids provide a more native environment for membrane proteins than detergent, 

(ii) membranes readily adsorb to hydrophilic solid supports so would be compatible 

with surface-based nanotechnologies (e.g., thin-film coatings), (iii) non-covalent 

systems allow greater flexibility to change the chromophore concentration (or 

type), (iv) membranes allow the potential to co-assemble other components to make 

for a modular system (e.g., other photosynthetic proteins or other small 

amphiphiles), and (v) the chromophore could self-assemble into a variety of model 

systems (e.g., proteoliposomes, SLBs, or hybrid membranes), creating a parallel 

series of solution- or surface-based nanomaterials with well characterised 

spectroscopic properties.  

 

This chapter presents the development and quantification of two types of 

“enhanced” model membranes, in which the absorption of LHCII and other 

photosynthetic proteins is effectively increased by the introduction of synthetic 

pigments that self-assemble into model membranes.  

5.2 Concept 1: Proteoliposomes as light harvesting 

nanomaterials 

5.2.1 Modular reconstitution of LHCII and Texas-Red into 

proteoliposomes 

The small organic chromophore Texas Red (TR) was selected as a suitable donor for 

a FRET based system to enhance the absorption of LHCII. TR is available to purchase 

in the form where the dye is tethered to a lipid headgroup (TR-DHPE, see Figure 

5.1c), and has been shown to readily self-assemble into a variety of model lipid 

systems. In addition, the absorption of TR peaks at 591 nm fits well into the “green 

gap” of LHCII, and has an extensive overlap with Chl b Qy band absorption in the 

LHCII absorption spectra (Figure 5.1a).  

 

Initially, the viability of TR to act as a FRET donor to LHCII was assessed by 

calculating the Förster radius of the TR-LHCII pair (the distance at which energy 

transfer is 50% efficient, see section 1.1.4). From theory28, the Förster radius (R0) in 

Angstroms of a hypothetical donor-acceptor pair is defined as:  
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 𝑅
 = 8.79 × 10(ିହ) 𝐽 κଶ 𝑛ିସ ϕ  Eq. 5.1 

Where J is the spectral overlap integral between the donor emission and acceptor 

absorption, κ is the relative orientation of the donor and acceptor transition 

dipoles, n is the optical refractive index of the medium, and ϕ is the fluorescence 

quantum yield of the FRET donor. For a lipid-tethered-dye, such as TR, the 

fluorescent moiety was assumed to be randomly-orientated relative to the LHCII 

due to combined effect of both the lateral diffusion of both the lipid, and 

rotational diffusion of the tethered dye, equating to a value for κ2 of 2/3.29 The 

refractive index of the optical medium was assumed to be halfway between water 

(1.33) and lipid tail groups (1.55),243 and was given a value of 1.45. A value of 0.93 

was used for the fluorescence quantum yield of TR246. Finally, the spectral overlap 

integral was calculated using the measured spectra of TR emission and LHCII 

absorption (see grey shaded area, was calculated as 71.0 Å for the TR-LHCII pair. 

Therefore, providing that the TR and LHCII are geometrically close and in a 

favourable orientation, the TR may be able to act as the donor and pass an exciton 

to the Chl b chromophore in the LHCII complex (see structures in Figure 5.1c-d). 

In addition, the average distance between TR and LHCII molecules and therefore 

the energy transfer efficiency, can be modulated simply by changing the donor or 

acceptor concentrations. By varying the membrane composition it would be 

feasible to create membranes with desired spectroscopic properties and to 

maximise the energy transfer efficiency with sufficiently high concentrations of 

TR or LHCII. Proteoliposomes were selected as a model system to interrogate 

membrane proteins and lipids due to the established and straightforward 

methodology for their formation247 and their accessibility to solution-based 

ensemble spectroscopy. In solution, the thermodynamically driven self-assembly 

of the lipid-LHCII membranes was expected to lead to the formation of fully 

enclosed liposomes such that no hydrophobic edges of the bilayer, or 

hydrophobic moieties on the protein are exposed to unfavourable interactions 

with the aqueous buffer248. This schematic is shown in Figure 5.1b where TR-

DHPE and LHCII is incorporated into the membrane. 
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Figure 5.1: Considerations for the reconstitution of TR and LHCII into proteoliposomes 

capable of TR to LHCII energy transfer. (A) Absorption and emission spectra of TR and LHCII 

showing the spectral overlap integral which should allow efficient FRET. Normalised 

spectra of LHCII in 20 mM HEPES (pH 7.5), 40 mM NaCl and the normalised absorption and 

emission spectra of TR in detergent. The overlap between the donor (TR) emission and 

acceptor (LHCII) absorption is highlighted with a grey cross-hatch. (B) A schematic of a 

LHCII and TR proteoliposome (not to scale) highlighting the FRET relationship between a 

pair of chromophores. TR has the potential to pass excitation energy to the Chl b 

chromophore in the LHCII which could then be re-emitted by the LHCII complex. (C) 

Chemical structure of sulforhodamine 101 acid chloride, 1,2-dihexadecanoyl-sn-glycero-3-

phosphoethanolamine, better known as Texas Red DHPE. (D) Chemical structure of 

chlorophyll a. 
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5.2.2 Spectroscopy measurements show that LHCII and TR 

incorporate into proteoliposomes with a high yield 

LHCII protein was extracted from spinach leaves and biochemically purified using 

the protocols described in methods section 3.2.1. The TR-DHPE lipid was used as 

purchased (Life Technologies) and mixed to the desired ratios with synthetic lipids 

in organic solvents (see section 3.3.1). Both LHCII and TR-DHPE can be incorporated 

into vesicles and proteoliposomes at the desired concentrations using the 

procedures, previously outlined in methods, sections 3.3.2 and 3.3.3, but briefly 

described here. Initially LHCII, TR-DHPE and thylakoid lipids are fully solubilised 

with α-DDM detergent, followed by a gradual detergent removal using porous 

absorptive beads. This causes the thermodynamically-driven self-assembly of 

proteoliposomes. Other characterization by collaborators assessed the vesicle 

diameter as 50-100 nm (data not shown)98.  

 

To confirm the successful reconstitution of LHCII and TR into the proteoliposomes 

and assess the modularity of the system with regard to controlling both the donor 

and acceptor concentration, samples were prepared in two series. Proteoliposome 

Series 1 was designed to have a constant LHCII concentration of ~0.7 μM and a TR 

range from 1.4 to 14.1 μM. Proteoliposome Series 2 was designed to have a similar 

TR concentrations of ~6.8 μM with a LHCII range from 0.2 to 3.5 μM.   

 

Firstly, ensemble absorption and fluorescence spectroscopy was performed on an 

isolated form of LHCII trimers in detergent micelles (red dashed line, Figure 5.2a 

and 5.2b). This allowed for the quantification of the relative optical properties of the 

isolated state of LHCII and acted as a baseline for comparison to the proteoliposome 

system planned, where a series of LHCII-LHCII and LHCII-TR interactions are 

expected. These spectra can be compared to the spectra from proteoliposomes (solid 

black‐to‐green lines, Figure 5.2a and 5.2b). All LHCII samples have similar 

absorption spectra with peaks representing chlorophyll (Chl) and carotenoids 

between 400-500 nm and the Qy bands of Chl b and Chl a at 650 and 675nm, similar 

to the example shown in Figure 5.1a. Zooming in, the LHCII Qy absorption peaks at 

650 and 675nm have minimal shifts (<1-3 nm) (Figure 5.2a), and the single LHCII 

fluorescence peak is very similar across all LHCII concentrations (Figure 5.2b).  



 
Chapter 5  127 

 
Figure 5.2: Solution-based absorption spectra demonstrating the modularity of the 

proteoliposome system. Proteoliposomes were prepared across two sample series. In Series 

1, the LHCII concentration was held constant whilst the TR concentration was incrementally 

increased. In Series 2, the TR concentration was held constant whilst the LHCII 

concentration was incrementally increased. (A) Normalised absorption spectra of LHCII in 

detergent micelles (red, dashed line), compared to the absorption of LHCII in 

proteoliposomes (black to green solid lines). The absorption peak shifts slightly (<1-3 nm). 

(B) Normalised fluorescence emission spectra of LHCII in detergent micelles (red, dashed 

line) compared to the emission of LHCII in proteoliposomes (black to green solid lines). 

Decreasing LHCII concentration results in peak broadening (up to 13%) of the emission 

spectrum. Spectra in (A) and (B) are normalised to allow for direct comparison of spectral 

shape and peak width. (C) Absorption spectra of proteoliposome Series 1. Increasing the TR 

concentration results in a growing absorption peak centred at ~591 nm. (D) Absorption 

spectra of proteoliposome Series 2. Increasing the LHCII concentration results in an 

increasingly large contribution of the LHCII absorption spectrum. Data was collected and 

analysed by A. M. Hancock.   
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In the emission spectra (Figure 5.2), there is a slight broadening of the emission 

peak at lowest LHCII concentration (black line, Figure 5.2b) compared to isolated 

LHCII trimers in detergent micelles (red, dashed line, Figure 5.2b). The integrated 

peak area increases by up to 13 % across all samples, suggesting that a small fraction 

of chlorophylls may have an altered membrane environment. This is in agreement 

to other proteoliposomes studies where LHCII appears to be very slightly 

destabilised at low protein concentrations56, 79. Despite this, the general good 

agreement between the fluorescence and absorption spectra of LHCII in detergent 

versus LHCII in proteoliposomes suggest that the pigments within the proteins have 

similar energy levels and connectivity and that LHCII is structurally and functionally 

intact within proteoliposomes. 

 

Next, we wished to calculate the concentration of each component that had been 

successfully incorporated, rather than assuming that all of the starting material had 

been co-assembled into the membrane. To calculate the LHCII and TR 

concentrations, c, the optical path length, l = 1 cm, and the measured molar 

extinction coefficient, ε, was used in accordance with Beer lamberts law (discussed 

in section 2.4.1).  

 𝐴 =  𝜀𝑙𝑐 Eq. 2.5 

The absorbance of each component, A, was calculated from absorption spectra for 

each sample and the two absorption spectra (LHCII and TR) were mathematically 

deconvoluted to separate each component. Figures 5.2c and 5.2d show the 

ensemble absorption spectra for proteoliposome Series 1 (constant LHCII 

concentration) and Series 2 (constant TR concentration), respectively. Qualitatively, 

in Series 1 (Figure 5.2c), the increasing intensity of a peak centred around 591 nm 

can be seen to be concordant with the increasing TR concentration (the green to red 

colour scheme represents increasing TR concentration). Samples in Series 1 were 

found to have very similar LHCII concentrations of 0.52–0.61 μM (8.6–9.4 % of total 

proteoliposome mass) with a TR range from 0.9 to 12.3 μM (0.09–1.2 % of total lipid 

composition) (see Table 5.1). Similarly, in Series 2 (Figure 5.2d), the same effect is 

observed for LHCII, where the increasing intensity of the LHCII absorption spectra 

is superposed with the constant TR absorption. Samples in series 2 all had similar 

TR concentrations calculated as 5.0–8.4 μM (0.5–0.84 % of total lipid composition) 

with a LHCII range from 0.16 to 2.84 μM (2.4–30.5 % of total mass) (see Table 5.1). 
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Overall, this series of samples demonstrates the ability to tune the concentration of 

each component with a high and reliable yield (>80% of the initial concentration) 

and without significant alteration of the protein from its native state. This sample 

series will allow the effect of donor-acceptor energy transfer to be quantified as a 

function of component concentration. 

 

Initial concentration 
Measured 

Absorbance 
Calculated 

Concentration 
Component yield 

LHCII 
(µM) 

TR (µM) 
LHCII 

(Area: 635-
800nm) 

TR 
(OD at 

591nm) 

LHCII 
(µM) 

TR 
(µM) 

LHCII 
(%) 

TR 
(%) 

0.70 0 34.91 0.000 0.52 0.0 74.3 N/A 
0.70 1.4 35.45 0.079 0.53 0.9 75.7 64.3 
0.70 2.8 38.35 0.186 0.57 2.2 81.4 78.6 
0.70 4.2 36.97 0.313 0.55 3.7 78.6 88.1 
0.70 5.6 37.53 0.399 0.56 4.7 80.0 83.9 
0.70 7.1 36.34 0.514 0.54 6.0 77.1 84.5 
0.70 8.5 37.48 0.599 0.56 7.0 80.0 82.4 
0.70 9.9 38.5 0.721 0.57 8.5 81.4 85.9 
0.70 11.3 37.98 0.807 0.56 9.5 80.0 84.1 
0.70 12.7 36.68 0.954 0.54 11.2 77.1 88.2 
0.70 14.1 40.99 1.047 0.61 12.3 87.1 87.2 

0 6.8 0 0.364 0.00 4.3 N/A 63.2 
0.20 6.8 10.93 0.710 0.16 8.4 80.0 123.5 
0.35 6.8 19.19 0.656 0.28 7.7 80.0 113.2 
0.50 6.8 23.1 0.453 0.34 5.3 68.0 77.9 
0.60 6.8 33.09 0.618 0.49 7.3 81.7 107.4 
0.70 6.8 35.5 0.424 0.53 5.0 75.7 73.5 
0.90 6.8 50.94 0.429 0.76 5.0 84.4 73.5 
1.40 6.8 79.74 0.672 1.18 7.9 84.3 116.2 
2.75 6.8 102.01 0.466 1.51 5.5 54.9 80.9 
2.80 6.8 166.12 0.448 2.47 5.3 88.2 77.9 
3.50 6.8 191.46 0.682 2.84 8.0 81.1 117.6 

Table 5.1: Quantity of LHCII and Texas Red incorporated into proteoliposomes (black) and 

the calculated concentration and yeild measured in samples (red). To calculate the 

concentration of each component, spectral decomposition analysis was used to isolate the 

LHCII and TR components and the concentration calculated from the optical density and 

extinction coefficient (analysis performed by collaborator Ashley Hancock).  
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5.2.3 Single-particle microscopy measurements confirm the 

colocalization of LHCII and TR in the majority of proteoliposomes 

In addition to ensemble measurements, which only provide information about the 

population mean, we wished to assess the distribution of proteoliposomes across 

the population and confirm that both components (TR and LHCII) had incorporated 

into the majority of proteoliposomes during the self-assembly process. Fluorescence 

Lifetime Imaging Microscopy (FLIM) was used to confirm successful incorporation 

of both components into individual proteoliposomes using high resolution intensity 

and lifetime data. For this, two representative samples were prepared, termed as 

“low-LHCII” proteoliposomes (1.2 μM LHCII + 12 μM TR-DHPE + 1 mM DOPC) and 

“high-LHCII” proteoliposomes (2.8 μM LHCII + 12 μM TR+ 1 mM DOPC). Two FLIM 

channels were defined: (i) an LHCII channel, excited at 485 nm and detected in the 

range of 655 to 725 nm, and (ii) a TR channel, excited at 561 nm and detected in the 

range of 590 to 650 nm. In addition to their spectral separation, the two channels 

were temporally separated by the Pulsed Interleaved Excitation (PIE) mode, such 

that the 485 nm laser was pulsed at t ~ 0 ns (pulse width ~90 ps) and the 561 nm 

laser was pulsed at t ~ 50 ns (pulse width ~90 ps), with an overall periodicity of 100 

ns. A dilute solution of proteoliposomes was deposited onto glass coverslips, with 

incubation time and concentration optimized to give a number of small bright 

objects observed on the surface at a low density, such that the majority of particles 

are distinct and well separated from other particles.  Figure 5.3a and 5.3b shows 

representative FLIM data obtained for the high- and low-LHCII samples, 

respectively. The majority of the observed proteoliposomes are diffraction limited, 

and have intensity profiles with a FWHM of approximately 300 nm (close to the 

optical resolution of the microscope). This is in agreement with the expected 

membrane diameter of 50 - 100 nm, and also shows that within each sample there 

are few/negligible amounts of large membrane aggregates that may significantly 

skew ensemble statistics.  

 

To determine the presence of both the LHCII protein and the TR in a single 

proteoliposome  it was necessary to determine the “true” portion of the fluorescence 

signal per particle, i.e., the number of counts that remain after all other sources of 

noise or spectral overlap have been subtracted. The spectral overlap between the 
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two imaging channels is relatively low: measured to be a 0.89% spill-over from TR 

into the LHCII channel and 4.2% spill-over from LHCII into the TR channel 

(quantified as in section 4.3.1). However, this must be carefully taken into account 

if we are to make an accurate assessment of the samples’ content of TR/LHCII.  

 

Firstly, the number of counts in each channel was measured per proteoliposome by 

selecting a region of interest that encompassed all of the pixels containing a 

fluorescence signal. Each proteoliposome was ascribed a “Particle number” to allow 

to accurate labelling across a large field of view (10 example particles are shown in 

Figure 5.3c). At this stage in the analysis, proteoliposomes that were poorly 

resolved (e.g., cropped by the image border, or “touching” other proteoliposomes) 

were excluded to avoid over or underestimating the number of counts (examples 

are red, circled in Figure 5.3c). Secondly, the fluorescence spillover (from the TR 

channel to the LHCII channel, and vice versa) was calculated for each 

proteoliposome and subtracted from the measured number of counts. Generally, the 

LHCII signal was 10-100 times lower than the TR signal, due to the comparatively 

lower quantum yield and rapid bleaching (low photo-stability) of the protein, 

therefore, the LHCII overlap typically contributes <1% of the detected photons in 

the TR channel and can be largely ignored. In contrast, the TR fluorescence is much 

more intense and it was found that a large proportion (up to 50%) of the counts in 

the LHCII channel for any given particle could be attributed to the fluorescence spill 

over of colocalised TR. To subtract the TR-to-LHCII fluorescence spillover, the 

number of counts detected in the TR channel, was multiplied by the amount of 

spectral overlap (0.89% and 4.2% for TR-to-LHCII and LHCII-to-TR overlap, 

respectively), and subtracted from the number of counts detected in the LHCII 

channel. The background noise (i.e., the number of dark counts per pixel per frame) 

of each detector was also subtracted. The remaining number of counts, after 

accounting for all other sources, is determined to be the “true” signal representing 

only the molecule of interest, and is shown in Table 5.2 for 10 example particles. To 

ensure that the result of this analysis accurately represents the whole population, 

this process was repeated for >250 proteoliposomes per sample. This rigorous 

quantitative analysis is a fair way to estimate the intensity of fluorescence in multi-

component samples and was validated by and correlated to later results which also 

assess co-localization. 
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Figure 5.3 -  Example FLIM images of proteoliposomes adhered to hydrophilic glass. (A) 

The “high-LHCII” sample containing 2.8 μM LHCII + 12 μM TR-DHPE + 1mM DOPC. Upper: 

LHCII channel, Lower: TR channel. (B) The “low-LHCII” sample containing 1.2 μM LHCII + 

12 μM TR-DHPE + 1mM DOPC. Upper: LHCII channel, Lower: TR channel. (C) A zoomed in 

image of the yellow area in (a), showing 10 example proteoliposomes (white, circled). These 

proteoliposomes were used for the analysis in Table 5.2. Proteoliposomes that were poorly 

resolved (red, circled) were excluded from the analysis.  

 
Particle 
number 

Pixels 
in 

particle 

LHCII 
Raw 

signal 

Spill over 
from TR 

(TR× 
0.89%) 

LHCII 
corrected 

signal 

TR 
Raw 

Signal 

Spill over 
from LHCII 

(LHCII×4.2%) 

TR 
corrected 

signal 

# # Counts Counts Counts Counts Counts Counts 
1 42 204 94 110 10572 9 10563 
2 32 88 35 53 3903 4 3899 
3 21 284 21 263 2364 12 2352 
4 39 40 42 -2 4760 2 4758 
5 30 111 27 84 3047 5 3042 
6 20 115 12 103 1287 5 1282 
7 23 67 20 47 2255 3 2252 
8 34 40 18 12 2053 2 2051 
9 63 563 121 442 13605 24 13581 

10 57 1557 63 1494 7054 65 6990 

Table 5.2: Single particle analysis for proteoliposome colocalization. Each particle is 

assigned an index, and the intensity measured in both the LHCII and TR channel. The 

number of spillover counts is calculated for each channel and then subtracted from the raw 

signal to give the corrected “true” signal. The row highlighted in red is a liposome where no 

LHCII is believed to be present whereas all others appear to contain both TR and LHCII. 
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To reduce the likelihood that a noise variation or contaminant within the buffer is 

wrongly identified as a proteoliposome, images were taken of an “empty” sample (a 

droplet of buffer on similar glass substrates) in both the LHCII and TR channels. 

Statistical analysis of these images (shown in Figure 5.4) shows that a negligible 

number of contaminants are present in the buffer or on the substrates, and that the 

small number of fluorescent spots that were detected had an extremely low 

intensity (99.9% of possible “particles” in the buffer had an intensity <5 counts per 

pixel). Therefore, proteoliposomes can be distinguished from the background 

fluorescence with extremely high confidence.  

 

From this analysis, a particle is considered colocalised if it has a >99.5% likelihood 

of being distinguishable from background noise/contaminants, and if there is 

sufficient signal in both the LHCII and TR channels at the same location once 

fluorescence spill over has been subtracted. Based upon this stringent criteria, it was 

found that a minimum of 83% and 80% of individual proteoliposomes detected in 

the “low-LHCII” (1.2 μM LHCII) and “high-LHCII” (2.8 μM LHCII) samples contained 

both LHCII and TR. Measurements later in this chapter show that this is a 

conservative estimate. This gives high confidence that both components have been 

successfully incorporated into the artificial membrane, with only a small population 

of proteoliposomes where one component may not be present.  
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Figure 5.4: Example FLIM images of a “blank” buffer-only sample to ensure that 

background contaminants are not misidentified as proteoliposomes. Note that whilst some 

spots of fluorescence signal are apparent these are only visible due to an enhanced contrast: 

the greyscale of 0-5 counts represents a very low number of photons. (A) FLIM image of a 

“blank” sample as imaged in the LHCII channel. (B) FLIM image of a “blank” sample as 

imaged in the TR channel. (C) Frequency distribution histograms of the intensity of 

contaminants or noise within the blank samples (shown on a semi-logarithmic scale). The 

vast majority of potential particles (~99.9%) have an intensity of <5 counts per pixel.  

 

 

  LHCII channel  TR Channel 

Bin 
centre 

Number 
of pixels 

Relative 
Frequency 

Cumulative 
percent 

Number of 
pixels 

Relative 
Frequency 

Cumulative 
percent 

Counts #  % #  % 
1.5 9636 0.971 97.1 59834 0.931 93.1 
2.5 1405 0.022 99.3 3977 0.062 99.3 
3.5 298 0.005 99.8 299 0.005 99.8 
4.5 82 0.001 99.9 72 0.001 99.9 
5.5 39 0.000 100 35 0.000 99.9 
6.5 11 0.000 100 16 0.001 100 
7.5 9 0.000 100 9 0.000 100 
8.5 2 0.000 100 8 0.000 100 
9.5 1 0.000 100 4 0.000 100 

Table 5.3: Intensity histogram data for the number of background contaminants for a 

buffer-only “blank” sample in both the acceptor (LHCII) and donor (TR) channels. The 

cumulative percent describes how many pixels (%) have an intensity that less than or equal 

to the bin centre.  
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5.2.4 Ensemble spectroscopy shows that LHCII fluorescence 

emission is enhanced by energy transfer from Texas Red 

When isolated LHCII is excited within the “green gap” a minimal level of LHCII 

fluorescence should be observed. However, if additional energy is being transferred 

to LHCII from TR in proteoliposomes, the LHCII fluorescence emission intensity is 

expected to be “enhanced”. Enhancement of LHCII fluorescence due to energy 

transfer from TR was quantified by calculating the relative LHCII “fluorescence per 

mole” when excited at 540 nm (selective excitation for TR). This was assessed for 

proteoliposomes Series 1 which consist of a fixed LHCII concentration and a range 

of increasing TR concentrations (from Section 5.2.2). The absorption spectra of this 

series of samples (Figure 5.5a) shows an incrementally increasing peak centred at 

540 nm, as the TR concentration is increased in each sample, whilst the LHCII Chl a 

and Chl b peaks at 650-675 nm remain largely consistent between samples.  

 

To determine the amount of LHCII enhancement when excited in the green gap, 

sample-to-sample differences were accounted for by determining the LHCII 

concentration (as in Table 5.1) and then calculating the relative LHCII enhancement 

in terms of the fluorescence emission per mole. Figure 5.5b shows the LHCII 

emission increasing as a function of increasing TR concentration (dark green to light 

green). The TR emission has been deconvoluted and removed from these spectra for 

clarity. It was observed that the relative emission of LHCII excited at 540 nm 

increases 3-fold from ~1 ×1014 counts/mol to ~3 ×1014 counts/mol over the range 

of TR concentrations in this series (0 – 12.4 µM TR). An alternative visualisation of 

this data is shown in Figure 5.5c where the relative emission of LHCII within this 

proteoliposome series is plotted against the molar TR concentration. In this format, 

100% represents the initial intensity of 0.55 µM LHCII (the average LHCII 

concentration for this sample series) reconstituted into proteoliposomes in the 

absence of TR. Within this range of TR concentrations, the enhancement of LHCII 

emission when excited at 540 nm was found to linearly increase with TR 

concentration, up to a maximum of 314% compared to LHCII-only proteoliposomes. 

This ensemble spectroscopy was performed by my colleague and acts as a baseline 

for my own FLIM analysis (section 5.2.6 onwards).  
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Figure 5.5: Steady-state absorption and emission spectra of Texas Red reconstituted into 

Texas Red-LHCII proteoliposomes with varying TR concentration. (A) Ensemble absorption 

spectroscopy of proteoliposome Series 1 (constant TR concentration and increasing LHCII 

concentration). Repeated from Figure 5.2 to allow side-by-side comparison with the data 

in panels B and C. (B) Steady state fluorescence emission spectra of the same sample series 

as in (A). TR emission has been removed via deconvolution for visual clarity. (C) Relative 

LHCII emission (calculated from area under curve) versus TR concentration, calculated 

from the same sample series as (A). Here 100% is defined as the baseline intensity of LHCII 

emission observed for proteoliposomes containing 0.55 µM LHCII and 1 mM total lipid (as 

this is the average LHCII content for this sample series). Data collection and analysis by A. 

M. Hancock.  
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5.2.5 Ensemble spectroscopy shows that Texas Red fluorescence 

is quenched by the presence of LHCII 

As previously stated, the energy transfer from the donor (TR) to the acceptor 

(LHCII) can be directly observed by the enhanced fluorescence intensity of the LHCII 

and the corresponding diminished fluorescence intensity of the TR. However, this 

method of observation is dependent on factors such as variation in excitation 

intensity, individual proteoliposome concentration, and is also susceptible to 

changes in pH or impurities that are present in the solution. A more robust method 

to confirm the presence of FRET, is to consolidate information obtained through 

intensity measurements with fluorescence lifetime data. As well as the decrease in 

fluorescence intensity, FRET has also been shown to cause the reduction in the 

fluorescence lifetime of the donor fluorophore28. The energy transfer to the acceptor 

provides an additional decay mechanism for the excited electrons, and as a result, 

the donor remains in the excited state for a shorter average time.  

 

Ensemble absorption spectra of proteoliposome series 2 shows an increasing LHCII 

contribution (broad peaks from 400-500 nm and 600-650 nm) centred around a 

constant TR peak centred at ~590 nm (Figure 5.6a, repeated from Figure 5.2d). 

Initial intensity measurements were made using ensemble spectroscopy to 

demonstrate the diminishing relative TR emission intensity in the presence of 

increasingly higher concentrations of LHCII. Figure 5.6b shows the steady state TR 

emission of proteoliposome Series 2 (from Section 5.2.2), which have a fixed TR 

concentration. For clarity, these spectra have been de-convoluted to subtract the 

LHCII component, revealing only the TR peak at 610 nm. It was observed that as the 

LHCII content was increased from 0.00 μM to 3.50 μM, the relative TR emission 

intensity was reduced to as low as 2% (compared to its level in the absence of LHCII) 

as the absorbed energy was transferred non-radiatively to the FRET acceptor. Time-

resolved fluorescence measurements were performed in ensemble, as a secondary 

technique, to complement the steady-state data. The proteoliposome samples were 

selectively excited using a pulsed 540 nm laser, and the fluorescence decay curves 

for samples in proteoliposome Series 2 (fixed TR concentration) were collected and 

displayed in Figure 5.6c. The fluorescence decay curves reveal the faster decay of 

the TR fluorescence as LHCII concentration was increased, representing quenching 
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in correlation with the steady-state intensity data. Fitting of the decay curves 

showed that the TR lifetime decreases from 4.4 ns in the absence of LHCII to a 

minimum of 0.7 ns at the maximum LHCII concentration.  

 

Graphical analysis of fluorescence intensity and fluorescence lifetime data allowed 

the observed trends to be quantified. Energy transfer efficiency was calculated from 

both steady-state (ETESS) and time-resolved (ETETR) data by comparison of samples 

with and without acceptors (LHCII), as given by the equations:  

 
𝐸𝑇𝐸ௌௌ = 1 −  

𝐹

𝐹
 

Eq. 5.2 

 𝐸𝑇𝐸்ோ = 1 −  
𝜏

𝜏
 Eq. 5.3 

where FD and F0 are the donor fluorescence intensity per mole in the presence and 

absence of the acceptor, respectively, and τD and τ0 are the donor fluorescence 

lifetime in the presence and absence of the acceptor. Figure 5.6d shows that the 

ETE increased non-linearly with LHCII concentration and is fitted to an exponential 

growth function, as efficiency is expected to saturate at high acceptor concentration. 

Steady-state and time-resolved data show good agreement of the trend and estimate 

a maximal ETE of ~94% and ~77%, respectively (black vs red datapoints in Figure 

5.6d). We expect that the exact maximal ETE is between these two values (different 

spectroscopic techniques often differ in absolute efficiency values and a definitive 

calculation of ETE will be studied in future work). This trend of ETE is attributed 

simply to the reduction in average distance between TR and LHCII as the 

concentration of LHCII is increased. 
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Figure 5.6: Steady-state and time-resolved fluorescence of Texas Red reconstituted into 

Texas Red-LHCII proteoliposomes with varying LHCII concentration. (A) Ensemble 

absorption spectroscopy of proteoliposome Series 2 (constant TR concentration and 

increasing LHCII concentration). Repeated from Figure 5.2 to allow side-by-side 

comparison with the data in panels B - D. (B) Steady state fluorescence emission spectra of 

the same sample series as in (A). Texas Red emission is displayed as Counts per mole to 

show relative quenching at different LHCII concentrations. LHCII emission has been 

removed via deconvolution for visual clarity. (C) Time-resolved fluorescence data of the 

same sample series as in (A). (D) Energy transfer efficiency versus LHCII concentration, 

calculated from the same sample series as in (A). ETE is calcualted using the conventional 

FRET relationship as described in Equations 5.2 and 5.3. Dashed lines are to guide the eye. 

Data collection and analysis by A. M. Hancock.  
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5.2.6 Single-proteoliposome analysis shows a homogeneous 

distribution of lifetimes and energy transfer efficiencies 

Complementary to the ensemble spectroscopy, FLIM measurements of individual 

proteoliposomes were performed to determine how the presence of LHCII changed 

the distribution of TR lifetimes across the population of membranes. As described 

in section 5.2.3, FLIM data was collected for proteoliposomes deposited onto glass 

at a low surface density for representative samples containing “low-LHCII” (1.2 μM 

LHCII + 12 μM TR-DHPE + 1 mM DOPC) and “high-LHCII” (2.8 μM LHCII + 12 μM TR-

DHPE + 1 mM DOPC), as well as a TR-only (12 µM TR-DHPE + 1 mM DOPC) sample 

to represent TR in the absence of the LHCII-acceptor. Due to the significant spill-

over of TR fluorescence into the LHCII channel (Table 5.2), it is likely that 

fluorescence decay curves generated in the LHCII channel will be skewed by an 

unknown amount for each proteoliposome (dependent on both LHCII concentration 

and the TR concentration in each proteoliposome). As such, it is difficult to 

deconvolute these effects and provide accurate quantification of the LHCII lifetimes 

within these samples. However, since the LHCII intensity typically contributes <1% 

of the counts in the TR channel, the TR fluorescence lifetime can be confidently 

assessed allowing energy transfer between the TR and LHCII to be identified. 

 

In the absence of LHCII, the TR/DOPC liposomes (Figure 5.7a) have long 

fluorescence lifetimes and are visualised as a number of distinct particles that 

appear orange/red in the FLIM false-colour scale (red-to-blue represents long-to-

short lifetimes). In the LHCII channel a low signal is observed, due to the small 

amount of spectral overlap from the TR channel to the LHCII channel (0.89%), as 

previously discussed. Figures 5.7b and 5.7c show representative fields of view for 

the “low-LHCII” and “high-LHCII” proteoliposome samples, respectively. In both the 

samples that contain LHCII, the proteoliposomes appear “bluer” in the TR channel, 

corresponding to a shorter lifetime and indicating the presence of TR quenching due 

to energy transfer to the LHCII. Fluorescence decay curves were generated for all 

three samples by accumulating all of the photons within a field of view and 

compared. It was observed that the TR fluorescence decayed more rapidly in 

proteoliposomes with increasing LHCII concentrations (green lines, Figure 5.7d) 

versus the TR-only sample (red line, Figure 5.7d).   



 
Chapter 5  141 

 

Figure 5.7: FLIM measurements of TR- and LHCII-containing proteoliposomes in 

comparison to liposomes containing only TR (and normal DOPC lipids). In all FLIM data, the 

top row is the FLIM channel optimised for the detection of LHCII and the bottom row is the 

FLIM channel optimised for the detection of TR. Particles are generally below the diffraction 

limit (<300 nm) and appear homogeneous in size and intensity. All vesicles contain 1 mM 

mixed thylakoid lipids in addition to the stated µM-concentrations of TR and LHCII. (A) 

FLIM data of 12 µM TR reconstituted into liposomes adhered onto hydrophillic glass at a 

low concentration. (B) FLIM data of 12 µM TR and 1.2 µM LHCII reconstituted into 

proteoliposomes. (C) FLIM data of 12 µM TR and 2.8 µM LHCII reconstituted into 

proteoliposomes. (D) Fitted fluorescence decay curves for the TR lifetime of 

(proteo)liposomes containing zero LHCII (TR-only), a low concentration of LHCII (1.2 µM) 

and a high concentration of LHCII (2.8 µM). Dashed lines show the raw data, solid lines show 

the fitted decay curves.  
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Amplitude-weighted lifetimes calculated from these decay curves show this trend 

more clearly, where the TR fluorescence lifetime reduces from 3.36 ± 0.01 ns in the 

TR-only liposomes to 1.87 ± 0.01 ns and 1.50 ± 0.01 ns in the low- and high-LHCII 

proteoliposomes, respectively. This trend is in strong agreement with those 

observed in ensemble spectroscopy measurements in Section 5.2.4 and is a clear 

indication of the concentration-dependent energy transfer that is occurring in this 

system. 

 

To observe this behaviour in individual proteoliposomes and to develop an 

understanding of the distribution of lifetimes and proteoliposome variation within 

each sample, a more quantitative analysis was performed by calculating the 

lifetimes for individual proteoliposomes. Single proteoliposomes were selected and 

identified as described in Section 5.2.3 (five example proteoliposomes are circled, 

red in Figure 5.8a) and “per proteoliposome” fluorescence decay curves were 

generated from all the photons accumulated in the selected region in the TR channel 

(Figure 5.8b). Only well-resolved proteoliposomes with sufficient signal to produce 

a good fit (greater than 500 counts and with a fit quality of chi2 < 1.2) were used to 

fit an amplitude weighted lifetime, <τ>, for each proteoliposome. The author accepts 

that this is likely to skew the results towards larger/brighter proteoliposomes, 

however, the overall trend of these data matches the results seen in ensemble 

spectroscopy, and this type of population analysis is not possible using ensemble 

spectroscopy only. This process was repeated for multiple proteoliposomes 

(N>200) for each sample, to generate a frequency histogram showing the “per 

proteoliposome lifetime”  distribution for the TR-only (red, Figure 5.8c), low-LHCII 

(blue, Figure 5.8c) and high-LHCII samples (green, Figure 5.8c).  
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Figure 5.8: Per proteoliposome lifetime distributions of TR and LHCII reconstituted into 

proteoliposomes. (A) An example FLIM image (acquired over 500 frames) of 

proteoliposomes containing TR and a high concentration of LHCII (12 µM TR + 2.8 µM LHCII 

+ 1 mM DOPC). Five example proteoliposomes are circled (red) and photons detected in that 

area in the TR channel are accumulated to generate fluoresence decay curves. (B) TR 

fluorescence decay curves for the five proteoliposomes shown in (a). Each decay curve is 

fitted by reconvoluting the IRF (solid, red) from the raw data (dashed, blue) to calculate the 

fitted fluorescence decay curve (solid, blue). (C) Per proteoliposome lifetime distribution for 

each sample. (D) Per proteoliposome energy transfer efficiency (ETE) distribution for each 

sample. For each proteoliposome the ETE is calculated using Equation 5.5 and the per 

proteolipsome fitted lifetime. Guassian distributions are fitted to each histogram in (c) and 

(d) to find the population centre and FWHM. 
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For each sample there is a mono-disperse population of lifetimes, with a central 

peak that shifts towards shorter lifetimes with the increasing concentration of 

LHCII. From this it is possible to make several conclusions. Firstly, it can generally 

be said that there are no sub-populations of proteoliposomes and all 

proteoliposomes can be described as a single distribution (at least for the 

proteoliposomes highlighted with this method of analysis). This is a good indication 

that proteoliposomes formed using this procedure are largely homogeneous and 

there are no large aggregates of TR and LHCII. Secondly, the shortening of the TR 

lifetimes increases as more LHCII is incorporated into the proteoliposomes, in direct 

agreement with the ensemble time-resolved fluorescence measurements and 

clearly demonstrating the non-radiative energy transfer from the TR to the LHCII 

within a controllable system. To find the centre and FWHM of each population, a 

Gaussian relationship is fit to each histogram (solid lines, Figure 5.8c). From these 

fits, it is observed that the mean TR fluorescence lifetime decreases from 3.31 ± 0.85 

ns (centre ± FWHM) in TR liposomes without LHCII to 1.77 ± 1.38 ns and 1.38 ± 1.06 

ns for “low-LHCII” and “high-LHCII” proteoliposomes, respectively. The fact that 

proteoliposomes containing LHCII have a larger FWHM of the fluorescence lifetime 

(for both low- and high- LHCII concentrations) could suggest that the inclusion of 

proteins causes more variation in the proteoliposome self-assembly, however, 

across whole populations and within this sample series the relationship between 

LHCII concentration and the extent of TR quenching is clear.  

 

Finally, the per liposome ETE was calculated using the conventional FRET equations 

(as in Equation 5.2 and 5.3), this time taking the form:  

 
𝐸𝑇𝐸 = 1 − 

< 𝜏 >

< 𝜏 >തതതതതതതതത
 Eq. 5.4 

where < 𝜏 > is the per proteoliposome lifetime and < 𝜏 >തതതതതതതതത is the mean per 

proteoliposome lifetime for the TR-only sample. The result is a per proteoliposome 

ETE distribution for each sample as shown in Figure 5.8d. As expected, the per 

proteoliposome ETE distribution shifts to higher percentages for samples 

containing higher concentrations of LHCII, from 0% for the TR-only sample (by 

definition from Equation 5.4) up to 44% for the Low-LHCII sample and 60% for the 

High-LHCII sample. These values are significantly lower than the time-resolved ETE 

calculated from ensemble spectroscopy for the same LHCII concentrations (76.3% 
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and 83.7%, respectively).  The reason for this discrepancy is discussed in the 

following section. Despite this, the results show that within a population, the ETE 

varies between individual proteoliposomes, likely a result of variation of 

proteoliposome size and the LHCII/TR content in the self-assembly process.  

 

5.2.7 Photobleaching of fluorophores results in disruption of 

FRET and alters the interpretation of lifetime measurements 

One possible reason for the discrepancy between FLIM measurements and 

ensemble spectroscopy is the amount of photobleaching that occurs in each type of 

measurement. Photobleaching is the result of reactions between excited singlet 

states and reactive oxygen which reduces covalent bonds in the fluorescent 

molecules and causes permanent damage. During ensemble spectroscopy 

measurements proteoliposomes are suspended in solution and continuously 

stirred. The result is that proteoliposomes diffuse in and out of the excitation volume 

and each proteoliposome only experiences a small fraction of the total excitation 

energy per measurement. In contrast, in FLIM measurements, proteoliposomes are 

adhered to glass at a fixed location within the field of view and experience a greater 

amount of excitation energy, and therefore photodamage, per measurement. To 

quantify the amount of photobleaching per FLIM measurement and to determine 

how this may affect the measured lifetimes, a series of timelapse FLIM 

measurements was used to monitor changes to proteoliposome samples as a result 

of FLIM excitation.  

 

First, to quantify the level of photobleaching of each component independently from 

the influence of FRET, three control samples were prepared: (i) TR-only (12 µM TR 

+ 1 mM DOPC, no LHCII), (ii) Low-LHCII-only (1.2 µM LHCII + 1 mM DOPC, no TR), 

(iii) High-LHCII-only (2.8 µM LHCI + 1 mM DOPC I, no TR). These samples were 

designed to be consistent with the concentrations of TR and LHCII reconstituted into 

previous samples (sections 5.2.3 and 5.2.6) but, instead, only containing one 

fluorescent component. FLIM measurements of these control proteoliposomes 

obtained using the same parameters as proteoliposomes in section 5.2.3 and 5.2.6 

(500 frames per image) and then separated digitally into a time-lapse series of FLIM 

images (where each timepoint contains 50 frames), in order to monitor the amount 
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of photobleaching that occurs over time. These analyses found that LHCII 

reconstituted into proteoliposomes became photo-damaged significantly faster 

than TR, as described below. Across multiple frames, LHCII reconstituted into 

proteoliposomes at both low- and high-concentrations can be seen to rapidly 

decrease in fluorescence intensity (Figure 5.9a-b), whereas the fluorescence 

intensity of TR appears to remain largely consistent (Figure 5.9c). After 500 frames 

(the full FLIM acquisition), the LHCII intensity had decreased by ~75% of its initial 

intensity in both LHCII-only samples (dark and light, green, Figure 5.9d), whereas 

the TR had decreased by only ~30% (red, Figure 5.9d).  

 

These results have several implications that must be considered in order to ensure 

the accuracy of data analysis when using FLIM to quantify FRET in proteoliposomes 

containing both LHCII and TR. Firstly, the “optically-active” concentration of LHCII 

and TR is changing as a direct result of FLIM excitation, and fluorescence 

measurements may no longer reflect the true concentration of either component 

that has been reconstituted into the membrane. Secondly, LHCII and TR within 

proteoliposomes photobleach at uneven rates, therefore significantly complicating 

the interpretation of intensity measurements and spill-over calculations when 

considering different time-points in the acquisition. Finally, TR or LHCII that 

becomes photodamaged will be unable to donate or accept energy from other 

fluorophores, therefore the TR-to-LHCII energy transfer efficiency will change over 

time. Since energy transfer is manifested as a reduced fluorescence TR lifetime, the 

lifetimes observed via FLIM are likely to change during the process of acquiring 

FLIM images and may be subject to misinterpretation. It seems likely that 

photobleaching could explain the discrepancy between the FLIM measurements and 

cuvette spectroscopy measurements and suggests that lifetimes measured by FLIM 

may be overestimated. All together, this means that either photobleaching must be 

prevented or somehow taken into account (corrected for) during the analysis.   
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Figure 5.9: FLIM measurements of TR-only and LHCII-only proteoliposomes, to determine 

the extent of photobleaching occuring during FLIM acquisitions. The images displayed (A-

C) and each datapoint (D) are computed from the sum of the photons collected within a 

specific time period within an acquisition, i.e., 100s (frames 1-50), 200s (frames 51-100), 

300s (frames 101-150) and so on. (A) FLIM timelapse showing the photobleaching of 

proteolipsoomes containing a high concentration of LHCII only (2.8 µM LHCII + 1 mM 

DOPC). (B) FLIM timelapse showing the photobleaching of proteolipsoomes containing a 

low concentration of LHCII only (1.2 µM LHCII + 1 mM DOPC). (C) FLIM timelapse showing 

the photobleaching of proteolipsoomes containing TR only (12 µM TR + 1 mM DOPC). (D) 

Photobleaching curves for proteoliposomes containing TR or LHCII only. Each data point 

represents the total intensity accumulated at each 50-frame (100 s) timepoint and for 

clarity, the intensity for each timepoint is normalised to a starting intensity set as 1.0. The 

datapoints are fit with an exponential decay function (solid lines) to guide the eye. 
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To quantify and correct for these effects in our proteoliposome system, a series of 

time-resolved FLIM images were obtained for proteoliposomes containing both 

LHCII and TR. Figure 5.10a shows a series of images, analyzed as above, for 

proteoliposomes containing TR and a low-concentration of LHCII (12 µM TR + 1.2 

µM LHCII + 1 mM DOPC). Initially (t = 0–100s), proteolipsomes in the LHCII channel 

appear relatively bright before decreasing in intensity over the subsequent 

timepoints as a result of photobleaching. Correlated to this decreasing LHCII 

intensity, proteoliposomes in the TR channel increase in intensity, and show a 

significant shift from mostly green/blue particles (representing short lifetimes, <1 

ns) to almost entirely red particles (representing longer lifetimes, >4 ns) by the end 

of the acquisition. The amplitude-weighted lifetime, obtained by fitting the 

fluorescence decay curve for each timepoint, shows that the TR lifetime increases 

over 2-fold from 0.97 ± 0.02 ns at t = 0-100 s to 2.18 ± 0.01 ns at t = 1500-1600 s 

(Figure 5.10b). This is correlated to an exponential decay in the LHCII intensity. We 

note that LHCII-photobleaching occurs more rapidly in samples containing both 

LHCII and TR (~100% reduction after 1600 s), compared to LHCII-only (~80% 

reduction after 1600 s, Figure 5.9b,d), suggesting that the additional excitation 

provided by TR-to-LHCII energy transfer results in additional photodamage of the 

protein. Correlated to the increasing fluorescence lifetime, the fluorescence 

intensity of TR also increases over time, as a result of the photobleaching of LHCII. 

Over the duration of the acquisition, the TR intensity increases over 3-fold (3.5× the 

starting intensity at t = 900 s), before starting to decrease. It seems likely that this is 

the combined effect of rapid “unquenching” of TR at the start of the acquisition, 

followed by TR photobleaching becoming more dominant once the TR is mostly 

unquenched.  

 

This time-resolved “FRET uncoupling” was consistent for both samples of LHCII and 

TR reconsituted into proteoliposomes (see full summary of results in Table 5.4). 

The resulting increase in Texas Red fluorescence intensity is from 1.0 to 4.72 ± 0.14 

(370% increase) and from 1.0 to 3.08 ± 0.25 (210% increase) for ‘high-LHCII’ and 

‘low-LHCII’ proteoliposomes, respectively, concomitant with an increasing TR 

fluorescence lifetime from 0.73 ± 0.02 ns to 1.77 ± 0.02 ns (140% increase) for ‘high-

LHCII’ and from 0.975 ± 0.02 ns to 2.18 ± 0.01 ns (120% increase) for ‘low-LHCII’. 
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Figure 5.10: Time-lapse series of FLIM measurements of proteoliposomes containing TR 

and a low concentration of LHCII showing the effects of photobleaching on a FRET-coupled 

system. (A) FLIM data of proteoliposomes containing LHCII and TR during photobleaching. 

(B) The fitted TR fluorescence lifetime (black) and the LHCII intensity (green, normalised to 

a starting intensity of 1.0 at t = 0 s) plotted against each timepoint. (C) The TR (black) and 

LHCII intensity (green), both normalised to a starting intensity of 1.0 and plotted against 

each timepoint. The black, solid lines are mono-expontential fits to guide the eye.  

 

Table 5.4: Summary of numerical data from proteoliposome quenching experiments for 

(proteo)liposomes. The fluorescence data shown here is for the TR channel. 

Frames 
 

Time TR only (12 µM TR)  
 

Low-LHCII + TR  
(1.2µM LHCII +12µM TR) 

High-LHCII + TR  
(2.8µM LHCII +12µM TR) 

 (s) 
Norm. 

 intensity 

Fitted 
lifetime 

(ns) 
Norm. 

 intensity 

Fitted 
lifetime 

(ns) 
Norm. 

 intensity 

Fitted 
lifetime 

(ns) 
1-50 81.8 0.98 ± 0.01 3.02 ± 0.01 1.72 ± 0.01 0.97 ± 0.02 1.40 ± 0.02 0.73 ± 0.01  

50-100 245 0.96 ± 0.03 3.08 ± 0.02 2.40 ± 0.07 1.23 ± 0.02 2.10 ± 0.07 0.87± 0.01 
100-150 409 0.91 ± 0.09 3.11 ± 0.01 2.89 ± 0.10 1.45 ± 0.02 2.63 ± 0.08 1.02 ± 0.01 
150-200 572 0.86 ± 0.14 3.17 ± 0.02 3.25 ± 0.12 1.65 ± 0.02 3.11 ± 0.10 1.19 ± 0.02 
200-250 736 0.81 ± 0.16 3.19 ± 0.01 3.46 ± 0.17 1.81 ± 0.02 3.44 ± 0.14 1.31 ± 0.01  
250-300 899 0.78 ± 0.18 3.24 ± 0.01 3.56 ± 0.19 1.95 ± 0.02 3.86 ± 0.15 1.44 ± 0.02 
300-350 1060 0.75 ± 0.18 3.29 ± 0.02 3.54 ± 0.21 2.04 ± 0.01 4.21 ± 0.15 1.53 ± 0.02 
350-400 1230 0.73 ± 0.18 3.33 ± 0.02 3.44 ± 0.23 2.10 ± 0.01 4.48 ± 0.15 1.62 ± 0.02 
400-450 1390 0.71 ± 0.17 3.33 ± 0.02 3.27 ± 0.24 2.16 ± 0.01 4.63 ± 0.15 1.71 ± 0.02 
450-500 1550 0.68 ± 0.17 3.36 ± 0.01 3.08 ± 0.25 2.18 ± 0.01 4.72 ± 0.14 1.77 ± 0.02 

% Difference - 32% 11% 208% 175% 372% 142% 



 
Chapter 5  150 

We hypothesise that LHCII becomes photodamaged when exposed to the FLIM laser, 

and is no longer able to accept energy from TR. This results in “de-quenching” (i.e., 

fluorescence recovery) of TR fluorescence as this pathway for de-excitation has 

been removed. This effect is larger for samples with a higher initial concentration of 

LHCII, since there is a larger potential for de-quenching.  

 

A signifcantly smaller de-quenching effect was also observed in proteoliposomes 

containing TR-only (see Table 5.4), where the TR fluorescence lifetime was found 

to increase from 3.02 ± 0.01 ns to 3.36 ± 0.01 ns (11% increase) despite the overall 

decrease in TR intensity (to 68% of the initial intensity). The results suggest some 

level of “self-quenching” between TR fluorophores reconstituted into 

proteoliposomes that is uncoupled as the TR becomes increasingly photodamaged. 

Indeed, monochromatic dyes, including TR, have been previously shown to self-

quench at moderate to high concentrations145 (this phenomenon is investigated 

thoroughly in Chapter 6).  

 

These images (Figure 5.10a) demonstrate the striking effect of dynamic 

photobleaching in which we observe particles “dimming”/ “lighting-up” in 

correlation over time. Overall, the results of photobleaching experiments highlight 

the need to accurately quantify the effects of photobleaching in both single-

fluorophore (TR-only) and more complicated systems (e.g., FRET between 

fluorophores). In both scenarios, photodamage resulted in significant changes to the 

fluorescence lifetime and intensity over the duration of the acquisition, which, if 

neglected, may result in the misinterpretation of photophysics in FLIM 

measurements. We address these (mis)interpretations and attempt to correct these 

in the following section. Specific to the development of light-harvesting 

nanomaterials, the results show that proteoliposomes containing LHCII and TR are 

still functionally active (i.e., able to transfer energy) when deposited on a surface, 

and that this activity can be “switched off” by selectively photodamaging the LHCII.  
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5.2.8 Correcting for the distortion of lifetime measurements and 

ETE calculations caused by photobleaching 

Using single-proteoliposome lifetime FLIM measurements, the ETE for LHCII and TR 

reconstituted into proteoliposomes was previously estimated to be 44% and 60% 

for low- and high- concentrations of LHCII, respectively (see section 5.2.6), which 

was significantly lower than the ETE calculated from ensemble spectroscopy for the 

same samples (76.3% and 83.7%, respectively). In FLIM measurements, where 

proteoliposomes are adhered to a substrate, we now know that LHCII becomes 

photodamaged as a result of FLIM excitation, as shown in the last section (5.2.7). 

The subsequent unquenching of TR fluorescence causes the measured fluorescence 

lifetime of TR to be weighted towards longer values, therefore resulting in an 

underestimation of the ETE from TR to LHCII. Therefore to more accurately 

calculate the FRET efficiency within individual proteoliposomes, a correction was 

developed and applied to remove the effect of the TR lifetime elongation.  

 

Firstly, to calculate the change in TR lifetime as a result of photobleaching, the TR 

lifetime compared at the start of a FLIM acquisition, where LHCII photobleaching 

was minimal, to the TR lifetime measured at the end of a FLIM acquisition, where 

LHCII photobleaching was prominent. First, the TR lifetime was calculated for an 

initial period of acquisition where LHCII bleaching was minimal and FRET was 

largely intact. Photons were accumulated within the first 100 s (50 frames) of a FLIM 

acquisition, where LHCII photodamage was <10% (see photobleaching 

measurements in Figure 5.9). Due to the low signal, it was not possible to achieve 

good fits for single proteoliposomes within this time period, so the average TR 

lifetime was calculated by combining the fluorescence decay curves of numerous 

proteoliposomes (N>500) in a single field of view (Figure 5.11a and the red decay 

curve in Figure 5.11b). This was compared to the average lifetime for the full period 

of acquisition (between 0 to 1600 s, 500 frames) where the acceptor is gradually 

photodamaged by the intensity of the laser (Figure 5.11a and the blue decay curve 

in Figure 5.11b).  
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Figure 5.11: FLIM measurements of LHCII + TR proteolipsomes showing the change in TR 

lifetime due to LHCII photobleaching and the corrections applied to per proteoliposome 

distributions. (A) FLIM image of proteoliposomes in the TR channel accumulated from 

photons in the first 100s (left panel) versus an image aquired from photons detected during 

the whole acquisition (0 – 1600 s, right panel). (B) Fluoresceence decay curves generated 

from photons collected between 0 – 100 s (red) and 0 – 1600s (blue) during a FLIM 

acquisition. The IRF (black, solid) is reconvoluted from the raw data (dashed) to calculated 

fitted fluorescence decay curves (solid, red and blue). (C),(D) The raw data for the per 

proteoliposome lifetime and ETE distribution for each proteoliposome sample, repeated 

from Figure 5.8. (E) The per proteolipsoome lifetime distribution for each sample, following 

the correction described in Equation 5.5. (F) The per proteoliposome ETE distribution for 

each proteoliposome sample, calculated from the corrected per proteoliposome lifetimes in 

panel (E). The corrected lifetimes from (e) causes the ETE for each population to shift 

towards higher values. 
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From this, an estimation of the relative change in TR lifetime was calculated by:  

 
∆𝜏௧ =

< 𝜏ିଵ >

< 𝜏௨ >
 Eq. 5.5 

Where < 𝜏௨ > is the amplitude-weighted lifetime calculated from the full FLIM 

acquisition, and < 𝜏ିଵ > is the amplitude-weighted lifetime calculated from the 

first 100 s of the FLIM acquisition (where LHCII photodamage is minimal). From this 

∆𝜏௧ was determined to be 0.53 for the high-LHCII proteoliposomes and a 0.52 for 

low-LHCII proteoliposomes (see Table 5.5).  

 

To calculate corrected lifetimes and ETEs for single-proteoliposome FLIM 

measurements, each per proteoliposome lifetime (Figure 5.11c, repeated from 

section 5.2.6), <τ>, was multiplied by the average change in TR lifetime, for both the 

Low- and High-LHCII samples. The result is a shift to lower lifetimes for both the 

Low- and High-LHCII per proteoliposome distributions (see Figure 5.11d). With 

this correction applied, the average lifetime (determined from a Gaussian fit), 

changes from 1.77 ± 1.38 ns to 0.99 ± 0.93 ns and 1.38 ± 1.06 ns to 0.78 ± 0.71 ns for 

Low- and High-LHCII proteoliposomes respectively. As previously, the corrected per 

proteoliposome lifetimes were used to generate a per proteoliposome ETE 

distribution. Following the correction, the ETE distribution for each sample was 

shifted to higher efficiencies (Figure 5.11e versus Figure 5.11f). The average ETE 

increased from 44% to 71% for the Low-LHCII sample and from 60% to 77% for the 

High-LHCII sample, bringing the single-proteoliposome data into strong agreement 

with ETE’s obtained from time-resolved fluorescence spectroscopy (76% and 84%, 

respectively). These corrected distributions contain more detailed information 

population statistics than can be measured through ensemble spectroscopy, and  we 

can identify a significant fraction of vesicles that have an ETE >90%. It is not 

unreasonable to speculate that it may be possible to biochemically purify a sub-

population of vesicles enriched for high ETE. 

Frames Time Low-LHCII + TR  
(1.2 µM LHCII + 12 µM TR) 

High-LHCII + TR  
(2.8 µM LHCII + 12 µM TR) 

 (s) Fitted lifetime (ns) Fitted lifetime (ns) 
1-50 0-100 0.71 ± 0.03 0.71 ± 0.02 

1-500 0-1600 1.36 ± 0.01 1.34 ± 0.01 
∆𝝉% 0.524 0.534 

Table 5.5: Calculating the difference in the average TR lifetime before and after large 

amounts of acceptor (LHCII) photobleaching.   
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5.2.9 Direct observation of FRET disruption reveals a larger 

population of proteoliposomes with colocalised LHCII and Texas 

Red 

An indirect measurement of the colocalisation of TR and LHCII in proteoliposomes 

can be made using the (somewhat destructive) method of deliberate acceptor 

photo-damage. This allows for the detection of the LHCII through its effect on the TR 

lifetime, in a way that is observable on an individual proteoliposome and provides 

quantitative results on the amount of photo-active LHCII in a single proteoliposome 

even when the number of counts is not measurable. By monitoring any increase in 

TR lifetime during the acquisition, the fraction of proteoliposomes in which FRET 

occurs can be approximated by the proxy of the TR de-quenching effect. To do this, 

single-proteoliposome analysis was performed for FLIM images consisting of 

photons collected during the first 100 s of acquisition (where LHCII is <10% 

photodamaged), compared to FLIM images consisting of photons collected during 

the final 100 s acquisition (where LHCII is almost entirely photodamaged). Single 

proteoliposomes were selected, as described previously, and the TR fluorescence 

intensity was assessed before and after LHCII had undergone significant 

photobleaching (see Table 5.6). There was inadequate signal to produce good per 

proteoliposome fluorescence decay curves, so the per proteoliposome “fastFLIM” 

was used as a metric to monitor changes to the TR lifetime (fastFLIM is a measure 

of the average time-of-arrival for detected photons after the excitation laser pulse).  

 

It was observed that approximately 95% and 90% of the Low- and High-LHCII 

proteoliposomes displayed a significant increase in TR lifetime (where “significant” 

is defined as the final TR fastFLIM being at least a 25% increase (1.25×) in the initial 

value). Lifetime changes of this magnitude were only present in proteoliposome 

samples containing both LHCII and TR (in TR-only liposomes the TR lifetime 

increase was only 11%, Table 5.4), and 1.25× was deemed an appropriate threshold 

to avoid any noise in fastFLIM lifetimes (which typically vary by ±10%). Therefore, 

we conclude that the majority of proteoliposomes have successfully reconstituted 

both LHCII and TR components. These results show that the initial estimations for 

the number of colocalised proteoliposomes had underestimated this population by 
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~10% (intensity calculations in section 5.2.3 suggested 83% and 80% of 

proteoliposomes were colocalised in Low and High-LHCII samples).  

 

Particle 
number 

Intensity 
(0 –  

100 s) 

Intensity 
(1500 –  
1600 s) 

%ΔI Per 
proteo. 

Fast FLIM  
(0 – 100 

s) 

Per 
proteo 

Fast 
FLIM  

(1500 – 
1600 s) 

%ΔfastFLIM 

 Counts Counts (%) (ns) (ns) (%) 
1 51.0 28.0 -45.1 1.90 3.40 78.9 
2 30.0 44.0 46.7 0.60 2.30 283 
3 24.0 27.0 12.5 1.30 3.50 169 
4 35.0 77.0 120 1.30 2.30 76.9 
5 7.00 31.0 343 0.50 2.80 460 
6 5.00 34.0 580 0.30 1.90 533 
7 10.0 44.0 340 0.70 3.40 386 
8 32.0 32.0 0.00 1.20 2.00 66.7 
9 36.0 159 342 0.80 2.90 263 

10 46.0 127 176 0.60 2.40 300 

Table 5.6 Comparing the TR fluorescence intensity and lifetime (fastFLIM) for 10 example 

proteoliposomes before and after LHCII photodamage. An increase in the fastFLIM lifetime 

indicates that a proteoliposome contains LHCII, that has become photodamaged during the 

FLIM measurement resulting in TR de-quenching. A “significant” increase in the TR lifetime 

was defined as at least a 25% increase in the initial value. When N > 100 single 

proteoliposomes were analysed the following numbers were observed to have significant 

TR lifetime changes: 95 (95%) and 90 (90%) for the Low-LHCII and High-LHCII samples.   

 

5.2.10 Summary and discussion of proteoliposomes as light 

harvesting nanomaterials 

In this section, proteoliposomes containing LHCII and lipid-tagged Texas Red were 

investigated using a combination of solution spectroscopy and microscopy 

techniques. Ensemble absorption spectroscopy of proteoliposomes has shown that 

LHCII and TR can be reliably reconstituted into proteoliposomes with excellent 

control over the final composition of the membrane (Figure 5.2). Complementary 

single-proteoliposome fluorescence measurements suggest that the majority of 

proteoliposomes (>80%) contain LHCII and TR that have successfully reconstituted 

into the membrane, and that there is only a small population of proteoliposomes 

that may contain only TR or LHCII (Figure 5.3). A virtue of single proteoliposome 

measurements is that these proteoliposomes can be analytically separated from the 
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bulk population; it is not unreasonable to suggest that this population of 

proteoliposomes could be biochemically purified such that only proteoliposomes 

containing both components are present105, 119.  

 

The presence of TR-to-LHCII energy transfer was assessed in proteoliposomes by 

measuring the “effective” enhancement of the LHCII absorption range. Increasing 

the concentration of TR in proteoliposomes resulted in increased LHCII emission 

when the system was excited within the “green gap” (540 nm), where the LHCII 

emission per mole was found to increase linearly with the concentration of TR, 

suggesting that each TR molecule in the system is transferring energy to LHCII with 

a consistent contribution. At extremely high concentrations of TR, we would expect 

to reach a maximum amount of LHCII enhancement as the result of TR self-

quenching that is known to occur at high concentrations145, or by photoprotective 

quenching mechanisms that can occur in LHCII when there is a high density of 

excited singlet states249.   

 

Steady-state and time-resolved fluorescence measurements were used to quantify 

the quenching of TR due to energy transfer to LHCII. In ensemble measurements, 

TR-to-LHCII energy transfer was confirmed by the decrease in TR fluorescence 

emission concomitant to a decrease of the fluorescence lifetime in the presence of 

increasing concentrations of LHCII. The change in intensity and lifetime was related 

to an increase in the energy transfer efficiency, ultimately saturating at 95% at high 

concentrations of LHCII.  This saturation effect is likely due to the increasing LHCII 

concentration resulting in a decrease in the average TR-LHCII separation below the 

Förster radius of ~7 nm for a TR/LHCII donor/acceptor pair, and is consistent with 

randomly distributed chromophores undergoing FRET in a 2D bilayer system250.  

 

FLIM measurements showed that proteoliposome populations had relatively 

consistent sizes (diffraction limited), free of any large microscale aggregates or 

other unexpected particles that can skew population statistics. Per-proteoliposome 

lifetime distributions showed that the population of lifetimes within a sample 

consisted of one distinct peak, suggesting that the proteoliposome self-assembly 

process results in proteoliposomes that all have a similar membrane composition, 

and no sub-populations that contain vastly different amounts of TR or LHCII. Per 
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proteoliposome lifetime measurements were also used to verify TR-to-LHCII energy 

transfer, showing that the TR lifetime was significantly quenched in 

proteoliposomes containing TR compared to proteoliposomes containing TR only, 

in agreement to the trends observed in time-resolved fluorescence measurements.  

 

Measurements of the per proteoliposome TR lifetime allowed for the calculation of 

the TR-to-LHCII energy transfer efficiency on a per proteoliposome level. ETEs for 

proteoliposomes containing low and high concentrations of LHCII were found to be 

44% and 60% respectively, in apparent disagreement with ETEs calculated from 

time-resolved fluorescence measurements of the same samples (81% for low-LHCII 

proteoliposomes, and 87% for high-LHCII proteoliposomes). This discrepancy was 

determined to be the result of significant photodamage of both fluorophores that 

was occurring during microscopy measurements. LHCII was found to photobleach 

more rapidly than TR, resulting in TR de-quenching as LHCII was no longer able to 

accept energy from the FRET donor. When photodamage and TR de-quenching was 

accounted for, the ETE calculated from per proteoliposome lifetimes (71% and 77% 

for Low- and High-LHCII proteoliposomes respectively) and ensemble time-

resolved fluorescence were found to be in good agreement. Our results highlight the 

need to account for photobleaching when performing FLIM measurements to avoid 

the misinterpretation of photophysical properties. In photosynthetic systems, the 

majority of photodamage that occurs is believed to be caused by direct damage to 

the chlorophyll molecules by singlet oxygen (either for in vitro experiments or 

under natural conditions). Triplet excited states of chlorophylls can react with 

molecular oxygen to form highly reactive singlet oxygen states which, once formed, 

can reduce any covalent bond in its immediate vicinity causing irreparable 

structural damage.35 Removal of oxygen from the protein’s local environment 

(aqueous buffer), using O2-scavenging enzymes, has already been demonstrated to 

be an effective measure in limiting the photodamage of photosynthetic systems and 

preserving photophysical interactions.56, 80 

 

Through direct observation of TR de-quenching we were able to determine the 

presence of LHCII and TR in ~90% of proteoliposomes, even when the number of 

counts is low, as well as demonstrating that the LHCII had retained its activity in 

proteoliposomes that are adsorbed onto a surface. Retaining the optical 
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functionality of LHCII on a surface is crucial for any applications of this concept in 

bio-hybrid devices. Numerous studies have already used photosynthetic machinery 

to make photovoltaic devices by adsorbing bacterial reaction centres on 

nanowires,251 graphine,252 and gold electrodes,253 and model membranes containing 

electron transferring proteins can also be deposited onto electrodes with efficient 

electron transfer.200 A logical next step for the enhancement of light-harvesting with 

lipid-tagged chromophores is to apply this approach to a photosynthetic membrane 

that is capable of electron transfer (i.e., contains active PSII), such that the additional 

absorbed light can be converted to a useful format for nanotechnologies.  

5.3 Concept 2: Enhancing “hybrid membranes” through self-

assembly of thylakoid extracts with synthetic pigments 

In Section 5.2 the enhancement of LHCII was demonstrated in lipid bilayers by 

interfacing the protein complex with lipid-tagged chromophores that were 

spectrally complementary (TR-DHPE lipids). Here, we exploited the spontaneous 

self-assembly of lipids and proteins to generate proteoliposomes and, by 

modulating the concentrations of either component, it was possible to exert control 

over the amount of LHCII enhancement and the TR-to-LHCII energy transfer 

efficiency. Light-harvesting nanomaterials, such as these proteoliposomes, have 

potential applications in bio-hybrid photovoltaic devices with bespoke 

photophysical properties254, 255, however, any potential application will rely on the 

efficient conversion of energy into a chemical format (i.e., energy trapping).  

Therefore, it would be useful to develop model membranes including complexes 

capable of photochemistry, such as PSII, which can also transfer electrons to other 

electron acceptors256, including conductive electrodes to generate simple bio-

photovoltaic solar cells257. Photosynthetic electron transport is most efficient in 

membranes containing PSII in conjunction with large areas of antenna proteins, 

which can transfer absorbed energy to a central photosystem at an optimal rate to 

allow regular photochemistry to take place1. Therefore, an ideal light-harvesting 

membrane would contain a combination of LHCII and PSII proteins, optimised to 

maximise the rate of electron generation. 
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In Chapter 4, a model membrane system assembled from synthetic lipids and 

natural thylakoid membranes was characterised. AFM and FLIM analysis suggested 

that these “hybrid membranes” contain a mixture of LHCII and PSII proteins that are 

able to freely diffuse and interact unhindered by the underlying substrate. In 

addition, hybrid membranes were found to show some level of photochemical 

activity when an electron acceptor, DMBQ, is introduced to the membrane, 

suggesting that the system is capable of electron transfer to electro-active 

compounds in close proximity to the membrane. At the end of that study, we 

hypothesised that it would be possible to introduce other components (amphipathic 

molecules, quinones, or proteins) into hybrid membranes by taking advantage of 

their self-assembly formation mechanism. In particular, we wished to test if it was 

possible to enhance hybrid membranes by incorporating complementary 

chromophores into the membrane, to form a light-harvesting nanomaterial that was 

capable of generating electrons. The following section details our efforts to enhance 

hybrid membranes using the strategy described for LHCII-TR proteoliposomes 

 

 

 

Figure 5.12: Potential schematic for energy transfer occurring in enhanced hybrid 

membranes. Light is absorbed by TR and transferred via FRET to Chl pigments in LHCII/PSII 

or other photosynthetic pigments, and is funnelled towards the photosynthetic reaction 

centre. In the absence of soluble proteins (such as ferredoxin) or other electron acceptors, 

all plastoquinones are likely to become reduced within the membrane, so energy will be 

primarily emitted as Chl fluorescence.  
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5.3.1 Texas Red fluorescence is quenched and Chl fluorescence is 

enhanced in hybrid membranes containing TR 

As in section 5.2, Texas Red (TR) was selected as an ideal candidate to enhance 

hybrid membranes because it can be easily incorporated into the workflow for 

sample preparation. As shown in section 4.3.4, TR-DHPE lipids can be incorporated 

into hybrid membranes by introducing a small percentage (0.5 % (w/w)) of TR-

DHPE into the DOPC liposomes before they were mixed with the extracted thylakoid 

membranes so that they merge and form hybrid membranes including TR. When 

these TR-DOPC liposomes were used to form hybrid membranes, it was observed 

that the TR was able to diffuse laterally throughout the membrane, with a high 

mobile fraction (96.9 ± 0.7 %) and relatively fast rate of diffusion (approximately 

twice as fast as PS proteins incorporated into the membrane, Figure 4.11). It is 

therefore feasible that the TR fluorophores would be able to interact with the 

proteins within the membrane and transfer energy via FRET to the photosynthetic 

proteins in this model system (see Figure 5.12 for schematic).  

 

Successful TR to Chlorophyll energy transfer would be manifested as a shortening 

of the TR fluorescence lifetime and an enhancement of Chl emission when excited in 

the “green gap” of low Chl absorption. Therefore, the presence of excitation energy 

transfer in TR-enhanced hybrid membranes was assessed in two ways. Firstly, by 

comparing the fluorescence properties of TR in the absense of Chl to TR 

incorporated into an enhanced hybrid membrane. Secondly, by comparing the Chl 

fluorescence of hybrid membranes with and without TR when excited in the 

aforementioned ”green gap”. Measurements were performed with the FLIM 

instrument set up to selectively excite either LHCII or TR and collect fluorescence 

optimised for one or other. Spectral and temporal selectivity allowed us to define 3 

separate FLIM channels: (i) the “TR channel” defined as the combination of the 

selective TR excitation (561 nm) and a detector optimised for TR emission (590-650 

nm); (ii) the “standard Chlorophyll (Chl) channel” defined as the combination of the 

selective Chl excitation (640 nm) and a detector optimised for Chl emission (655 – 

725 nm); (iii) the “Chl Enhancement channel” defined as the combination of 

selective TR excitation and the detection of Chl emission. As a result, the Chl 
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enhancement channel was sensitive to the Chl fluorescence which occurs due to 

energy transfer from TR to the Chl pigments of LHCII, PSII or other proteins.  

 

Lipid-only membranes were formed in the corrals of a diyne-PC template by 

incubating the substrate with liposomes containing DOPC and 0.5% (w/w) TR-

DHPE. The lipid-tagged dye appeared to spread homogeneously and a well-defined 

square array of 20 × 20 um boxes was observed, with ~800 counts per pixel visible 

in corrals in the TR channel (Figure 5.13ai). Spillover into the Chl channel was 

negligible as shown by minimal fluorescence detected in the Chl channel (Figure 

5.13aii) and was quantified as (0.23 ± 0.05)% of counts (mean ± SD, N = 16 corrals). 

Spillover into the Chl enhancement channel was quantified as (3.1 ± 1.0) % of the 

counts detected in the TR channel (Figure 5.13aiii); this percentage is small but 

leads to significant counts due to the fact that the TR signal is consistently ten times 

larger than signals in the Chl and Chl enhancement channels. Therefore, this 

relatively minor spectral overlap contributes a significant number of counts to the 

enhancement signal and must be accounted for during later analysis (~25 counts 

per pixel). In the absence of Chl-containing proteins, the TR fluorescence has a long-

lived excited state with <τ> = 3.69 ± 0.03 ns.   

 

In the “enhanced hybrid membrane” (i.e., containing Chl + TR), the TR fluorescence 

appeared significantly quenched, indicative of FRET. In the TR channel (Figure 

5.13ci), the intensity is somewhat lower (~500 counts/pix), although this could be 

explained either as FRET-related quenching or alternatively due to a lower 

concentration of TR (this cannot be ruled out as it is conceivable TR could be 

“diluted” by the presence of the thylakoid lipids and proteins). Fluorescence lifetime 

measurements are generally independent of fluorophore concentration, so can be 

used reliably to determine the extent of quenching and thus energy transfer. 

Qualitatively, the TR fluorescence decay was altered from a relatively long lifetime 

(orange) in the lipid membrane sample (Figure 5.13ai) to a moderate lifetime 

(green) for the sample containing both TR and thylakoids (Figure 5.13ci). This is a 

strong indication of TR-to-Chl energy transfer. Indeed, the fitted fluorescence decay 

curve for TR becomes significantly steeper, with a calculated mean lifetime of <τ> = 

3.69 ± 0.00 ns for TR-only membranes (Figure 5.13d, red curve) compared to <τ> = 

1.86 ± 0.01 ns for TR in enhanced hybrid membranes (Figure 5.13d, blue curve).  
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Figure 5.13: Analysis of the potential for excitation energy transfer from Texas Red to Chl 

for three types of patterned membranes formed within polymerised diyne-PC corrals.  (A) 

FLIM of lipid-only membranes (DOPC+TR) (B), hybrid membranes (thylakoids+DOPC) (C),  

and enhanced hybrid membranes (thylakoids+DOPC+TR) (D) Normalized, fitted 

fluorescence decay curves for the TR channel, comparing the samples where thylakoid 

proteins were absent (red) and present (blue). Data from images (a)(i) and (c)(i), 

respectively. (E) Raw fluorescence decay curves for from hybrid membranes the Chl 

enhancement channel in the absence (green) and presence (blue) of TR. Data from images 

(b)(iii) and (c)(iii), respectively. 
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The energy transfer efficiency (ETE) of the system can be calculated from the 

equation, ETE = 1 – τDA/τD, where τDA is the donor lifetime in the presence of the 

acceptor and τD is the donor lifetime in the absence of the acceptor. Thus, FRET 

efficiency for TR-to-(LHC or PS) proteins in these hybrid membranes was calculated 

to be 49.6%.  

 

To calculate the enhancement of Chl fluorescence when using excitation in the 

“green gap” of Chl absorption, normal hybrid membranes were compared with those 

containing TR. For standard hybrid membranes, the fluorescence properties were 

consistent with those described in Chapter 4 showing clear square regions of Chl 

fluorescence with a long, red fluoresence lifetime (<τ> = 4 ns) (Figure 5.13bii). 

There is a relatively high level of spillover and a significant portion of the 

fluorescence detected in the Chl channel is also registered in the Chl enhancement 

channel, observed as a faint array pattern with ~15-20 counts/pix (Figure 

5.13biii). The proportion of Chl fluorescence that overlaps with the enhancement 

channel was calculated to be (34.6 ± 5.6)% (mean ± S.D., N = 16 corrals). This was 

taken into account in later calculations quantifying the extent of Chl enhancement. 

Spillover of Chl signal into the TR channel was negligible, leading to an extremely 

low number of counts (Figure 5.13bi).  

 

TR-to-Chl energy transfer was evident from the significant increase in fluorescence 

intensity detected in the Chl enhancement channel in the hybrid membranes 

containing TR (Figure 5.13ciii) compared to those without TR (Figure 5.13biii). 

Note that the intensity observed in the standard Chl channel was similar for both 

samples with ~30 counts/pix (Figure 5.13 panels bii vs cii) whilst the intensity in 

the Chl enhancement channel significantly increased from 15 to ~40 counts/pix  

(panels biii vs ciii) showing that only selective excitation of TR reveals the 

enhancement effect. Fluorescence decay curves accumulated in the Chl 

enhancement channel from all photons detected in four corrals show the difference 

in intensity clearly, where the total number of photons per decay curve increases 

from ~35,000 counts for standard hybrid membranes to ~60,000 counts for 

TR+hybrid membranes (integrated area under green curve versus blue curve in 

Figure 5.13c). The extent of Chl enhancement was calculated, taking into account 

the established fluorescence spillover between channels, with a careful numerical 
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analysis performed on many corrals, as shown in Table 5.7. The Chl enhancement 

(i.e. the increase in counts in the Chl enhancement channel) due to TR in hybrid 

membranes was found to be (108 ± 15) % given this particular concentration of TR 

incorporated in these samples (0.5% TR w/w). Across all FLIM channels (from both 

the 485 nm and 560 nm excitation), the total number of Chl counts was increased 

by (27.7±3.7) % due to TR. Undoubtedly, this level of enhancement could be 

significantly increased in future studies by using higher concentrations of TR, as 

demonstrated for TR-LHCII-proteoliposomes with a range of TR content. 

 

Table 5.7: Calculations for the chlorophyll enhancement by Texas Red in enhanced hybrid 

membranes. Each row represents the signal accumulated from the 4 corrals that are 

observed in a typical field-of-view. The four rows are from different samples. The bottom 

row shows the mean values and standard deviation across all 4 samples (16 corrals total). 

𝐼, 𝐼்ோ , 𝐼ா are the measured number of counts for four corrals in the Chl, TR and 

Enhancement channels respectively. 𝑆்ோ, 𝑆 is the proportion of signal that spills over 

from the TR and Chl channels into the Enhancement channel. 𝑆்ோ = 0.03 and 𝑆 = 0.35 

calculated from control samples (see Section 4.3.1 for method); 

The increase in the number of counts in the enhancement channel (excited at 561 nm) is 

given by: 

 %∆ா=  
𝐼ா − 𝐼்ோ 𝑆்ோ

𝐼 𝑆
− 1൨ × 100% Eq. 5.6 

The overall increase in the amount of Chl fluorescence (excited at all wavelengths) is given 

by: 

 %∆=  
𝐼 + 𝐼ா − 𝐼்ோ 𝑆்ோ 

𝐼 + 𝐼  𝑆  
− 1൨  × 100% Eq. 5.7 

Chl counts TR Counts 
Enhancement 

Counts 

Enhancement 
counts minus 

TR spillover  

% increase in 
enhancement 

channel 

% increase in 
all Chl 

channels 

IChl ITR IEn I୬ −  IୖSୖ Eq. 5.6 Eq 5.7 

(Counts × 105) (Counts × 105) (Counts × 105) (Counts × 105) (%) (%) 

6.51  35.32 5.35 4.28 89.68 23.06 

8.56 37.81 6.92 5.76 94.50 24.30 

11.10 45.35 9.52 8.14 111.93 28.78 

10.21 56.54 9.715 7.99 126.09 32.42 

9.09 ± 1.01  43.8 ± 4.8 7.90 ± 1.06  6.54 ± 0.44 108 ± 15 27.7 ± 3.7 
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5.3.2 Energy transfer in enhanced hybrid membranes can be 

“switched-off” by photobleaching  

The FRET relationship between chromophores is highly dynamic, and we found that 

the extent of excitation energy transfer could be modified post-formation of the 

membranes. This was demonstrated with photobleaching experiments using 

epifluorescence microscopy. A hybrid membrane sample including TR is shown in 

Figure 5.14a, displaying the Chl fluorescence from three adjacent membranes, 

where the aperture was deliberately positioned to give different levels of exposure 

to the ~480 nm excitation light that selectively photobleaches chlorophyll. The left 

corral was completely covered and acts as a control with no photobleaching. The 

central membrane was partially covered, so a proportion of the proteins becomes 

photo-damaged by this exposure (expected to be equal to the uncovered area 

divided by the total corral area). The right membrane was completely exposed to 

the high-intensity excitation, resulting in extensive photobleaching of all proteins in 

that membrane. After this initial image was taken, the sample was exposed to Chl-

selective light for an extended period with the aperture still in this position. The 

aperture was then removed, and epifluorescence images were taken using TR-

specific excitation and emission filters. The intensity of the TR fluorescence 

appeared to be linearly proportional to the percentage of the corral area that was 

exposed to Chl excitation, across multiple experiments (Figure 5.14b, different 

coloured datapoints).  

 

In a separate epifluorescence experiment, a single corral of membranes was imaged 

over a long time period with sequential exposures to TR-selective excitation. For a 

control sample of a DOPC+TR lipid bilayer in the absence of the LHC/PS proteins the 

TR gradually bleaches (Figure 5.14c, upper), decreasing to 90 % of the initial 

intensity after ~7 s of cumulative exposure (Figure 5.14d, red line). For a sample of 

hybrid membranes containing TR, in contrast, the TR fluorescence intensity 

increased over time (Figure 5.14c, lower), so that after 7 s of cumulative exposure, 

the TR intensity had increased to 170 % of the initial intensity (Figure 5.14d, blue 

line). This result can be explained by the fact that the Chls within LH and PS proteins 

are more susceptible to photobleaching than TR molecules, and can become 
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photodamaged as a result of either direct exposure or excitation via energy transfer 

from TR (as previously identified in section 5.2.7).  

 

 

Figure 5.14: Epifluorescence microscopy experiments demonstrating control over the TR-

to-Chl energy transfer occurring in enhanced hybrid membranes. (A) Epifluorescence 

images of hybrid membranes with TR, where an adjustable aperture was positioned 

partially over three corrals, in order control the fraction of the membrane exposed to high 

intensity excitation light for deliberate photobleaching. Top image: one bleaching 

experiment, using a filter cube optimized for selective Chl excitation and Chl emission. 

Bottom image: the same region after photobleaching, using a filter cube optimized for TR 

excitation and TR emission. (B) Numerical analysis of a series of photobleaching 

experiments similar to (a), where each data point colour represents an individual 

experiment (set of three corrals). Fluorescence intensity in the corral after photobleaching 

is plotted against the area of the square which was exposed (normalized to an intensity of 

1.0 for the protected corral). (C) Image shows a time-lapse series of epifluorescence images 

of one corral of a TR only membrane versus an enhanced hybrid membrane 

(thylakoid/DOPC/with TR) over a long time period, using the filter cube for TR excitation/ 

TR emission. Over the course of the experiment, fluorescence intensity apparently increases 

with time. (D) Graph showing the TR fluorescence intensity plotted over such a time-course 

for the hybrid membranes shown (blue trace) and for a TR-only lipid membrane sample 

(red trace). The dotted lines shown are mono-exponential fits to guide the eye.  
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Both of these epifluorescence experiments provide indirect evidence of the 

excitation energy transfer from TR to the LHC and PS proteins. As the Chl-containing 

proteins are photo-damaged (either through direct excitation or excitation via 

energy transfer from TR), they become unable to accept energy from the TR donor. 

The visible effect of this is the dramatic “de-quenching” of the TR, evident in these 

images, in proportion to the amount of LHC+PS proteins that are photodamaged. 

This clear trend and its reproducibility shows that we have the ability to modulate 

the amount of energy delivered to the proteins in this system. This could be 

potentially interesting as a way to optically switch on or off additional energy 

transfer processes.  

5.3.3 Summary and discussion of enhanced hybrid membranes as 

light harvesting nanomaterials 

In this section, we have demonstrated a “proof of concept” for the enhancement of 

the Chl absorption in hybrid membranes by incorporating lipid-tagged Texas Red 

(TR) chromophores. FLIM measurements of hybrid membranes containing TR in 

comparison to control samples assessed the extent of Chl fluorescence enhancement 

and the energy transfer efficiency from TR pigments to photosynthetic proteins. 

When thylakoid extracts were incubated with DOPC liposomes containing 0.5% TR-

DHPE, the resulting membrane was found to have a Chl emission that was increased 

to 208 % of its level in hybrid membranes containing no TR, when excited with green 

light (560 nm). Energy transfer from TR-to-Chl was identified by a decrease in the 

TR fluorescence lifetime from 3.69 ns when it is within DOPC membranes to 1.86 ns 

within hybrid membranes. The energy transfer efficiency from TR-to-Chl was 

calculated to be 50 % suggesting that, on average, each TR is separated from a Chl 

pigment by ~7 nm, given that the Förster radius is ~7 nm (section 5.2.1). The ability 

to “switch off” and control the energy transfer between TR and Chl was 

demonstrated through the deliberate photobleaching of Chl pigments, resulting in 

the dramatic de-quenching of the TR fluorescence intensity and lifetime. It was 

shown that the amount of TR recovery is linearly proportional to the fraction of the 

Chl that was (effectively) removed from the FRET system via photodamage, 

suggesting that each LH/PS protein quenches neighbouring TR by a similar amount. 

This is all in line with expectations from Förster theory and demonstrates that 

hybrid membranes behave in a predictable manner. 
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Whilst we have only investigated hybrid membranes containing one particular 

concentration of thylakoid proteins and TR, we hypothesise that increasing the TR 

concentration will increase the Chl enhancement, and that increasing the protein 

concentration will result in more significant quenching of TR fluorescence (as 

observed in proteoliposome samples in Section 5.2). A further series of samples 

could investigate this trend more directly, to maximise the light-harvesting 

capabilities of hybrid membranes before utilising them for bio-inspired 

nanotechnologies or other applications.  

5.4 Concluding remarks and future outlook 

In this chapter, the concept of enhancing the spectral range of photosynthetic light-

harvesting with non-covalently attached chromophores has been demonstrated in 

two model systems. Firstly, the modularity of such systems was demonstrated using 

a LHCII-proteoliposome-based system and incorporating a vast range of TR-DHPE 

concentrations. Secondly, TR was incorporated into hybrid membranes that self-

assemble from a mixture of synthetic lipids and extracted thylakoid membranes. 

Extremely high ETE was achieved for proteoliposomes including the highest 

quantities of LHCII (>90%), demonstrating that energy transfer between 

chromophores that are not covalently attached (but still in close proximity) can 

compete with the high ETEs achieved through direct attachment of complementary 

chromophores to LHCII237-240. The ETE appeared to be lower for TR within hybrid 

membranes (~50%) but this is likely to be due to the relatively low concentration 

of LH/PS complexes (estimated to occupy 1-3% of the membrane area in chapter 4). 

The “acceptor enhancement” of the fluorescence from Chl-containing proteins due 

to the FRET from TR was demonstrated for both systems. The enhanced hybrid 

membrane system has some notable advantages over a solution based-

proteoliposome system if one wished to develop surface-based nanotechnology. 

Firstly, hybrid membranes contain multiple types of photosynthetic proteins that 

are capable of electron generation and NADPH production162. Secondly, it is possible 

to change the template pattern to generate enhanced hybrid membranes with 

desired dimensions or features. It would therefore be feasible to generate 
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microscale photovoltaic membranes that are compatible with 2D micro/nanoscale 

electronics (nanowires, micro batteries etc) that already exist258-260. 

 

Future studies should aim to quantify the electron transfer capabilities of proteins 

within enhanced hybrid membranes and proteoliposomes. Previous studies have 

already shown that LH proteins deposited onto surfaces can provide directional 

transfer of energy80, 171 and can be coupled with electrodes to generate a current261, 

262. Likewise, bacterial photosynthetic reaction centres have previously been 

adsorbed onto nanowires251, graphene252, and gold253 and shown to generate 

electrons in response to high light conditions. It would be particularly beneficial to 

determine how extrinsic pigment-to-Chl energy transfer relates to an increase in 

electron generation, in order to maximise the efficiency of this concept for 

photovoltaic devices and to optimise the system before scaling to an industrial level. 

In addition, it has been shown that it is possible for energy to propagate through 

multi-layered membranes deposited onto electrodes200, and future light-harvesting 

devices could make use of a multi-layered structure to increase the total area 

available for light-harvesting.  

 

The concept of using chromophores that are non-covalently incorporated into a lipid 

bilayer to enhance the absorption range of chlorophyll- and carotenoid- containing 

proteins could also be applied beyond model systems and to full photosynthetic 

systems. Some lipophilic dyes have been known to incorporate into pre-formed lipid 

bilayer systems263 and into natural biomembranes with high efficiency264. There are 

a plethora of synthetic chromophores that cover different portions of the visible 

light spectrum (and UV and NIR) and a combination could be preferentially selected 

to maximise the spectral coverage of photosynthetic proteins. Extrinsic 

chromophores could potentially be incorporated into natural systems that are 

already being used in biotechnology to convert light-energy into useful chemical 

formats. Increasing the spectral range of light-harvesting could result in increased 

biomass production for crop yields265, biofuel production266 or carbon fixation255.  

 

Our application of hybrid membranes in this chapter have also demonstrated the 

potential of this model system to study energy transfer between deliberately 

introduced non-native chromophores and natural photosynthetic proteins in a 
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mixed system, which could be utilised in future as a method of understanding the 

biophysics of energy transfer in complex membranes. In the following results 

chapters, these patterned model membranes are used as an adaptable platform that 

can be perturbed and controlled by the application of electric fields to investigate 

various aspects of photophysics for a range of synthetic lipid-attached 

chromophores and for membranes containing an assortment of photosynthetic 

proteins.  
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6 Using model membranes to investigate the self-

quenching of fluorophores  

6.1 Introduction 

Fluorescence quenching is a general phenomenon that has been observed when 

fluorescent molecules are assembled at high concentrations into a lipid membrane, 

for example, free chlorophylls267 and similar monochromatic fluorophores268-270. It 

is postulated that excited states may migrate through a network of proximal 

fluorophores within the membrane, via FRET, before being quenched by non-

fluorescent traps that may formed when two, or more, molecules interact271, 272.  The 

fluorescence quenching of freely diffusing fluorophores also bears similarities to 

both the aggregation-induced quenching and energy transfer that is known to occur 

between LHCII complexes at the nanoscale, and the sub-nanometre interactions 

between bound pigments within LHCII that may form a quenching site as a result of 

local conformational changes. In all scenarios, the photophysical properties of 

fluorophores rely heavily on their interactions with the surrounding physical and 

chemical environment (pH, ionic strength, temperature) and how multiple 

fluorophores are organised with respect to each other (pigment-pigment coupling). 

Therefore, investigating the photophysics of free individual pigments (i.e., not 

bound to/within a protein) may also provide insight into the energy transfer 

processes and non-radiative dissipation of energy that occurs in photosynthetic 

membranes. Moreover, the photophysics of monochromatic fluorophores may be 

used as a baseline to compare to more complicated networks, for example to assess 

how fluorescence quenching may differ between freely interacting pigments and 

pigments that are held at fixed orientations and separations in multi-chromophore 

complexes.  

 

Previous models to quantify fluorescence concentration quenching (for both 

monochromatic fluorophores and photosynthetic systems) have so far relied on the 

generation of multiple discrete samples encompassing a wide range of fluorophore 

concentrations or photophysical states.268, 269, 273 This process is both time-

consuming and only provides information about the handful of scenarios that are 
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investigated. In addition, investigations of quenching are often performed in 

systems that poorly represent natural membranes (pigments in organic solvent 

solutions and/or in the absence of lipids274) and the quenching behaviour may be 

significantly altered by the local environment or absence of native-like interactions. 

Alternative approaches to describe concentration quenching have involved the 

laborious theoretical modelling of networks of fluorophores267, 272, 275. Such models 

often describe large scale networks of fluorophores in little detail (coarse-grained 

models),276, 277 or may finely describe interactions between a small number of 

fluorophores whilst neglecting energy transfer that may occur over large distances 

(greater than a few nanometres)61. Therefore, these models are rarely suitable to 

represent the combination of localised quenching and long-range energy transfer 

that is believed to occur between numerous fluorophores and in light-harvesting 

membranes.  

 

An ideal experimental system for investigating concentration quenching would 

provide the ability to interrogate a large and continuous range of fluorophore 

concentrations and would allow for the side-by-side comparison of multiple types 

of fluorophores whilst maintaining consistency between different samples (e.g., 

similar pH, solvent conditions and ionic properties). In chapters 4 and 5, we 

demonstrated that both fluorescent membrane proteins (e.g., LHCII and PSII) and 

lipid-tagged monochromatic fluorophores (TR-DHPE) can be easily incorporated 

into hybrid membranes in a way that mimics the native lipid-protein/lipid-lipid 

interactions that may contribute to fluorescence quenching. Patterned hybrid 

membranes, in particular, were shown to be accessible to high-resolution AFM and 

FLIM measurements, in a way that vesicles are not, allowing the organisation of 

fluorophores to be correlated to their photophysical properties. However, the self-

assembly process resulted in photosynthetic proteins that were significantly diluted 

within the membrane to the point where the fluorescence lifetime of related to 

chlorophyll emission was almost entirely non-quenched (~4 ns). Therefore, if 

hybrid membranes or patterned lipid membranes are to be used as a platform to 

interrogate concentration quenching it is necessary to increase the fluorophore 

concentration to the point where quenching becomes significant.  
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“In-membrane electrophoresis” is a powerful tool for controlling the organisation of 

charged fluorophores144-147, 278-280. By applying an electric field parallel to the plane 

of a surface-supported patterned lipid membrane,  multiple researchers have been 

able to manipulate charged fluorophores such that they migrate in the direction of 

the Lorentz (electromagnetic) force and accumulate at the edge of the confined 

membrane.146 The mechanical processes of in-membrane electrophoresis have been 

well documented, such that the final distribution of fluorophores (after reaching 

equilibrium under the electric field) can be predicted and controlled by tuning 

various experimental conditions, such as the buffer composition, electric field 

strength, and temperature146, 147, 279. For these reasons, in-membrane 

electrophoresis combined with FLIM measurements could act as a reliable and 

versatile method to increase the concentration of membrane-based fluorophores 

and assess the resulting photophysical state.  

 

This chapter describes the application of electric fields to control the organisation 

and concentration of lipid-tagged fluorophores in patterned lipid bilayers. To 

interrogate concentration quenching that occurs between freely-diffusing 

fluorophores, in-membrane electrophoresis is combined with fluorescence lifetime 

measurements with the aim of deducing the molecular mechanism of quenching and 

providing insight to the underlying energy transfer and quenching pathways.  To 

assess the accuracy and viability of in-membrane electrophoresis as a method to 

interrogate concentration quenching, our experimental results are compared 

against the existing mathematical theory for concentration quenching of 

fluorophores. Finally, this platform is applied to delineate a complex combination of 

quenching mechanisms, specifically, a combination of both concentration quenching 

and the quenching that may occur when multiple excited states interact with 

(annihilate) each other.  
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6.2 Experimental concept: Using electric fields to control the 

organisation and concentration of fluorophores in model 

membranes 

Three inorganic fluorophores were selected as suitable targets for in-membrane 

electrophoresis of monochromatic pigments. Texas Red (TR), Nitrobenzoaxadiazole 

(NBD) and Bodipy (BOD) are commonly used as fluorescent probes and available to 

purchase in a form where the dye is tethered to a negatively-charged lipid 

headgroup DHPE. In chapter 5, we identified a self-quenching behaviour in TR, and 

both NBD and BOD have been the focus of investigations into self-quenching in 

previous publications,268, 270 therefore we predict that increasing the concentration 

of fluorophores will result in a quenched fluorescence intensity and lifetime. The 

overall charge of each fluorophore moiety (positive/negative charges are circled, 

red/blue in the structures in Figure 6.1a, b and c for TR, NBD and BOD, respectively) 

is neutral, but when tethered to the negatively charged DHPE (Figure 6.1d), each 

molecule is predicted to have a net negative charge, q = -1e. Therefore we predict 

that all three fluorophores will migrate towards the positive potential (cathode) 

when an electric field is applied to the membrane.  

 

We opted to use a polymerised lipid template to generate confined, patterned lipid 

bilayers (corrals) for in-membrane electrophoresis due to the ability of the template 

to stabilise both lipid-only and hybrid membranes containing photosynthetic 

proteins, and the accessibility of patterned bilayers to FLIM and AFM. Prior to the 

application of electric field (Figure 6.1e), the fluorophores are expected to be 

homogenously distributed in lipid bilayer due to the random diffusion of molecules. 

During the application of the electric field, fluorophores are predicted to diffuse 

towards and accumulate at one end of the corralled membrane because the edge of 

the polymerised template  acts as an impenetrable barrier (see Figure 6.1f). Note 

that one axis of the 2-D square array pattern was deliberately aligned with the 

direction of the electric field, to make measurements easier (i.e., 20 x 20 µm boxes 

roughly aligned with the E-field direction).  
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Figure 6.1: Chemical structure of the fluorophores selected for in-membrane 

electrophoresis, and the schematic of the electrophoresis experiment. (A) Chemical 

structure of sulforhodamine 101 acid chloride (Texas Red). (B) Chemical structure of N-(7-

Nitrobenz-2-Oxa-1,3-Diazol-4-yl)-1 (NBD). (C) Chemical structure of (N-(4,4-Difluoro-5,7-

Dimethyl-4-Bora-3a,4a-Diaza-s-Indacene-3-Propionyl)-1 (Bodipy). (D) Chemical structure 

of the DHPE lipid that the fluorophores in (a), (b), and (c) are tagged to (attachment point 

marked by X). (E) Schematic of a patterned lipid bilayer in a polymerised (black) lipid 

template with no applied electric field. TR fluorophores (red) are initially uniformly 

distributed in the membrane, with a screen of ions (purple) close to the membrane surface. 

(F) Schematic of (e) but now with an applied electric field. TR fluorophores (red) diffuse 

towards the positive electrode and accumulate at the edge of the membrane. Positive ions 

(lilac) diffuse towards the negative electrode creating osmotic friction between the buffer 

and the fluorophores. (G) Basic schematic of the electrophoresis flow cell (not to scale). Gold 

shows the position of electrodes. 

 
After some time the system reaches an equilibrium, and the resulting concentration 

profile of fluorophores at the membrane edge is the result of a balance of forces that 

work for (e.g., Lorentz force) and against the electric field (e.g., electroosmotic drag 

and random diffusion, see Section 1.2.4). Increasing or decreasing the electric field 

strength is known to decrease or increase the width of the concentration profile, 

respectively.146 Likewise, increasing the ionic strength of the buffer increases the 
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effect of electroosmotic drag and reduces the fluorophore drift velocity, thereby 

broadening the equilibrium concentration profile of fluorophores.281 It is important 

to ensure that this balance of forces remains consistent across multiple 

electrophoresis experiments. To avoid the accumulation of positive/negative ions in 

the buffer due to the electrolysis of water, electrophoresis experiments were 

conducted under a constant flow (0.25 mL/min) of buffer (see schematic in Figure 

6.1g). The electroosmotic drag was minimised by using an aqueous buffer 

containing a minimal concentration of  ions (<0.1 mM HCl, pH 7.5) and the strength 

of the electric field (45 V/cm) was monitored using a voltmeter throughout all 

experiments. In later sections, we assess the electrophoretic properties of this 

experimental configuration and the reproducibility of fluorophore concentration 

profiles in different samples to confirm that these measures were sufficient to 

ensure experimental consistency. 

6.2.1 Lipid-tagged Texas Red, NBD and Bodipy are all mobile 

when incorporated into patterned lipid bilayers 

For a fluorophore to be a suitable target for in-membrane electrophoresis, it was 

first necessary to show that the lipid-tagged fluorophores can incorporate into 

patterned templates to form well-connected lipid membranes with high mobility. 

Polymerised lipid templates were prepared by UV exposure through a photomask 

patterned with a repeating array of 100 × 100 µm squares. This array (significantly 

larger scale than the 20 × 20 µm squares used in Chapter 5) was chosen to maximise 

the area, and therefore the number of fluorophores, in each membrane that can be 

concentrated by electrophoresis, whilst still ensuring that the size of the membrane 

did not exceed the field of view of the FLIM. After UV exposure and washing with 

detergent to remove areas of lipid that had not been cross-linked, the resulting 

template is a polymerised lipid bilayer containing square, empty regions that can be 

backfilled with a fluid lipid membrane. A precise concentration of fluorophores 

(typically 0.5 % (w/w)) was incorporated into DOPC liposomes and ruptured into 

the template to form pattered lipid bilayers as previously described (section 3.3.4). 

FLIM images were obtained in single-channel excitation mode using the photon 

multiplier tube (PMT) detector in order to have the highest temporal resolution for 

the detection and analysis of heavily quenched fluorescence lifetimes. FLIM 

channels were defined and optimised for the detection of NBD (excitation: 485 nm, 
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emission: 490 – 550 nm), TR (excitation: 561 nm, emission: 595 – 655 nm) or BOD 

(excitation: 485 nm, emission: 490 – 550 nm) as required. Control measurements 

confirmed that photobleaching during FLIM measurements was negligible.  

 

FLIM images of lipid membranes containing 0.5 % (w/w) NBD, TR, and BOD are 

shown in Figure 6.2a. In each case, fluorescence is restricted to well-defined square 

patterned membranes, with minimal signal located on the surrounding template. 

The fluorescence within each membrane is largely homogeneous across the corral 

(40-50 counts/pix for all fluorophores), with a few visible bright spots that may 

represent non-ruptured vesicles that are loosely adsorbed onto the membrane. 

Overall, these membranes were highly reproducible, with minimal variation in 

intensity and quality across multiple preparations. To confirm that the liposomes 

had ruptured to form well-connected membranes containing mobile fluorophores 

(and not merely adsorbed into the template without rupturing), fluorescence 

recovery after photobleaching (FRAP) experiments were performed to monitor the 

diffusion of lipids over time. For each sample, a circular area (with a bleached radius, 

Rbleach, ranging from 20 – 30 µm) of membrane was deliberately photobleached 

using intense white light. Immediately after photobleaching, a FLIM timelapse of 

images (Figure 6.2b) was obtained to monitor the diffusion of “non-bleached” 

fluorophores into the bleached area. The intensity of the fluorescence recovery in 

the bleached spot was monitored for each timepoint (each time point is the 

accumulation of photons in a 16 s period) to plot a fluorescence recovery curve 

(Figure 6.2c). A mono-exponential fit, F = F0(1-e-kt), was used to obtain the 

“doubling time”, τ = ln(2)/k, for each sample, from which the diffusion constant, D = 

0.22×Rbleach2/τ, is calculated.  To calculate the mobile fraction, images of the corral 

before photobleaching and after photobleaching were analysed as in Chapter 4.3.4. 

Briefly, the intensity of the “bleached” region is compared to the intensity of a “non-

bleached” region throughout the FRAP experiment. If the mobile fraction is 100%, 

the two regions will have an equal intensity after the system has been allowed to 

reach an equilibrium. For each fluorophore, the diffusion of the lipids was compared 

in both patterned bilayers (lipid bilayers ruptured into a 100 µm square template) 

and in “infinite” bilayers (lipid bilayers ruptured onto non-patterned glass) to 

ensure that the polymerised lipid template did not adversely affect the lipid 

mobility.  
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Figure 6.2: FLIM images of TR-, NBD- and BOD-containing lipid bilayers and Fluorescence 

Recovery After Photobleaching (FRAP) experiments confirming that the fluorophores are 

mobile and a suitable target for electrophoresis. (A) Example images of DOPC lipid bilayers 

containing 0.5 % (mol/mol) of either NBD (top), TR (middle) or BOD (bottom) formed as 

100 µm wide corrals within the DiynePC polymer templates. These are all set to the same 

fluorescence lifetime scale of 3-6 ns to allow a visual comparison of the relative differences 

in lifetime. (B) FRAP experiments for the patterned lipid bilayers, showing the mobility of 

each type of fluorophore. (C) FRAP recovery curves showing the fluorescence intensity in 

the dashed bleached regions in (B), normalised to the intensity of the bilayer prior to 

photobleaching (colours as labelled on legend). The orange curve shows the fluorescence 

intensity decrease in the orange, box region in (B), showing that the intensity in the 

patterned membrane decreases due to there being a finite number of non-bleached 

fluorophores available to diffuse into the bleached region.  
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A summary of FRAP experiments on patterned bilayers is shown in Table 6.1. The 

calculated diffusion constant was similar for all fluorophores in both patterned and 

non-patterned bilayers (ranging from 1.75 to 2.27 µm2/s) and the mobile fraction 

was consistently high across all samples (>94% for all fluorophores). Overall our 

results are consistent with the values for the diffusion constant and mobile fractions 

of similar lipid-tagged fluorophores reported in other studies145, 279, and a strong 

indication that there is little interaction between the substrate or template and lipid-

tagged fluorophores that may hinder an electrophoretic effect. 

Table 6.1: Summary of FRAP experiments comparing patterned lipid bilayers (100 µm 

squares) versus non-patterened bilayers. Overall, the prescence of the polymerized lipid 

template has no significant effect on the mobility of lipids close to the centre of the 

membrane. 

 

6.2.2 Applying an E-field parallel to the membrane causes the 

movement and accumulation of fluorophores at the bilayer edge 

To determine if fluorophores in the membrane reorganise in response to the applied 

electric field, positive and negative electrodes were positioned 1 cm apart such that 

the applied electric field was parallel to the plane of the membrane (see Figure 6.1g 

for a schematic of the electrophoresis flow cell). The charge of each lipid tagged-

fluorophore (TR-DHPE, NBD-DHPE and BOD-DHPE) was net negative (q = -1e), 

therefore the fluorophores will diffuse towards the positive electrode once the 

electric field is applied. Figure 6.3a shows a series of FLIM intensity images of a 

patterned lipid membrane containing 0.5 % (w/w) TR taken immediately after the 

electric field (45 V/cm) was switched on. Initially the fluorescence intensity in the 

corral is homogeneously distributed within the patterned bilayer (~6 counts/pix). 

At later timepoints the fluorescence intensity can be seen to move towards the 

positive cathode as expected, increasing up to 23 counts/pix at the left edge whilst 

simultaneously decreasing to 1 count/pix at the right edge of the membrane after 

144 s (intensity profile plots in Figure 6.3a).  

 NBD TR BOD 
 Patterned 

bilayer 
Infinite 
bilayer 

Patterned 
bilayer 

Infinite 
bilayer 

Patterned 
bilayer 

Infinite 
bilayer 

D (µm2s-1) 2.13 ± 0.18 1.99 ± 0.20 2.27 ± 0.59 1.95 ± 0.20 2.09 ± 0.39 1.75 ± 0.17 
µFRAP (ms-1N-1) 5.15 ± 0.43 4.81 ± 0.48 5.49 ± 0.14 4.71 ± 0.48 5.05 ± 0.94 4.23 ± 0.41 

Mobile % 94.7 ± 2.3 97.0 ± 5.2 95.5 ± 2.5 96.6 ± 3.6 94.0 ± 1.8 95.3 ± 7.2 
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After a sufficiently long time, the system reaches an equilibrium, where the drift due 

to the Lorentz force is counterbalanced by the random 2-D Brownian diffusion of 

the fluorophores. To assess the final state of the membrane, FLIM images were 

obtained after the electric field had been applied for at least an hour and compared 

to the initial state of the membrane. Qualitatively, the effect of the electric field is 

consistent for all three fluorophores, as described below. Before electrophoresis, the 

fluorescence intensity is homogeneously distributed in the square patterned region 

(Figure 6.3b-d for NBD, TR and BOD), suggesting that fluorophores are randomly 

diffusing throughout the membrane.  

 

After electrophoresis (labelled “45 V/cm equilibrium”), all three membranes have 

an asymmetric intensity profile where the fluorescence intensity is significantly 

brighter at the left edge (close to the cathode) than at the right edge of the 

membrane. This is shown more clearly in intensity profiles measured across the 

corrals (right panel, Figure 6.3b-d). Each intensity profile is normalised to the 

starting intensity of the corral, in order to compare the relative increase in intensity 

after electrophoresis. All three fluorophores exhibit at least a 3-fold increase in 

intensity relative to the intensity prior to electrophoresis, increasing to 3.01 times 

the initial intensity for NBD, 4.54 for Texas Red, and 3.84 for BOD. The difference in 

this relative increase between NBD, TR and BOD may be due to differences in the 

final concentration of the fluorophores (due to different electrophoretic properties) 

or the relative quenching strengths of each fluorophore at high concentrations. In 

either case, these results show that all three fluorophores are sensitive to the 

applied electric field, and drift towards the positive electrode resulting in an 

increased intensity and higher fluorophore concentration at the left edge of the 

membrane. In later sections, we assess the effect of concentration quenching in all 

three fluorophores. 
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Figure 6.3: FLIM images showing the effect of electrophoresis on charged fluorophores 

(NBD, TR, BOD) in patterned bilayers. (A) FLIM timelapse of the electrophoretic mobility of 

TR-DHPE. TR flows in the opposite direction of the applied E-field and accumulates at the 

confined edge of the patterned bilayer.  (B) Patterned bilayer containing 0.5 % (w/w) NBD-

DHPE before (left, 0 V equilibrium) and after (middle, 45 V/cm equilibrium) an electric field 

had been applied parallel to the membrane. Intensity profiles drawn across the membrane 

(right) show that the intensity increases by a factor of 4.01 at the left edge of the bilayer. (C) 

Patterned bilayer containing 0.5 % (w/w) TR-DHPE before and after electrophoresis. 

Panels are labelled the same as in (B). (D) Patterned bilayer containing 0.5 % (w/w) Bod-

DHPE before and after electrophoresis. Panels are labelled the same as in (B). In all panels, 

cyan operator symbols (+ or –) show the direction of the applied field.  



 
Chapter 6  182 

6.2.3 Fluorescence is quenched as fluorophores accumulate at the 

end of the trap 

To determine which of the fluorophores were susceptible to concentration 

quenching, FLIM measurements were obtained of lipid bilayers containing 0.5 % 

(w/w) of NBD, TR, or BOD both before and during electrophoresis experiments. 

After applying the E field, each sample was allowed to equilibrate for at least an hour 

to ensure that all subsequent measurements were consistent. For 0.5 % NBD lipid 

bilayers before electrophoresis (Figure 6.4a, labelled “0 V equilibrium”) the 

measured fluorescence has a long lifetime that is homogenously distributed within 

the corral region. The fitted fluorescence lifetime was calculated from a fluorescence 

decay curve collected in the corral region and determined to be <τNBD> = 6.31 ± 0.05 

ns (dark green, dashed area in Figure 6.4a and dark green curve Figure 6.4b). By 

comparison, the fluorescence lifetime of NBD during electrophoresis (Figure 6.4a-

b, labelled “45 V equilibrium”) was severely shortened, as represented by a gradient 

(blue‐to-red) of lifetimes from left-to-right within the corral. The minimum 

fluorescence lifetime, measured in a region close to the end of the corral (dark green, 

dashed area, Figure 6.4a), was found to be 5.31 ± 0.02 ns. A similar change in the 

fluorescence lifetime was observed for membranes containing either 0.5 % TR 

(Figure 6.4c) or 0.5 % BOD (Figure 6.4e). For each sample, the fitted fluorescence 

lifetime before electrophoresis was compared to the minimum fluorescence lifetime 

during electrophoresis. It was found that, <τBOD> decreases from 5.01 ± 0.03 ns to 

2.75 ± 0.02 ns, and <τTR> decreases from 3.92 ± 0.02 ns to 2.93 ± 0.04 ns (Figures 

6.4c-d, and 6.4e-f respectively). For all three fluorophores, the decreased 

fluorescence lifetime was correlated to the increased fluorophore intensity and 

strongly suggests that fluorescence is self-quenched as a function of fluorophore 

concentration and that at sufficiently high concentrations, molecules can interact 

with each other in a manner that dissipates energy non-fluorescently. The fact that 

quenching is observed as a broad lifetime gradient over many micrometres, 

suggests that the in-membrane electrophoresis results in a shallow gradient of 

concentrations rather than the molecular aggregation of fluorophores on the 

nanoscale. The latter would not be resolved optically, because a fluorophores at the 

same local (nanoscale) concentration would all have the same fluorescence lifetime 

and aggregates would likely be smaller than the diffraction limit (<250 nm). 
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Figure 6.4: Comparison of the before- and after-electrophoresis states for all three 

fluorophores showing fluorescence quenching as a result of fluorophore accumulation for 

NBD, BOD and TR. (A) FLIM images of a 0.5 % NBD lipid bilayer in equilibrium in a 0 V/cm 

versus 45 V/cm electric field. (B) Fluorescence decay curves fitted to NBD in membranes 

prior to electrophoresis (dark‐green curve from the dark‐green region from (a)) and after 

electrophoresis (light‐green curve from the light‐green region from (a)). These were 

compared to a control sample with even lower fluorophore concentration, 0.25 % NBD, 

which had negligible quenching (black curve). (C)-(D) FLIM images and fluorescence decay 

curves of a 0.5 % BOD lipid bilayer, as labelled. (E)-(F) FLIM images and fluorescence decay 

curves of a 0.5 % TR lipid bilayer, as labelled. 
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To compare the self-quenching of different fluorophores (regardless of their initial 

fluorescence lifetime), the quenching efficiency (QE) was defined in a way that is 

synonymous to the energy transfer efficiency (ETE) commonly used in Förster 

theory as: 

 
𝑄𝐸 = 1 −  

< 𝜏 >

< 𝜏 >തതതതതതതതത
 Eq. 6.1 

Where <τC> is the fitted lifetime at a concentration, C, of fluorophores, and <τ0> is 

the fitted lifetime in the absence of self-quenching effects. Different polar 

environments can also contribute changes in the fluorescence lifetime,282 and so to 

isolate lifetime effects specific to concentration quenching <τ0> was measured in a 

consistent solvent environment (i.e. a lipid bilayer) and at a concentration which 

was sufficiently low for quenching effects to be negligible (0.25 % (mol/mol)). 

Values for <τ0> for each fluorophore were calculated from fluorescence decay 

curves (black, solid lines, Figure 6.4b,d,f) and calculated to be 6.99 ± 0.13 ns, 5.40 ± 

0.12 ns and 4.23 ± 0.17 ns for NBD, BOD and TR respectively (mean ± SD from 

multiple measurements obtained from at least two samples per fluorophore). These 

values are very similar to those reported in literature for NBD283, 284, BOD270, 285 and 

TR98, 286 in chloroform (7-8 ns, 5-6 ns and 4-5, respectively) and so it is likely these 

measurements represent the fluorophores in an almost entirely non-quenched 

state.  

 

Using the values determined for <τ0> (black decay curves in Figure 6.4b,d,f) the 

maximum quenching efficiency during 45 V equilibrium was calculated to be 24.0 

%, 30.7 %, and 49.1 % for NBD, TR and BOD, respectively. This initially suggests that 

BOD has the highest propensity for quenching out of the three dyes investigated 

(assuming that all three dyes respond similarly to the applied E-field). Overall, the 

results in this section show all three fluorophores experience self-quenching, and 

that quenching can be induced by increasing the concentration of fluorophores via 

in-membrane electrophoresis. This is a crucial first step towards using patterned 

lipid membranes to quantify quenching interactions for a wide range of membrane-

based fluorophores.    
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6.2.4 Increasing the initial fluorophore concentration increases 

the amount of fluorescence quenching achieved during 

electrophoresis 

We wished to use this experimental platform to describe the full range of quenching 

behaviour (QE ranging from 0 % to 100 %) for each fluorophore. In section 6.2.3, a 

starting concentration of 0.5% (w/w) TR resulted in a maximum QE of 30.7 % once 

the membrane reaches equilibrium in a 45 V/cm electric field. We predicted that 

increasing the concentration of fluorophores in the patterned lipid bilayer will 

result in a greater maximum concentration of fluorophores accumulated during 

electrophoresis and a greater amount of fluorescent quenching. Therefore, to 

measure a full range of QE, in-membrane electrophoresis and FLIM measurements 

were obtained for a series of patterned lipid bilayers containing different starting 

concentrations (%weights) of TR/DOPC (0.5 %, 1% and 1.5%). Patterned lipid 

bilayers did not form from DOPC liposomes containing more than 1.5 % TR, likely 

caused by defects that can occur when highly curved TR-DHPE lipids insert into a 

flat lipid bilayer and hydrophobic interactions between the aqueous environment 

and lipid tail groups that reduce membrane stability.194 

 

As expected, increasing the concentration of fluorophores in the lipid bilayer 

resulted in a higher initial fluorescence intensity, despite also resulting in increased 

quenching (decreased lifetime). Figure 6.5a shows the patterned lipid membranes 

formed liposomes containing 0.5 % (left), 1 % (middle) and 1.5 % TR (right), before 

electrophoresis. The counts/pix generally increases as a function of concentration, 

as observed in intensity profiles from Figure 6.5a (dashed lines, Figure 6.5c), from 

~50 to ~100 to ~140 counts/pix for 0.5 %, 1.0 % and 1.5 % TR, respectively. The 

intensity increases non-linearly due to self-quenching that occurs at even these low 

concentrations. Quenching is also manifested as a shortening of the initial 

fluorescence lifetime from 3.94 ± 0.02 ns to 3.65 ± 0.01 ns and 3.36 ± 0.02 ns for 0.5 

%, 1 % and 1.5 % TR, respectively (shown in Figure 6.5a as a red to yellow shift on 

the false-colour scale). FLIM images of the same patterned membranes at 

equilibrium in a 45 V/cm electric field are shown in Figure 6.5b.  
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Figure 6.5: Comparison of before and after electrophoresis states for lipid bilayers 

containing 0.5 %, 1.0 % and 1.5% TR-DHPE. (A) FLIM images of patterned lipid bilayers 

containing 0.5 % (left), 1.0 % (middle) and 1.5 % (right) TR in equilibrium in a 0 V/cm 

electric field. (B) FLIM images of patterned lipid bilayers containing 0.5 % (left), 1.0 % 

(middle) and 1.5 % (right) TR in equilibrium in a 45 V/cm electric field. (C) Intensity profiles 

measured across patterned bilayers containing 0.5 % (black), 1.0 % (dark, red) and 1.5 % 

(bright, red) TR. Intensity profiles were measured for both 0 V/cm (as in (a), dashed lines) 

and 45 V/cm (as in (b), solid lines). (D) Fitted fluorescence decay curves for membranes 

containing 0.5 % (black), 1.0 % (dark, red) and 1.5 % (bright, red) TR, accumulated from 

photons in the white, dashed regions in (b).  
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Qualitatively it can be seen that increasing the initial bilayer concentration leads to 

an increased intensity and a wider band of fluorescence accumulating at the edge of 

the membrane. Some disruption to the membrane structure (white arrow, Figure 

6.5b) was apparent after electrophoresis only with the highest TR-DHPE 

concentration samples (1.5 %, discussed later). To fairly compare the fluorescence 

lifetime and intensity between different membranes regions containing such defects 

were digitally excluded from any further analyses.  

 

Intensity profiles (Figure 6.5c) taken horizontally across the corrals in Figure 6.5b 

show that the maximum intensity is greater for membrane with a higher initial 

concentration of charged fluorophores (~400 counts/pix compared to ~800 

counts/pix for 0.5 % and 1.0 % TR respectively). In particular, in the intensity profile 

for 1.5 % TR after electrophoresis (red, solid line, Figure 6.5c) the intensity rapidly 

increases (from right to left) to a maximum intensity of ~800 counts/pix (at x ~ 30 

µm) before decreasing to ~600 counts/pix at the edge of the membrane. We propose 

that the decline in the intensity profile at the left-hand edge of the corral, where the 

concentration is actually expected to be higher, suggests that at extremely high 

concentrations TR self-quenching becomes so significant that each additional 

fluorophore has a negative contribution to the measured intensity. Alternatively, it 

may be the case that different molecular structures (e.g. aggregates or clusters) form 

at high concentrations with significantly different fluorescent properties.   

 

Correlated to the intensity gradient, each membrane in Figure 6.5b has the 

characteristic blue-to-red lifetime gradient (first observed in Figure 6.5a) from left-

to-right across the membrane. The width of this gradient is visibly larger and has a 

lower (bluer) minimum lifetime for bilayers that have a higher initial concentration. 

The fitted lifetime at the edge of the membrane, <τedge> was obtained from 

fluorescence decay curves (Figure 6.5c) accumulated from the white, dashed 

regions in Figure 6.5b. For initial concentrations of 0.5 %, 1.0 % and 1.5 % (w/w) 

TR-DHPE, <τedge> was found to be 2.93 ± 0.04 ns to 2.12 ± 0.01 ns and 1.35 ± 0.01 

ns, respectively, representing a quenching efficiency of 30.7%, 49.9% and 68.1% 

respectively. Overall these results show that the quenching efficiency achieved in in-

membrane electrophoresis can be controlled by simple modifications to the starting 
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composition of the membrane, and that this platform can be used to investigate a 

wide range of quenching behaviours for different fluorophores.   

 
Figure 6.5c shows an example of bilayer disruption that occurs when a 45 V/cm 

electric field was applied parallel to a patterned lipid bilayer containing 1.5 % TR. 

This bilayer disruption occurred for the majority (80%, N = 10) of membranes 

containing 1.5 % TR after electrophoresis. This disruption typically resulted in 

highly mobile strand-like features that stem from microscale regions lacking 

fluorescence (~5-20 µm in diameter) within the membrane. These are thought to be 

lipid tubules because of their similarity in appearance with previous reports236, 287, 

i.e., tubes of lipid bilayer 50-100 nm diameter and many microns in length. TR-DHPE 

is a charged lipid with a large headgroup relative to the hydrophobic portion of the 

lipid (see structure in Figure 6.1a). It is therefore likely that high concentrations of 

TR induces membrane curvature and defects due to imperfect packing of a mixture 

of DHPE and PC lipids288, or due to electrostatic repulsion between fluorophores 

that are not sufficiently screened137, 236. At sufficiently high concentrations of TR-

DHPE, this may result in instability of the lipid bilayer, delamination of the bilayer 

from the underlying glass substrate, or even extreme curvature of the bilayer and 

lipid tubulation. It may be possible to design templates with different dimensions to 

better support highly curved lipid bilayers and achieve even higher concentrations 

of charged fluorophores. However, in the present study (using 100 µm square 

patterned bilayers), these membrane defects show that experimental limit for 

maximum concentration of fluorophores in a (quasi-)stable lipid bilayer structure 

has been reached.  
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6.3 Describing quenching behaviour as a function of 

concentration for monochromatic fluorophores 

6.3.1 There is a high probability of exciton migration between 

lipid-tagged fluorophores  

To identify the mechanism of fluorophore self-quenching we first considered the 

distances at which interactions between fluorophores may take place. FLIM 

measurements of bilayers containing different concentrations of TR (Figure 6.5a) 

show that fluorescence quenching occurs at concentrations as low as 1%. So to 

approximate the maximum distance at which two TR fluorophores may interact, the 

average centre-to-centre distance, r, for randomly dispersed fluorophores in a 

membrane containing 1% TR was calculated. First, the density of fluorophores was 

calculated using: 

 𝐶ே =  
𝐶%

100
×

1

𝐴ௗ
 Eq. 6.2 

where CN and C% are the concentration of fluorophores in molecules per nm2 and in 

%(mol/mol) respectively, and Alipid is the size of a lipid headgroup (estimated to be 

0.67 nm2)190. Next, the average distance between molecules was calculated using:  

 Effective area per molecule =  
ଵ

ಿ
=  𝜋𝑟ଶ Eq. 6.3 

Thus, for a membrane containing 1 % (mol/mol) TR the average distance between 

molecules was calculated to be 4.69 nm. This suggests that, if quenching must 

involve some direct interaction between fluorophores, an excited state may travel 

for several nanometres before being quenched. One possibility is that an excited 

fluorophore may diffuse into direct contact with a nearby fluorophore whereby the 

fluorescence is quenched by some physical interaction of the two (collisional 

quenching). To test this possibility, TR was used as an example to calculate the mean 

displacement per exited state, <x>, using 

 
< 𝑥 > = ඥ2𝐷𝜏 Eq. 6.4 

where D is the diffusion constant (D ~ 2 µm2/s, section 4.3.4) and τ0 is the 

fluorescent lifetime for TR (τ0 = 5.4 ns, as calculated in section 6.2.3). From this 

calculation, the mean displacement per excited state was found to be ~0.16 nm. This 
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is significantly lower than the average separation of fluorophores and clearly shows 

that molecular collisions would occur very rarely in this system and cannot explain 

the magnitude of quenching observed.  

 

Instead, numerous studies have proposed that self-quenching processes involve a 

combination of energy traps and exciton transfer (i.e., migration) among multiple 

fluorophores, with the possibility that an exciton may migrate to and be quenched 

at a trap site.267, 268 These trap sites may form as a result of formal complexes of 

fluorophores (i.e., strongly bonded) or physical aggregates (i.e., more loosely 

associated) or may simply result from molecules that are in close proximity due to 

the random statistical distribution/diffusion of fluorophores within the membrane 

(i.e., without any attractive forces). These traps are inherently non-fluorescent 

(cannot absorb or emit photons) and may affect the intensity and lifetime in a 

combination of processes: (i) traps will not fluoresce in response to direct excitation 

(photon absorption is forbidden) and the overall fluorescence intensity is reduced 

by the fraction of fluorophores involved in trap sites but the fluorescence lifetime is 

unaffected (sometimes termed “static quenching”), (ii) fluorophores that are not 

part of traps can accept photons and may transfer energy to a trap site (through 

FRET) upon which the exciton is immediately and non-radiatively dissipated. In the 

second process, the trap provides an alternative route for the rapid dissipation of 

energy, resulting in a reduction in both the fluorescence emission and lifetime 

(termed “transfer-to-trap quenching”). These two processes occur simultaneously 

in a system such that the intensity is reduced by (i) and (ii), whereas the lifetime is 

only affected by (i).  

 

In the absence of aggregation, the probability of trap formation can be described by 

considering a random distribution of fluorophores within a two-dimensional 

membrane. Through random Brownian diffusion in 2-D it possible for two 

fluorophores to come into close proximity and form a trap site, also known as a 

“statistical pair”. Using the two-dimensional Perrin equation, which describes the 

probability of interactions between randomly distributed particles, the fraction of 

fluorophores, fT, that are part of statistical pairs is given by:  

 
𝑓 = 1 − 𝑒ିగோ

మ  
Eq. 6.5 
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where C is the concentration of fluorophores (in molecules/nm2) and RC is the 

distance at which two fluorophores have a 63% (1 – e–1) likelihood to form a trap 

site, also known as the “critical radius for trap formation”.289 Due to the slow lateral 

and rotational diffusion of fluorophores (relative to the fluorescent lifetime) these 

statistical pairs can be considered as quasi-stable and immobile for the duration of 

an excited state. The probability that energy transfer occurs from an excited 

molecule to a trap site is then defined as:  

 
𝑃ா்் =  𝑃ிோா் × 𝑓  Eq. 6.6 

where PFRET is the probability of energy transfer, as described by Förster theory28, 

and fT is the fraction of fluorophores involved in trap sites (Equation 6.5). This uses 

the assumption that excited molecules may only interact with a single nearest 

neighbour (multiple studies have shown that energy migration is dominated by 

nearest-neighbour interactions272, 276). 

 

To assess the overall feasibility of transfer-to-trap quenching and whether it was 

theoretically possible for energy to migrate from an excited monomer to a trap in 

our samples, the probability of energy transfer between fluorophores was 

calculated for a range of membrane concentrations. First, the Förster radius (the 

distance at which resonance energy transfer is 50% efficient, see section 1.1.4) of 

energy transfer was calculated for NBD, TR and BOD. In this scenario, where the 

donor and acceptor are identical molecules268, 270, a value for J can be calculated as 

the overlapping area from the measured emission and absorption spectra for each 

fluorophore (shown in Figure 6.6a) to be 0.28, 3.08 and 2.13 ×1015 M-1cm-1nm4 for 

NBD, TR and BOD respectively. For a lipid-tethered-dye, the fluorescent moiety was 

assumed to be randomly-orientated relative to neighbouring fluorophores due to 

combined effect of both the lateral diffusion of both the lipid, and rotational diffusion 

of the tethered dye, equating to a value for κ2 of 2/3.29 The refractive index of the 

optical medium was assumed to be halfway between water (1.33) and lipid tail 

groups (1.55),243 and was given a value of 1.45. The fluorescence quantum yield of 

NBD, TR and BOD was estimated as 0.40, 0.93, 0.99, respectively, from the 

literature246, 268, 290. The calculated values for the Förster radius was found to be 33.2, 

57.3 and 54.1 Å for NBD, TR and BOD respectively. These values were found to be in 

good agreement with those calculated using an online calculator.291  
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Figure 6.6: Calculation of the probability of energy migration for TR, NBD and BOD in lipid 

bilayers. (A) Absorption and emission spectra of NBD (green), TR (red) and BOD (blue) used 

to calculate the Förster radius for each fluorophore, adapted from Thermo Fisher. (B) 

Theoretical curve showing the probability of excitation energy migration as a function of 

fluorophore concentration in a lipid bilayer, according to the equation for FRET given as Eq. 

6.8. (C) Theoretical curves for the probability of transfer-to-trap quenching for TR (R0 = 57.1 

Å, RC is set to 20 Å), calculated from Eq. 6.14. PFRET: blue dashed, fT: black dashed, QE: red, 

solid. (D) Theoretical semi-log plots of the reciprocal relative intensity (red) and lifetimes 

(black) as a function of concentration as a result of quenching due to static non-fluorescent 

dimers and the transfer of excitons to fluorescent traps (dimers), calculated from Eq. 6.10 

and Eq. 6.13.   

  



 
Chapter 6  193 

Next, the probability of energy migration was calculated as a function of 

concentration for NBD, TR and BOD using the relationship for energy transfer 

efficiency as a function of donor-acceptor separation, described in Förster theory 

(see Section 1.1.4):  

 
𝑃ிோா் =  

𝑅


𝑅
 +  𝑟

=  
𝑅



𝑅
 +  (𝜋𝐶ே)ିଷ

 
Eq. 6.7 

where R0 is the Förster radius for each fluorophore, and CN is the fluorophore 

concentration. The results are shown in Figure 6.6b where it can be seen that for 

all fluorophores that the probability of energy migration increases rapidly as a 

function of concentration before approaching unity at ~2% (w/w) for TR and BOD 

and ~5 % (w/w) for NBD. This result shows that, even at relatively low 

concentrations of fluorophores in lipid bilayers, energy migration is extremely likely 

to occur throughout the membrane. More generally, these calculations suggest that 

excitons in lipid membranes may be considered as a “flux” of excitons that are 

delocalised across many fluorophores in a system, and has wider implications for 

study of the photophysics and energy transfer in a variety of light-harvesting 

membranes. Our findings in this section show that energy migration to traps (i.e. 

statistical pairs) is a feasible mechanism of quenching for each of the three 

fluorophores studied, NBD, TR and BOD, and that at sufficiently high fluorophore 

concentrations it is reasonable to assume PETT ~ FT.  

 

Using this assumption, it was possible to derive simplified relationships for the 

reduction in lifetime and intensity due to concentration quenching. Initially, 

considering that the fluorescence lifetime is only affected by transfer-to-trap 

quenching, the relative lifetime should be equal to: 

 𝜏

𝜏
= 1 −   𝑃ா்் =  𝑒ିగோ

మ Eq. 6.8 

This can be written in a semi-logarithmic format to provide a linear relationship 

between fluorophore concentration and the amount of quenching:  

 
ln ቀ

𝜏

𝜏
ቁ =  𝜋𝑅

ଶ𝐶 Eq. 6.9 
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Secondly, considering that the fluorescence intensity is affected by both transfer-to-

trap quenching and static quenching by non-fluorescent dimers, the relative 

intensity is expected to be equal to 

 𝐹

𝐹
= 𝑓 (1 −   𝑃ா்்) Eq. 6.10 

Equation 6.10 can be written in terms of the fluorophore concentration by 

multiplying the Perrin equation (equation 6.5) with equation 6.8:  

 𝐹

𝐹
= 𝑒ିଶగோ

మ  Eq. 6.11 

To show the predicted quenching behaviour more clearly, theoretical quenching 

curves were generated for a range of TR concentrations. Figure 6.6c shows the 

theoretical Quenching Efficiency (red), fT (black) and PFRET (blue) versus 

concentration curves for TR, using the calculated value for R0 = 57.3 Å, and an 

placeholder value for RC = 20 Å. For this plot, QE was calculated in full (without the 

FRET simplification), by combining equations 6.7 and 6.8, as: 

 
𝑄𝐸 =  

𝑅


𝑅
 +  (𝜋𝐶ே)ିଷ

(1 − 𝑒ିగோ
మ) 

Eq. 6.12 

The theoretical plot shows that all three curves tend asymptotically towards unity, 

but that the rate of this approach varies drastically. Initially, PFRET increases steeply 

with concentration before asymptotically tending towards unity at concentrations 

above ~2 %, whereas fT and QE increase with a shallower gradient and only begin 

to tend towards unity at much higher concentrations (over 15%). Most significantly, 

the theoretical plot demonstrates the similarity between the QE and fT curves, which 

are almost perfectly overlaid for the majority of concentrations (>2 %). This shows 

that transfer-to-trap quenching is dominated by the number of traps in the 

membrane, and that simplifying the quenching relationships, by setting PFRET = 1, 

provides a good approximation for efficiency of transfer-to-trap quenching. Figure 

6.6d shows the theoretical plots of ln(τ0/τ) (equation 6.9, black) and ln(F0/F), 

showing the linear relationships that are expected when quenching data is plotted 

on semi-logarithmic axes. In later sections, these theoretical plots will be compared 

to experimental results of in-membrane electrophoresis, to determine whether 

transfer to trap quenching is likely to be occurring in bilayers containing NBD, TR or 

BOD. In particular, the gradient of the semi-log plots of experimental data will be 
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used to determine the critical radius for trap formation to describe the relative 

“quenching strengths” of all three fluorophores.  

6.3.2 Determining the concentration of fluorophores during 

electrophoresis  

To quantify self-quenching over a range of concentrations and to be able to compare 

our results to the theory determined for the transfer-to-trap quenching mechanism 

(section 6.3.1), it was necessary to determine the concentration of fluorophores, 

correlated to the lifetime, at each location in the membrane. A methodology was 

devised to estimate the fluorophore concentration at each pixel in FLIM images by 

comparing the pixel intensity and lifetime to those measured for a known 

concentration of fluorophores. Supported lipid bilayers were formed on hydrophilic 

glass containing different chromophore concentrations, in a range from 0.25 – 1.5% 

(w/w), of NBD, TR or BOD. These bilayers acted as simple control samples, due to 

their high reproducibility, high-throughput, and the ability to accurately change the 

concentration of fluorophores in the membrane (protocol described in section 

3.3.4). FLIM images for these samples (Figure 6.7a,b,c) were acquired using the 

same settings as described for electrophoresis measurements and the average 

intensity and average fitted lifetime was calculated for each image. The observed 

fluorescence intensity was found to increase with chromophore concentration non-

linearly, as shown in Figure 6.7d for NBD (green), TR (red), and BOD (blue) 

respectively, due to the increasing effect of quenching that occurs at higher 

concentrations. The result is a complex relationship between intensity and 

concentration that is not trivial to delineate. In  contrast, in the absence of 

quenching, the fluorescence intensity is expected to increase linearly with 

concentration and therefore provides a simple relationship from which to estimate 

the fluorophore concentration. The measured fluorescence lifetime (τ) was used to 

calculate the relative fluorescence lifetime, τ/τ0, which was used to calculate the 

“non-quenched intensity” according to the expression below (a combination of 

Equations 6.9 and 6.11):  

 
𝐹 = 𝐹 × exp ቂ2 ln ቀ

𝜏

𝜏
ቁቃ Eq. 6.13 
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Figure 6.7: FLIM images of lipid bilayer standards containing fluorophores at a range of 

concentrations to generate intensity curves from which to estimate fluorophore 

concentrations. (A) FLIM images of a series of lipid bilayers containing increasing 

concentrations of NBD-DHPE. FLIM images were obtained using the same settings as for in-

membrane electrophoresis experiments. (B) FLIM images of a series of lipid bilayers 

containing increasing concentrations of TR-DHPE (C) FLIM images of a series of lipid 

bilayers containing increasing concentrations of BOD-DHPE (D) Average intensity 

(counts/pix) versus concentration plot of the lipid bilayers in (a-c). The intensity increases 

non-linearly due to concentration quenching. (E) Non-quenched intensity versus 

concentration plot of lipid bilayers in (a-c). The non-quenched intensity is calculated from 

the average intensity and fluorescence lifetimes shown in Table 6.2. 

 NDB TR BOD 
Conc F <τ> F0 Conc F <τ> F0 Conc F <τ> F0 Conc 

% 
(w/w) 

Count
s/pix 

ns Count
s/pix 

%(mol
/mol) 

Count
s/pix 

ns Count
s/pix 

%(mol
/mol) 

Count
s/pix 

ns Count
s/pix 

%(mol
/mol) 

0.25 22.1 7.17 21.0 0.21 31.7 4.13 33.3 0.14 50.0 5.23 53.3 0.18 
0.50 41.6 7.13 40.0 0.41 57.5 4.07 62.1 0.28 68.8 5.09 77.4 0.37 
0.75 56.3 7.13 54.2 0.61 79.4 4.07 86.1 0.42 96.8 4.99 113 0.55 
1.00 68.4 6.93 69.5 0.82 93.1 3.93 108 0.57 120 4.78 153 0.73 
1.25 74.0 6.67 81.3 1.02 105 3.82 128 0.71 143 4.69 190 0.91 
1.5 94.3 6.82 99.0 1.22 112 3.59 155 0.85 148 4.54 209 1.09 

Table 6.2: Calculation of the non-quenched intensity as a function of fluorophore 

concentration for NBD, TR and BOD. F and τ are measured for each image (average of all 

pixels in one 25-frame image). The non-quenched intensity is calculated using the non-

quenched lifetime, τ0, for each fluorophore as in Eq. 6.13.  
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The result of this calculation is shown in Table 6.3 and plotted in Figure 6.7e for 

each fluorophore. As expected from equation 6.13, the non-quenched intensity 

increases linearly with the concentration and can be successfully fit to a straight line, 

F0 = mC + Y0, where m is the fitted gradient and Y0 is the y-intercept (R2 > 0.99 for all 

three datasets). The relationships between the non-quenched intensity and 

fluorophore concentration (in weight/weight) were found to be F0 = 60.8×CNBD + 

7.43, F0 = 92.2×CTR + 13.5 and F0 = 132×CBod + 16.9 for NBD, TR and BOD, 

respectively. Finally to convert the weight concentration to a percentage 

concentration and to calculate the average separation between molecules, C% 

(mol/mol) was calculated for each fluorophore using the known molecular weights 

of 1382, 956 and 1067 g/mol for TR-DHPE, NBD-DHPE and BOD-DHPE, respectively.  

Using these relationships, the intensity and the lifetime in electrophoresis FLIM 

images can be used to calculate the quenching efficiency as a function of the 

fluorophore concentration at each location. With the known fluorophore 

concentration, we can now compare the quenching behaviour of multiple 

fluorophores to existing theory and confirm the mechanism of self-quenching for 

freely diffusing fluorophores 

6.3.3 Quantitative analysis of fluorophore concentration and 

quenching efficiency 

Using the relationship for the non-quenched intensity versus concentration, it was 

now possible to generate quenching vs concentration curves to quantify self-

quenching of lipid-tagged fluorophores. A careful analysis was performed on FLIM 

images obtained during in-membrane electrophoresis of lipid bilayers containing 

increasing concentrations of either NBD-, TR-, or BOD-DHPE (such as those images 

in Figure 6.4 and 6.5). A full demonstration of this analysis is shown for lipid 

bilayers containing TR below and then repeated for bilayers containing NBD and 

BOD. 

 

Firstly, the mean values for fluorescence intensity and lifetime were calculated for 

each horizontal (x) position across the membrane corral by averaging vertical 

columns (y) of pixels. Figure 6.8a shows a FLIM image of a 0.28 % mol/mol (0.5 % 

weight/weight) TR-DHPE membrane during equilibrium in a 45 V/cm electric field, 

showing the direction of the profile generated from left-to-right across the 
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membrane (white dashed region). The mean lifetime and intensity profiles are 

shown in Figure 6.8b-c (black and bright red datapoints, respectively) and from this 

the non-quenched intensity profile was calculated using Equation 6.13 (dark red 

datapoints in Figure 6.8c). The fluorophore concentration at each horizontal 

position was then calculated (blue datapoints in Figure 6.8d) from the non-

quenched intensity and using the direct proportionality relationship previously 

discussed (section 6.3.2). We find that the fluorophore concentration increases 

exponentially towards the left edge of the membrane up to ~2.4 % (mol/mol) TR-

DHPE: a 7-fold increase from the starting concentration of 0.28 % (mol/mol). This 

exponential increase in concentration across the confined membrane region is 

consistent with the relationship previously found for the steady-state of 

electrophoresis146.  

 

To fully describe the relationship between self-quenching and concentration over 

the full range of concentrations, ideally the full extent from 0 – 100 % fluorescence 

quenching should be captured. Therefore, this method of analysis was repeated for 

multiple FLIM images of membranes containing different initial concentrations of 

fluorophores. Lifetime and concentration profiles were calculated for 0.28 %, 0.56% 

and 0.84 % (mol/mol) TR-DHPE (Figure 6.9, orange, red and dark red, respectively) 

and indicate that membranes with a higher initial concentration result in a higher 

maximum concentration achieved during in-membrane electrophoresis. Notably, 

the relative increase in fluorophore concentration (maximum compared to initial 

concentration) is approximately consistent. For membranes containing 0.28, 0.56 

and 0.84 % (mol/mol) TR the maximum concentration reached during 

electrophoresis is ~2.25, ~4.5 and ~7 %, respectively (~7-fold increase in all three 

cases). This demonstrates the consistency of in-membrane electrophoresis as a 

method to control fluorophore concentration, and shows that changing the initial 

membrane concentration has a predictable effect on the final state of the membrane 

during electrophoresis. In addition, the lifetime and concentration profiles were 

highly consistent for each starting concentration and across multiple corrals, as 

shown by the narrow range of lifetimes or calculated concentrations in each data 

set. 
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Figure 6.8: Demonstration of the method to obtaining lifetime, intensity and calculated 

concentration profiles from a FLIM image. (A) Example FLIM image of a 0.28 % (mol/mol) 

TR membrane during 45 V/cm equilibrium. The white dashed region shows the region from 

which lifetime and intensity profiles are obtained (representing >150 pixels accumulated 

vertically to minimise any fluctuations due to noise ) (B) Mean lifetime profile obtained 

from the white dashed region in (a) showing the decrease from ~4 ns (x > 20 µm) to ~2.5 ns 

at x = 0 µm. (C) Mean intensity profile (red), termed F, obtained from the white dashed region 

in (a). The non-quenched intensity (dark red) is calculated from the profile for F and the 

profile for τ from (b) using the relation F0 = F×exp(2×ln(τ0/τ)) as in Eq. 6.13. (D) The 

concentration profile in % mol/mol, calculated from the data for F0 from (c) using the direct 

proportionality relationships between fluorophore concentration and non-quenched 

intensity C = (F0 – constant) /constant as calculated in section 6.3.2 that CTR = (F0 – 

13.5)/92.2. The black line shows the result of a mono-exponential fit, C(x) = C0×e-Vx/D, used 

to calculate the V/D. 
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Figure 6.9: Lifetime and concentration profiles for multiple patterned corrals containing a 

range of concentrations of TR. (A) Example FLIM images of 0.28 % (upper), 0.56 % (middle), 

and 0.84 % (lower) (mol/mol) TR membranes during 45 V/cm equilibrium. The coloured 

dashed box show the regions from which lifetime and concentration profiles are obtained 

(vertically averaged, as previously). Different colours correspond to the different coloured 

scatter plots in panels (B) and (C). (B) Multiple lifetime profiles obtained from many 

different corrals, analysing regions as shown in the coloured dashed box areas in panel (A). 

Orange, red, and dark red data points shows all lifetime profiles obtained from membranes 

containing 0.28 %, 0.56 % and 0.84 % (mol/mol) TR  respectively. (C) Multiple calculated 

concentration profiles obtained from the coloured, dashed box areas in panel (A). Colour 

scheme is the same as in panel (B). Fluorophore concentration was calculated from 

fluorescence intensity as described in Figure 6.8. 
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The quenching efficiency and the estimated concentration are spatially correlated 

in FLIM images, so these two types of data can be plotted against each other to 

describe the quenching behaviour of TR. Figure 6.10a shows the resulting QE vs C 

curve which combines all data sets obtained for electrophoresis of lipid bilayers 

containing TR. In addition to displaying the fluorophore concentration in mole/mole 

(bottom x-axis, Figure 6.10a), the concentration was converted to a number density 

based on the known molecular packing (fluorophores per 100 nm2, equation 6.2) to 

provide a more tangible representation of the fluorophore concentration (top x-axis, 

Figure 6.10a). From this plot we can make several observations about the 

quenching behaviour of TR. Firstly, the QE vs C curves obtained from different 

samples are extremely consistent in terms of the trend which they reveal but each 

sample set covers a slightly different range of concentrations. Secondly, the amount 

of quenching initially increases steeply with concentration before the gradient 

begins to decrease. The quenching efficiency cannot increase past 1 (by definition) 

and therefore we expect this curve to saturate at higher concentrations (>10 % TR). 

 

A well-known method to explore the kinetics of photophysical quenching is to plot 

a Stern-Volmer relationship292, typically represented as: 

 
𝐹

𝐹
= 1 +  𝑘ௌ𝑄 Eq. 6.14 

where F0 is the fluorescence intensity in the absence of quenching, F is the 

fluorescence intensity due to quenching, and Q is the concentration of quenchers 

(traps). kSV is referred to as the Stern-Volmer constant, and describes how the extent 

of fluorescence quenching changes with trap concentration. To assess the 

“molecularity” (i.e., how many molecules are involved) of trap formation, n, the 

Stern-Volmer relationship can be rewritten as: 

 
𝐹

𝐹
= 1 + 𝑘ௌ𝐶 Eq. 6.15 

where C is the concentration of fluorophores269. If the number of traps is 

proportional to the number of fluorophores, Q ∝ C and n = 1. Otherwise, if traps form 

from the interaction between a pairs of molecules (i.e., a dimer), then the number of 

traps would be proportional to the number of pairs of fluorophores, Q ∝ C2, and n = 

2, and so forth for higher order kinetic processes.  
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Figure 6.10: Multiple plots to show the relationship between fluorophore concentration, or 

average separation, and the amount of lifetime quenching for Texas Red. In all panels, yellow 

data shows the results of electrophoresis and analysis on bilayers initially containing 0.28 

% (mol/mol) TR-DHPE, light red data shows the results from bilayers initially containing 

0.56 % (mol/mol) TR-DHPE, and dark red data shows the results from bilayers initially 

containing 0.84 % (mol/mol) TR-DHPE. (A) Quenching efficiency, QE = 1 – τ/τ0, versus 

concentration for TR fluorophores in lipid bilayers. The solid black line shows the theoretical 

quenching efficiency curve calculated using the critical radius determined from the linear 

fit in (C). (B) The same data as in (A) but plotted as the inverse relative intensity versus 

concentration. Three fits are attempted to the data, using equation 6.17, and by setting the 

molecularity to 1 (short, dashed line), 2 (solid line) and 3 (long, dashed line). (C) The same 

data as in (A) plotted as the semilogarithmic inverse lifetime vs concentration. A linear fit 

(solid black line) is used to obtain the critical radius for trap formation. (D) The same data 

as in (A) plotted as quenching efficiency versus average fluorophore separation. The solid 

black line shows the theoretical quenching efficiency curve calculated using the critical 

radius determined from the linear fit in (C).  
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To determine the molecularity of trap sites, F0/F, was plotted against the 

fluorophore concentration, C, (Figure 6.10b) and multiple fits of were attempted to 

the Stern-Volmer plot using Equation 6.15 for multiple values of n (short dashed, 

solid and long dashed lines represent n = 1, 2 and 3, respectively). For n = 1 and n = 

3 the quality of the fit was poor with large distances between the fitted line and the 

data points and low R-squared values (R2 = 0.93 and 0.88 for n = 1 and 3, 

respectively). The best quality fit was achieved for n = 2 (R2 = 0.98) and the fitted 

curve (solid black line, Figure 6.10b) overlays well with the data points for all 

concentrations. It therefore seems likely that the number of quenchers is 

proportional to the number of pairs of molecules in the system. This suggests that 

the fluorescent traps form as a function of dimer, rather than monomer, 

concentration, in apparent agreement with the concept of fluorescence quenching 

by the formation of non-fluorescent statistical pairs.  

 

To test whether the data obtained from electrophoresis experiments was consistent 

with the relationships predicted for transfer-to-trap quenching, ln(τ0/τ) versus C 

was plotted, as shown in Figure 6.10c, and fitted to the linear relationship derived 

in section 6.3.1, ln(τ0/τ) = πRC2CN  (Equation 6.9). A linear fit (black line, Figure 

6.10c) was found to overlay well with the experimental data points (R2 = 0.95), 

showing that our data is consistent with the theory for transfer-to-trap quenching 

whereby traps form from some interaction between pairs of molecules. It is possible 

to characterise the quenching “strength” by using the gradient from the linear fit to 

calculate the “critical radius” (Rc) for trap formation. The gradient of linear fit (black 

line, Figure 6.10c) was found to be 10.49 ± 0.06 nm2 and the RC for TR was 

calculated to be 1.83 ± 0.01 nm. This result suggests that two fluorophores have to 

be separated by very small distances to form a fluorescent trap. It seems feasible 

that traps may form as the result of short-range excitonic interactions when two 

molecules diffuse into close proximity (through random 2-D Brownian motion). 

Finally, we wished to describe the quenching behaviour of TR in terms of the 

separation between any two TR fluorophores. The average centre-to-centre 

distance, R, was calculated from the number of molecules per nm2, CN, using 

equation 6.3, and the quenching efficiency (QE) was plotted against R (Figure 

6.10d). The resulting plot shows that for R > 6 nm QE is minimal (<10%), before 

rapidly increasing up to 70% QE at an average separation of ~2 nm. As previously 



 
Chapter 6  204 

described we expect QE to saturate at sufficiently small R and it is theoretically 

possible that at extremely low R (where R ≪ RC) all of the fluorophores may be part 

of non-fluorescent dimers. To confirm that the experimental data was consistent 

with theory in all plots, a theoretical curve for QE vs C and QE vs R was calculated 

using the experimentally obtained value for RC  = 1.83 nm (and the calculated value 

of R0 = 5.71 nm, section 6.3.1). The calculated curves for QE versus C (black line, 

Figure 6.10a) and QE versus R (black line, Figure 6.10d) were found to be highly 

consistent with the experimental datapoints for all concentrations/separations. 

Overall, these results show that it is highly likely that TR fluorophores follow 

transfer-to-trap quenching, in which fluorophores form non-fluorescent dimers as 

a probabilistic function of concentration and excitons may migrate via FRET from 

excited monomers to dimeric trap sites where excitons are quenched (i.e. dissipated 

non-radiatively). In addition, the strength of TR quenching has been quantified in 

terms of the critical radius of trap formation in order to be able to compare the 

relative strengths of quenching of different fluorophores. This method of analysis 

was repeated for electrophoresis measurements of lipid membranes containing 

NBD, TR and BOD. These results are presented in the next section and the quenching 

behaviours of all three fluorophores are compared.   

6.3.4 Comparison of quenching behaviour between TR, NBD and 

BOD 

To be able to quantitatively compare the quenching behaviours of all three dyes, the 

analysis in section 6.3.3 was repeated for in-membrane electrophoresis 

experiments of NBD and BOD, and then compared to TR. The resulting QE vs C curve 

for all fluorophores are shown in Figure 6.11a. It can be seen that all three 

fluorophores follow the same overall trend, whereby QE increases with C but the 

gradient of the curve becomes increasingly shallow at high concentrations. From 

Figure 6.11a it is also apparent BOD (blue) self-quenches more strongly than TR 

(red) and NBD (green), as demonstrated by the steeper gradient of the QE vs C 

curves and greater amounts of quenching for similar concentrations. For example, 

in a bilayer containing 2.5% (mol/mol) of a specific fluorophore the fluorescence 

would be quenched by ~10% for NBD, ~30% for TR and ~ 50% for BOD.  
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Figure 6.11: Graphs to compare the relationships for fluorophore quenching between TR, 

NBD and BOD. (A) Quenching efficiency versus concentration for all fluorophores in lipid 

bilayers.  In all panels, red data shows the results of electrophoresis and analysis on lipid 

bilayers containing TR, green data shows the results from bilayers containing NBD, and blue 

data shows the results from bilayers containing BOD. The solid lines shows the theoretical 

quenching efficiency curves calculated using the critical radii determined from the linear 

fits in (C). (B) The same data as in (A) but plotted as the inverse relative lifetime versus 

concentration squared. The linear fit (black, solid line) shows that the amount of quenching 

is proportional to the dimer population in the membrane for all three dyes. (C) The same 

data as in (A) plotted as the semilogarithmic inverse lifetime vs concentration. Linear fits 

(solid line) are used to obtain the critical radius for trap formation for each dye. (D) The 

same data as in (A) plotted as quenching efficiency versus average fluorophore separation. 

The black, solid line shows the theoretical quenching efficiency curve calculated using the 

critical radii determined from the linear fits in (C).  
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To assess the molecularity of trap formation for each fluorophore, each data set was 

plotted as a Stern-Volmer plot testing n = 2, the condition representing dimers, and 

that F0/F = 1 + kSVC2 (as determined to represent TR quenching). When plotting F0/F 

versus C2 (Figure 6.11b) we find that all three fluorophores can be fit to a linear 

relationship (solid lines, R2 > 0.99) showing that the number of  traps is proportional 

to the concentration of pairs of fluorophores, and suggesting that quenching is 

dominated by interacting dimers. Once again, the gradient of the BOD plot (blue) is 

significantly steeper than the gradients of the TR (red) and NBD (green) lines, and 

we hypothesise that BOD fluorophores form non-fluorescent dimers (traps) more 

readily than TR or NBD.  

 

Next, to assess whether or not all three fluorophores follow transfer-to-trap 

quenching, each data set was plotted as ln(τ0/τ) versus C and fitted to a linear 

relationship, ln(τ0/τ) = πRC2CN. For all three fluorophores the experimental data was 

strongly correlated to the theoretical model and followed the linear trend with high 

fidelity over all concentrations, suggesting that all three dyes undergo the same 

quenching mechanism (Figure 6.16c). Next, to compare the relative strengths of 

quenching, the critical radii for trap formation (RC) were calculated from the 

gradient of the linear fits of these data. The gradient (m = πRC2) of each fit was found 

to be 20.7 ± 0.1, 10.5 ± 0.1 and 3.40 ± 0.02 nm-2 for BOD, TR and NBD, respectively, 

leading to critical radii for fluorophores of RC(BOD) = 2.57 ± 0.01, RC(TR) = 1.83 ± 0.01, 

RC(NBD) = 1.04 ± 0.01 nm. The critical radius represents the distance at which two 

fluorophores have a 63% likelihood to associate and form a trap, and, since the 

quenching mechanism is trap-limited, it is therefore a measure of the overall 

“strength” of quenching between fluorophores. Our results show that the quenching 

strength of BOD is 1.4 times greater than that of TR, which is in turn 1.8 times greater 

than that of NBD. The potential reasons for this relative strength is discussed in later 

sections. Our determined values for RC (RBOD = 2.57, RTR = 1.83, RNBD = 1.03 nm) 

corroborate values found in previous studies of NBD268 and BOD270 self-quenching 

(to the authors’ best knowledge, there have been no previous attempts to determine 

RC for TR), and show that this method for quantifying the strength of self-quenching 

in fluorophores is reliable and accurate. The ability to calculate the critical radius 

for trap formation for different fluorophores that have different chemistry and 
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different Förster radii, and obtain good fits, shows the utility of this experimental 

platform to assess photophysical differences for quite different systems.  

 

To show how quenching may change as a function of average separation, QE vs R 

plots were generated for each fluorophore (Figure 6.11d). As expected, BOD (blue) 

begins to quench at much smaller separations than TR (red) and NBD (green) and 

reaches a quenching efficiency of 50% at ~3 nm, compared to 50% efficiency at ~ 2 

nm for TR and ~1 nm for NBD. Within the plotted range (QE cannot be greater than 

1), the QE continues to increase at decreasing separations, though this is expected 

to saturate at QE = 1 for very low separations. As before, theoretical quenching 

curves were generated using the calculated Rc and the known Förster radius and 

overlaid upon the experimental data. These calculated curves match well with both 

the QE versus C (solid lines, Figure 6.11a) and QE versus R (solid lines, Figure 

6.11d) curves, with high fidelity to the data over the majority of C and R tested 

experimentally. A slight discrepancy is evident between the experimental data and 

theoretical curves at large separations (>5 nm), particularly for the BOD data, likely 

due to the fact that FRET simplification that PFRET ~ 1 is no longer valid when the 

fluorophores are separated by distances larger than a few nanometers.  Despite this, 

the clear correlation between experimental data and the theoretical relationship 

thought to represent self-quenching by the formation of non-fluorescent dimers 

(traps) and excitation migration throughout the membrane (transfer-to-trap) is 

very good evidence that this quenching mechanism does indeed occur for all three 

fluorophores. 

6.4 Section summary and discussion 

This chapter describes the use of electrophoresis to control the organization of 

charged fluorophores that are held within lipid membrane via their covalent 

bonding to lipids and the subsequent assessment of quenching that occurs as a 

function of the resultant fluorophore concentration. Direct Current electric fields 

were applied parallel to the long-axis of patterned lipid membranes containing 

either NBD, Texas Red (TR) or Bodipy (BOD) fluorophores, such that the 

fluorophores were displaced in the direction of the generated electromagnetic 

(Lorentz) force. Time-lapse FLIM measurements visualised the movement of 
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charged fluorophores and showing that all three fluorophores diffuse in response to 

the applied electric force, accumulating at the impenetrable edge of the membrane 

(shown by an increasing fluorescence intensity).  

 

The increase in fluorescence intensity observed was correlated to a decrease in the 

average fluorescence lifetime, suggesting that fluorescence is quenched by 

increasing the fluorophore concentration. FLIM images taken of lipid bilayers 

containing NBD, TR and BOD in equilibrium in an electric field show that all three 

fluorophores experience concentration quenching, manifested as a gradient from 

short to long lifetimes correlated to the gradient from high to low concentrations 

across the membrane. By varying the initial in-membrane concentration of 

fluorophores (using fluorophore-to-lipid mole/mole fractions from 0.28 % to 0.84 

% TR), we demonstrated the ability to modulate the maximum concentration of 

fluorophores reached during in-membrane electrophoresis from ~2 % to 7 % and 

therefore to control the maximum amount of quenching achieved from 31 % to 68 

%. Membrane disruption at the highest concentration of fluorophores, likely caused 

by high local curvatures of the membrane137, suggests that there is an experimental 

limit to the maximum fluorophore concentration (~10% mole/mole) that can be 

achieved in our patterned membranes. However, we note that other researchers 

were able to increase the fluorophore concentrate by up to 25-fold by using different 

membrane geometries or AC currents145, 148. It seems likely that the membrane 

disruption we observed could be overcome by changing the dimensions of the 

patterned template to provide more stability to highly curved membranes. 

 

The evidence suggests that the quenching observed, for all fluorophores, is a 

combination of the concentration-dependent formation of a non-fluorescent dimers 

which act as trap sites and energy migration through the membrane which depends 

on FRET to reach these sites. This conclusion was based upon the excellent fit of our 

experimental data to theoretical models which were based upon numerous previous 

mathematical models (e.g., Perrin quenching) and adapted for our purposes267, 268, 

270, 272, 289. We found that the overall quenching efficiency is generally limited by the 

fraction of traps occurring in the system rather than energy migration because 

energy migration between fluorophores is already extremely probable at the 

average separations required for trap formation.  



 
Chapter 6  209 

A careful analysis of FLIM data was used convert the fluorescence intensity to a 

relative concentration and maintain the correlation to fluorescence lifetime in each 

pixel. This allowed the determination of the “quenching efficiency” of fluorophores 

correlated to their concentration. For NBD, TR and BOD the quenching efficiency 

increased with concentration before asymptotically tending towards unity at high 

concentrations. Here, theoretical plots of transfer-to-trap quenching were in 

excellent agreement our experimental data suggesting that this is the correct 

molecular explanation for quenching here. The important implication here is that 

self-quenching depends upon “statistical pairs” (Perrin quenching) which do not 

require any long-lived interactions. In other words, chemical (e.g., covalent) or 

physical (e.g., aggregation) interactions are not required for concentration 

quenching, which may explain why such quenching behaviour appears to be a 

general phenomenon for most pigments.  

 

The critical radii for trap formation, representing the relative quenching strengths, 

were found to be RBOD = 2.57 ± 0.01, RTR = 1.83 ± 0.01, RNBD = 1.03 ± 0.01 nm. These 

are in close agreement to those found in previous investigations of NBD268 and BOD 

self-quenching270 and give us a high level of confidence in in-membrane 

electrophoresis as a platform to quantify concentration quenching in lipid 

membranes. The critical radius of TR has been determined for the first time, as this 

has not previously been characterised (to our knowledge). Therefore, BOD 

undergoes concentration-dependent quenching most strongly, followed by TR at an 

intermediate level, and then NBD at a lowest level. A useful outcome of this type of 

characterisation is the potential for specific selection of the fluorescence quenching 

behaviour depending on experimental requirements. For example, a fluorophore 

with negligible/weak quenching (like NBD) may be better suited for experiments to 

detect the relative quantities of material through fluorescence emission 

measurements. Alternatively, multiple studies use self-quenched fluorophores as an 

assay to test for a decrease in the concentration of molecules, whereby the 

fluorescence intensity quantitatively increases as quenching effect is relieved (e.g., 

measuring the stability of liposomes293), and using a more strongly quenching 

fluorophore (e.g. BOD) would provide the greatest sensitivity.  
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6.5 Concluding remarks and future outlook 

A particular advantage of in-membrane electrophoresis is the generation of a 

continuum of fluorophore concentrations, which avoids the need to prepare 

multiple samples at discrete concentrations, which could significantly increase the 

throughput of investigations into fluorescence quenching. Multiple studies using 

fluorescent probes may benefit from a standardised and streamlined platform to 

characterise the self-quenching of fluorophores, to aid in the interpretation of 

fluorescence measurements, e.g., to correct the fluorescence intensity measured to 

determine molecular concentration more accurately.145 In addition to self-

quenching, in-membrane electrophoresis could be also used to interrogate energy 

transfer between different types of fluorophores (i.e., typical donor-acceptor FRET), 

by maintaining one fluorophore at a fixed concentration (e.g., by surface tethering80, 

294) and by modulating the concentration of the other fluorophore (which should be 

charged or otherwise mobile). This platform could provide a method for the rapid 

screening of potential FRET pairs (similar to those investigated in Chapter 5) and 

for optimising the concentrations of donors/acceptors to maximise the energy 

transfer efficiency of light-harvesting nanomaterials. In-membrane electrophoresis 

has previously been applied in order to separate multiple species of fluorophores by 

their different electrophoretic properties147, 278, 280 and could be used to generate a 

system where energy transfer or electron generation could be selectively switched 

on/off by the respective mixing/unmixing of fluorophores or proteins.  

 

Future studies could also involve modifying the array pattern of the template, for 

example, in an attempt to generate more extreme fluorophore concentrations (e.g., 

corral area/ shape/ aspect ratio). Reconstituting membrane proteins into lipid 

membranes at higher concentrations (which might better-represent natural 

biological membranes) has so far proved difficult, however, in-membrane 

electrophoresis has already been applied to achieve drastic increases in membrane 

protein concentration, e.g., a 25-fold increase in the concentration of the integral 

membrane protein proteorhodopsin143, 148. Furthermore, studies have used 

electrophoresis “traps” that prevent the redistribution of fluorophores once the 

electric field is removed.144, 145 This approach, combined with lifetime or atomic 

force microscopy measurements, could provide a powerful platform in which to 
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study membrane proteins in close-to-native concentrations and within a lipid 

membrane environment that mimics natural lipid-protein interactions. Overall, our 

results in this chapter have demonstrated how in-membrane electrophoresis and 

FLIM can be used quantify the quenching behaviours of small-molecule organic 

fluorophores. In the final results chapter this method is applied to investigate the 

fluorescent quenching behaviour of Light Harvesting proteins, by using the hybrid 

membranes introduced in Chapter 4.  
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7 Using model membranes to investigate the self-

quenching and energy transfer processes 

between Light-Harvesting proteins 

7.1 Introduction  

High-intensity sunlight has been shown to cause several deleterious effects to the 

growth of plants, if left unchecked, often referred to as photoinhibition39, 40. 

Photosynthetic organisms have different strategies that attempt to prevent this, 

collectively termed “photoprotection”. This can be at the whole organism level or at 

the molecular level. The exact mechanism of non-photochemical quenching (NPQ) 

is still a contentious topic in the photosynthetic community. In the early 1990s 

Horton and co-workers proposed the aggregation model of quenching, in which 

changes to the local environment (pH or detergent removal) of purified LHCII 

complexes result in their aggregation and a transition from a fluorescent to a highly 

quenched state that resembles that spectroscopic signatures observed for NPQ in 

intact plants.295 It was proposed that protein aggregation results in an internal 

conformation change in the complex and the formation of a quenching interaction 

between chlorophyll and xanthophyll pigments (though the precise site of this 

interaction is still unknown). An important issue is whether the LHCII antenna 

clustering is a primary cause of the quenching or simply a thermodynamic 

consequence of the inner conformational change within each timer/monomer that 

creates the quencher. This is particularly confusing due to the discovery that the 

aggregation of LHCII is not always required for the formation of a quenched state. 

Previous studies have shown that fluorescence quenching can be induced in isolated 

LHCII trimers,54 and that individual trimers can undergo a phenomenon called 

fluorescence intermittency,67, 68 whereby the complex “blinks” between a 

fluorescence or a dissipative state likely as the result of two distinct conformational 

states. It therefore appears that switching between light-harvesting and 

photoprotective states is an intrinsic property of LHCII trimers, which in turn raises 

the following question: does LHCII aggregation cause or stabilise the dissipative 
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energy state or does the conformational change associated with photo-protection 

alter protein-protein interactions in the membrane?  

 

To address these questions, it would be useful to assess the effect of protein 

concentration/aggregation on fluorescence quenching. A small number of 

researchers have successfully used electric fields to direct the movement of 

membrane proteins in lipid bilayers, including a few studies on membrane-

associated proteins143, 144 and a single study on a transmembrane protein 

(proteorhodopsin)148 and it seems feasible that mobile photosynthetic proteins may 

also be susceptible to in-membrane electrophoresis. In Chapter 4, “hybrid 

membranes” were introduced as an experimental platform in which to assess the 

organisation and photophysics of photosynthetic proteins within a lipid bilayer. It 

was demonstrated that the proteins within hybrid membranes are able to diffuse 

within the membrane (~80% mobility) and are at a sufficiently low concentration 

that protein-protein interactions (that may cause quenching) were unlikely to be 

present. Increasing the protein concentration in hybrid membranes, in the same 

manner as was done for lipids in Chapter 6, may result in the quenching of 

chlorophyll fluorescence intensity and lifetime (as depicted in the schematic in 

Figure 7.1). Quantification of this fluorescence quenching over a range of protein 

concentrations (using FLIM) may allow for the delineation of the role of protein 

aggregation in NPQ and a deepened understanding of energy transfer and quenching 

traps in photosynthetic membranes. This chapter documents the experimental 

development of this platform and presents results from the in-membrane 

electrophoresis of photosynthetic proteins in a native-like lipid environment.  
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Figure 7.1: Proposed schematic for in-membrane electrophoresis of hybrid membranes (A) 

Schematic of a hybrid membrane in equillibirium in no electric field. Proteins are uniformly 

distributed throughout the membrane. (B) Proposed schematic of a hybrid membrane after 

being concentrated by an electric field, leading to quenching interactions between proteins.  

7.2 In membrane electrophoresis of hybrid membranes to 

investigate energy transfer and self-quenching 

7.2.1 Removing oxygen from the imaging buffer significantly 

reducing photobleaching during electrophoresis experiments 

First, to avoid any unwanted alterations to the fluorescence lifetime measured 

during FLIM measurements (described in section 5.2.7) and avoid uncertainty in 

calculations of the protein concentration, it was important to ensure that any 

photodamage to proteins within the hybrid membranes was minimized. In 

photosynthetic systems, the majority of photodamage that occurs is believed to be 

caused by direct damage to the chlorophyll molecules by singlet oxygen and 

previous studies have used O2-scavenging enzymes to remove the small amount of 

molecular oxygen which is typically dissolved in aqueous buffers from the protein’s 

local environment to reduce the likelihood of photodamage.56, 80 For in-membrane 

electrophoresis, this approach was deemed to be unpractical, due to the large 

volumes of buffer that are required per experiment and the prohibitive cost and 

preparation required for large quantities of such enzymes. Instead, oxygen was 

removed from the buffer by a freeze-evacuate-thaw process that has been shown to 

be effective at eliminating oxygen,296 in which the buffer is flash frozen by 

immersion in liquid nitrogen and then thawed under vacuum at room temperature.  
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Photobleaching timelapse measurements were obtained of hybrid membranes 

(formed as described in methods section 3.3.6 and section 4.3.1) that had been 

washed into buffer that either had, or had not, been “degassed”. To monitor the 

extent of photobleaching as a function of FLIM exposure, samples were imaged via 

FLIM for a prolonged acquisition (250 frames) and then the acquisition was digitally 

separated into images consisting of 25 frames each (Figure 7.2a-b). It is observed 

that the amount of photobleaching is significantly reduced when the hybrid 

membrane are washed into degassed buffer. Figure 7.2a shows FLIM images of a 

hybrid membrane in standard buffer (not degassed), where the Chl fluorescence 

intensity can be seen to steadily decrease with each FLIM image (25 frames). In 

contrast, the series of images in Figure 7.2b shows that the Chl intensity remains 

approximately constant when the hybrid membrane was prepared with a buffer that 

had been degassed. The number of counts per corral was measured for each image 

and plotted, shown in Figure 7.2c, and fit to a mono-exponential decay function. 

After 100 frames of acquisition, the sample washed into not-degassed buffer is 

photobleached to 71% of its initial intensity, compared to 96% of the initial intensity 

for the sample washed into degassed buffer (for the full 400 frames, the intensity 

decreases to 35% and 80%, respectively). Our results show that a combination of 

degassing the buffer and limiting the exposure time of each area to less than 100 

frames is sufficient to limit the amount of photobleaching to acceptable levels (<5 % 

photodamage). With these measures we are able to ensure that the “active” protein 

concentration remains approximately consistent over the duration of each 

measurement, so that it is possible to correlate the concentration of proteins to their 

photophysical properties. All subsequent measurements in this chapter were 

obtained with samples in degassed buffers to minimise any photodamage and 

changes to the active protein concentration.  
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Figure 7.2: FLIM timelapse images of hybrid membranes imaged in buffer that had or had 

not been degassed. Removal of the oxygen results in significantly less protein photodamage. 

In both cases, the buffer was comprised of 50 mM KH2PO4, 10 mM NaCl, 2 mM MgCl2, 330 

mM sorbitol (pH 7.5) and the only difference was that the buffer used for (B) had gone 

through the freeze-vacuum-thaw process described in the text. (A) FLIM timelapse of a 

hybrid membranes imaged in buffer that had not been degassed. Each image shows photons 

detected in a group of 25 frames. (B) FLIM timelapse of hybrid membranes imaged in buffer 

that had been degassed. (C) Measured corral intensity versus frame number for hybrid 

membranes either in buffer that has not or has been degassed (red and black, respectively). 

Solid lines are a  simple monoexponential decay function fitted to guide the eye.   

 

7.2.2 Increasing the ratio of thylakoids to synthetic lipids 

increases the concentration of proteins in hybrid membranes 

In Chapter 6, it was observed that a higher starting concentration of lipid-tagged 

fluorophores within lipid bilayers results in a higher maximum concentration of 

fluorophores accumulating at the end of the membrane by electrophoresis. 

Therefore, to test if it is possible to increase the initial concentration of proteins 

within the hybrid membrane during the self-assembly process, which would allow 

more control over the concentration range accessible with in-membrane 

electrophoresis, hybrid membranes were formed as described in sections 3.3.6 and 

4.3.1, but briefly described here. Specifically, 100 × 100 µm Diyne-PC templates 

were incubated with an aqueous suspension of extracted thylakoids and synthetic 

lipid vesicles (DOPC) and the sample was washed with clean buffer solution. To 

modulate the protein concentration, the ratio of extracted thylakoids and DOPC 

vesicles incubated with the template was varied in a range from 1:3 to 5:3 
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(chlorophyll:DOPC in weight:weight) by keeping a standard concentration of 

liposomes and altering the quantity of thylakoids. In the subsequent figures, 

samples are referred to by the ratio of the components used in the self-assembly 

process, though this may not necessarily represent the final concentration of 

proteins/lipids in the membrane. In later stages, the concentration of proteins in 

each membrane is estimated and the sample notation is updated accordingly.  

 

To compare the resulting composition of different types of hybrid membranes, FLIM 

was used to image hybrid membranes formed from the Chl:DOPC ratios described 

above. The FLIM microscope was optimised for the detection of chlorophyll (Chl) 

fluorescence (excitation: 640 nm laser, emission: 672 – 696 nm filter) at maximal 

temporal resolution and the imaging parameters were kept consistent between 

samples so that changes to the fluorescence intensity/lifetime can be assessed 

quantitatively and to allow for accurate analysis of concentration and quenching. 

FLIM images for 1:3, 2:3 and 3:3 (Chl:DOPC) hybrid membranes are show in Figure 

7.3a, b and c respectively. Hybrid membranes did not form when using Chl:DOPC 

ratios higher than 3:3 (i.e., these had inhomogeneous intensity and no lateral 

mobility).  

 

FLIM images of 1:3, 2:3 and 3:3 (Chl:DOPC) hybrid membranes show a mostly 

homogeneous fluorescence intensity that is largely restricted to the corral region 

(empty box generated by the Diyne-PC mesh) with far fewer fluorescent patches 

found on the peripheral template. The Chl fluorescence in the corral region has a 

long (~3 to 4 ns) lifetime, represented by orange/red pixels in the FLIM false colour 

scale, and there are very few pixels with a long fluorescence lifetime on the 

surrounding template. In all three samples, there are significant numbers of 

globular, blue (short lifetime) particles that occur non-specifically across both the 

corral and the template regions of the sample, which appear to represent thylakoid 

membranes that are loosely adsorbed to the sample (as first identified in Section 

4.3.2). These adsorbed thylakoid membranes appear to be more numerous in hybrid 

membranes that are formed at a higher Chl:DOPC ratio, and it makes logical sense 

that a higher concentration of thylakoid membranes in solution results in a larger 

number of adsorbed membranes.   
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Figure 7.3: Hybrid membranes formed from different ratios of thylakoid extracts to DOPC 

liposomes (weight Chl to weight lipid). FLIM images of one example corral of hybrid 

membranes formed by incubating a (A) a 1:3 Chl:DOPC solution, (B) a 2:3 Chl:DOPC solution 

and (C) a 3:3 Chl:DOPC solution on polyermised lipid templates. Each solution was diluted 

to give a final concentration of 0.64 mM DOPC and then incubated with the substrate for 30 

minutes before copiously washing it with buffer. 0.64 mM DOPC is approximately 

equivalent to 0.155 mg Chl/mL. (D) Fluorescence decay curves obtained from the 

membrane region of (a), (b) and (c). Light to dark green represents hybrid membranes 

formed from increasing ratios of Chl:DOPC.  
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Further washing these samples with buffer did not result in the further removal of 

adsorbed membranes, therefore, these objects were digitally removed (i.e. 

deselected from areas of analysis) for all subsequent comparisons of fluorescence 

intensity and lifetime so as not to skew the analysis of the underlying membranes. 

The fluorescence emission and lifetime of orange/red fluorescence inside the 

template region differs between the three different samples. Specifically, the 

average detected fluorescence intensity increases from ~17 to 25 counts/pix as the 

Chl:DOPC was increased from 1:3 to 2:3, and decreases to ~22 counts/pix for the 

hybrid membrane formed from a ratio of 3:3 Chl:DOPC. The initial increase in 

intensity may suggest a higher protein concentration in the 2:3 membrane 

compared to the 1:3 membrane. Correlated to the changes in fluorescence intensity, 

the fluorescence lifetime is decreased in membranes formed from higher ratios of 

Chl:DOPC relative to the fluorescence lifetime of a hybrid membrane formed from 

1:3 Chl:DOPC. Fluorescence decay curves accumulated from photons detected in the 

template regions (excluding blue particles) are shown in Figure 7.3d and 

amplitude-weighted fluorescence lifetimes, <τratio>, were obtained for each sample 

by fitting an exponential decay to each decay curve. It was found that <τratio> 

decreased from <τ1:3> = 3.67 ± 0.02 ns to <τ2:3> = 3.42 ± 0.01 ns to <τ3:3> = 2.46 ± 

0.02 ns as the ratio of Chl:DOPC was increased. A shortened fluorescence lifetime is 

a common manifestation of protein-protein interactions that may occur in 

photosynthetic membranes, and suggests the presence of an increased number of 

protein-protein interactions and higher protein concentrations in hybrid 

membranes assembled from a higher Chl:DOPC ratio.  

 

The concentration of proteins in each hybrid membrane was estimated as described 

below (using the method described in full in section 4.3.3). The fluorescence 

intensity which represents a single LHCII complex was estimated in a multi-step 

process (stage 1) and then this was used to assess the fluorescence intensity of 

corrals of hybrid membranes that contain an unknown quantity of LHCII (stage 2). 

In stage 1, the fluorescence intensity which represents one LHCII was estimated 

using a control sample of LHCII proteoliposomes using the same FLIM settings as 

those for electrophoresis measurements of hybrid membranes. To do this, the 

number of LHCII per proteoliposome was estimated based on particle size 

measurements and known protein and lipid packing constraints (Table 7.1). Then, 
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using FLIM, the fluorescence intensity of these proteoliposomes (0.17 counts per 

liposome per frame) and their average fluorescence lifetime (1.88 ns) was 

measured. This FLIM data combined with the estimates for number of LHCII per 

proteoliposome allowed the number of fluorescence counts for a single LHCII to be 

estimated, for which a best-estimate and lower and upper estimate, to account for 

the uncertainty, was calculated (Table 7.2). In stage 2, these best, lower and upper 

estimates for fluorescence per LHCII were used as inputs into the final analysis of 

new hybrid membranes prepared with the range of Chl:DOPC, to calculate the 

number of LHCII per corral for each sample (Table 7.3). For hybrid membranes 

assembled from a ratio of 1:3, 2:3 and 3:3 Chl:DOPC, our best estimate for the 

number of trimers per corral is 1.06 ×106, 1.93 ×106, and 2.33 ×106 trimers/corral, 

respectively, corresponding to 0.53 %, 0.97 % and 1.23% of the membrane area 

being occupied by photosynthetic proteins. The result of these calculations show 

that the compositions of hybrid membranes can be directly modulated by adjusting 

the ratio of Chl to DOPC used in the self-assembly process. Through this modulation, 

it may be possible to exert some level of control over the amount of quenching that 

occurs when proteins are concentrated using in-membrane electrophoresis. 
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Scenario 
D 

 (nm) 
L/P 

(mol/mol) 
Avesicle 

(nm2) 
Alipid 

(nm2) 
ALHCII 

(nm2) 

  
n (LHCII 

/vesicle) 

best estimate 130 2916 53093 0.67 50.3 51.7 

min. estimate 127 2916 43005 0.65 38.5 49.4 

max. estimate 143 2916 64242 0.70 78.5 60.7 

Table 7.1: Calculations for the number of LHCII proteins found on average per 
proteoliposome (which has 0.36 μM LHCII and 1 mM thylakoid lipids), given the estimated 
dimensions for the protein, lipids and the vesicle.  

D, average diameter measured via dynamic light scatterting measurements (DLS), 130 nm 
is the average but given the accuracy of DLS the low and high values shown represent 
reasonable low and high estimates (± 10 %);  

L/P, the average lipid-to-LHCII trimer ratio, as determinated from ensemble absorption 
spectroscopy measurements and spectral decomposition analysis using published 
methodology98; 

Avesicle, calculated from 4𝜋𝑟ଶ (where, r= D/2); 

Alipid, published value for DOPC headgroup area. Given the uncertainty values of 0.65 and 
0.70 were used the low and high estimates; 

ALHCII, estimation of the membrane area occupied by one LHCII, from the consideration of 
space-filling models of published protein structures and then approximation of LHCII as a 
circular area (𝜋𝑟ଶ) where r = 3.5, 4.0 or 5.0 for the low, medium and high estimates (range 
due to uncertain protein packing); 

Area per vesicle approximates to the following equation (note, the factor 0.5 is due to 2 
lipids one from each two monolayer togethe to form one bilayer and thus occuping an area 
of Alipid): 

 𝐴௩௦ = 𝑛[𝐴ுூூ + 0.5(𝐿 𝑃⁄ )𝐴ௗ] Eq. 7.1 

This expression was solved to calculate n using the values for L/P, Avesicle, Alipid and ALHCII. 

The minimum, maximum and best estimates are made using the different possible values 
shown for each term, as shown. 
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Est.  
NLHCII per 

vesicle Fvesicle  𝛕𝐯𝐞𝐬𝐢𝐜𝐥𝐞  FLHCII  

 (#) 
(cnts/ 
frame) (ns) 

(cnts 
/frame) 

best 51.7 0.17 1.88 0.0067 
min. 43.6 0.17 1.88 0.0083 
max. 60.7 0.17 1.88 0.0057 

Table 7.2: Calculations for the non-quenched intensity of an LHCII trimer.  

These use the average fluorescence counts measured by FLIM for an LHCII proteoliposome 

and converts to counts per LHCII protein, given the measured number of proteins within a 

typical proteoliposome (from Table 7.1-7.2). Consistent acquisition parameters were used 

to record FLIM images of both LHCII proteoliposomes and hybrid membranes. 

NLHCII/vesicle, estimated number of LHCII-equivalents per proteoliposome (n from Table 7.1). 

This range from the minimum to the maximum considering our combined uncertainties; 

Fvesicle, estimated fluorescence intensity measured per proteoliposome per frame in FLIM 

measurements.  

𝛕𝐯𝐞𝐬𝐢𝐜𝐥𝐞, the measured mean fluorescence lifetime of a typical LHCII proteoliposme (mean of 

N=100 measured particles); 

𝐅𝐋𝐇𝐂𝐈𝐈, the FLIM counts expected per LHCII trimer per frame calculated for each possible 

NLHCII/vesicle, as follows. LHCII within proteoliposomes is known to self-quench, shortening 

the fluorescence lifetime due to the self-association of neighbouring LHCII.56 The measured 

τ୴ୣୱ୧ୡ୪ୣ of proteoliposomes of 1.88 ns (SD = 0.015 ns) implies significant quenching relative 

to isolated LHCII in detergent (τୈୈ ≈ 4ns), so to crudely take this into account the intensity 

is multiplied by the ratio of the lifetimes (4/1.88). Thus, the intensity of the proteins in the 

unquenched state is estimated as:  

 
𝐅𝐋𝐇𝐂𝐈𝐈 =  

𝐅𝐯𝐞𝐬𝐢𝐜𝐥𝐞 

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

× ൬
τୈୈ

τ୴ୣୱ୧ୡ୪ୣ
൰ =

0.17

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

× ൬
4

1.88
൰ =

0.36

𝐍
ቀ

𝐋𝐇𝐂𝐈𝐈
𝐯𝐞𝐬𝐢𝐜𝐥𝐞

ቁ

 
Eq. 7.2 
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Sample 
Est.  

FLHCII 

 
Fcorral 

 
𝛕𝐜𝐨𝐫𝐫𝐚𝐥 

 F0corral  

NLHCII per   
corral A%  

 
 

(cnts 
/frame) 

(cnts 
/frame) (ns) 

(cnts 
/frame) (# ×106) (%) 

 best 0.0067 6200 3.67 7200 1.01 0.51 
1:3 Chl:DOPC min. 0.0083 6200 3.67 7200 0.97 0.37 

 max. 0.0057 6200 3.67 7200 1.19 0.93 
 best 0.0067 10600 3.42 13000 1.86 0.95 

2:3 Chl:DOPC min. 0.0083 10600 3.42 13000 1.78 0.68 
 max. 0.0057 10600 3.42 13000 2.18 1.71 
 best 0.0067 9600 2.46 16000 2.33 1.18 

3:3 Chl:DOPC min. 0.0083 9600 2.46 16000 2.24 0.86 
 max. 0.0057 9600 2.46 16000 2.75 2.16 

Table 7.3: Calculations for the number of proteins per corral, in terms of “LHCII-

equivalents” for either 1:3, 2:3 or 3:3 hybrid membranes.  

𝐅𝐋𝐇𝐂𝐈𝐈, the FLIM counts expected per LHCII trimer per frame (calculated in Table 7.2) which 

produce either our minimal, maximal, or “best” estimate. 

Fcorral, average fluorescence intensity measured in FLIM of hybrid membranes, as total 

counts within one corral per frame. This value is found from careful analysis of the corrals 

from many images of hybrid membranes similar to those shown in Figure 7.3 (N = 4 

corrals) 

τcorral, fitted fluorescence lifetime measured in FLIM of hybrid membranes. This value is 

found from careful analysis of the corrals from many images of hybrid membranes similar 

to those shown in Figure 7.3 (N = 4 corrals) 

F0corral, the calculated “non-quenched” fluorescence intensity, as total counts per corral per 

frame. This is calculated from:  

 
𝐹0 = 𝐹 ×

𝜏

𝜏
 

Eq. 7.3 

NLHCII/corral is the estimated number of LHCII trimers per corral, N = Fcorral / FLHCII; 

Aprotein(%), estimated surface area fraction of the corral occupied by LHC and PS proteins:  

 
𝐴௧(%) =

𝑁ுூூ

𝐴
× 𝐴ுூூ(𝑛𝑚ଶ) 

Eq. 7.4 

ALHCII is the area occupied by a single trimeric LHCII protein complex, as estimated in Table 

7.1; 

Acorral is the area of a single corral (10,000 µm2 = 1010 nm2) 
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7.2.3 Calculating the mobility of proteins within hybrid 

membranes 

Next, to confirm if photosynthetic proteins are mobile and able to be moved by the 

electric field, the mobility of proteins was assessed within hybrid membranes 

formed from the different ratios of Chl:DOPC described in previous sections. FRAP 

measurements were performed by deliberately photobleaching a circular region 

within one corral for each sample, and then monitoring the fluorescence recovery 

via a time-lapse series of FLIM images. To calculate the mobile fraction of the 

membrane, images taken immediately before bleaching and a long period after 

bleaching were compared (the same analysis method as in Section 4.3.4). If the 

mobile fraction of proteins is 100%, one expects the intensity of these two areas to 

tend towards the same value after a sufficiently long time after photobleaching. 

FRAP experiments show a high mobile fraction (typically ~80%) for all three 

membranes (1:3, 2:3 and 3:3 Chl:DOPC), as seen in the before versus after images 

(Figure 7.4a,b,c) where the fluorescence intensity appears to almost fully recover 

in the bleached area versus the non-bleached area. Note that, in examples where 

adsorbed thylakoids (blue globular particles) are located inside the bleached area, 

the intensity of these particles does not recover, demonstrating that these objects 

are not physically connected to the hybrid membrane. The calculated values for the 

mobile fraction are shown in Table 7.4, showing that the mobile fraction is similar 

for all three samples, but decreases slightly (from 83.3 % to 79.5 % as the ratio of 

Chl:DOPC for hybrid membrane self-assembly is increased from 1:3 to 3:3. 
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Figure 7.4: Fluorescence recovery after photobleaching (FRAP) experiments showing the 

mobility of proteins in patterened hybrid membranes containing different concentrations 

of protein. (A) FLIM images of hybrid membranes containing ~0.5% (of the total area) PS 

proteins acquired before photobleaching the white, circular region (left) versus at least 15 

minutes after the initial bleach (right). (B) FLIM images of hybrid membranes containing 

~1.0% PS proteins aquired before photobleaching versus after fluorescence recovery 

(right). (C) FLIM images of hybrid membranes containing ~1.2% PS proteins aquired before 

photobleaching versus after fluorescence recovery (right). (D) (E) (F) Timelapse FLIM 

series showing the fluorescence recovery of the bleached region in (a), (b) and (c), 

respectively. In (d), (e) and (f) each image represents all photons detected in a 16 s interval. 

Each timepoint represents the fluorescence measured in a 5-frame (16 s) interval, this 

interval was sufficient to obtain a measurable fluorescence signal (~5 counts/pix) whilst 

still ensuring reasonable temporal resolution to monitor the fluorescence recovery (G) 

Fluorescence recovery curves obtained from (d) (light green), (e) (medium green) and (f) 

(dark green). A mono-exponential fit, F = F0(1‐e‐kt), was used to obtain the “doubling time”, 

τ = ln(2)/k, for each sample, from which the diffusion constant, D = 0.22×Rbleach2/τ, is 

calculated. 
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To determine the diffusion constant and protein mobility, a series of time-lapse 

FLIM images were obtained of the hybrid membrane immediately after 

photobleaching and the intensity of the bleached area was plotted as a function of 

time (Figure 7.4d, e and f for 1:3, 2:3 and 3:3 Chl:DOPC, respectively). Fluorescence 

recovery curves (Figure 7.4g) obtained from timelapse FLIM images show that all 

three membranes have an approximately similar rate of fluorescence recovery, but 

that the rate of recovery is slightly reduced for hybrid membranes containing a 

higher concentration of protein. The diffusion constant was calculated for each 

membrane is shown in Table 7.4 and this data suggests that hybrid membranes 

containing a higher concentration of proteins may contain some nanoscale protein 

aggregates that diffuse throughout the membrane at a slower rate than individual 

protein trimers (generally, particle mobility is inversely proportional to the particle 

radius297). The possibility of these nano-aggregates is consistent with the shorter 

lifetime of higher concentration membranes observed in the previous section, and 

overall suggests that some form of protein-protein interactions occur in the 

membrane even at relatively low concentrations (~1 % protein area). Our FRAP 

results demonstrate that hybrid membranes formed from a variety of Chl:DOPC 

ratios contain mobile proteins and that samples prepared in this manner are 

suitable targets for in-membrane electrophoresis.   

 

Sample 
description 

Membrane 
conc. 

(area %) 

Half recovery 
time 

(s) 

Diffusion 
constant 
(µm/s2) 

Mobile 
fraction  

(% ) 

1:3 Chl:DOPC ~0.5  96.6 ± 9.8 1.56 ± 0.25 83.3 ± 5.3 
2:3 Chl:DOPC ~1.0 125.6 ± 15.0 1.03 ± 0.12 82.9 ± 4.5 
3:3 Chl:DOPC ~1.2 134.6 ± 6.4 0.97 ± 0.09 79.5 ± 8.3 

Table 7.4: Summary of results from FRAP experiments on hybrid membranes assembled 

from different ratios of Chl:DOPC. Values with uncertainties represent the mean ± standard 

deviation from n=3 measurements.  
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7.2.4 Applying an E-field parallel to the membrane causes a 

reduction in the fluorescence intensity and lifetime, which 

indicates concentration quenching 

To assess the electrophoretic effect and the resulting reorganisation of proteins in 

the membrane, time-lapse FLIM images were taken of hybrid membranes following 

the initial application of an electric field parallel to the plane of the membrane. A 

long FLIM acquisition (500 frames, 1600 s) was collected immediately after the 

electric field was switched on, and then digitally separated into individual images to 

monitor the emission and lifetime of the proteins as they were concentrated by the 

electric field. Each timepoint represents the photons collected over a 25 frame (80 

s) interval, deemed to be the minimum period of time required to achieve a 

measurable number of counts and reasonable temporal resolution. Figure 7.5a 

shows a timelapse series for 3:3 Chl:DOPC hybrid membranes (~1.2 % protein 

concentration) acquired immediately after the application of a 45 V/cm electric 

field. Initially (t = 0 – 80 s) the fluorescence intensity and lifetime appear largely 

homogeneous across the square membrane area, and there is no discernible 

quenching effect that occurs within the first timepoint. This suggests that there is no 

instantaneous change or undesirable protein damage due to the E-field. In later 

timepoints, there is a decrease in fluorescence intensity correlated to a shortening 

of the fluorescence lifetime, a red-to-blue shift in the false colour scale, at the left 

side of the patterned membrane (closest to the positive electrode). Average 

intensity profiles (Figure 7.5b) drawn across the membrane area show that the 

fluorescence intensity decreased by ~3-fold at the left side of the membrane by t = 

480-560 s as compared to t = 0 – 80 s. Correlated to the decrease in fluorescence 

intensity, the fluorescence lifetime also appears to decrease from ~4 ns to ~2 ns at 

the left edge of the membrane at later points in the timelapse (black to red curves 

represent increasing timepoints) suggesting fluorescent quenching. However, the 

low number of counts/pix in timelapse FLIM images of hybrid membranes results 

in a large uncertainty in the measured intensity and lifetime, indicated by large 

amounts of noise in profiles in Figure7.5b-c, and more rigorous analysis was 

reserved for data with a greater signal to noise ratio.   
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Figure 7.5: Timelapse analysis of in-membrane electrophoresis for a membrane containing 

~1.2 % proteins (by area) with intensity and lifetime profiles showing the evolution of the 

membrane over time. (A) Timelapse series of FLIM images showing changes to the intensity 

and lifetime of Chl fluorescence of hybrid membranes immediately following the application 

of a 45 V/cm electric field. Each time point represents all photons accumulated in a 25 frame 

(80 s) period. (B) Average intensity profiles obtained from the white, dashed rectangle for 

each timepoint in (a). Black to red line represent later time points. (C) Average fluorescence 

lifetime profiles obtained from the white, dashed rectangle for each timepoint in (a). Colour 

scheme as in (b).  

 
To better compare the result of electrophoresis for photosynthetic proteins, higher 

quality average intensity and lifetime profiles were obtained from FLIM images 

taken before electrophoresis and after the system had been allowed to reach 

equilibrium the in the E-field. These “steady-state” images did not require the 

acquisition of many images as for a timelapse series, and therefore each could be 

acquired for a longer period of time to increase the data quality (100 frames, 320 

seconds). Figure 7.6a and b show representative images for 3:3 Chl:DOPC hybrid 

membranes (~1.2% protein concentration). The fluorescence intensity prior to 

electrophoresis (blue profile, Figure 7.6c) is similar across the entire width of the 

corral (~19 counts/pix), as would be expected for a homogeneous concentration of 

fluorophores that are randomly diffusing throughout the membrane. 
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In contrast, after electrophoresis (red profile, Figure 7.6c) the fluorescence 

intensity decreases from ~18 counts/pix at the right hand side of the membrane to 

~7 counts at the left edge closest to the cathode. This is surprising when compared 

to intensity profiles obtained from electrophoresis of lipid-tagged fluorophores 

(section 6.2.2) where the fluorescence intensity generally increases as fluorophores 

accumulate at the edge of the membrane. On its own the intensity profile may be 

interpreted in one of two ways: either (i) the protein concentration has decreased 

at the left edge of the membrane because proteins are somehow dislodged/stripped 

from the membrane during electrophoresis, or (ii) the quenching strength of PS 

proteins is significantly stronger than that of lipid-tagged fluorophores and that, 

even at low concentrations (~1 %), photosynthetic proteins may quench each other 

so strongly that increasing the local protein concentration has a net negative effect 

on the fluorescence intensity.  

 

An increased protein concentration would result in a greater likelihood of protein-

protein interactions (which are known to cause fluorescent quenching39) and 

manifest as a decreased fluorescence lifetime and intensity. Therefore, to determine 

whether the reduced fluorescence intensity was caused by quenching interactions 

between proteins, the fluorescence intensity was considered in tandem with 

changes to the fluorescence lifetime that occur during in-membrane 

electrophoresis. FLIM images of the hybrid membrane during electrophoresis 

(Figure 7.6b) show that the decreased fluorescence intensity is correlated to a 

shortened fluorescence lifetime, as shown by a red-to-blue lifetime shift from right-

to-left across the membrane. The average lifetime profiles (obtained from the red 

dashed region in Figure 7.6b) shows that the Chl fluorescence lifetime decreases 

from ~4 ns at x = 80 µm to ~1.5 ns at x = 0 µm (red line, Figure 7.6d), representing 

a distribution of non-quenched and heavily quenched Chl excited states across the 

membrane. The author acknowledges that the low number of counts (~ 8 

counts/pix) at the left edge of the membrane results in a greater amount of noise in 

the fluorescent lifetime profile, and the noise in the lifetime profile increases 

between x = 80 µm to 0 µm. Despite this, the overall trend is clear and the decrease 

in fluorescent lifetime is strongly correlated to the decrease in fluorescent intensity. 

Our results suggest that proteins have migrated towards, and accumulated at, the 

left edge of the corral closest to the positive electrode and undergo significant 



 
Chapter 7  230 

fluorescence quenching due to an increased protein concentration. Most 

significantly, this result represents the first use of in-membrane electrophoresis to 

control the organisation and function of photosynthetic proteins within a native-like 

lipid membrane. This proof of concept is the first step towards a full characterisation 

of quenching between photosynthetic proteins and a comprehensive interrogation 

of the role of protein concentration in photoprotection processes.  

 

 

Figure 7.6: FLIM images comparing a hybrid membrane containing ~1.2 % photosynthetic 

proteins in equilibrium with and without an applied E-field. (A) FLIM image of a hybrid 

membrane prior to electrophoresis (0 V/cm equillibirum). (B) FLIM image of hybrid 

membrane during the application of a 45 V/cm electric field, after the sample had been left 

for at least an hour to equillibriate. In both (a) and (b) bright blue particles are digitally 

excluded (deselected) from the region of interest when measuring intensity/lifetime 

profiles. (C) Average intensity profiles measured in the blue, dashed region in (a) (blue line) 

and the red, dashed region in (b) (red line). (D) Average lifetime profiles measured in the 

blue, dashed region in (a) (blue line) and the red, dashed region in (b) (red line).  
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7.2.5 Hybrid membranes with a higher initial concentration are 

quenched more significantly during in-membrane electrophoresis 

It is hypothesised that increasing the starting concentration of proteins within the 

membrane will increase the maximum concentration, and therefore maximum 

amount of quenching, achieved during in-membrane electrophoresis (as observed 

in membranes containing lipid-tagged fluorophores in section 6.2.4). Therefore, to 

describe the quenching behaviour of photosynthetic proteins over a large range of 

concentrations, in-membrane electrophoresis experiments were performed on 

hybrid membranes generated from different Chl:DOPC ratios and estimated to have 

a protein concentration of ~0.5, 1.0 and 1.2 % of overall membrane area (1:3 to 3:3 

Chl:DOPC ratio).  

 

Figure 7.7a shows the result of in-membrane electrophoresis on a membrane 

containing ~0.5 % proteins. Prior to electrophoresis, the fluorescence intensity and 

lifetime is homogeneous throughout the membrane, as previously described. At the 

45 V/cm equilibrium both the fluorescence intensity and lifetime can be seen to be 

quenched at the left side of the membrane, likely as a result of protein-protein 

interactions that occur when the proteins accumulate at the edge of the membrane 

closest to the cathode. This effect is also observed for membranes containing ~1.0 

% and ~1.2 % proteins, however, the reduction in fluorescence intensity and 

lifetime is more significant for membranes with a higher initial protein 

concentration. For example, the fluorescence lifetimes during electrophoresis are 

significantly shorter/bluer for membranes containing ~1.2 % proteins (Figure 

7.7c) than for membranes containing ~1.0 % (Figure 7.7b) and ~0.5 % proteins 

(Figure 7.7a). Average intensity and lifetime profiles for each membrane are shown 

in Figure 7.7d and 7.7e, respectively, to highlight this effect more clearly. In 

particular, the minimum fluorescence lifetime (at x = 0 µm) was found to decrease 

from ~4 ns to ~2 ns to ~1 ns for membranes containing ~0.5, 1.0 and 1.2 % proteins, 

respectively, suggesting that greater amounts of quenching are achieved in 

membranes containing a greater initial concentration of proteins.   
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Figure 7.7: FLIM images of hybrid membranes containing ~0.5 %, ~1.0 % and ~1.5 % 

proteins comparing the amount of quenching that occurs during in-membrane 

electrophoresis. (A) FLIM images of hybrid membranes containing ~0.5% proteins before 

electrophoresis versus during 45 V/cm equillibirum. (B) FLIM images of hybrid membranes 

containing ~1.0% proteins before electrophoresis versus during 45 V/cm equillibirum. (C) 

FLIM images of hybrid membranes containing ~1.2% proteins before electrophoresis 

versus during 45 V/cm equillibirum. All FLIM images are on the same intensity and lifetime 

scale to allow for a qualitative comparison of the amount of quenching. (D) Average 

intensity profiles obtained for hybrid membranes containing an initial concentration of 

~0.5 % (light green), 1.0 % (medium green) and 1.2 % (dark green) proteins obtained from 

the FLIM images during 45 V/cm equillibirum in (a) (b) and (c), respectively. (E) Average 

lifetime profiles obtained for hybrid membranes containing an initial concentration of ~0.5 

% (light green), 1.0 % (medium green) and 1.2 % (dark green) proteins obtained from the 

FLIM images during 45 V/cm equillibirum in (a) (b) and (c), respectively. (F) Fluorescence 

decay curves obtained from accumulating all photons in the coloured, dashed regions in (a), 

(b) and (c). Dashed lines show raw fluorescence decay curves, whereas solid lines show the 

result of mono/bi-exponential fits to calculate the amplitude weighted lifetime.  
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To more accurately quantify the amount of quenching in each scenario, fluorescence 

decay curves were measured at the edge of each membrane by accumulating all the 

photons in the green, dashed regions in Figure 7.7a, b and c. Figure 7.7f shows the 

decay curves and fits for membranes containing ~0.5 % (bright green), ~1 % 

(medium green) and ~1.2 % (dark green) proteins; the fitted fluorescence lifetime 

at the end of the trap was calculated to be 2.83 ± 0.03 ns, 1.47 ± 0.14 ns and 0.96 ± 

0.02 ns, respectively. As before, the maximum quenching efficiency, 𝑄𝐸 = 1 −

 
ఛ

ఛబ
, was calculated for each type of membrane, where τ0 = 4ns for LHCII in detergent. 

Membranes containing ~0.5 % proteins are quenched to a maximum efficiency of 

29%, as compared to 63 % and 76 % QE for membranes containing ~1.0 % and ~1.2 

% proteins, respectively, showing that it is possible to modulate the quenching effect 

by changing the starting composition of the hybrid membranes. This has the 

potential to be a powerful, yet simple, method to interrogate a wide range of 

quenching behaviours in photosynthetic membranes. 

7.2.6 After electrophoresis the fluorescence lifetime is reduced 

suggesting the formation of aggregates 

Finally, we wished to assess the organisation of the membrane following the 

removal of the electric field, and subsequent relaxation of protein-protein 

interactions. Monitoring the dissociation of possible protein aggregates (i.e. clusters 

of several proteins), when all other forces are removed, provides an indirect method 

to investigate the forces between proteins in a membrane environment and may 

provide insight to membrane reorganization that occurs within native thylakoids. 

To monitor the membrane relaxation, a series of FLIM images was obtained of the 

hybrid membrane immediately after the electric field was switched off. Due to 

relatively low fluorescence signal, FLIM images were obtained by accumulating 25 

frames into a single timepoint. The result is a timelapse series with relatively poor 

temporal resolution, however it is still sufficient to observe the redistribution of 

fluorescence intensity throughout the corral. Figure 7.8a shows the “relaxation” 

FLIM timelapse for a hybrid membrane containing ~1.2 % photosynthetic proteins. 

At the start of the timelapse there is an asymmetrical distribution of fluorescence 

intensity and lifetime due to the accumulation and self-quenching of photosynthetic 

proteins at the left edge of the membrane.  
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Figure 7.8: Timelapse FLIM series of the relaxation of a hybrid membrane containing 1.2 % 

proteins after removal of the electric field. (A) Timelapse series of FLIM images of the hybrid 

membrane taken immediately after the electric field is switched off. Each image represents 

photons accumulated in a 50-frame interval (160 seconds) (B) Average intensity profiles 

obtained from the dashed box region in (a) for all time points. Black to red lines represent 

later timepoints. (C) Average lifetime profiles obtained from the dashed box region in (a) 

for all time points. Black to red lines represent later timepoints. 

 

The intensity profile at the start of the timelapse (black line, Figure 7.8b) shows that 

the number of counts increases from left to right, starting at ~2 counts/pix, and 

increasing to 5 counts/pix, correlated to an increase in the fluorescence lifetime 

(black line, Figure 7.8c) from ~1.5 ns to ~2.25 ns. At later timepoints, the 

fluorescence intensity can be seen to increase and return to a homogenous intensity, 

~7 counts/pix, across the whole membrane at t = 960 - 1120 s (bright red line, 

Figure 7.8b). Similarly, the fluorescence lifetime increases at increasing timepoints 

(black to red lines represent later timepoints, Figure 7.8c) in the acquisition, 

however, does not return to a homogenous distribution of lifetimes within the 

duration of the timelapse. It is apparent that the disassociation of proteins is a slow 

process and that there is some weak attractive force between proteins that 

maintains quenching interactions for a long time after the electric field is removed. 
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In addition, the redistribution of fluorescence intensity suggests that that highly 

concentrated proteins will randomly disperse throughout the membrane (likely 

through Brownian motion) when there are no external forces to maintain their 

organisation.  

 

To assess the “final state” of the hybrid membrane after allowing a long period of 

time for recovery post-electrophoresis, higher quality “steady-state” FLIM 

measurements were made of hybrid membranes after they had been allowed to 

return to equilibrium at least 2 hours after turning off the E-field following a 

standard electrophoresis experiment. The fluorescence signal was maximised by 

accumulating 100 FLIM frames into a single image (photobleaching was minimised 

as in section 7.2.1). To assess any changes to the fluorescence distribution or 

lifetimes, FLIM images obtained from hybrid membranes after electrophoresis were 

compared to FLIM images obtained from hybrid membranes before and during 

electrophoresis experiments. These images are shown in Figure 7.9 a,c,e for hybrid 

membranes containing ~0.5 %, ~1.0 % and ~1.2 % proteins respectively. It is 

observed that, for all three types of hybrid membrane, the Chl fluorescence lifetime 

is shorter (ie. bluer on the false colour scale) when compared to FLIM images 

acquired before electrophoresis. Fluorescence decay curves were generated from 

all the photons detected in the dashed, box regions in Figure 7.9a,c,e and are shown 

in Figure 7.9b,d,f, respectively. For all three concentrations (Figure 7.9b,d,f), the 

fluorescence decay curve prior to electrophoresis (red data) has a relatively shallow 

gradient, representing long fluorescence lifetimes, in contrast to the steep decay 

curve obtained from the edge of the membrane during electrophoresis (orange 

data) that suggests fluorescence quenching due to protein interactions. A long time 

after electrophoresis, the fluorescence decay curve (blue data) has a moderate 

gradient, and appears to have partially “recovered” to a midpoint between the other 

two decay curves. Fitted fluorescence lifetimes were calculated from exponential fits 

to each decay curve, and the fitted fluorescence lifetimes for all samples are shown 

in Table 7.5. The lifetime during electrophoresis is 77%, 43% and 39% of the 

lifetime prior to electrophoresis for membranes containing ~0.5% proteins, ~1.0% 

and 1.2% proteins, respectively. After the electric field is removed, the fluorescence 

lifetime is then 94%, 75% and 50% of the initial lifetime.  
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Figure 7.9: Comparison of hybrid membranes either before, during or after electrophoresis. 

(A) FLIM images of hybrid membranes containing ~0.5 % proteins aquired before (left), 

during (middle) and after (right) electrophoresis. (B) Fluorescence decay curves obtained 

from (a). Red: Accumulated from photons in the red dashed. Orange: Accumulated from 

photons in the orange dashed region. Blue: Accumulated from photons in the blue dashed 

region. Black: IRF (C) FLIM images of hybrid membranes containing ~1.0 % proteins 

aquired before (left), during (middle) and after (right) electrophoresis.  (D) Fluorescence 

decay curves obtained from the coloured, dashed regions in (c). Colour scheme as in (b). (E) 

FLIM images of hybrid membranes containing ~1.2 % proteins aquired before (left), during 

(middle) and after (right) electrophoresis.  (F) Fluorescence decay curves obtained from the 

coloured, dashed regions in (e). Colour scheme as in (b) and (d). 

 
Membrane 

concentration 
(area %) <τbefore> <τduring> 

<τduring> 
<τbefore> <τafter> 

<τafter> 
<τbefore> 

~0.5  3.67 ± 0.02 2.83 ± 0.03 0.77 3.44 ± 0.02 0.94 
~1.0 3.42 ± 0.01 1.47 ± 0.14 0.43 2.57 ± 0.10 0.75 
~1.2 2.46 ± 0.02 0.96 ± 0.02 0.39 1.22 ± 0.08 0.50 

Table 7.5: Analysis of fluorescence decay curves from FLIM images before/during/after 

electrophoresis. From the images shown in Figure 7.9. <τbefore>, <τduring>, <τafter> shows 

fitted lifetimes obtained before, during or after electrophoresis, respectively.  
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The result show that protein organization within the membrane is altered during 

electrophoresis with only a partial reversibility, and that hybrid membranes with 

higher concentration of proteins experience greater quenching during 

electrophoresis followed by a smaller lifetime recovery once the electric field is 

removed. It is possible that protein aggregates, that quench the fluorescent lifetime, 

form when photosynthetic proteins are concentrated by the electric field and then 

do not entirely disassociate after the electric field has been removed. In addition, it 

seems likely that the number of aggregates that remain after electrophoresis is 

proportional to the number of aggregates that form during the electrophoretic 

concentration of proteins within the membrane (indicated by the greater amount of 

quenching during electrophoresis and smaller lifetime recovery after 

electrophoresis of ~1.2 % compared to ~0.5 % hybrid membranes).  

 

Next to estimate the proportion of proteins in either a quenched (possibly 

aggregated) or non-quenched state in each hybrid membrane and at each stage in 

the electrophoresis experiment, a bi-exponential curve 

 𝐴(𝑡) =  𝐴ଵ exp ൬−
𝑡

𝜏ଵ
൰ +  𝐴ଶ exp ൬−

𝑡

𝜏ଶ
൰ 

Eq. 7.5 

was fit to each fluorescence decay curve in Figure 7.9b,d,f. The lifetime components 

were fixed to those previously reported for quenched LHCII aggregates (τ1 ~ 400 

ps) or non-quenched LHCII in detergent (τ2 ~ 4 ns) and the amplitude of each 

component, Ai, was optimised to achieve the best fit (a similar approach has been 

used by multiple researchers55, 189, 298, 299).  These constrained fits were lower quality 

than the fits in Figure 7.9b,d,f, where both amplitudes and lifetime components 

were fitted, as shown by the χ2 values in Table 7.6, but may still be used to 

approximate changes to the proportion of quenched or non-quenched proteins by 

assessing changes to the amplitude of the fast and slow lifetime components. It was 

found that for hybrid membranes containing ~0.5 %, ~1 % and ~1.2 % protein, the 

amplitude of the quenched component was initially 0.15, 0.30 and 0.41, respectively, 

suggesting that the minority of proteins are quenched but that the proportion of 

quenched proteins increases with the overall concentration of proteins in the 

membrane (in support of our lifetime analysis in section 7.2.2). During 

electrophoresis, the amplitude of the quenched component increases significantly 

to 0.54, 0.68 and 0.83 for ~0.5 %, ~1 % and ~1.2 % membranes, respectively. These 
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results imply that a large proportion of proteins switch from a light-harvesting to a 

photoprotective state during electrophoresis experiments and that in membranes 

with a higher overall protein concentration the proportion of quenched proteins is 

greater. Interestingly, the increase in relative increase in the quenched amplitude 

during electrophoresis is greater for ~0.5 % membranes (3.6× increase) than for 

~1.2 % membranes (2.0× increase). This can be explained by considering that there 

is a larger proportion of proteins available to become quenched in low 

concentration membranes, compared to proteins in high concentration membranes 

that are more likely to be in a quenched state before electrophoresis. After 

electrophoresis, the amplitude of the ~400 ps component decreases to 0.24, 0.45 

and 0.62 for ~0.5 %, ~1.0 % and ~1.2 % membranes, respectively, corresponding 

to an overall increase of 0.09, 0.15 and 0.21 when compared to the amplitude of the 

quenched component before electrophoresis. Overall, these results suggest that 

after electrophoresis a portion of the proteins return to a non-quenched and non-

aggregated state (also shown by a correlated increase in the amplitude of the ~ 4 ns 

component). It also seems likely that the proportional of proteins that remain in a 

quenched state after electrophoresis is proportional to the overall concentration of 

proteins within the membrane.  

 

Timing 

Membrane 
concentration 

(area %) τ1 A1 τ2 A2 τavg chi2 
 ~0.5  0.4 0.15 ± 0.04 4.0 0.85 ± 0.05 3.46 ± 0.08 1.61 

Before ~1.0 0.4 0.30 ± 0.01 4.0 0.70 ± 0.06 2.92 ± 0.21 1.46 
 ~1.2 0.4 0.41 ± 0.01 4.0 0.59 ± 0.01 2.52 ± 0.05 1.55 
 ~0.5  0.4 0.54 ± 0.04 4.0 0.46 ± 0.04 2.06 ± 0.16 1.75 

During ~1.0 0.4 0.68 ± 0.05 4.0 0.32 ± 0.05 1.55 ± 0.22 1.46 
 ~1.2 0.4 0.83 ± 0.01 4.0 0.17 ± 0.01 1.01 ± 0.04 1.75 
 ~0.5  0.4 0.24 ± 0.03 4.0 0.76 ± 0.03 3.14 ± 0.13 1.35 

After  ~1.0 0.4 0.45 ± 0.01 4.0 0.55 ± 0.01 2.38 ± 0.02 1.47 
 ~1.2 0.4 0.62 ± 0.04 4.0 0.38 ± 0.04 1.77 ± 0.11 1.54 

Table 7.6: Analysis of fluorescence decay curves from FLIM images before/during/after 

electrophoresis to obtain the relative amplitudes of quenched or non-quenched lifetime 

components. τ1 and τ2 are fixed lifetime components corresponding to quenched or non-

quenched LHCII, respectively. A1and A2 are the component amplitudes obtained by fitting a 

bi-exponential decay function to the fluorescence decay curves shown in Figure 7.9b,d,f.  
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7.2.7 FRAP measurements show that protein diffusion is also 

reduced after electrophoresis experiments 

To investigate the possibility of long-lived protein aggregates, FRAP measurements 

were performed on hybrid membranes before versus after electrophoresis to 

determine any changes in the mobility of fluorescent proteins in the membrane. In 

general, the mobility of any particle is inversely proportional to its hydrodynamic 

radius297, therefore the rate of fluorescence recovery will be reduced for nanoscale 

protein aggregates relative to protein trimers (scaling with the effective radius of 

the protein cluster). Figure 7.10 shows the result of a FRAP experiments performed 

on hybrid membranes containing ~1.2 % proteins before and after electrophoresis. 

The mobile fraction of proteins within the membrane was calculated by analytically 

comparing FLIM images taken before versus after photobleaching, and it was 

determined that the majority of proteins are mobile within the membrane both 

before (79.5 ± 8.3%, Figure 7.10a) and after (73.3 ± 5.7%, Figure 7.10b) 

electrophoresis measurements (mean ± standard deviation, N = 3 measurements). 

FLIM timelapse measurements taken immediately after photobleaching the white, 

circular areas in Figure 7.10c and d were used to determine the rate of fluorescence 

recovery for hybrid membranes both before and after electrophoresis. Qualitatively 

it can be observed from images that the intensity of the bleached area recovers at a 

faster rate for FRAP experiments performed before electrophoresis (Figure 7.10c) 

compared to after electrophoresis (Figure 7.10d). To quantitatively compare the 

protein diffusivity, the intensity of the bleached region was plotted over time 

(Figure 7.10e), from which the diffusion constant was calculated (Table 7.7). For 

the corral shown, which is expected to contain ~1.2 % protein, the diffusion 

constant prior to electrophoresis was determined to be 0.97 ± 0.09 µm2/s and 

reduced significantly (by ~55%) after electrophoresis to 0.44 ± 0.08 µm2/s. Similar 

experiments performed for hybrid membranes containing ~1.0 % proteins and ~0.5 

% proteins showed that the diffusion constant decreased by 22 % and 3 % 

respectively. Since the diffusion constant is inversely proportional to the 

hydrodynamic radius of a diffusing particle, the reduced diffusivity of proteins 

supports our hypothesis for the formation of stable protein aggregates during 

electrophoresis and that these aggregates occur much more readily when the 

starting protein concentration is higher.   
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Figure 7.10: Comparison of FRAP measurements for hybrid membranes containing ~1.2% 

of proteins taken before electrophoresis versus after electrophoresis. FRAP methodology as 

described in Section 7.2.3. Before versus after (t = 15 min) FLIM images from a FRAP 

experiment performed on a hybrid membrane containing ~1.2 % proteins (A) before and 

(B) electrophoresis. FRAP experiment performed on a hybrid membrane containing ~1.2 

% proteins (C) before and (D) after electrophoresis. The white, circular region is 

deliberately photobleached, and the fluorescence recovery is monitor over a timelapse 

series of FLIM images. (E) Fluorescence recovery curves obtained by monitoring the 

intensity in the white, circular regions of (c) (red) and (d) (blue). The solid lines are mono-

exponential fits, F = F0(1‐e‐kt), used to calculate the diffusion constant for each data set.  

 

 
Before 

electrophoresis 
After 

 electrophoresis  
Membrane 

concentration 
(%) 

Doubling 
time (s) 

Diffusion 
constant 
(µm2/s) 

Doubling 
time (s) 

Diffusion 
constant 
(µm2/s) 

ΔD 
(% diff) 

~0.5 97 ± 10 1.56 ± 0.25 101 ± 7 1.51 ± 0.18 3.2 ± 2.4  
~1.0 126 ± 15 1.03 ± 0.12 161 ± 4 0.80 ± 0.04 22.3 ± 1.0 
~1.2 135  ±  6 0.97 ± 0.09 294 ± 3 0.44 ± 0.08 54.6 ± 0.9 

Table 7.7: Summary of FRAP experiments performed on hybrid membranes either before 

or after electrophoresis measurements. ΔD is the percentage difference in the calculated 

diffusion constant after versus before electrophoresis. 
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Overall, these results and those in Section 7.2.6 imply that both large- and small-

scale protein clusters form when the protein concentration is increased via 

electrophoresis and that some of the smaller (nanoscale) protein clusters remain at 

least partially intact when external (Lorentz) forces are removed. Hybrid 

membranes containing a higher concentration of proteins become more heavily 

quenched during electrophoresis as indicated by their much lower fluorescence 

lifetimes and also experience a greater reduction in the protein mobility which does 

not recover after the E-field is removed (so the fluorescence lifetime remains lower 

too). Therefore, it is reasonable to assume that a higher degree of protein 

aggregation during electrophoresis results in larger numbers and/or larger sizes of 

stable aggregates once the electric field is removed. Our results suggest that there 

may be a short-range attractive force between photosynthetic proteins that 

maintains protein-protein interactions, but does not cause proteins to form 

aggregates across large distances (greater than a few nm). In addition, our results 

show that concentration quenching between photosynthetic proteins in lipid 

bilayers is a reversible effect and that Chl fluorescence is restored when protein 

interactions/aggregates are disassociated. This may be considered a similar effect 

to the reversible reorganisation of proteins or supercomplexes that occurs in 

natural thylakoid membranes40 and could suggest that the ability of proteins to 

quench and subsequently “un-quench” may play a vital role in photoprotective NPQ. 

7.3 Quenching as a function of protein concentration for 

photosynthetic membranes 

7.3.1 Development of quenching relationships for photosynthetic 

proteins in hybrid membranes 

To understanding the quenching behaviour of photosynthetic proteins in hybrid 

membranes it would be useful to quantify the concentration-dependence. 

Therefore, as for the analysis of lipid-only systems analysed in Chapter 6, 

concentration versus “quenching efficiency” curves were generated from FLIM 

images obtained during electrophoresis. A short Python (v3.8) program was written 

to increase the throughput of image analysis, as described below.  
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First, the script separates each FLIM image into an intensity-only image and a 

lifetime-only image which are both cropped such that only the corral box region 

(and not the template region) is selected for analysis. An example FLIM image of a 

hybrid membrane containing ~1.2 % proteins during electrophoresis (45 V/cm 

equilibrium) is shown in Figure 7.11a, alongside the intensity-only matrix (Figure 

7.11b) and lifetime-only matrix (Figure 7.11c). Next, an intensity threshold (>50 

counts) is applied to the intensity-only matrix to exclude bright objects that 

represent multi-layered thylakoid membranes that are loosely adsorbed to the 

hybrid membrane (pixels above this threshold are highlighted in red in Figure 

7.11b and black in Figure 7.11c). These pixels are excluded from all later stages in 

the analysis to prevent these bright objects from skewing measurements of intensity 

or lifetime. Next, average lifetime profiles (Figure 7.11d) and average intensity 

profiles (red data, Figure 7.11e) are obtained by calculating the mean of each 

vertical column of pixels (N ≥150 pixels), and plotting this average against the 

horizontal position. Due to the low number of counts there is typically significant 

fluctuation in the fluorescence lifetime profile (there is a discernible trend in the 

data and uncertainty across the entire data set will be reduced by analysis of many 

FLIM images).  

 

In order to estimate the important property of protein concentration at each 

location, the non-quenched fluorescence intensity must be calculated using the 

intensity and lifetime at each location. Several other research groups report that an 

intrinsic property of LHCII is that the reduction in fluorescence emission is 

proportional to the reduction in the fluorescence lifetime, 
ி

ிబ
=

ఛ

ఛబ
, where τ0 is the 

lifetime of LHCII in detergent298-300. This relationship was used to generate a non-

quenched intensity profile, shown in black in Figure 7.11e. Next, to calculate the 

concentration of proteins at each location, non-quenched intensity was divided by 

the known intensity of an LHCII trimer (calculated to be 0.0067 

counts/trimer/frame in Table 7.2) to estimate the number of trimers at each 

location and the estimated trimer density, CN, in trimers/µm2.  



 
Chapter 7  243 

 

Figure 7.11: Results of the analysis of FLIM images to obtain quenching efficients vs 

concetration curves. (A) A FLIM image of a hybrid membrane containing ~1.2 % protiens 

during in-membrane electrophoresis. (B) An intensity-only image from the FLIM image in 

(a). Red pixels show those that are excluded from analysis using an intensity threshold. (C) 

A lifetime-only image from the FLIM image in (a). Black pixels show those that are excluded 

from analysis using an intensity threshold. (D) The average lifetime profile obtained from 

(c) showing the average fluorescence lifetime (N > 150 pixels) against the horizontal 

position in the membrane. (E) Red: the average intensity profile obtained from (b) showing 

the average measured intensity (N > 150 pixels) against the horizontal position in the 

membrane. Black: The non-quenched intensity profile, calculated as described in text. 

Dashed, blue lines to guide the eye. (F) The estimated protein concentration calculated using 

the non-quenched intensity for each position horizontal profile. (G) The final quenching 

efficiency versus concentration curve obtained for the FLIM image in (a). 
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The estimated protein concentration increases from right-to-left from ~1 % of the 

membrane area (200 trimers/µm2) to ~5 % (1000 trimers/µm2). The increase in 

protein concentration due to electrophoresis (~5-fold) is similar in magnitude to 

the increase observed for lipid-tagged fluorophores (~7-fold) in section 6.3.3. It is 

reassuring that the same size of hybrid membranes (100 µm2) produces similar 

results for different types of fluorophores and gives us additional confidence in the 

estimated protein concentration. Finally, the quenching efficiency, QE = 1 – τ/τ0, is 

plotted against the spatially-correlated concentration at each location to produce a 

characteristic quenching curve for photosynthetic proteins in hybrid membranes 

(Figure 7.11g). For the example FLIM image shown, it can be see that QE initially 

increases very steeply at low concentrations of proteins (<2.5 % membrane area) 

before beginning to plateau and approach unity at concentrations greater than ~4 

%. To improve the accuracy of the quenching relationship and to reduce the effect 

of random noise/fluctuations, this method of analysis was repeated on multiple 

FLIM images (N > 4) and for hybrid membranes containing different concentrations 

of proteins (~0.5 %, ~1.0 % and ~1.2 % proteins). In the final sections of this thesis, 

the quenching curves obtained from all FLIM measurements of hybrid membrane 

electrophoresis are presented and discuss the implications of these relationships 

with regard to NPQ in native membranes.  

7.3.2 Further analysis of quenching relationships for 

photosynthetic proteins 

To quantify the quenching behaviour of photosynthetic proteins over a continuous 

range of concentrations, the analysis in section 7.3.1 was repeated for FLIM images 

of hybrid membranes containing ~0.5 %, ~1.0 % and ~1.2 % photosynthetic 

proteins in which proteins had been concentrated using in-membrane 

electrophoresis. Again, we make the simplification that all Chl-containing proteins 

that are present may be represented by the dimensions of an LHCII trimer. The 

resulting QE vs C curve for all samples is shown in Figure 7.12a, where data 

obtained from membranes containing ~0.5 %, ~1.0 % and ~1.2 % proteins is shown 

in light green, medium green, and dark green, respectively. Quenching curves 

obtained from different types of hybrid membranes were found to be highly 

reproducible with significant overlap between different data sets.  
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Figure 7.12: Multiple plots to show the relationship between protein concentration, or 

average separation, and the amount of quenching for photosynthetic proteins in hybrid 

membranes. (A) Quenching efficiency versus concentration curve obtained from multiple 

FLIM measurements (N = 16) of hybrid membranes during electrophoresis. Data obtained 

from hybrid membranes containing ~0.5 %, ~1.0 % and ~1.2 % is shown in light green, 

medium green and dark green, respectively. (B) The same data as in (a) but plotted as the 

inverse relative lifetime versus concentration. The linear fit (red, solid line) shows that the 

amount of quenching is proportional to the protein concentration. (C) The same data as in 

(a) plotted as the semilogarithmic inverse lifetime vs concentration. Linear fits (solid line) 

are used to obtain the critical radius for quenching for both a low concentration (<1%) and 

high concentration regime. (D) The same data as in (a) plotted as quenching efficiency 

versus average fluorophore separation.  
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There is a wider distribution of data points within the quenching curve when 

compared to QE curves obtained for lipid-tagged fluorophores (section 6.3.4) which 

is attributed to a lower signal to noise ratio in FLIM images of hybrid membranes 

and a greater uncertainty in lifetime measurements. Despite this, the overall trend 

in the data is clear and it can be seen that the quenching efficiency of the thylakoid 

proteins (likely to be mixtures of LHCII, PSII, PSI and LHCI) increases very steeply 

at low concentrations (~2.5 %) before tending asymptotically towards unity at 

higher concentrations (~5% of the membrane). At first glance, the shape of the QE 

vs concentration curve is similar to those produced for lipid-tagged fluorophores 

but with a much steeper gradient and a greater QE for all concentrations, showing 

that the quenching strength of PS proteins is significantly greater than that of the 

lipid-tagged fluorophores investigated in Chapter 6.   

 

As discussed in section 6.3.3, Stern-Volmer relationships be used to determine the 

“molecularity” (ie. number of molecules involved) of trap formation by plotting the 

inverse relative intensity (F0/F) against the concentration of quenchers (traps), Q:  

 𝐹

𝐹
= 1 + 𝑘ௌ𝑄 Eq. 6.14 

where kSV is the Stern-volmer constant that descibes the relative change in 

quenching with Q (i.e., the strength of the traps). If Q is proportional to the 

concentration of LHCII-equivalents, C, this implies that only one trimer is requried 

to form a trap. Likewise, if Q is proportional to the concentration of pairs of trimers, 

C2, then it is implies that the mechanism of trap formation involves two molecules 

(and so forth). 

 

To determine the molecularity of trap formation and to be able to discuss potential 

quenching mechanisms, a Stern-Volmer plot (using 𝜏0/𝜏, rather than intesnity, 

versus concentration) was generated (Figure 7.12b) using data from the QE versus 

concentration curve. It is found that the relative lifetime, 𝜏0/𝜏, is proportional to the 

concentration of LHCII-equivalents, C, within the membrane. This is in contrast to 

the Stern-volmer plots observed for Bodipy, Texas Red and NBD, in which 𝜏0/𝜏 is 

proportional to C2. This result is particularly interesting, since it suggests that the 

number of traps is proportional to the number of trimers, rather than a single trap 

or dissipative state forming as a result of interactions between two, or more, trimers 
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(e.g. non-fluorescence dimers that quench fluorescence in lipid-tagged 

fluorophores). Our results imply that the trap state occurs within individual protein 

complexes rather than being than formed due to some excitonic interaction between 

multiple LH or photosystem complexes. One possibility is that traps form, or are 

stabilised, within LHCII trimers as a result of protein aggregation or other protein-

protein interactions, and that the number of traps within a cluster of connected 

proteins is proportional to the number of proteins within that cluster. It may also be 

possible that the quenching occuring in LHCII aggregates is merely the result of an 

increased connectivity and a higher likelihood of exciton migration to short-lived, 

intermittent traps (fluorescence intermittency has been observed in individual 

trimers68, 69). A similar system has already been modelled by Valkunas and co-

workers, in which excitons may migrate through a PSII/LHCII supercomplex and a 

single trap was sufficient to cause the quenching.301 Likewise, another study by 

Belgio et al. indicates that the quenching mechanism may be associated with an 

overall increase in the connectivity of multiple antennas.302  

 

Next, to compare the strength of quenching for photosynthetic membranes to the 

strength of quenching for lipid-tagged monochromatic fluorophores, 

semilogarithmic plots were plotted to show the relationship between ln(τ0/τ) and 

concentration. As before, the gradient extracted from fitting this graph was used to 

calculate the critical radius and estimate the relative quenching strength. It was 

found that the relationship between ln(τ0/τ) and concentration is non-linear, in 

contrast to similar plots for lipid-tagged fluorophores, and suggests that the 

quenching mechanism of photosynthetic proteins follows a different mechanism 

(i.e.. is not due to the formation of non-fluorescent statistical pairs). Instead, it 

appears that the semilogarithmic plot follows two distinct regimes: (i) at low 

concentrations (<1%), ln(τ0/τ) increases sharply with concencetration and has a 

large gradient (ii) at moderate to high concentrations (>1%), the gradient of ln(τ0/τ) 

is shallower, and the quenching stregnth is weaker. The relative quenching stregnth 

of each regime was estimated by fitting a linear gradient to (i) and (ii), shown by 

blue and red lines, respectively. The critical radius of quenching was found to be Ri 

= 38.7 ± 0.1 nm for low concentrations of proteins (<1%), and Rii = 22.2 ± 0.1 nm for 

moderate-high concentrations of proteins (>1%). This result suggests that 

quenching between photosynthetic proteins may be 10-15 times stronger than 
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quenching between lipid-tagged monochromatic fluorophores (RBOD = 2.5 nm, RTR = 

1.6 nm, RNBD = 1.1 nm) and that interactions that lead to quenching may occur over 

distances much larger than the effective radius of the protein trimer (RLHCII ~ 4 nm). 

It is possible there may be an attractive force between proteins that occurs over 

several nanometres and leads to protein aggregation/quenching when two or more 

proteins are separated by a distance less than Ri. The biphasic behaviour of 

photosynthetic quenching, in which the quenching effect is stronger for low 

concentrations (<1%) than for high concentrations (>1%), is more challenging to 

interpret. This “turning point” may represent a critical concentration of protein 

aggregation at which proteins associate into large aggregates and the quenching 

effect of each additional protein is reduced. Further structural characterisation (e.g. 

AFM topography) is required to test this hypothesis, however, optimisation of AFM 

measurements during electrophoresis was not possible within the timescale of this 

project.  

 
Finally, to describe photosynthetic quenching in terms of the average distance 

between trimers, the average separation, r, for each data point was calculated using 

the following equation (already described in chapter 6):  

 Effective area per molecule =  
ଵ

ಿ
=  𝜋𝑟ଶ Eq. 6.3 

 

  

where CN is the number of LHCII-equivalents per µm2. Assuming proteins with 

interact via peripheral chlorophyll pigments, the average separation was then 

converted to an edge-to-edge distance by subtracting the radius of each LHCII trimer 

(~4 nm). The result is the QE versus edge-to-edge separation graph shown in Figure 

7.12d. It is observed that quenching occurs at even large separations (e.g. QE = 0.5 

at edge-to-edge separations of ~20 nm) and increases up to 0.9 at an average 

separation of ~5 nm. It seems extremely unlikely that exciton energy migration and 

quenching would occur over distances larger than a few nanometres. Instead, it may 

be possible that the distribution of proteins at a high concentration in the membrane 

is non-uniform and that the average edge-to-edge distance may actually represent a 

mixture of protein aggregates and large areas of lipid-only membrane. Indeed, 

multiple authors have suggested that photosynthetic proteins in lipid bilayers 

preferentially partition into semi-crystalline domains79, 120, 124. Once again, 
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structural measurements from microscopy (e.g., AFM) or other techniques would 

allow this hypothesis to be tested.  

 

Overall, the result of this analysis suggests the following conclusions: (i) there is a 

weak attractive force between photosynthetic proteins in lipid membranes, that 

maintains protein-protein interactions in the absence of the applied electric field 

(section 7.2.6) and may contribute to the quenching behaviour of proteins by 

encouraging aggregation over short-to-moderate average distances (tens of 

nanometres) (Figure 7.12d), (ii) fluorescent traps appear to occur within individual 

LH/PS protein complexes, rather than traps which require multiple complexes to 

come together (Figure 7.12b; not a “higher-order” relationship with 

concentration), (iii) the quenching efficiency begins to saturate at relatively low 

concentrations (when only ~5% of the membrane is occupied by proteins), and 

increasing the concentration beyond this point may have a limited effect on the 

fluorescence lifetime and energy dissipation (Figure 7.12a). There are still many 

unknowns surrounding the roles of specific proteins and components in NPQ, 

however this study represents the first comprehensive characterisation of the 

quenching behaviour of photosynthetic proteins across a continuum of 

concentrations and within a native-like lipid environment, and the first use of in-

membrane electrophoresis to moderate and interrogate the function of light-

harvesting proteins.  

7.4 Section summary and discussion 

This chapter describes the use of in-membrane electrophoresis correlated with 

fluorescence lifetime measurements to investigate concentration quenching effects 

of photosynthetic proteins. 2D-micro-patterned hybrid membranes were 

assembled from a mixture of thylakoid extracts and synthetic lipids, and increasing 

the ratio of Chl to DOPC lipids was found to increase the concentration of 

photosynthetic proteins that incorporated into the membrane (estimated range 

from 0.5 – 1.2 % of the total membrane area). FRAP measurements confirmed that 

proteins in all hybrid membranes consisted of a majority of mobile proteins (~80 % 

mobile fraction) and that the diffusion constant of membranes with a higher 

concentration of proteins was slightly reduced, suggesting the formation of 
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nanoscale protein aggregates. Applying a 45 V/cm direct electric field to the 

membrane was found to result in a reduction in fluorescence intensity and lifetime 

at the edge of the membrane closest to the positive cathode, suggesting fluorescence 

quenching and the formation of protein-protein interactions as the protein 

concentration is increased. In addition, in-membrane electrophoresis of hybrid 

membranes containing a higher concentration of proteins was found to result in a 

higher degree of quenching (up to 76%), likely due to a higher maximum protein 

concentration accumulating at the edge of the confined membrane. Altogether, this 

demonstrates that it is possible to control the movement of photosynthetic proteins 

using electric fields and that the outcomes of in-membrane electrophoresis can be 

modulated through simple changes to the starting membrane composition.  

 

A careful manual analysis of FLIM images of hybrid membranes during 

electrophoresis was used to determine the quenching efficiency (QE) of 

photosynthetic proteins correlated to their concentration. It was found that QE 

increases rapidly with protein concentration, before asymptotically tending 

towards unity for concentrations greater than ~5% of the membrane area. It seems 

likely that photosynthetic proteins may form aggregates within the membrane 

rather than being uniformly distributed, resulting in a heterogeneous distribution 

of proteins aggregates and areas of lipid-only membrane. One could speculate that 

attractive interactions could lead to a positive feedback loop that enriches such a 

sub-population leading to an accumulation of LH proteins. Indeed, following the 

removal of the electric field a portion of the densely-packed proteins appear to 

disassociate into smaller aggregates (indicated by the maintenance of quenched 

fluorescence and lower fluorescence mobility). This suggests the presence of short-

range attractive forces between proteins that maintain some degree of nanoscale 

protein aggregates in the absence of other forces and may induce further protein 

aggregation at moderate/high concentrations (>1%). These aggregates must be 

both two-dimensional and nanoscale because no new microscale features are visible 

within the membrane. This is in contrast to some previous studies in which ill-

defined and 3-D aggregates of LHCII are generated by the removal of detergent from 

purified proteins40, 55, 189. 
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Our group has previously made direct measurements of the structural organisation 

and average fluorescence lifetimes of LHCII trimers,56 where it was observed that in 

tightly-packed LHCII aggregates (average centre-to-centre separation of ~10 nm) 

the quenching efficiency was ~81 %. However, in our in-membrane electrophoresis 

study it is found that QE approaches unity at much larger average separations (QE 

~ 80% at an average centre-to-centre separation of ~25 nm). This discrepancy may 

be due to the comparison between relatively homogeneous protein aggregates that 

appear to assemble on mica,56 as compared to an unknown nanoscale organisation 

of proteins within a lipid membrane (here). It is possible that the concentrated 

hybrid membranes described in this chapter may contain a mixture of sizes of 

protein aggregates together with non-interacting proteins, which results in a 

mixture of highly quenched states and unquenched states, respectively. It is also 

possible to compare our data on fluorescence quenching caused by electrophoresis-

induced protein clusters with previous studies of fluorescence quenching in 

proteoliposomes. Multiple authors have reconstituted purified LHCII into 

proteoliposomes, where it has been shown that at sufficiently low lipid-to-protein 

ratios LHCII spontaneously clusters to form aggregates, potentially appearing as 

phase-separated domains within the membrane, which results in reduction in the 

fluorescence lifetime79.  

 

A side-by-side comparison of our results to multiple previous datasets is shown in 

Figure 7.13 79, 98, 105, 303. The large discrepancy between our data and 

proteoliposome studies is surprising and asserts the need to verify of our 

estimations of protein concentration with other techniques. However, there are 

several considerations that may also contribute to the difference in quenching that 

is observed. Firstly, it is possible that the forced migration of proteins in the E-field 

may increase the likelihood of protein aggregation beyond that of expected average 

separation distance expected for a given overall concentration (i.e., shorter protein-

protein distances than the most-spaced expectation due to inhomogeneity). This 

could occur due to attractive interactions, for example, due to changes in the 

electrostatic interactions between proteins and lipids. It is also feasible that the 

process of concentrating proteins against a confined edge may result in proteins that 

are more often closely-associated than proteins that have randomly assembled 

during proteoliposome self-assembly. Another possible source of discrepancy arises 
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from possible variations across a proteoliposome population due to fluctuations and 

randomization of the self-assembly process. It has recently been shown that 

proteoliposome preparations may result in multiple sub-populations of particles, 

ranging from almost entirely “empty” (i.e., lipid only) proteoliposomes to large 

protein-only oligomers105, 119. This same study also highlighted the procedural 

challenges of separating proteoliposomes with highly-aggregated LHCII or less-

aggregated LHCII. It is possible that this overall sample heterogeneity, in addition to 

the multiple different states of LHCII that may exist within a single proteoliposome, 

contribute to a skewed, or underestimated QE in proteoliposome measurements. 

Despite the discrepancy between our results and previous literature, Figure 7.13 

also highlights the abundance of data that can be obtained from in-membrane 

electrophoresis that is not possible through ensemble analysis of proteoliposomes. 

Reinforcing our results through AFM and spectroscopy measurements may provide 

a platform with which to comprehensively describe photosynthetic quenching, 

rather than extrapolating trends from only a handful of data points.  

 

Figure 7.13: The quenching efficiency versus lipid:protein ratio for LHCII reconstituted into 

proteoliposomes as determined by previous studies, compared to those found using in-

membrane electrophoresis. Green: Data obtained from in-membrane electrophoresis 

experiments on hybrid membranes, as labelled in Figure 7.12. Black: Data obtained by 

Natali et al (2016) from LHCII and thylakoid lipid proteoliposomes79. Red: Data obtained by 

Hancock et al (2020) from LHCII and thylakoid lipid proteoliposomes98, 303. Blue: Data 

obtained by Tutkus et al (2021) from LHCII and PEGylated PE lipid proteoliposomes105.  
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Our calculations of the “molecularity” of photosynthetic quenching suggests that the 

trap site occurs within single protein units (e.g., LHCII trimers), rather than 

requiring two, or more, proteins to form a fluorescent trap (i.e., energy dissipative 

state). This is in stark contrast to the formation of non-fluorescent dimers that is 

predicted to cause self-quenching in lipid-tagged monochromatic fluorophores (in 

Chapter 6) and self-quenching of freely-diffusing chlorophylls observed by other 

researchers267. An implication of the quenching molecularity is that the number of 

traps scales linearly to the number of LHCII-equivalents. Exciton quenching in light-

harvesting complexes results from their ability to switch intermittently from light-

harvesting to quenched state65, 68, and previous researchers have hypothesised that 

in large aggregates the probability of there being at least one intermittently 

quenched state increases with the number of constituting complexes102, 298. In 

addition, by modelling exciton migration to traps within a PSII/LHCII supercomplex, 

Valkunas et al found that a single quenching site was sufficient to account for a 0.4 

ns lifetime, and that the addition of further quenching sites reduced the lifetime to 

well below those observed in nature39, 301. Our results, in context with these studies, 

could suggest that in large protein aggregates a small number of deep (possibly 

intermittent) traps may be sufficient to quench excitons and that the number of 

these traps scales with antenna concentration. 

 

These experiments represent the first time that in-membrane electrophoresis has 

been used to control the organisation of photosynthetic proteins in a lipid 

membrane, and has been shown to induce a correlated change to the photophysical 

state. It has been well documented and experimentally proven that aggregation of 

LH proteins leads to a quenching state41, 55, 56, 105. In addition, it has also been 

demonstrated that quenching can occur within individual and isolated LHCII 

trimers, possibly due to conformational changes within the proteins62, 65, 67, 68. In this 

chapter we have, for the first time, shown experimentally that the dynamic 

concentration of LH proteins in a lipid membrane leads to the formation of a 

quenched state whilst also showing that quenching is dominated by single trimers 

on a fundamental level. Previously it has been hard to reconcile these two processes 

as they may seem inherently contradictory and because one is often based upon 

measurements of single proteins whereas the other is based measurements of 

multiple interacting proteins. Furthermore, it has been demonstrated that in-
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membrane electrophoresis of LH proteins is a partially reversible process and that 

proteins can be “un-quenched” by the removal of the electric field and the 

disaggregation of proteins as they redisperse through the membrane. By measuring 

the quenching properties of proteins over a continuum of concentrations and by 

assessing the molecularity of the quenching process, we have effectively been able 

to bridge the gap in the current knowledge of the photophysics of LH proteins, as 

relates to the protective process of NPQ in nature, and have demonstrated in-

membrane electrophoresis as a powerful platform with which to interrogate 

photosynthesis.  

7.5 Concluding remarks and future outlook  

In-membrane electrophoresis of photosynthetic proteins has several advantages 

compared to other methods to test how protein clustering can cause quenching. 

Firstly, proteins are maintained within consistent lipid environment at all 

concentrations, whereas previous studies have required the introduction of lipids56, 

detergent80 or ions189 (pH) to induce protein aggregation. It has been shown that 

individual LHCII trimers exhibit subtle conformational differences when measured 

in detergent versus lipids62, 109 and one cannot rule out the possibility that 

fluorescence quenching reported in previous studies may have contributions from 

changes to protein/lipid or protein/detergent interactions. Secondly, in-membrane 

electrophoresis offers the opportunity to assess a range of protein concentrations 

and photophysical states on a single sample, as well as presenting the opportunity 

to directly image the reorganisation of proteins in real time. This provides 

significantly more data from which to infer the biological implications of 

photosynthetic self-quenching, rather than relying on many discrete samples.  

 

There are several outstanding questions that need to be addressed before it is 

possible to fully describe concentration quenching in hybrid membranes. First, the 

exact composition of the hybrid membrane is still unknown and to comprehensively 

describe photosynthetic quenching it would be useful to quantify the protein 

populations present in hybrid membranes. This factor is particularly important 

when considering quenching interactions that may occur between different species 

of proteins (e.g. quenching may be different in LHCII only aggregates versus 
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LHCII/PSII supercomplexes). Previous publications have used in-membrane 

electrophoresis to separate multiple species of proteins by taking advantage of their 

different electrophoretic properties (termed “electrophoretic focussing”, a similar 

strategy to traditional SDS-PAGE)147, and it may be possible to apply this technique 

to separate and quantify mixtures of photosynthetic proteins. Alternatively, it would 

be possible albeit time consuming, to extract (e.g., washing the surfaces with 

detergent) and quantify the membrane material from multiple hybrid membrane 

preparations via gel-electrophoresis or size exclusion chromatography225, 226.  

 

AFM could also be used for a more complete analysis of protein dimensions and 

species72 and to confirm our estimations of protein concentration from FLIM 

images. In addition, AFM may also reveal the organisation of the proteins within 

aggregates or supercomplexes that may form during in-membrane electrophoresis 

and help to resolve the discrepancy between our results and other investigations. In 

addition, correlating FLIM and AFM in this manner may allow for the theoretical 

modelling of lifetimes that are expected from various arrangements of proteins and 

the comparison of these models to experimental results, to test the current 

theoretical understanding of energy dissipation and transfer between multiple 

proteins. However, obtaining AFM measurements of hybrid membranes that have 

been concentrated with in-membrane electrophoresis may require significant 

changes to the current procedure. Proteins were shown to re-disperse throughout 

the membrane following the removal of the electric field and so, to obtain AFM 

measurements of proteins at high concentrations, it may be necessary to modify the 

electrophoresis flow cell to provide access for the AFM probe or to “freeze” the 

proteins in-place during electrophoresis so that the sample can be removed from 

the flow cell and imaged after electrophoresis.  It may be possible to limit protein 

mobility by increasing the rigidity of the surrounding lipid membranes by reducing 

the temperature229, inducing phase transitions in lipids230, 231 or by chemically cross-

linking lipids134, 142, 164. Alternatively, it may be possible to alter the dimensions of 

the patterned membrane and to design “electrophoresis traps” that prevent the 

backflow of proteins once the electric field is removed144, 148. 

 

Finally, it is important to determine if protein denaturation occurs as a result of in-

membrane electrophoresis. It is possible that proteins become damaged by the 



 
Chapter 7  256 

electrophoretic force and that that may result in changes to the fluorescence lifetime 

that are falsely interpreted as quenching. To confirm that no damage has occurred, 

and that the quenching observed during electrophoresis experiments is a genuine 

effect, spectroscopy measurements should be used to assess any changes to the 

absorption and/or emission spectra of the sample that would indicate changes to 

the pigment energy levels and/or pigment configurations56, 79. This could be 

achieved by comparing solution-based spectroscopy measurements of hybrid 

membrane material that has or has not been subjected to electrophoresis 

experiments or by using a surface-based spectrophotometer to observe changes to 

the spectra within a single sample.   

7.6 Chapter acknowledgements 

In this chapter S. A. Meredith was responsible for the preparation and manipulation 

of hybrid membranes using in-membrane electrophoresis, the acquisition and 

analysis of FLIM data and presentation of FLIM images, with assistance from A. M. 

Hancock. Y. Kusunoki was responsible for the fabrication of patterned polymerised 

templates. P. G. Adams, S. D. Connell and S. D. Evans are the academic supervisors of 

S. A. Meredith. K. Morigaki is the academic supervisor of Y. Kusunoki. 

 

 



 
Chapter 8  257 

8 Conclusions and future outlook 

The four results chapters (Ch. 4-7) have detailed the development and application 

of self-assembled and modular systems to assess the energy transfer between 

artificial fluorophores and photosynthetic proteins in lipid membranes and to 

quantify self-quenching between identical molecules.  

 

Chapter 4 investigated the structural and photophysical properties of a new model 

platform “hybrid membranes”, which consist of patterned lipid membranes that are 

self-assembled from a mix of synthetic DOPC lipids and thylakoid membrane 

extracts. This characterisation was essential before we could use hybrid membranes 

as a platform for further experiments. A combination of FLIM and AFM was used to 

determine the structure of hybrid membranes and to infer information about the 

concentration of proteins and protein-protein interactions that may occur within 

the system. It was found that hybrid membranes are much larger, flatter and more 

stable than thylakoid extracts and are therefore more amenable to microscopy 

studies as a controllable platform. Chl-containing proteins were found to be highly 

mobile and to occupy ~1 % of the membrane area. This concentration is significantly 

lower than that of native membranes (~60-70 %), and we hypothesise that the 

proteins in thylakoid membranes are diluted by the addition of synthetic lipids 

during hybrid membrane self-assembly. The dilution of proteins, and the 

disassociation of protein aggregates/interactions, was correlated to an increase in 

the chlorophyll (Chl) fluorescence lifetime from ~0.4 ns (in thylakoid extracts) to 

~4 ns (in hybrid membranes). Finally, photochemical assays, designed to measure 

the electron generation of PSII203-206, suggested that hybrid membranes are capable 

of electron generation and that it may be possible to incorporate this platform into 

existing nanotechnologies for light-harvesting258-260.  

 

Chapter 5 detailed the development of two light-harvesting nanomaterials in which 

the synthetic fluorophore, Texas Red (TR), was interfaced with photosynthetic 

proteins in a lipid membrane: (i) light-harvesting proteoliposomes containing TR 

and the photosystem II antenna protein (LHCII), (ii) hybrid membranes containing 

a mixture of photosynthetic proteins (PSII, LHCII, etc) and TR. In both systems, TR 

was found to be capable of energy transfer to Chl due to their complementary 
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spectra, manifesting as a quenched TR fluorescence and an enhanced Chl emission. 

In proteoliposomes, with fixed TR content (6.50 µM), it was shown that increasing 

the LHCII concentration from 0.00 µM to 3.50 µM results in the decrease in the 

relative TR emission to as low as 2 % (compared to its level in the absence of LHCII). 

In proteoliposomes with fixed LHCII content (0.7 µM), increasing the TR 

concentration resulted in an increase in the relative LHCII emission up to 300 %. 

Both of these effects are strong indicators of the successful energy transfer from TR 

to LHCII. FLIM measurements of individual proteoliposomes showed that >90 % of 

proteoliposomes had successfully incorporated both components, and population 

statistics revealed a monodisperse population of fluorescence lifetimes for each 

sample, suggesting that proteoliposomes self-assemble in a consistent manner and 

that there are few/negligible aggregates that may skew ensemble analysis. Overall, 

our results show a highly consistent and modular system in which the energy 

transfer efficiency (ETE) can be selectively tuned or increased to ETEs >90 %. In 

hybrid membranes containing TR, the extent of energy transfer was calculated by 

comparing the fluorescence lifetime of TR in hybrid membranes to TR in the absence 

of Chl, and by comparing the enhanced Chl emission when excited in the “green gap” 

of low absorbance. The ETE from TR-to-Chl was calculated to be 50% and Chl 

emission was effectively enhanced by 108 % of its initial intensity, providing a 

“proof of concept” for this method of enhancing light-harvesting and electron 

generation.  

 

Chapter 6 detailed the development of “in-membrane electrophoresis” combined 

with FLIM measurements as a platform to interrogate the self-quenching that occurs 

between fluorophores at high concentrations. In this chapter, direct current electric 

fields were applied parallel to patterned lipid membranes containing either TR, NBD 

or Bodipy (BOD) fluorophores, such that the fluorophores experience a force,  

migrate in the direction of the field and increase in concentration at the membrane 

edge. In our patterned membranes (100 × 100 µm squares) the maximum 

fluorophore concentration was ~7-fold greater than the concentration of 

fluorophores prior to electrophoresis, and increasing the initial concentration of 

fluorophores from 0.28 % to 0.94 % (mol/mol) resulted in maximum concentrations 

of 2 % and 7 %, respectively. Lifetime measurements of lipid bilayers during 

electrophoresis showed that increasing the fluorophore concentration resulted in 
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fluorescence quenching (i.e., a shortened fluorescent lifetime), and by correlating 

the concentration and lifetime at each location it was possible to produce quenching 

efficiency versus concentration curves for each fluorophore. Using these curves it 

was possible to predict the quenching behaviour over a continuous range of 

concentrations and to determine the mechanism of self-quenching. It was found that 

quenching is most likely caused by the formation of quasi-stable non-fluorescent 

dimers, that form when two fluorophores are separated by the “critical radius of 

trap formation”, RC. From quenching efficiency curves, we were able to determine 

RC for each fluorophore (RBOD = 2.57 ± 0.01, RTR = 1.83 ± 0.01, RNBD = 1.03 ± 0.01 nm) 

and found these to be in agreement to previous studies268, 270. Our results show that 

this platform is sensitive to nanoscale differences in parameters that may dictate 

quenching, and that the results are reliable and accurate when compared to other 

methods to quantify quenching.  

 

In chapter 7, in-membrane electrophoresis and correlated FLIM measurements 

were used to quantify the quenching that occurs as a result of interactions between 

or aggregation of photosynthetic proteins. First, hybrid membranes were self-

assembled from a mixture of thylakoid extracts and synthetic lipids, and increasing 

the concentration of thylakoid extracts in the self-assembly process was found to 

increase the concentration of proteins that incorporated into the membrane (in a 

range of 0.5 % - 1.2 % of the membrane area). Applying an electric field parallel to 

the plane of patterned (100 × 100 µm square) hybrid membranes resulted in the 

migration of photosynthetic proteins towards the positive electrode, correlated to 

the quenching of the fluorescence lifetime (from ~ 4 ns to as little as ~0.8 ns) as the 

concentration of proteins increased at the membrane edge. Removal of the electric 

field resulted in the redistribution of Chl fluorescence, until it was homogenous 

throughout the membrane, and a correlated “un-quenching” of Chl fluorescence as 

the protein concentration decreases and protein aggregates disassociate. Both FRAP 

measurements (showing a reduce diffusivity of proteins after versus before 

electrophoresis experiments) and fluorescence lifetime measurements (showing a 

slightly reduced fluorescence lifetime after versus before electrophoresis) indicate 

that protein interactions do not entirely disassociate once the electric field is 

removed and that there may be some nanoscale protein aggregates that are 

maintained by some weak attractive force. Overall, we have demonstrated the first 
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application of in-membrane electrophoresis to control the organisation and 

photophysics of photosynthetic proteins in a lipid membrane, and our results show 

that the proteins can be reversibly switched between an energy dissipative or light-

harvesting state by increasing or decreasing the protein concentration, respectively. 

Careful analysis of FLIM images was used to generate quenching efficiency versus 

concentration curves to quantify the overall strength of quenching and to reveal 

information about the mechanism of photosynthetic quenching over a continuous 

range of concentrations. The quenching strength between photosynthetic proteins 

was found to be 10-15 fold greater than the quenching strength of freely diffusing 

pigments (BOD, NBD, or TR), possibly due to attractive forces between proteins that 

may lead to sustained protein interactions. Finally, the “molecularity” (i.e. number 

of proteins required to form an energy trap) was assessed. It was found that the 

number of traps was proportional to the concentration of proteins and suggests that 

quenching traps are dominated by individual trimers on a fundamental level, 

possibly due to conformational changes of those trimers due to interactions or 

forces between proteins. This is the first time (to the Author’s knowledge) that the 

protein aggregation model41, 55, 105 and later observations of quenching in individual 

proteins68, 69 (two models that appear inherently contradictory) have been 

reconciled in a single experiment.  

 

Overall, in all four chapters, we have demonstrated that both proteoliposomes and 

hybrid membranes are a powerful experimental platform for correlated AFM and 

FLIM measurements for which to interrogate excitation energy transfer and 

fluorescence quenching between small-molecule fluorophores and photosynthetic 

proteins. Whilst it is not unusual for photosynthetic proteins to be reconstituted into 

lipid bilayers74, 79, 98, 105, 120, or otherwise studied in a native thylakoid lipid 

environment53, 72, 169, 304, the ability to incorporate multiple types of photosynthetic 

proteins into a series of discrete patterned membranes allows this single 

experimental platform to be applied to a broader range of applications than either 

native thylakoid extracts or non-patterned lipid membranes (liposomes or SLBs) 

alone. The self-assembly process of hybrid membranes (and liposomes) was 

harnessed to incorporate complementary chromophores into close proximity to 

photosynthetic proteins to enhance their absorption spectra, and was able to reach 

energy transfer efficiencies comparable to those reported in literature for the direct 
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covalent attachment of chromophores to light-harvesting proteins237, 239, 240, 305. The 

ability to do this within a surface patterned system (i.e. hybrid membranes) is 

another advance, because these may be also capable of electron transfer, opening 

the possibility of utilising “enhanced hybrid membranes” alongside other 2D 

micro/nanoscale electronics that already exist258-260. The configuration of hybrid 

membranes as being surface-supported (in contrast to solution-based vesicles) also 

means that they are flexible and compatible with many experimental techniques, 

such as in-membrane electrophoresis, and amenable to surface-based microscopy, 

such as AFM and FLIM. By taking advantage of these properties, significant steps 

were made towards a comprehensive understanding of fluorescence self-quenching 

between identical fluorophores and the quenching that occurs between 

photosynthetic proteins as the direct result of protein interactions/aggregation. Our 

findings allow us to make convincing conclusions regarding the nature and 

mechanism of protective non-photochemical quenching in photosynthesis, and have 

wider implications for the use of fluorophores, and opportunities to  characterise 

and take advantage of fluorescence quenching, in both the model membrane and 

other photosynthesis research communities.   

 

A promising next step for this research would be to apply in-membrane 

electrophoresis to a wider range of photosynthetic samples in order to delineate the 

effects of different components and conditions on non-photochemical quenching. 

Other researchers have already demonstrated the ability to form model lipid 

bilayers containing LHCII74, 98, 105 or PSII129, 306, 307 and it is feasible that these 

membranes could be deposited into patterned templates to make them compatible 

with in-membrane electrophoresis. It would be particularly interesting to compare 

concentration-induced quenching in LHCII-only membranes, PSII-only membranes 

and hybrid membranes to generate quenching efficiency versus concentration 

curves for each protein and to determine their relative contributions to energy 

dissipation and photoprotective NPQ. Numerous researchers report changes to 

thylakoid membrane structure and photophysics as a result of pH39, 40, 189, 308 and it 

would also be possible to perform in-membrane electrophoresis in a variety of 

aqueous environments. Specifically, it would be interesting to determine if the 

quenching efficiency of concentrated proteins is increased in different pH or ionic 

conditions, or if proteins organize into different supercomplexes as a result of 
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changes to electrostatic interactions. In addition, the stability of protein aggregates 

could be indirectly measured in a variety of electrostatic conditions by 

concentrating proteins via electrophoresis and then monitoring the redistribution 

of proteins once the electric field is removed. It would also be highly revealing to 

investigate the specific role of PsbS protein, which may be the gatekeeper of 

inducing the quenched state of LHCII174, 309, 310, using LHCII-PsbS model membranes 

and electrophoresis.  

 

Finally, it has been shown that it is possible to create multi-bilayer stacks of model 

membranes by exploiting electrostatic attractions between anionic lipids and 

cationic polymers,200, 235 divalent cations,236 or protein-protein interactions 

(including LHCII-LHCII).74 It may also be possible to generate multi-layered hybrid 

membranes for use in in-membrane electrophoresis experiments to assess whether 

energy transfer between stacked membranes may contribute to NPQ and whether 

protein diffusion within stacked membranes results in different membrane 

organisations. Through a methodical screening of various conditions and membrane 

compositions, it may be possible to delineate the network of complicated 

interactions and photoprotective processes that occur native thylakoid membranes.  
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Appendix  A2 

Appendix 1: Optimising the excitation fluence 

for FLIM measurements of photosynthetic 

samples  

Prior to any characterisation of photosynthetic samples, it was necessary to 

ensure that the parameters selected for FLIM measurements did not introduce 

lifetime artefacts into our analysis of photosynthetic samples. Singlet-singlet 

annihilation (SSA) is a mechanism of fluorescence quenching induced by Forster-

type energy transfer between two fluorophores while they are both in their first 

excited singlet state (S1S1), and may result in the unintentional truncation of the 

fluorescence lifetime, and misinterpretation of the photophysical properties of 

photosynthetic systems, or a sub-optimal fluorescence signal. SSA is very likely 

to occur in photosynthetic light harvesting complexes,1 due to the high density 

of pigments within photosynthetic proteins, and the probability of SSA is 

increased by increasing the concentration of excitons (or exciton flux) within the 

system, e.g. by increasing the intensity of exciting light.2, 3 Therefore, it was 

necessary to de-couple effects of SSA or to limit experimental parameters to a 

regime where SSA is unlikely to occur.  

 

Experiments were performed to select an appropriate excitation fluence for 

future protein measurements, and to characterise the extent of annihilation at a 

range of other fluences. To quantify SSA in photosynthetic systems, multiple 

measurements of LHCII fluorescence lifetime were obtained using a wide range 

of excitation fluences above and below the level where SSA was expected to 

occur (0.001 mJ/cm2 to 0.373 mJ/cm2). LHCII was excited using a 485 nm pulsed 

laser source, operating at a repetition rate of 10 MHz, with a FWHM of ~70 ps. 

To calculate the amount of energy delivered per unit area, the laser fluence was 

calculated from the average power, as shown in Table A1.1. The total exposure 

time was adjusted for each measurement, such that the net delivered excitation 

remained constant. 
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Average 
Laser 

power 
output 

(AU)  

Average 
laser 

power 
output 

(uW)  

Average 
laser 

power 
output  

(W) 

Average 
Intensity 
(W/cm2) 

Peak 
power  

(W = J/s) 

Fluence 
(J/m2) 

Fluence 
(mJ/cm2) 

Fluence 
after obj. 

(mJ/cm2) 

PAU PµW =  
K × PAU 

PW =  
PµW × 10-6 

I =  
PW / A 

PPEAK = PW/ 
(FWHM × 

Rrep × 106) 

FSI = 
PPEAK × 

FWHM / 
A 

F = FSI/10 F’ = F×E 

1.5E+04 2.3E+01 2.3E-05 4.5E+03 2.5E-02 4.5 0.45 0.38 
1.5E+04 2.2E+01 2.2E-05 4.4E+03 2.5E-02 4.4 0.44 0.37 
1.5E+04 2.3E+01 2.3E-05 4.5E+03 2.5E-02 4.5 0.45 0.38 
2.0E+04 2.4E+01 2.4E-05 4.9E+03 3.5E-02 4.9 0.49 0.42 
5.5E+04 7.5E+01 7.5E-05 1.5E+04 8.4E-02 15.0 1.50 1.27 
5.5E+04 8.3E+01 8.3E-05 1.6E+04 0.2E-02 16.4 1.64 1.40 

Table A1.1 – Method of calculating the excitation fluence from the average laser power 

output.  

K is the conversion constant for the 485 nm laser and the 485/560 dichroic mirror. K = 

0.00147. A is the laser spot area. For the 485 nm laser, this is 5.03 ×10-13 m2. FWHM is 

the full width at half maximum of the laser pulse, 90 ps for the 485 nm laser. Rrep is the 

repetition rate of the laser pulse. For the 485 nm laser, this is typically set to be 10MHz 

but can vary depending on the application. E is the efficiency of the objective lens at the 

laser wavelength. From the manufacturers specifications, this is estimated to be 0.85 

(85%). 

K, A, FWHM will vary as a result of changing laser heads, or using different dichroic 

mirrors. A complete list of these parameters is provided at the end of the chapter. Rrep 

is specific to the requirements of each experiment, and is selected by the user. Fluences 

were recalculated for each iteration of these parameters such that SSA effects were 

avoided (unless deliberately introduced) in all experiments in subsequent chapters.  
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The likelihood of SSA may also increase as a result of system connectivity, so the 

presence of SSA was assessed in a variety of systems with various degrees of 

protein aggregation. Firstly, fluorescence decay curves were obtained for LHCII 

diluted in buffer containing 0.3% α-DDM detergent (a system with no 

interactions between proteins) using a range of excitation fluences. Fluorescence 

decay curves obtained using low excitation fluences (black curve, Figure A1.1a) 

have a significantly slower decay than those obtained using high excitation 

fluences (bright green curve, Figure A1.1a), as shown by the relative gradients 

of the each fluorescence decay curve. Each lifetime decay curve was used to 

calculate a fitted fluorescence lifetime, by reconvolution of the lifetime signal 

from the IRF (red curve, Figure A1.1a). For LHCII in detergent, the fitted lifetime 

(green, Figure A1.1b) remained approximately constant (~3.6 ± 0.04 ns) at low 

to medium excitation (0.0010 to 0.0026 mJ/cm2) before decreasing 

exponentially (note the semi-logarithmic scale on Figure A1.1b) as the 

excitation fluence increased from 0.0026 to 0.373 mJ/cm2. Our results are in 

agreement to similar studies, showing the dependency of the fluorescence 

lifetime on the excitation power.  

 

Next, to generate a system with large amounts of LHCII aggregation, LHCII was 

deposited in solution onto a clean, atomically flat mica substrate. In this scenario, 

trimeric LHCII self-assembles into tightly packed domains of various sizes, 

where the luminal or stromal surface of the LHCII is loosely associated with the 

mica substrate.4 After a period of incubation, and copious washing, the 

fluorescence lifetime of these adsorbed LHCII aggregates was measured at low 

fluence (0.002 mJ/cm2) where no SSA should occur. The fluorescence lifetime of 

LHCII aggregates was found to be extremely quenched (0.31 ± 0.01 ns) relative 

to the lifetime of LHCII in detergent (3.60 ±  0.04 ns). This result shows that there 

is a high degree of quenching is present in the LHCII deposited on mica in this 

way, suggesting the presence of protein-protein interactions (that are known to 

quench LHCII fluorescence) and a highly aggregated network of LHCII trimers.  
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Figure A1.1: Control measurements to limit non-linear fluorescence effects that may 

result in FLIM artefacts. (A) Fluorescence lifetime decay curves for LHCII in detergent 

solution (0.3% α-DDM 20 mM HEPES). Measurements were taken at a range of 

excitation fluences (0.002 to 0.338 mJ/cm2, increasingly green curves indicate 

increasing fluence). (B) Fitted fluorescence lifetimes for LHCII samples in a variety of 

aggregated states: No aggregation, ie. in detergent solution (green), Loosely aggregated, 

ie. deposited on mica and backfilled with DOPC (black), and Densely aggregated, ie. 

deposited on mica (blue). The red, shaded region represents a range of moderate to high 

fluences (> 0.026 mJ/cm2) where the increased excitation fluence causes shortening of 

the fitted fluorescence lifetime.  

 

Fluence after 
obj. (mJ/cm2) 

LHCII in 
detergent  

<τ> (ns) 

LHCII + DOPC 
on mica 
<τ> (ns) 

LHCII on mica 
 

<τ> (ns) 
0.002 3.60 ± 0.04 0.47 ± 0.06 0.31 ± 0.01 
0.012 3.60 ± 0.01 0.43 ± 0.01 0.30 ± 0.01 
0.026 3.50 ± 0.02 0.44 ± 0.05 0.29 ± 0.01 
0.054 2.17 ± 0.03 0.36 ± 0.03 0.25 ± 0.01 
0.078 1.87 ± 0.04 0.31 ± 0.04 0.24 ± 0.01 
0.132 1.34 ± 0.24 0.27 ± 0.01 0.18 ± 0.01 
0.251 1.00 ± 0.03 0.22 ±0.01 0.15 ± 0.01 
0.388 0.84 ± 0.02 0.20 ± 0.01 0.14 ± 0.02 

Table A1.2: Fitted lifetimes for multiple LHCII aggregation states as a function of 

excitation fluence.   
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It has previously been reported that the addition of lipids to LHCII aggregates 

causes a rearrangement of the LHCII, resulting in a system with less fluorescent 

quenching.4 So, to generate a sample with moderate amounts of aggregation 

LHCII deposited on mica was incubated with a 0.5 mg/ml DOPC liposome 

solution, such that the liposomes rupture onto the hydrophilic surface, and the 

DOPC lipids associate with the hydrophobic transmembrane segments of the 

LHCII. Following copious washing to remove any loosely adsorbed material, the 

fluorescence lifetime of LHCII on mica was measured, and found to have 

increased due to the presence of lipids from 0.31 ± 0.01 ns to 0.47 ± 0.06 ns. The 

change in the fluorescence lifetime reveals that the addition of lipids has indeed 

reduced the level of quenching by LHCII, and suggests that the LHCII in this 

arrangement is more loosely aggregated with fewer protein-protein interactions 

(relative to LHCII on mica with no addition of lipids).  

 

Annihilation measurements for LHCII in both aggregated states (LHCII on mica, 

and LHCII with DOPC on mica) show the same SSA onset fluence as LHCII in 

detergent solution. For all three aggregation states, the fitted fluorescence 

lifetime remained approximately constant (<10% variation) at fluences below 

0.0026 mJ/cm2, before rapidly decreasing at fluences above 0.0026 mJ/cm2. The 

results show that the fluence at which annihilation effects become significant is 

not dependant on the aggregated state of the protein, or altered by potential 

interactions between the substrate and the proteins. Therefore, the same fluence 

can be used to obtain lifetime measurements for LHCII in a range of systems. 

After this series of experiments, a fluence of 0.0026 mJ/cm2 was used for all 

subsequent FLIM measurements of the photosynthetic systems (unless 

annihilation effects were the target of an experiment). This medium-low fluence 

was chosen to allow for the collection of data with moderate speed and high 

signal, whilst also minimising the effect of SSA on the fitted fluorescent lifetimes. 

In subsequent chapters, this series of measurements gives us a high confidence 

in the analysis of the fluorescence lifetimes, and subsequent interpretation of the 

photophysical state of LH and PS proteins in a variety of conditions.  
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