Establishment of a 3D cell culture perfused system to
investigate mechanisms of blood vessel lumen
morphogenesis: the role of cilia and cytoskeletal

regulators in flow sensing

Safoura Zahed Mohajerani

Submitted in accordance with the requirements for the degree of Doctor of
Philosophy (PhD)

The University of Leeds

Leeds Institute of Medical Research

October 2022



The candidate confirms that the work submitted is her own and that appropriate
credit has been given where reference has been made to the work of others.

This copy has been supplied on the understanding that it is copyright material
and that no quotation from the thesis may be published without proper

acknowledgment.

The right of Safoura Zahed Mohajerani to be identified as Author of this work
has been asserted by Safoura Zahed Mohajerani in accordance with the
Copyright, Designs and Patents Act 1988.

© 2022 The University of Leeds and Safoura Zahed Mohajerani



| dedicate this piece to my husband and to my son, Reza and Aiden.

Without their encouragement, this accomplishment wasn’t possible.



Acknowledgements

First and foremost, | am grateful to British Heart Foundation for the funding

opportunity to undertake my study.

| would like to express my sincere gratitude to both of my supervisors, Dr Georgia
Mavria and Professor Colin A. Johnson for their unwavering support and belief in
me. Georgia, you have been a great supervisor, friend, and mentor. | am deeply
grateful for your assistance at every stage of this research project. You have
encouraged me to strive for better, as a person and as a researcher, thanks for
believing in me. Colin, thanks for your invaluable supervision, continuous support,
and patience during my PhD study. | appreciate the way you always motivate me
during my PhD. Thanks to both of you, your immense knowledge and plentiful
experience have encouraged me in all the time of my academic research. | am
indebted to both of you for your advice, support and the insight you gave me in
to new techniques, they have undoubtedly catalysed my growth as a researcher
over the course of this doctorate.

| would like to express gratitude to Dr Chiara Galloni for her support, Chiara
thanks for being the best mentor, post-doc, and friend. | would like to thank my
collaborator Dr Matthew Bourn, | cannot thank you enough for your patience, and
assistance with the microfluidic device. | would like to thank Dr Gary Shaw, Dr
Leander Stewart, Dr Clair Smith, Dr Katarzyna Szymanska, Dr Basudha Basu,

Dr Alice Lake and Rowan Taylor for their support and help during my PhD project.

| would like to thank my friends, Dr Helen Carrasco Hope, Laura Heskin and Dr
Anastasia Widyadari for a cherished time spent together in the lab, and in social

settings. | am grateful you are in my life and for our beautiful friendship.

On a personal level, | am deeply grateful for the support of my family; | would like
to offer my special thanks to my husband, Reza Asghari and to my son, Aiden
Asghari, | am indebted to your constant support, your patience and grace. Reza,
without your tremendous understanding and encouragement in the past few

years, this thesis would have never seen the light of day. You never fail to support



me even on the toughest days. It is an honour to have you by my side and no
words can fully express my gratitude. | would like to extend my sincere
appreciation to both of my parents, Ozra and Ali, and my brother Hooman; without
your encouragement and belief in me in the first step, my enthusiasm for science

would have not been realised and | wouldn’t be in the position | am today.

To everyone | have crossed paths with, has mentored me, and worked with me
over the past four years, | sincerely thank you, your contribution does not go

unnoticed.

Safoura Zahed Mohajerani, October 2022



Abstract

Cardiovascular function relies on stable and continuous formation of the blood
vessel network by endothelial cells (ECs) to sustain blood flow and tissue viability.
Although much is known regarding the molecules that control the initial stages of
blood vessel growth, current understanding of the mechanisms by which the
blood vessel lumen develops and expands to allow and sustain blood flow remain
poorly elucidated. Endothelial primary cilia, microtubule-based organelles that
protrude from the plasma membrane into the vessel lumen, mediate
mechanotransduction of blood flow. Therefore, this thesis assesses the effects of
genetic ablation of cilia, and cytoskeletal regulators DOCK4 and ROCK involved
in ciliogenesis, on flow sensing and lumen formation under conditions of fluid

flow.

A promising approach for understanding the mechanism behind development of
a functional circulatory system is the use of perfused endothelial tubes in three-
dimensional (3D) organotypic co-cultures of endothelial cells and fibroblasts. The
system which was established in this study allowed manipulation of molecules
associated with flow sensing under conditions of fluid flow. Molecular
mechanisms of vascular lumen formation and lumen expansion were investigated

using this system.

This study concludes that primary cilia are necessary for vascular tube formation
in the co-culture model as their ablation inhibited lumen formation and expansion,
and ROCK inhibition leading to disruption of proper cilium assembly inhibits
vascular lumen formation. Furthermore, knockdown of GEF DOCK4 under
conditions of FGF stimulation, increases angiogenesis in co-culture through
higher EC proliferation accompanied by decreased cilia incidence. Finally, during
this study a serotonin receptor HTR6-CFP2 fusion protein was cloned into a
lentiviral vector and the protein was successfully expressed in ECs for

assessment of ciliary dynamics in live cells.
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Chapter 1

Introduction



1.1 The circulatory system

Healthy tissue homeostasis requires efficient and simultaneous blood
transportation, gas exchange and efficient waste product removal via the
circulatory system. The circulatory network consists of: heart, the blood vessels
and the lymphatic vessels. The circulatory system performs a fundamental role
in tissue homeostasis through delivery of oxygen and nutrients and waste
removal to and from all cells and tissues in the entire body. It also plays roles in
transporting immune cells, inflammatory cytokines, signalling molecules and
growth factors (GFs) to distinct sites (R. H. Adams & Alitalo, 2007).

The blood circulatory system (cardiovascular system) is an enclosed system
composed of the heart and blood vessels. Heart is central of the circulatory
system pumping blood into the network of blood vessels. This muscular pump is
made up of four chambers: the left and right atriums, and the left and right
ventricles. These chambers are separated with one-way valves to keep the blood
flow unidirectional. The heart pumps blood all over the body through the
heartbeat which is contraction and relaxation of the heart muscles (Carmeliet,
2000).

Blood vessels form a closed circulatory system all over the body and are lined by
a specialized layer of endothelial cells (ECs). The complex network of blood
vessels is composed of arteries, veins and capillaries, each with unique structure
and function. Arteries transfer oxygenated and nutrient-rich blood away from the
heart to tissues in the body, whilst veins return deoxygenated and low-nutrient
blood back to the heart. Capillaries are networks of small blood vessels that
bridge arteries and veins, and function in delivering blood deeper into cells and

tissues.

The function of blood vascular system is complemented by the lymphatic system
which regulates tissue fluid balance, immunological functions and facilitates
interstitial protein transport (Pepper & Skobe, 2003). The lymphatic vasculature
comprises a unidirectional network of blunt-ended capillaries (terminal

lymphatics) that drain lymph (fluid that leaks from blood vessels) and carry it into



the tissues. Lymph empties back into the venous circulation via lymphatic-venous
junctions after being filtered through the lymph nodes. Lymphatic vessels are
lined by lymphatic endothelial cells (Alitalo et al., 2005).

1.1.1 Blood vessels and the endothelium

The vascular network shows hierarchy (Branching morphogenesis) and is made
up of two independent networks which work together to establish blood flow
throughout the body, the systemic and the pulmonary systems. Through the
systemic system the main artery (aorta) branches from the heart into arteries
which lead to smaller vessels termed arterioles and then to a network of small
capillary vessels known as the capillary network, where the blood releases
oxygen and nutrients to tissues and cells. In return blood collects waste products
and carbon dioxide through the capillary system which then travel through the
veins to the heart. Later the pulmonary circulation which is responsible for
providing fresh oxygen and removing carbon dioxide from the blood takes over,
and transfers low-oxygen blood into the pulmonary artery. This then branches

into arteries and capillaries which exchange carbon dioxide for oxygen.

The ECs line the whole cardiovascular system from the heart to the arteries, veins
and small capillaries (Rajendran et al., 2013). A cohort of ECs dynamically
assemble into a vascular network. Individual ECs perform coordinates migration,
cell-cell and cell-extracellular matrix (ECM) adhesion, proliferation, degradation
of ECM and sprouting of the vascular network. Blood vessels may specialize to
acquire functional characteristics dependent on their location. Nonetheless,
human blood vessels maintain the same histological organization of an
endothelial single layer, with a luminal-abluminal polarity. The layer of ECs
arranges into a tube connected to vascular basement membrane, and a layer of
mural cells including smooth muscle and pericytes on the abluminal side
(Lammert & Axnick, 2012). Following blood flow establishment, ECs acquire
planar cell polarity which is a pathway of signalling cascade to coordinate the
morphogenic movements (Lizama & Zovein, 2013). The endothelium forms a



tubular vascular structure vital in maintaining a non-thrombogenic blood-tissue
interface that regulates blood flow, vascular tone, thrombosis, thrombolysis and
platelet adherence. In the same time vasculature functions as secretory,
synthetic, metabolic and immunologic entity (Cines et al., 1998) and (Verhamme
& Hoylaerts, 2006).

Endothelial cells form a dynamic barrier that is covered by smooth muscle cells
(SMCs) and ECM dominantly comprised of collagen and elastin in larger vessels.
The endothelium is a selective permeable barrier between tissue and circulation
blood and control vasodilation and blood vessel generation (Herbert & Stainier,
2011).

1.1.2 The peripheral vascular system

All the blood vessels outside the heart are known as peripheral vascular system
(PVS) which includes the aorta, arterioles, capillaries, venules and veins. The
structure and function of each vessel is modified according to the organ it supplies
(Tucker et al., 2022). Aside from capillaries, all blood vessels comprise three
layers: tunica adventitia, tunica media and tunica intima. The tunica adventitia is
the outermost layer of the abluminal side of blood vessels and is a supportive
layer that primarily consists of extracellular matrix, fibroblasts and progenitor
cells; tunica media is the middle layer comprising an elastic and muscular tissue
that consists of smooth muscle cells which regulates the internal diameter of the
blood vessels; the innermost layer is the tunica intima comprises ECs which line
the blood vessel lumen (Mazurek et al., 2017). Capillaries are lined by one cell

layer, the tunica intima (Mazurek et al., 2017) (Figure 1.1).

1.1.2.1 Arteries and arterioles

Arteries has a crucial role in nourishing tissues and organs through blood
delivery. There are two types of arteries; Arteries as they are closer to the heart,



known as elastic arteries, have a thicker layer of elastic tissue that enable them
to alter the diameter and increase in size, and less smooth muscle; Arteries
branching into the smaller vessels in organs, known as muscular arteries, have
less elastic tissue and more smooth muscle cells (Tucker et al., 2022). Arterioles
regulate blood flow in the vascular system because they are major source of
resistance (Delong & Sharma, 2022).

1.1.2.2 Venules and veins

Venules have very thin walls and they transfer blood from capillaries to the veins.
Veins retain related structure to arteries with the same three layers, but have
thinner walls and less elasticity. Unlike arterial pressure, the venous pressure is
low. The veins hold a large volume of the blood in circulation, at any time point
around three-fourths of the blood volume is contained in the venous system. In
order to guide blood circulation back to heart there are one-way valves in the
vessels located deep inside body and called deep veins (Tucker et al., 2022).

1.1.2.3 Capillaries

Capillaries are patterned by endothelial cells surrounded by pericytes and a layer
of basement membrane in abluminal side. Capillaries arise from the arterioles
and converge into venules (Murrant et al., 2017). Capillaries comprise the main
site of gas and nutrient exchange between blood and tissues because of their

thin wall structure and large surface area to volume ratio (E. Kang & Shin, 2016).

Arterioles and venules have more coverage of mural cells compared to veins.
Arteriole and venule wall are formed by ECs covered by internal elastic lamina,
smooth muscle actin and basement membrane and on top by external elastic
lamina in abluminal side. Elastic laminae and SMCs regulate vessel tone and as
a result modulate vessel diameter and blood flow. Arterioles and venules are

covered by mural cells more than capillaries (Jain, 2003).
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Figure 1.1 The human circulatory system.

Diagram of the circulatory system in human: arteries, arterioles, veins, venules
and capillaries. Arteries have three structural layers: The tunica externa, tunica
media, and tunica intima. The tunica externa is the outer layer of arteries and
consists of connective tissue, collagen, and elastic fibres. The tunica media, the
middle layer includes smooth muscle cells and elastic fibres. The tunica intima is
the inner most layer of the arteries and is comprised of endothelial cells. There
are three types of arteries: elastic arteries, muscular arteries, and arterioles.
Veins also have three distinct layers; the tunica externa, tunica media, and the
tunica intima. The tunica media of veins contain an irregular covering of vascular
smooth-muscle cells and pericytes. Capillaries are small vessels formed by a
single layer of flattened ECs with no muscular layer. Created with
BioRender.com.



1.1.3 Collateral arteries

In order to overcome hypoperfusion of certain areas in the adult body, there are
two crucial mechanisms of circulation growth. One is angiogenesis, or growth of
new capillaries under hypoxic conditions described in section 7.2; and the second
is arteriogenesis or remodelling of pre-existing collateral arterioles towards

functional arteries.

Collateral arteries created by anastomosis of non-functional but active collateral
arterioles with functional arterioles, so it bypasses the site of obstruction and
maintains viability of the tissue that is threatened by ischaemia (de Groot et al.,
2009). Once blood flow to the collateral artery anastomoses has been initiated,
sheer stress of the blood flow drives arteriogenesis of the dormant micro vessel
to develop into a full-grown conductance artery. The number and patterning of
pre-existing collateral arteries prior to an occlusion markedly influence the

adequacy of the diversion of blood flow to the affected tissue (Ramo et al., 2016).

1.1.4 Mural cells

Mural cells in the vasculature refer to both the SMC and pericytes (Lin et al.,
2021). For maturation of nascent vasculature, recruitment of mural cells is

necessary and depends on the location and function of blood vessels.

Mural cells stabilize nascent vessels by inhibiting proliferation and migration of
endothelial cells, and by increasing production of extracellular matrix (Carmeliet,
2000). Mural cells that are responsible for contraction and dilation of blood
vessels, provide scaffold to vascular structures. Mural cells have direct contact
with ECs to co-regulate vascular function by paracrine signalling (Gerhardt et al.,
2003) (Vanlandewijck et al., 2018). They are essential for control of blood
pressure, regulation of blood distribution and the structural integrity and support
to the vascular wall (Zhuge et al., 2020). Vascular SMCs (VSMCs) are located in
the tunica media of the arteries and arterioles wall and are responsible for



contraction and relaxation, whilst pericytes which are their equivalent are located
around venules and capillaries (Attwell et al., 2016).

VSMCs dysfunction can causes cardiovascular diseases such as atherosclerosis
(Tabas et al., 2015) and pericyte dysfunction plays a crucial role in
neurodegenerative diseases such as Alzheimer's and Parkinson’s diseases
(Sweeney et al., 2018).

1.2 Development of blood vessels

Blood vessels development occurs through the process of angiogenesis,
vasculogenesis and arteriogenesis. As mentioned earlier angiogenesis refers to
sprouting of blood vessels followed by stabilization of sprouts by mural cells,
whilst arteriogenesis refers to collateral growth of pre-existing vessels to form a
bridge between arterial networks (Carmeliet, 2003). During vasculogenesis,
mesodermal cells differentiate to endothelial cell precursors known as
angioblasts (Risau, 1997) which develop into the mesodermal compartment and
generate endothelial cells in the blood islands (Palis & Yoder, 2001). Endothelial
precursors differentiate to ECs and coalesce into cord-like structures (Risau &
Flamme, 1995) (Coultas et al., 2005). Vasculogenesis and early vessel formation
occurs in the absence of blood flow and it can be guided by genetics,
environmental and mechanical inputs (E. A. Jones et al., 2006). Early blood
vessels remodel and expand via the process of angiogenesis.

1.2.1 Expansion of vascular network

Angiogenesis initially happens after vasculogenesis and formation of early
primitive vascular structure. During this highly dynamic process, ECs of vessels
undergo various cellular processes including sprouting, migration, proliferation
and polarization in response to external stimuli (Carmeliet & Jain, 2011).
Angiogenic vessels sprout, and shape the whole circulatory system into a



functional organ that reaches all tissues in the body, and vessels specialise
according to their location in different tissues (Kwei et al., 2004). During
development of the coronary plexuses arterial and venous blood vessels become
segregated through expression of specific molecular markers. Pre-arterial
endothelial cells express ephrinB2 and neuropilin 1 (NRP1) (R. H. Adams &
Alitalo, 2007). Whilst venous endothelial cells express EphB4 (erythropoietin-
producing human hepatocellular receptor 4) (Borasch et al., 2020).

1.2.2 Maturation of vascular network

Blood vessel maturation defines as stepwise transition of actively growing
vasculature to a quiescent, completely formed and functional network (Torres-
Vazquez et al, 2003). Maturation of the nascent vasculature requires:
suppression of endothelial proliferation and sprouting, stabilization of existing
vascular tubes, protection against growth factor (VEGF) withdrawal, cellular
differentiation processes like formation of valves, fenestrations or tight-junction
barriers, and mural cell recruitment into the vessel wall and generation of
extracellular matrix (Jain, 2003). During embryonic development, the nascent
vascular network is formed by vasculogenesis and angiogenesis. The least
understood step in maturation of vessels is organ-specific specialization of blood
vessel network structure (Ruoslahti, 2002). Capillaries organ-specific
specialization includes arterio-venous determination, formation of heterotypic
and homotypic junctions, and EC differentiation to form organ-specific capillary
structures (Jain, 2003). New vessel growth, maturation and maintenance are
highly complex and coordinated processes that need the sequential activation of
an array of receptors by various ligands (Yancopoulos et al., 2000) (Ferrara &
Alitalo, 1999).



1.2.3 Angiogenesis growth factors FGF and VEGF

EC specific growth factors and their receptors are classified into vascular
endothelial growth factor (VEGF) and angiopoietin (Ang) families (Korpelainen &
Alitalo, 1998). Other growth factors like bFGF mostly secreted by fibroblast and
bound to extracellular matrix are important angiogenic factors (Ferrara & Davis-
Smyth, 1997). bFGF and VEGFA are necessary for vasculogenesis/angiogenesis
and arteriogenesis during embryonic (Tomanek et al., 2008) and postnatal
development (Tomanek et al., 2001).

VEGF known as vascular permeability factor (VPN) is a growth factor produced
by many cells. VEGF comprises five members: VEGF- A, B, C, D and placenta
growth factor (PGF). All members of the VEGF family bind to tyrosine kinase
receptors (the VEGFRs) on the cell surface to stimulate cellular responses.
VEGFA specifically acts on vascular ECs and binds to VEGFR1 and VEGFR2.
VEGFR2 regulate almost all of the known endothelial cellular responses to
VEGF. VEGFR1 responsibility is not well understood but it's thought it modulates
VEGFRZ2 signalling.

VEGFA is expressed by fibroblasts, macrophages, monocytes and lymphocytes
and acts as mitogen of ECs. Hypoxia, activated oncogenes and cytokines are
stimulants of VEGF expression (Krock et al., 2011). The HIF-1 releasing
commences transcription of VEGF in hypoxia. Moreover, VEGF has a vital role
in pathological angiogenesis by inducing anti-apoptotic proteins expression in
ECs contributing to tumour growth (Haase & Kamm, 2017).

Expression of VEGFR2 is the earliest marker of angioblasts. VEGFR2 knockout
mice die in utero between E8.5 and 9.5 because of lack of EC differentiation,
blood island formation and vasculogenesis (Shalaby et al., 1995). Deficiency in
VEGFA which is the ligand for VEGFR2 caused abnormal blood vessel
development and embryonic death (Carmeliet et al., 1996).

In human there are 23 members of FGF family proteins including FGF-1-23.
FGF2 also known as basic fibroblast growth factor bFGF is a signalling protein
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encoded by the FGF2 gene and bind to fibroblast growth factor receptor (FGFR)
proteins.

For the growth of the endothelial plexuses during vasculogenesis, the interplay
among VEGFs expressed in the myocardium which bind to receptors specific to
the endothelium (VEGFR) is essential. bFGF are essential where VEGF initially
regulates tubulogenesis and bFGF regulates the proliferation of ECs (Pennisi &
Mikawa, 2005) (Tomanek et al., 2001) (Tomanek et al., 2010). VEGF is a
secreted angiogenic mitogen (Leung et al., 1989). During angiogenesis,
endothelial tip cells are stimulated and directed by an extracellular gradient of
VEGFA and bFGF (Ruhrberg et al., 2002) (Beckers et al., 2010) (Wojciak-
Stothard & Ridley, 2002). VEGFR2 control most of the EC responses to VEGFA
including induction of tip cell filopodia and EC migration, proliferation, survival
and vascular permeability (Olsson et al., 2006). VEGF and bFGF are
sequestered in the extracellular matrix (Jain, 2003) and working together for
developmental angiogenesis, FGF effect on blood vessels are VEGF dependent,
whilst VEGF-induced tubulogenesis required FGF signalling (Tomanek et al.,
2010). Angiogenic growth factors operate in perfect harmony in a complementary
and coordinated manner to form functional blood vessels (Gale & Yancopoulos,
1999).

1.3 Pathological angiogenesis

Angiogenesis plays a crucial role during development whilst in the adult
deficiency in its regulation can cause a variety of pathological conditions including
ischemic and inflammatory diseases. Furthermore, vascular abnormalities can
contribute to the pathology of several diseases including primary and metastatic
tumour growth, diabetic retinopathy, macular degeneration, tissue ischemia and
cardiovascular diseases (Gupta & Qin, 2003).

When physiological stress or pathological conditions disturb the cells and disrupt
homeostasis, the organ reacts primarily by inflammation. When this protective
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reaction is chronic, pathologies increase (Taniguchi & Karin, 2018). Blood
vessels when permeable allow crossing of inflammatory mediators and immune
cells to the site of stress or injury (Aguilar-Cazares et al., 2019). Overall, cross
talk amongst components of the tissue microenvironment including vascular ECs,
parenchymal cells, stromal cells and extracellular matrix are necessary for organ
to function (Hinshaw & Shevde, 2019). ECs control the microenvironment in an
organ-specific manner as well as providing barrier function (Augustin & Koh,
2017). Angiogenesis and inflammation play a cooperative role together in many
inflammatory diseases, and hypoxia play a role as a common stimulus for both
(Costa et al., 2007). During inflammation, proliferating tissue is full of
inflammatory cells, growth factors, macrophages and other immune cells that
under hypoxic conditions release various angiogenic factors (Jackson et al.,
1997). In turn, angiogenesis assists the inflammatory site by providing the
oxygen, nutrients and enormous surface area for the production expression and
trafficking of essential cytokines, adhesion molecules and other inflammatory
mediators (Costa et al., 2007).

1.3.1 Tumour angiogenesis

Pro- and anti-angiogenic factors regulate vascular homeostasis, the vasculature
remains quiescent and ECs are non-proliferative as long as these factors are in
balance. Initiation of angiogenic switch and rapid growth of malignant cells occurs
in tumours when pro-angiogenic signalling is dominating (Hanahan & Folkman,
1996) and new blood vessels are forming. The angiogenic switch can be initiated
by additional genetic changes in tumour cells, or by tumour-associated
inflammation and recruitment of immune cells, or expression of pro-angiogenic
factors by other components of the tumour microenvironment such as stromal
fibroblasts (Lugano et al., 2020).

Malignant cells need oxygen and nutrients to proliferate and survive, in order to
access the blood circulation, they reside close to blood vessels to access the
blood circulation system. Therefore, tumour progression is accompanied by
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ingrowth of blood vessels (Folkman, 1971). Tumours can be vascularised by
inducing new vascular formation or co-option of the pre-existing vessels

(Kuczynski et al., 2019) or by inducing new vascular formation.

Tumour growth, maintenance and metastasis are highly dependent on the
process of angiogenesis which is initially starts from the capillaries. Blood vessel
formation in tumours can be induced by different cellular processes including
Sprouting or intussusceptive angiogenesis, vasculogenesis (formation of blood
vessels from endothelial progenitor cells (EPCs)), following recruitment
differentiation to ECs, vasculogenic mimicry (formation of vascular-like structures
by tumour cells), and trans-differentiation of cancer stem cells (differentiation of
cancer cells to cancer stem cells and then to ECs) (Lugano et al., 2020). EPCs
contribute to postnatal vasculogenesis can be differentiated from hematopoietic
stem cells, myeloid cells, circulating mature endothelial cells or other progenitor
cells (Chopra et al., 2018) and differentiate into mature ECs and incorporate into

sites of active neovascularization (Reale et al., 2016).

1.3.2 Retinopathy

Two vascular networks supply blood to the retina; the retinal vasculature supports
the inner retina and the choroidal vasculature supplies the retinal pigment
epithelium and photoreceptors (Campochiaro, 2015). Retinopathy occurs as a
consequence of pathological alteration in the ocular vasculatures. In the adult
abnormal growth of chroidal vessels causes wet Age-related macular
degeneration with Choroidal neovascularization and in preterm neonates
abnormal growth of retinal vasculature causes Retinopathy of prematurity (Dai et
al., 2021).
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1.3.3 Tissue ischemia

Tissue ischemia is a restriction in blood supply to a tissue which as result
becomes unable to meet metabolic demands (Sidawy, 2019). Tissue ischemia
causes neovascularization and the formation of new vessels is through the
process of angiogenesis in response to a hypoxic environment, arteriogenesis by
progression and expansion of existing collateral smooth muscle-type vessels, or
vasculogenesis from progenitor cells or stem cells (Silvestre et al., 2008).
Atherosclerosis can obstruct an arterial lumen or cause a rupture and cause
hypoxia (low levels of oxygen) or ischemia (restricted or reduced blood and as a
result oxygen) of the tissue (Jaipersad et al., 2014). Atherosclerosis happens by
development of calcium, fibrin, cellular waste products and lipid rich plaques
inside the layers of the arterial wall followed by monocyte infiltration and the lipid

core formation (Glass & Witztum, 2001).

1.4 Mechanisms of blood vessel growth

1.4.1 Vasculogenesis

Vasculogenesis is the process of de novo blood vessel formation induced by
differentiation of EPCs into ECs in embryonic development and de novo
formation of a primitive vascular network (Risau et al., 1988) or after birth during
capillary formation post ischemia (Asahara et al., 1997) or in tumours (Bussolati
et al., 2011). In the embryo blood islands form by the cluster of progenitor cells.
Endothelial progenitor cells (EPCs) are circulating cells that express cell surface
markers same as those expresses by vascular ECs and they can participate in
formation of new blood vessels. EPCs are mostly originate from bone marrow (M.
C. Yoder, 2012).
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1.4.2 Angiogenesis

Angiogenesis is formation of new vessels branch from pre-exciting vessels which
causes vascular development through sprouting angiogenesis (Eilken & Adams,

2010), and intussusceptive angiogenesis (V. Djonov et al., 2000).

1.4.2.1 Sprouting angiogenesis

Angiogenesis is the formation of blood vessels from pre-existing vasculature. In
the adulthood, vasculature is almost quiescent with little vessel growth or
remodelling. However, angiogenesis is necessary in response to injury,
pregnancy, menstrual cycle, reduced oxygen or hypoxic conditions, inflammation,
tumour growth, tissue healing and placental vascularization (Carmeliet, 2005)
(Potente et al.,, 2011) (Melincovici et al., 2018). During angiogenesis, ECs
secreted matrix metalloproteinases (MMPs) which are zinc-dependent proteolytic
enzymes that degrading extracellular matrix, enabling new vessel sprouts to grow
through the action of growth factors, promoters and inhibitors of angiogenesis,
various signalling molecules and adhesion proteins (Tonini et al., 2003). ECs in
response to pro-angiogenic stimuli, specialize into various subtypes and perform
specific functions (Gerhardt et al., 2003). Formation of sprouts comprises multiple

steps including tip cell selection, sprout extension and lumen formation.

During tip cell formation the existing vasculature wall is disassembled by
enzymatic degradation of the ECM structure and basal lamina (Kubis & Levy,
2003). A cell among ECs in a vessel becomes a tip cell and guides the migration
of the vascular branch by responding to angiogenic cues and blocking follower
ECs by a lateral inhibition process (Lugano et al., 2020). Stalk cells are located
behind the tip cells and proliferate to extend the vascular branch. A stalk cells
can be induced to become a new tip-cell and take the position of an old tip cell
(Phng & Gerhardt, 2009). The tip cell extends through the chemotactic path
followed by trailing stalk cells and at the end the luminal space of the sprout
connects with the lumen of the parent vessel (Lugano et al., 2020). Endothelial
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tip cells and stalk cells are distinguished by their position, dynamic filopodia
formation and migratory behaviour that determine the direction of new sprout
growth (Blanco & Gerhardt, 2013).

The arrangement of endothelial cells in tip and stalk cells are the main operator
of sprouting angiogenesis and regulated by cross-talk between the VEGF and
Delta-like 4 (DLL4)-Notch (DLL4/Notch) pathways (Jakobsson et al., 2009).
DLL4/Notch signalling is responsible for the selection of tip- and stalk-cells; Tip
cells are subject to higher levels of Notch signalling compared to stalk cells
because of higher level of DLL4 (Hellstrom et al., 2007). The level of VEGFRs in
ECs is influenced by Notch signalling (Williams et al., 2006). In response to
VEGF, production of DLL4 ligand and blockage of Notch signalling happen in tip
cells, followed by enhance in sprouting, branching, migratory capacity and
filopodia formation in tip cells (Jakobsson et al., 2010). DLL4 secretion by tip cells
activate Notch signalling in the neighbouring ECs and suppressing their
transformation to tip cell (Hellstrom et al., 2007). After the vasculature has fully
expanded, EC proliferation and migration are prevented by anti-angiogenic
factors (Benson & Southgate, 2021). At this point the vessel is remodelled, the
basal lamina reconstitutes and the vessel wall re-assembles, followed by re-
stabilisation and maturation by pericytes or smooth muscle cells (Kubis & Levy,
2003) (Figure 1.2).
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Figure 1.2 Sprouting angiogenesis and blood vessel lumen formation.

A. VEGF binds and activate VEGFR1 and VEGFR2 in vascular ECs. VEGFR2
control almost all of the known cellular responses to VEGF. VEGFR1
responsibility is not well understood but it is thought it modulates VEGFR2
signalling. B. VEGF selects tip cell in order to start sprout extension, EC migration
and proliferation. Stalk cells are located behind the tip cells and proliferate to
extend the vascular branch. C. Lumen forms by shear stress and by connection
of intracellular vacuoles together or to extracellular luminal spaces. D. Fluid flow
and shear stress complete lumen formation and lumen expansion. | made this
figure because it is the best understood process of lumen formation and lumen

expansion. Created with BioRender.com.

1.4.2.2 Intussusceptive angiogenesis

Intussusceptive angiogenesis (IA) or nonsprouting angiogenesis is a dynamic
intravascular process that forms new blood vessels by the division of a single
vessel into two lumens (Konerding et al., 2010) (Mentzer & Konerding, 2014).
The first step in intussusceptive angiogenesis is the generation of trans-vascular
tissue pillars which are cylindrical microstructure that generate the blood vessel
lumen and microcirculation (Burri et al., 2004) (Mentzer & Konerding, 2014). The
advantage of the |A is that vasculature is formed more rapidly, and the formed
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capillaries are less leaky (Ribatti & Djonov, 2012). Caduff et al. (1986) study on
the developing rat lung demonstrated that throughout the rapid alveolarization
and capillary growth, microcirculation was extending without capillary sprouts, but
with the small holes in the alveolar microvasculature that generated multiple new
blood vessels. Pillar extension occurs by remodelling, duplication of an existing
vessel, and pruning of a redundant vessel (Mentzer & Konerding, 2014). In the
chicken chorioallantoic membrane local blood flow acceleration and high blood
pressure results in intussusceptive pillar formation (V. G. Djonov et al., 2002) (V.
Djonov et al., 2003) (Kurz et al., 2003). Initiating of the pillar formation has been
influenced by changes in fluid flow (Burri et al., 2004), and pillar extension
depends on intravascular fluid flow (Mentzer & Konerding, 2014). In most of the
studies intravascular pillars have been identified in capillaries and small vessels,
for instance in the developing chick chorioallantoic membrane (Makanya et al.,
2009); in a number of tumours (Ribatti & Djonov, 2012); murine chemically-
induced colitis (Konerding et al., 2010); and the physiologic angiogenesis in
skeletal muscle (Egginton et al., 2001).

1.5 Lumen formation

Lumen formation is the process of transformation of cords into perfusable

vascular tubes. Lumen morphogenesis requires, cell-cell contact, establishment

of polarity, dynamic contact of the cells with underlying ECM, and actin

cytoskeleton rearrangement to expand the luminal side (Parsons et al., 2010).

1.5.1 Mechanisms of lumen formation

Lumen formation happens in a heterogeneous manner through various

mechanisms (Charpentier & Conlon, 2014). Two cellular mechanisms have been

described, intracellular lumen formation and extracellular lumen formation.
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Intracellular lumen formation is hollowing by a vacuolation mechanism (cell
hollowing). Individual ECs generate vacuole-like structures via membrane
internalization and the vacuoles fuse and form a hollow tube with no ECM
(vacuole coalescence), later when vacuolated cells form a network unicellular
tube is made without cell-lumen boundary. Then the luminal side of opening
extends further by invagination of the membrane (apical membrane invagination)
to the point of contact between cells resulting in one continuous lumen.
Therefore, each cell makes up a unicellular tube which has an intracellular lumen
(Davis & Bayless, 2003).

Blood vessel lumens may form extracellularly between ECs joined by adherence
junctions (cord hollowing). The lumen forms by movement of junction from the
centre to the periphery and formation of the luminal compartment between ECs
originally joined by lateral adhesions. Before separation of ECs, cell polarization
takes place through localization of a number of molecules to the apical surface
where the lumen will be generated including the positively charged glycoprotein
podocalyxin. Electrostatic repulsion due to the positive charge then opens up the
lumen (Strilic et al., 2009). Extracellular lumens can arise in zebrafish ISV as well
as mouse DA by cord hollowing (Blum et al., 2008).

New vessels can be also formed by extracellular mechanism during anastomosis
or fusion of two perfused blood vessels to combine luminal compartments. For
example, formation of zebrafish dorsal longitudinal anastomosing vessel (DLAV)
through anastomosis of arteries (Herwig et al., 2011) and palatocerebral artery
(PLA) in the cranial vasculature (Lenard et al., 2013). In both the DLAV and PLA,
apical membrane invagination and blood vessel lumen generation is dependent
on blood flow force, whilst junctional rearrangement and polarity still takes place

in the absence of flow (Herwig et al., 2011).

In the majority of blood vessels cord hollowing is the common mechanism of
blood vessels lumen formation (Reviewed by Lammert and Axnick (2012)). The
predominant cellular mechanism of lumen formation appears be the extracellular
mechanism like the dorsal aorta formation. Whereas small-caliber vessels such
as ISVs and capillaries may using a combination of cell and cord hollowing
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(Charpentier & Conlon, 2014). These processes of de novo lumen formation are

independently of blood flow.

1.5.2 ECs acquisition of apical polarity

ECs first step to form lumen is to have specialized distinction between the inside
and outside of the tube, and they establish polarity to have apical/luminal polarity
inside the tube and basal/abluminal outside the vessel surface (Lizama & Zovein,
2013). This apicobasal polarity can be seen in other tubular organs including the
kidney and intestine (Rodriguez-Fraticelli et al., 2011).

Markers localize preferentially to either the basal or apical side of ECs-lined the
tube. CD34, podocalyxin-like proteins 1 and 2 (PODXL/PODXL2), and the Ezrin-
Radixin-Moesin (ERM) protein Moesin are localize at the apical membrane
(Nielsen & McNagny, 2008) (Strilic et al., 2009) (Lampugnani et al., 2010) (Y.
Wang et al, 2010). The partition-defective (Par) polarity complex
(Par3/Par6/atypical protein kinase C [aPKC]) also has effect on apical polarity in
EC and epithelial cells, and the Par complex disruption results in failed lumen
formation (Joberty et al., 2000) (Zovein et al., 2010). Deficiency of Par3 and Par6
in ECs caused failed in intracellular lumen formation, and chemical inhibition of
PKC in DA of mouse prevents lumen formation (Koh et al., 2008) (Strilic et al.,
2009). On the basal surface of the blood vessel, ECs contact different cargos of
the ECM that has effect on vessels to be quiescent and stable or activated to
sprout (Hynes, 2007). Basement membrane markers are fibronectin, collagen 1V,

laminin and integrins (Kucera et al., 2009) (Strilic, Kucera, et al., 2010).

1.5.3 The role of adherens junctions in lumen formation
In extracellular lumen formation first step towards polarity is coalescence of ECs

into cords and then adherence of ECs together via adherens junctions. Vascular

endothelial (VE)-cadherin (also known as CdhS) is a special marker of EC
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junctions (Lampugnani, 2012) and plays a vital role in vascular morphogenesis.
Depletion of VE-cadherin in mice caused early embryonic lethality because of fail
in establishment of yolk sac vasculature, disorganised embryonic blood vessels
and minimal or absent of lumens (Carmeliet et al., 1999) (Gory-Faure et al.,
1999). Blood vessels network with lumen fails to form in VE-cadherin depleted
zebrafish embryos (Montero-Balaguer et al., 2009) (Abraham et al., 2015).
Aberrant lumen morphogenesis caused by deficiency of VE-cadherin in animals
is due to deficiency in cell-polarity establishment. Strilic et al. (2009) showed that
in VE-cadherin null mouse DA lumen did not generate as a result of absence of
apical markers including CD34, PODXL, and Moesin in the cell-cell contact (Strilic
et al., 2009) and confirmed in zebrafish (Y. Wang et al., 2010). HUVEC in the
absence of VE-cadherin have aberrant localization of PODXL and collagen |V as
well as absent of Par complex member with small differences between apical and
basal membrane with demolished lumen (Lampugnani et al., 2010).

1.5.4 Lumen expansion and the role of fluid flow

Following lumen formation, how blood vessel lumens are maintained and
constantly adapt to metabolic needs of tissues and organs remains poorly
understood. Blood flow plays an important role in the remodelling of vessels
network (Q. Chen et al., 2012) (Kochhan et al., 2013) and lumen formation in new
vascular connections (Herwig et al., 2011) (Lenard et al., 2013). Gebala et al.
(2016) shows in zebrafish that lumen expansion requires haemodynamic-force-
driven and myosin-lI-dependent cellular mechanism of spherical deformations of
the ECs apical membrane that known as inverse membrane blebbing. In the
inverse blebbing lumen formation occur before anastomosis of blood vessels
(Gebala et al., 2016) that is following the importance of haemodynamic forces in
zebrafish vasculature development (Herbert & Stainier, 2011) (Lenard et al.,
2013). Therefore, haemodynamic and blood fluid pressure are key contributors
of lumenization in the developing vasculature network (Reichman-Fried & Raz,
2016). It has been proposed that cilia act to sense fluid flow (Reviewed by
Praetorius (2015)). Haemodynamic forces also regulate blood vessel patterning,
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maintain vascular identity by affecting vessel fusion and control blood vessel
pruning and guides sprouts (le Noble et al., 2008).

1.6 Co-culture angiogenesis assay

In vitro angiogenesis assays attempt to mimic in vivo angiogenesis. Co-culture
angiogenesis assay of endothelial cells and fibroblasts results in the formation of
3D tubules. Importantly, the endothelial-fibroblast organotypic co-culture assay
recapitulates several crucial events of angiogenesis including assembly, ECs
proliferation, sprouting and tube and lumen formation (Wayne W. Wu, 2016).
Tubule formation and lumenogenesis are tracked by labelling ECs prior to their
co-culture with fibroblasts with fluorescent markers, such as enhanced green
fluorescent protein (EGFP) through retroviral or lentiviral transduction
(Hetheridge et al., 2011). Negatively charged podocalyxin (PODXL) at the apical
surface of ECs is the catalyst of lumen initiation (Strilic, Eglinger, et al., 2010) that

can be used as a marker for lumen formation.

1.7 Microfluidic device

1.7.1 Construction and use of microfluidic devices

Microfluidic devices are biomimetic microsystems that resemble minimum
functional units of living tissues and organs that imitate their vital structures and
integrated functionalities, and also create chemical microenvironments.
Microfluidic devices have been used widely in so many different areas such as
the biomedical field, cell biology research, protein crystallization, drug screening,
glucose tests, chemical microreactors, microprocessor cooling, electrochemistry

and micro fuel cells.

Microfluidic devices are a good way to do research compare to in vivo and other
in vitro technologies. Microfluidic devices are popular in vitro models due to their
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capability to recapitulating in vivo microenvironments compared with other in vitro
models. In contrast to the in vitro research on a culture plates or dishes, cells can
be exposed to flow and shear stress in microfluidic devices (Zervantonakis et al.,
2012) (Bhatia & Ingber, 2014) (Booth et al., 2014). Shear stress is triggered by
circulation of liquids or gases inside the channels and chambers of microfluidic
devices

Microfluidic devices are valuable compared to in vivo approaches. /In vivo models
can be technically challenging as well as expensive and controversial (Kilkenny
et al.,, 2010) (Huh et al., 2012); for example visualisation of neovasculature
growth in animals can be limited unless advanced techniques such as
multiphoton microscopy are employed with cost and impact on animal welfare
(Haase & Kamm, 2017). For drug testing microfluidic devices are prime because
of being a time- and cost-saving alternative to in vivo models. It is approximated
that in animal models, only 20% of successful drug candidates passed clinical
trials (Perrin, 2014) due to differences among human and animal
pathophysiologies and limitation in methodologies of in vivo research (Hackam,
2007) (Shanks, Greek, and Greek 2009) (van der Worp et al., 2010). In the field
of angiogenesis, microfluidic -based assays allow visualisation of most
angiogenic steps including degradation of the surrounding matrix, invasion,
proliferation, morphogenic reorganisation and blood vessel stabilization (Song &
Munn, 2011) (Vickerman & Kamm, 2012). Despite aforementioned benefits of
using microfluidic devices, those remain in vitro approaches that do not fully
recapitulate complex in vivo systems. This is likely to be improved by the culture
of organoids in the microfluidic devices for which size limitation may prove a
considerable challenge. Nonetheless, microfluidic devices were remaining a key

step between cell culture and animal experimentation.

Culturing cells using 2D surfaces, such as culture flasks or well plates, has long
been the conventional methods by which cells are grown and used for
experiments. However, in recent years it has become apparent that results
observed when testing new potential therapeutics on 2D cultures, do not
necessarily reflect the observed results in vivo. This is because of the failing of
2D cultures to effectively reproduce the physiological environment of in vivo cells,
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resulting in cultures lacking the appropriate cell-cell connections, multicellular
compositions and surrounding extracellular matrix of 3D environments. The most
notable effects of these failings are the differences in cell viability, metabolism
and differentiation observed in 2D monolayers. Increased cell-cell connections in
3D cultures allow cells to remain viable in sub-optimal conditions, whereas 2D
monolayers are considerably more sensitive to changes in environmental
conditions. Both increased and decreased sensitivity has been observed to
various drugs, highlighting the need for models like microfluidic device which
produce results that reflect the in vivo effects of drug treatments (Tung et al.,
2011) (Vinci et al., 2012) (Reynolds et al., 2017). Microfluidic devices supply a
3D controllable microenvironment with the opportunity to modulate mechanical
properties (L. J. Chen & Kaji, 2017).

Combination of use of microfluidic devices and cell biology techniques rise the
opportunity of precise control of dynamic fluid flow and shear stress and mimic
cell culture microenvironments that demonstrate cells with appropriate organ-
specific chemical gradients and dynamical mechanical cues. In this way cells can
be induced to have normal phenotype expression, and ECM molecules can
induce same level of organ-specific differentiation to ECM cell culture (EI-Ali et
al., 2006) (Whitesides, 2006). The technology of microfluidic devices
recapitulates the structural tissue pattern and functional complexity of body
organs, exposing cells to relevant microarchitecture and microenvironmental
signals. Therefore, microfluidic technology allow research in various biological
processes which are not possible with 2D or 3D cell culture systems and animal
models (Huh et al., 2011) (van der Meer & van den Berg, 2012).

Microfluidic devices are suitable for modelling biological barriers under more
physiologically realistic conditions (Bhatia & Ingber, 2014) (Esch et al., 2015) (van
der Helm et al., 2016) (Wilmer et al., 2016) because microchannel fluid flow
models the blood flow and body fluids. Biological barriers create homeostasis for
physiological processes and protect the body from outside agents (Yu et al.,
2018). These barriers are epithelium in the intestinal and respiratory systems and
vasculature endothelium. As biological barriers impede drug delivery (Alonso,
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2004), microfluidic devices modelling them can be used to improve and test
treatment effectiveness in drug delivery.

Microfluidic devices have so far been used to model a variety of tissues and
processes like pancreatic islets isolated from mice (Sankar et al., 2011), liver
culture and hepatic transport system (Allen et al., 2005) (Domansky et al., 2010)
(Goral et al., 2010), organ formation and function (Derda et al., 2009), chemotaxis
of cancer cells (Torisawa et al., 2010), in the embryo regulation of mesenchymal
condensation that drives odontogenic differentiation during development
(Mammoto et al., 2011). Furthermore, microfluidic devices have been used in
studies of fluid shear stress in the kidney (Jang & Suh, 2010); effect of shear
stress and rearrangement of the actin cytoskeleton and trafficking of water
transport protein (Jang et al., 2011); polymerase chain reaction (Ahrberg et al.,
2016); blood plasma separation (Mielczarek et al., 2016); lung-on-a-chip models
(Huh et al., 2010); gut-on-a-chip models (H. J. Kim et al., 2012); drug
development (Theberge et al., 2015); vascular sprouting and effect of
physiological fluid forces (Song & Munn, 2011). Microfluidic devices have been
useful for disease models that resemble pathological physical
microenvironments, like manipulation of cells that provide ventilator-induced lung
injury (Douville et al., 2011) and induction of electrical stimulation to neonatal rat
ventricular cardiomyocytes (Grosberg et al., 2011).

1.7.2 Components of microfluidic devices

A microfluidic device is a bundle of micro-channels and micro-chambers molded
into a material composed of a polymer such as PolyDimethylSiloxane (PDMS),
silicon, ceramics, glass or metal, and connected to the outside by inputs and
outputs pierced through the microfluidic device. Fluid flow within the microfluidic
device is regulated by an external active system such as a pressure controller,
syringe pump or peristaltic pump, or passive way like hydrostatic pressure
through simple holes, tubing, or syringe adapters.
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The most common polymer used for molding microfluidic devices is PDMS which
is a transparent, deformable, biocompatible and inexpensive elastomer, easy to
bond onto coverslips or glass.

First step in fabrication of a microfluidic device is to design microfluidic channels
using a dedicated software such as AUTOCAD, lllustrator or LEDIT. This is
followed by transferring onto a photomask, which can be a chrome coated glass
plate or plastic film. Then photolithography is used to transfer microchannel
patterns from the photomask onto a mold. Therefore, visible micro-channels are
sculpted on the mold and can be carved in the future material of microfluidic
device (Park & Shuler, 2003) (Madou, 2011).

1.7.3 Coculture angiogenesis system in microfluidic devices

The development of vascularised microfluidic cultures manifested a crucial step
forwards in the production of a physiologically complete vascular system. Blood
vessels play a critical role in providing the surrounding tissues with oxygen and
nutrients, and blood flow throughout them provides the appropriate
biomechanical queues in the form of shear stress and interstitial flow. Microfluidic
technology is a valuable platform to study angiogenesis (Song & Munn, 2011)
(Song et al., 2012) (Bischel et al., 2013), endothelium migration (Vickerman et
al., 2008) (S. Kim et al.,, 2013), and microvasculature formation. Vascular
networks in microfluidic devices are generated by two mechanisms: through
endothelial lined patterned channels, or by ECs self-assembling into networks.
Both of these systems have their own benefits. Combining vascularization
methods and microfluidic advances is a promising approach towards engineering
of functional tissues. Microfluidic devices supply networks of micron-scale
channels that are same size and architecture to in vivo microvessels (Akbari et
al., 2017).

Vascularised organs-on-chip have been used in a number of studies (Hasan et
al., 2014) (Akbari et al., 2017) (Kuzmic et al., 2019) to investigate vascular
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biology. Different microfluidic devices were used to study different aspects of
angiogenesis for example, Das et al. (2010) device model is useful to understand
fundamental processes of angiogenesis. (Di Costanzo et al., 2016) developed a
model to study EC migration and Serini et al. (2003) made an adhesion-type
model (Gamba et al., 2003). Kuzmic et al. (2019) developed a microfluidic cell

culture system to study cell migration and angiogenic sprouting.

1.8 Primary cilia

Primary cilia are microtubule-based structures that protrude from the apical
surface of cells (Malicki & Johnson, 2017) and are approximately 1-5um in length
(Louvi & Grove, 2011). Primary cilia are found on a large number of cells in the
mammalian body, including endothelial, epithelial, stem, muscle cells, and
neurons (Wheatley, 1982). Primary cilia respond to inputs from the extracellular
environment, serving diverse roles in chemo-, mechano- and photo -sensation,
transduction and, in turn, regulating developmental signalling, cell polarity and
cell proliferation (Ross et al., 2005) (Smith et al., 2020). Examples of stimuli
include mechanical stimuli such as shear stress from fluid flow in epithelial cells
of the kidney (Schwartz et al., 1997); and examples of chemical stimuli including
ligand proteins of developmental pathways such as Sonic Hedgehog (Shh)
pathway (Huangfu et al., 2003), neurotransmitters such as dopamine (Atkinson
et al., 2015), and other extracellular signals such as growth factors, odorants,
hormones and developing morphogens (Collin et al., 1989) (Singla & Reiter,
2006).

Defects in assembly and function of primary cilia result in a wide range of
inherited developmental disorders termed ciliopathies. The clinical features of
these conditions include polycystic kidney disease (PKD), obesity-associated
diseases, retinal degeneration, severe neurodevelopmental abnormalities and
skeletal dysplasia (Tobin & Beales, 2009) (Waters & Beales, 2011). Ciliopathies
are caused by mutations that disrupt the organization or function of the main
ciliary compartments such as the transition zone, basal body, the ciliary trafficking
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process termed Intraflagellar transport (IFT), or transcriptional programmes that
mediate ciliogenesis. A separate group of motile ciliopathies is caused by
mutations that disrupt the structure, organization or expression of ciliary dynein
subunits in motile cilia, or in the accessory proteins that mediate correct
chaperoning and folding of the dynein subunits (Reiter & Leroux, 2017). Motile
ciliopathies will not be discussed further (Reviewed by Wallmeier et al. (2020)).

1.8.1 Primary cilia structure

The primary cilium is composed of the basal body, the axoneme, the ciliary matrix
and the ciliary membrane. The basal body is localized at the base of the cilium.
It is derived from the mother centriole of the pre-existing centrioles when it
migrates to the surface of the cell and docks onto the actin-rich cell cortex. The
formation of basal body prompts the local reorganization of the actin-bound layer
from cortex to the plasma membrane (Francis et al., 2011). Basal body position
and orientation guide the alignment of the forming cilium. Primary cilia have ability
to release microvesicles known as ectosomes that can be used for exchanging
genetic material and protein inside cells (Salinas et al., 2017). The basal body
associates with membrane vesicles en route to the cortex and forming the ciliary
vesicles, and the subsequent fusion of the ciliary vesicles to the plasma
membrane is probably to establish the ciliary membrane compartment. Finally,
the basal body nucleates outgrowth of axonemal microtubules that protrude
below an extension of membrane, generating cilium (Ishikawa & Marshall, 2011).

The axoneme is enclosed by the ciliary membrane which is continuous with the
plasma membrane (Satir & Christensen, 2007). The ciliary axoneme is
constructed by nine pairs of doublet microtubules (9+0). Axonemal microtubules
have a doublet structure consist of one complete microtubule (the A tubule)
connected to an incomplete second microtubule (the B tubule) including fewer
protofilaments. The tubulin of the outer doublets has various post-translational
modifications composed of acetylation, glutamylation and glycylation (Gaertig &
Wiloga, 2008) that appear to modulate axonemal stability, ciliary assembly and
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motility (Thazhath et al., 2004) (Pathak et al., 2007) (Kubo et al., 2010). IFT trains
which moves along microtubules carry ciliary building blocks during the time of
assembly and disassembly of the cilium. There is preferential use of the A- and
B- tubules of microtubule doublets for retrograde and anterograde IFT
respectively which prevents head-on collisions of the IFT trains. Retrograde IFT
trains move along A-microtubules, and anterograde trains travel along B-
microtubules (Stepanek & Pigino, 2016). Axoneme of primary cilia lack the central
pair of microtubules and the axonemal dyneins (molecular motors) which are key

elements in ciliary motility of motile cilia.

The “ciliary gate” consisting of two sub-regions of the transition zone (TZ) and
transition fibers (TFs) (Garcia-Gonzalo & Reiter, 2012) (Goncalves & Pelletier,
2017). Cilium is a compartment that is separate from the cell body: the ciliary
membrane is not continuous with the plasma membrane, and this allows ciliary
components for example for signalling to be sequestrated inside the organelle.
The transition zone is located at the distal region of the basal body, where the
outer doublets begin to form, and at the proximal end of the axoneme, serving as
a barrier to regulate intracellular trafficking to and from the ciliary compartment
(Garcia-Gonzalo & Reiter, 2012). The TZ connect the axonemal microtubule (MT)
to the ciliary membrane. The TZ mediates docking of the mother centriole to the
Golgi-derived membrane, and is the original attachment point of cilia to the
membrane by a structure known as the ciliary necklace (Gilula & Satir, 1972).
This is thought to be a barrier between the ciliary membrane and the general cell
membrane. The TZ is distal to the TFs and has Y-shaped linkers (Ishikawa &
Marshall, 2011). TFs, also termed distal appendages, attach the mother centriole
to the plasma membrane by the centrosomal proteins such as CEP164 and
ODF2. IFT complexes are thought to assemble at the TFs (Satir & Christensen,
2007). The ciliary pocket, an invagination of the plasma membrane at the root of
cilium (H. Kang et al., 2012), is thought to regulate ciliary endocytic activity and
vascular trafficking and may have a role as an interface with the actin
cytoskeleton (Ishikawa & Marshall, 2011) (Figure 1.3).
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Figure 1.3 The structure and compartment of the primary cilium.

The primary cilium protrudes from the cell surface of ECs into the blood vessel
lumen. The primary cilium consists of the basal body (grey at the bottom), the
axoneme, the ciliary matrix and the ciliary membrane (cyan). The primary cilium
forms when the mother centriole docks at the apical membrane to generate the
basal body and then cilia anchor from the basal body at the region called the
periciliary membrane compartment (PCMC). Ciliary doublet microtubules (grey
cylinders) nucleate at the basal body and grow throughout the TZ to form the
ciliary axoneme with a 9+0 microtubule arrangement. Shipping of cargo
(indicated by arrows) up and down the axoneme is carried out by IFT protein
complexes (orange and yellow) by using microtubule-based motor proteins. The
actin cytoskeleton regulates ciliogenesis over effects on vesicle trafficking (tan
symbols and arrow at the lower left). Adapted from Smith et al. (2020).

1.8.2 Primary cilia assembly and disassembly

The balance of assembly and disassembly regulates the steady-state ciliary
length, with the inherent length-dependence of IFT (Ishikawa & Marshall, 2011).
Cilia assemble and disassemble in synchrony with the cell cycle. The assembly
of the cilium requires the coordination of motor-driven IFT, membrane trafficking

30



and selective import of cilium-specific proteins via the “ciliary gate” barrier at the
ciliary transition zone. Primary cilia assemble during cell growth arrest, and
ciliogenesis occurs when the cells begin to be confluent and reach stationary
phase. Therefore, cells reassemble primary cilia during G1 or GO phases and
maintain the cilia when cells growth arrest (GO) or become post-mitotic when the
centrosome is not required for mitotic functions (Mirvis et al., 2018). Loss of
repressors of ciliogenesis CP110 and CEP97 causes formation of primary cilia at
this stage (Tsang et al., 2008). Cilium assembly by IFT commence whilst the
centrosome is located at Golgi apparatus close to the nucleus, followed by cilia
elongation after docking of the nascent cilium at the cell surface, then microtubule
pairs are assembled to form the axoneme (Wheatley, 1969) (Archer & Wheatley,
1971) (Fonte et al., 1971). Cargo is transferred by IFT which is essential for
growth and maintenance of cilia (Rosenbaum & Witman, 2002). During ciliary
growth the axoneme is assembled by addition of new axonemal subunits to its
distal tip (Piperno et al., 1996) (Rosenbaum & Witman, 2002). The timing of cilia
regrowth is regulated by cell cycle stage and centriole age, older centrioles are
faster in forming cilia than the younger centrioles (Anderson & Stearns, 2009).

Ciliary disassembly is needed in order to detach the centriole from the plasma
membrane, duplicated and then segregated during cell division (Sanchez &
Dynlacht, 2016) (Goto et al., 2017). Primary cilia disassemble for cell division,
subsequently leading to the consequence formation of the mitotic spindle.
Deciliogenesis and repositioning of the centrioles to the cell interior are required
because the centrioles that specify the spindle poles form part of the ciliary base.
Despite cell division, there is sometimes partial resorption in G1, but the reason
is unclear. After completing ciliary growth, the cilium stays highly dynamic. In
dividing cells, the cilium is disassembled just before entering mitosis in S/G2 and
the centrioles are inherited by the daughter cells that act as a template for the
generation of new cilia in new cells (Ishikawa & Marshall, 2011) (Figure 1.4). Itis
unknown if cilia disassemble from the tip down, or if they resorb from the base.
Ciliary resorption or disassembly before cell division appears to be mediated by
two mechanisms that are not mutually exclusive: cleavage of the cilium away
from the centriole mediated by the katanin family of microtubule-severing
enzymes (Parker et al., 2010), or cilia resorption from the ciliary tip (Pan & Snell,
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2005) (Piao et al., 2009). Two proteins have been discovered to regulate ciliary
disassembly including the basal body-associated protein Pitchfork (Kinzel et al.,
2010) and the scaffolding protein human enhancer of filamentation 1 (HEF1)
(Pugacheva et al., 2007).

Cilium extend from endothelial Cell cycle and cilium disassembly Cilium assembly in two
cell into blood vessel lumen daughter cells

e c\m
g\f .

Figure 1.4 Primary cilia assembly and disassembly in endothelial cells.
Primary cilia assemble and disassemble in synchrony with the cell cycle in order
to form mitotic spindle. A. The primary cilium extends from the cell surface of EC.
B. During cell division, the primary cilium is disassembled during S/G2. C. Cells
reassemble primary cilia in two daughter cells during G1 phase and maintain the
cilia when cells growth arrest (GO).

1.8.3 Vascular endothelial cilia

The primary cilia are ubiquitous in mammals vascular endothelial cells (Satir &
Christensen, 2008) (Yu et al., 2016) (Y. Yang et al., 2019) (Ran et al., 2020).
Primary cilia extend into the blood vessel lumen from the surface of vascular
endothelial cells and play an important role as a sensor, and transmit extracellular

signals into the cell (R. Pala et al., 2017). Vascular endothelial cilia regulate blood
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vessel function via sensing of blood flow, calcium (Ca?*) and nitric oxide (NO)
signalling (Nauli et al., 2008) (T. J. Jones et al., 2012). Following regulation of
Ca?* diffusion by cilia, endothelial nitric oxide synthase (eNOS) is activated and
triggers upregulation of NO which in turn dilates vessels and prevents blood
vessels rupture due to excessive blood flow. Jin et al. (2014) shows that fluid
shear stress opens Ca?* channels on cilia which is mediated by polycystin 2
(PC2). Therefore, the regulation of Ca?* signalling by cilia could be in response
to the blood flow and shear stress. Several vascular diseases are proposed to be
associated with defects in endothelial primary cilia such as atherosclerosis,
hypertension, and aneurysms (Reviewed by Mohieldin et al. (2016) and Luu et
al. (2018)), but the causal molecular mechanisms of disease remain unclear.

1.8.4 Ciliary proteins

1.8.4.1 IFT88

Intraflagellar transport (IFT) is a two-way transport system located between ciliary
membrane and axonemal microtubules (S. C. Goetz & Anderson, 2010). IFT
transports IFT-particle protein complexes and ciliary building blocks including
subcomplexes A, B and cargo proteins (Yamamoto & Mizushima, 2021),
bidirectional from the cytoplasm to the ciliary tip and back to the cytoplasm along
the axoneme (Pedersen & Rosenbaum, 2008) in order to balance proteins in cilia
(Lechtreck et al., 2013). IFT transport along axonemal in the anterograde (base-
to-top) and retrograde (tip-to-base) directions by motor proteins of kinesin 2 and
cytoplasmic dynein 2 respectively (Satir et al., 2010). IFT is necessary for cilium
assembly and maintenance by transporting ciliary precursors such as tubulin in
the anterograde direction. Functional IFT is necessary for the constant renewal

of ciliary membrane proteins and signal transduction.
Intraflagellar transport (IFT) 88 (IFT88) is an important compartment of IFT

complex B (Tian et al., 2017) and is the main transport system in cilia (S. C. Goetz
& Anderson, 2010). IFT88 is necessary for the assembly and maintenance of

33



primary cilia (Pazour et al., 2002). Deletion of IFT88 leads to loss of cilia (Wann
et al., 2012) or sever defect in ciliogenesis (Pazour et al., 2000) (Haycraft et al.,
2001) (Huangfu et al., 2003). Furthermore, IFT88 has cilia-independent functions
in non-ciliated cells as well as ciliated cells for example, IFT88 is required for
cleavage furrow ingression, spindle orientation and organization, extra
centrosome clustering in dividing cells (Reviewed by Peralta et al. (2020)) and
regulating G1-S transition progression during the cell cycle (Robert et al., 2007).
Furthermore, IFT88 has been recognized as a tumour suppressor gene in breast
carcinoma (Degnim et al., 2015), hepatocellular carcinoma (Bonura et al., 1999),
and basal cell carcinoma (Wong et al., 2009). Moreover, in papillary thyroid
cancers (PTCs) mutation of the IFT88 gene was observed. However, the
mechanism of effect of IFT88 as a tumour suppressor remain unknown and

needs to be investigated.

The loss of IFT causes abnormal cilia (Rosenbaum & Witman, 2002). Conditional
IFT88 knockout mice showed severe acute kidney injury compare to the wild type
(S. Wang et al., 2021). In the in vivo study by Singh et al. (2020) on EC-specific
IFT88-knockout mice, IFT88 -silencing of ECs caused significant reduction in
expression of endothelial markers including CD31, Tie-2 and VE-cadherin and
also mesenchymal cells-like alterations in ECs particularly towards pulmonary
fibrosis. Mice with IFT88 mutation shows defects in neural tube patterning,
polydactyly and left-right axis determination defects (Tian et al., 2017). Study on
C. reinhardtii showed that as flagellar length increase, IFT train size decrease,
whereas frequency of IFT remains independent of flagellar length (Engel et al.,
2009), but how IFT train size is regulated is unknown. IFT protein mutation in
zebrafish brain increased the probability of intracranial haemorrhage compared
with the control group (Kallakuri et al., 2015). Mutation in Tg737 of
Chlamydomonas IFT88 trigger cells with no cilia or shorter cilia (Pazour et al.,
2000). Mice with Tg737 mutations develop polycystic kidney disease (PKD)
(Moyer et al., 1994). Tian et al. (2017) found a novel mutation in IFT88 through
whole exome sequencing of three members of a family who affected with isolated
cleft lip and palate. Moreover, whole genome sequencing (WGS) of a Caucasian
family identified IFT88 mutations and the mutant IFT88 resulted in the abnormal
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ciliary structures formation in individuals with non-syndromic recessive retinal

degeneration. However, role of IFT88 in human disease has yet to be elucidated.

1.8.4.2 RPGRIP1L

Retinitis Pigmentosa GTPase Regulator 1 Interacting Protein 1 Like (RPGRIP1L)
encodes the RPGRIP1L protein that localizes to the transition zone of primary
cilia (Wiegering et al., 2018). RPGRIP1L has a crucial role in TZ assembly, it
establishes a ciliary zone of exclusion (CIZE) at the TZ which control signalling
proteins to ciliary subdomains distally from the TZ (Jensen et al., 2015).

Mutation in RPGRIP1L causes ciliopathies with a broad range of clinical
phenotypes in many organ systems such as eye, brain, lung, heart, kidneys, liver,
limb and skin (Reviewed by Wiegering et al. (2018)). RPGRIP1L mutations
caused Meckel syndrome (MKS), Joubert syndrome (JBTS), Cerebellar Vermis
Aplasia Oligophrenia Congenital Ataxia Coloboma Hepatic Fibrosis (COACH),
Nephronophtisis (NPHP), Bardet-Biedl syndrome (BBS), Retinitis Pigmentosa
(RP) and Leber’'s Congenital Amaurosis (LCA) (Arts et al., 2007) (Delous et al.,
2007) (Wolf et al., 2007) (Brancati et al., 2008) (Khanna et al., 2009) (Doherty et
al., 2010) (Chaki et al., 2011) (Fahim et al., 2011) (Otto et al., 2011) (Alazami et
al., 2012) (Halbritter et al., 2012) (Szymanska et al., 2012) (Summers et al.,
2017).

1.8.4.3 Serotonin receptor HTR6

The 5-hydroxytryptamine receptor 6 (HTR6) is a subtype of the 5-
hydroxytryptamine (5HT; also known as serotonin) receptor class and belongs to
the G-protein-coupled receptor (GPCR) family (P.Reynolds, 2010). It is the only
S5HT receptor that localises to primary cilia (Brailov et al., 2000) (Berbari et al.,
2007). HTRG6 receptors have a ciliary targeting sequence (CTS) that several
studies have shown is necessary and sufficient for HTR6 receptor trafficking into
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primary cilia (Berbari et al., 2008) (Nachury et al., 2010) (Nagata et al., 2013).
However, another study by Brodsky et al. (2017) showed that CTS is not
responsible for HTR6 receptor trafficking to cilia.

Changes in ciliary length has been reported by heterologously-expressed HTR6
receptors (Guadiana et al., 2013) (Duhr et al., 2014). In my study, overexpression
of HTR6 caused observation of longer cilia when compared with the length of cilia
determined by ARL13B and glutamylated tubulin (GT335) antibodies in hTERT
RPE-1 cells. My finding agreed with the other studies that showed longer cilia
with HTR6 overexpression such as: a study by Hu et al. (2017) that showed ciliary
length increased by overexpression of HTR6 in wild-type mouse hippocampal
neurons, whereas knockdown of HTR6 by siRNA caused in shorter cilia
formation. Ciliary length was decreased by blocking HTR6 receptor activity
(Brodsky et al., 2017). In cultured neurons, ciliary length was reduced by using
selective HTRG6 antagonists derived from wild-type mice (Brodsky et al., 2017).
The reason explained by Brodsky et al. (2017) mentioned that it could be because
overexpression of HTRG6 resulted in localization of HTR6 outside of the cilia and

had no effect on cilia morphology.

1.8.5 Endothelial cilia and their role in sensing blood flow

ECs receptors sense the flow and transmit mechanical signals to recipient
molecules via mechanosensitive signalling pathways which results in phenotypic
and functional alterations. Primary cilia are thought to sense and transduce
extracellular fluid shear into biochemical signalling changes inside vascular ECs.
Indirect evidence to support these functions is provided by the observation that
each EC possesses a single primary cilium on its apical surface that contain
ciliary proteins such as polycystin-1 and IFT88 (Nauli et al., 2008). The presence
of endothelial primary cilia has also been observed in HUVEC (lomini et al.,
2004), endocardium of the developing chicken (Van der Heiden et al., 2006) and
aortic endothelia of the embryonic E15.5 mouse (Nauli et al., 2008).
Haemodynamic forces affect the functional properties of vascular endothelium
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(Chistiakov et al., 2017) and transform to the chemical signalling pathways by

using the mechanotransduction effect of cilium.

What is known regarding the sensing of external mechanical forces such as fluid
shear stress by vascular endothelial cells is limited. However, it is known that
shear stress can activate several biochemical and mechanochemical pathways
in ECs (Nauli et al., 2008). The ciliary mechanosensory function depends on
IFT88 and the mechanosensing polycystin-1 protein, encoded by the PKD1 gene
(Nauli et al., 2008). Polycystin-1 is a mechanosensitive ion channel (Nauli et al.,
2003) (Xu et al., 2007) localized to primary cilia (Nauli et al., 2008) that can
mediate the sensitivity of kidney epithelial cells to fluid shear stress (Nauli & Zhou,
2004) (B. K. Yoder et al., 2002). Mutations in either PKD1 or IFT88 both result in
ciliary-related polycystic kidney disease (PKD) ("Polycystic kidney disease: the
complete structure of the PKD1 gene and its protein. The International Polycystic
Kidney Disease Consortium," 1995). With alterations in fluid shear stress, ECs
show an increase in release of cytosolic calcium following by nitric oxide (NO)
release which is essential for regulation of vascular contractility (Boo & Jo, 2003).
Abnormalities in NO release, associate with endothelial dysfunction and
hypertension (Thuillez & Richard, 2005). Nauli et al. (2008) has shown that both
polycystin-1 for cilia function and polaris for cilia structure and maintenance are
essential for transduction of the mechanical signals of fluid shear into the calcium
signalling changes and NO synthesis by ECs in response to fluid shear stress. In
summary, polycystin-1 and IFT88 mediate fluid shear stress-dependent

alterations in calcium and NO through a specific pathway.

1.8.6 Cilia and the actin cytoskeleton

Studies showed four specific cellular processes that regulate cilia formation and

maintenance including structural influences of the actin cytoskeleton, cell cycle,

cellular proteostasis and signalling pathways. The actin cytoskeleton regulates
ciliogenesis via impacts on both actin cytoskeleton remodelling expressed by
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acto-myosin contractions, as well as vesicle trafficking which transfer membrane

proteins to the cilia (Harvey F. Lodish 2016).

Actin is a ubiquitous intracellular cytoskeletal protein in eukaryotic cells (Smith et
al., 2020). Actin filaments are the main component of the actin cytoskeleton which
are polar linear polymers of the cytoplasmic protein actin (Svitkina, 2018). The
actin cytoskeleton is formed by microfilaments that are made by filamentous (F)
polymers of globular G-actin subunits (Harvey F. Lodish 2016). Actin filament
dynamics such as the actin filament nucleation, elongation, and disassembly are
controlled by regulatory proteins (Pollard, 2016). Inside the cell, actin has both
forms of monomer (globular, G-actin) and a polymer (filamentous, F-actin) (278).
Both polymerization and depolymerization require actin binding proteins. Actin
binds and hydrolyses ATP to ADP upon microfilament assembly. Profilin can
catalyze ADP to ATP and changes the monomers to the more polymerizable
ATP-bound form. Cilia actin polymerization can be forbidden and therefore
excises primary cilia tips in the process known as cilia decapitation (Phua et al.,
2017). Although current understanding regarding proteins involved in actin
depolymerization are limited, members of the yeast actin depolymerization factor
(ADF)/cofilin family can increase dissociation of monomers from microfilaments.
Actin polymerization requires nucleating factors like spire or formins, or the actin-
related protein complex (ARP 2/3) (Goley & Welch, 2006) (Dominguez, 2009).
Actin filaments are assembled by actin-binding proteins into networks and
remodel constantly according to the cell needs (Svitkina, 2018).

The actin cytoskeleton generates forces for multiple cell-motility events such as
pulling, pushing and resistance forces. Cell movement occurs by repeating cycles
of cell protrusion an attachment of the front cell, followed by disconnection and
retraction of the rear cells (Svitkina, 2018). During cell migration, actin filament
bundles assemble either as axial stress fibers or radially at the leading edge
(Dawe et al., 2007) (Valente et al., 2010). F-actin is a major component of the
cytoskeleton and maintain shape and polarity of cells and assist in migration. F-
actin exists in cells in part as a microfilament networks are attached to the cell
membrane by different cross-linking proteins and makes up the cortical actin
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layer (Smith et al., 2020). F-actin branching is crucial in the cellular protrusions
formation such as cilia, microvilli and lamellipodia (Khaitlina, 2014).

Because cilia have microtubule-based structure, the traditional view is that cilia
do not contain actin. However, the ciliary membrane needs actin cytoskeleton to
maintain structure (Smith et al., 2020) and a few studies have observed labelling
of the actin cytoskeleton within the cilium (Chaitin & Burnside, 1989) (S. Lee et
al., 2018). Other studies reported association of F-actin in ciliary decapping (Phua
et al., 2017) and microvesicles/ectosome excision (Nager et al., 2017). Recently,
actin in cilia were detected at molecular resolution by Kiesel et al. (2020) which
discovered bundles of actin cytoskeleton close to the ciliary membrane and F-
actin-like structures that intertwined with axoneme microtubules. Furthermore,
there is a pool of F-actin at the ciliary base within the ciliary pocket (Molla-Herman
et al., 2010) that is important in disassembly of cilia. F-actin polymerization is the
earliest known step in disassembly of cilia (A. Li et al., 2011). Although the exact
mechanism for delivery of ciliary membrane proteins is poorly understood and
needs more investigation, ciliary-specific vesicles with cargo inside are trafficked
along the actin cytoskeleton (Cao et al., 2012) (J. Kim et al., 2015) and move by
involvement of myosin motors (DePina & Langford, 1999).

1.8.6.1 Actin cytoskeleton and regulation of ciliogenesis

Actin cytoskeleton remodelling modulates ciliogenesis initiation and cilia length
(Smith et al., 2020). Two main regulators of ciliogenesis and cilia length, and also
a regulator of actin filament stabilization, are gelsolin (GSN) and actin-related
protein 3 (ACTR3). GSN is a positive regulator and severs actin filaments. ACTR3
is a negative regulator and inhibits branching (J. Kim et al., 2010). Destabilized
F-actin enhances vesicle trafficking, whilst stabilized F-actin makes a physical
barrier to ciliary vesicle trafficking in the base of the cilium or centrosome
throughout ciliogenesis (J. Kim et al., 2010).
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The actin cytoskeleton has various roles at different stages of the ciliary life cycle
including regulation of vesicle accumulation and fusion in order to form the ciliary
vesicle, and basal body migration and docking by focal adhesion complex
(Antoniades et al., 2014). These two mechanical forces can regulate ciliary length
during ciliogenesis and disassembly, but the mechanism is poorly understood
(Mirvis et al., 2018). Stress fibers are formed by F-actin microfilament bundles,
non-muscle myosin-based motor proteins and actin cross-linking proteins such
as alpha-actinin and they play an important role in adhesion, migration,
morphogenesis and mechanotransduction (Tojkander et al., 2012). Stress fibre
formation increases by mutations in ciliopathy genes and as a result impairs
ciliogenesis (Dawe et al., 2007) (Valente et al., 2010). By contrast, ciliogenesis is
stimulated by inhibition of actin polymerization (Bershteyn et al., 2010) (J. Kim et
al., 2010) (Sharma et al., 2011). Therefore, these results suggest that ciliogenesis
increases by depolymerization or depletion of actin cytoskeleton, whereas cilia
formation is decreased by polymerization of the actin, the formation of stress
fibers and F-actin branching (Avasthi & Marshall, 2012) (Malicki & Johnson,
2017). Notably, ciliogenesis was induced in hTERT RPE-1 cells after treatment
with different actin polymerization inhibitors such as cytochalasin D which
destabilizes actin (J. Kim et al., 2010) (Nagai & Mizuno, 2017), and latrunculin B
(Nagai & Mizuno, 2017) which binds the actin-monomers and prevents
polymerization (Morton et al., 2000). Furthermore, ciliary length was increased
by cytochalasin D that induces actin depolymerization (J. Kim et al., 2015).

1.8.6.2 Regulation of cilia by ROCK

Rho-associated coiled-coil forming protein serine/threonine kinase (ROCKI1/2)
commonly known as ROCK are downstream effectors of the Ras homolog gene
family, member A (RhoA). ROCK plays a crucial role in many different cellular
processes, the regulation of the actin cytoskeleton being one of the best
characterised (Deng et al., 2019). Cytoskeletal regulators are discussed in more
detail in section (1.8.6.1). Increase in ROCK activity increases stress fibre
formation and F-actin stabilization in almost all cell types (Smith et al., 2020).
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RhoA is the regulator of ROCK, a crucial regulator of actin remodelling and the
generation of stress fibres (Ridley & Hall, 1992) (Ridley, 2006). Increased actin
polymerization resulted in shorter cilia (Streets et al., 2020) because apical actin
filaments are required to stabilize cilia generation by inducing centrosome
migration, axoneme growth and basal body docking (Pan et al., 2007). In the
study by Rangel et al. (2019) pan-specific ROCK inhibition by Y-27632 increased

ciliary length in different cell lines and disrupted the apical cytoskeleton.

1.8.6.3 ROCK and lumen formation

ROCK has been implicated in the control of blood vessel lumen formation (Barry
et al., 2016). It was suggested that lumens respond differently to changes in RhoA
activity at different stages of their development with RhoA-ROCK signalling being
dispensable at early stages, whereas at later stages chemical inhibition of ROCK

increased vessel diameter (Barry et al., 2016).

The study by M. Kim et al. (2015) on MDCK cysts showed that ROCK inhibition
downstream of RhoA resulted in the formation of multiple lumens because
inhibition of this pathway blocked cell movement which is required for
consolidating multiple lumens into one lumen. The same effect happened by
inhibition of myosin Il which is downstream of ROCK, suggesting that myosin I

is involved in lumen consolidation in tubules.

1.9 Cytoskeletal regulators

In most biological processes, cell movement is a crucial phenomenon in
embryonic morphogenesis, angiogenesis and tissue repair, regeneration and
immune surveillance amongst other processes (McMahon & Gallop, 2005)
(Hussey et al., 2006). Actin cytoskeleton dynamics act as a vital part in most of

these processes, regulating the cellular structures formation including filopodia,
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lamellipodia, stress fibers and focal adhesions that are regulated by Rho
GTPases (Bailly & Condeelis, 2002).

1.9.1 Rho GTPases and the actin cytoskeleton

The actin cytoskeleton and related cellular processes are controlled by the
activity of Rho-GTPases (Hall, 1998). Actin cytoskeleton dynamics and as a
result cell movements and biological processes require dynamic transition of the
actin between its monomeric (G-actin) and filamentous (F-actin) forms. Actin is a
family of multi-functional proteins that produce microfilaments in the cytoskeleton
and underlie the plasma membrane. Actin monomers bond the barbed (or+)
growing end of the actin filament in the ATP-bound state and leave the actin
filament from the pointed (or-) end in the ADP state, giving rise to the process
known as actin filament threadmilling (Smith et al., 2020). The transition between
F- and G-actin is mediated by a large number of F- and G-actin binding proteins
(ABPs) which are responsible for actin filament nucleation, capping, severing,
elongation and crosslinking and actin monomer sequestration (Pollard & Borisy,
2003).

Rho GTPases act as molecular switches, switching between their active
guanosine-5'-triphosphate (GTP)-bound and inactive guanosine diphosphate
(GDP)-bound states (Hall & Nobes, 2000). The best-studied Rho GTPases are
Ras homolog family member A (RhoA) which is regulator of ROCK, ras-related
C3 botulinum toxin substrate 1 (RAC1) and cell division cycle 42 (CDC42) (Bryan
& D'Amore, 2007). Variety in the spatiotemporal activation of Rho GTPases is
important because Rho GTPases control the stimulation of actomyosin
contraction effector proteins via Diaphanous-related formins (Dia), formation of
actin fibers via Rho associated kinase (ROCK) and stimulate polymerisation of
branched actin in membrane protrusions through Arp2/3 (Ridley, 2006)
(Machacek et al., 2009). Rho GTPase activity is regulated by the opposing
actions of guanine nucleotide exchange factors (GEFs), GTPase-activating
proteins (GAPs), and guanine nucleotide dissociation inhibitors (GDls). GEF
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activate GTPases by stimulating the exchange of GDP to GTP. The Rho GEF
family consist of about 80 members and they divided into typical (Dbl) and
atypical (DOCK) categories (Cook et al., 2014) (Gadea & Blangy, 2014). In
opposite the GAP family composed of approximately 60 members, inactivate
GTPases by promoting the conversion of the active GTP form to the GDP form
(Cherfils & Zeghouf, 2013) (van Buul et al., 2014). GDlIs stabilise GDP-bound
small GTPases, thereby maintaining the GTPases in the inactive form (Cherfils
& Zeghouf, 2013).

RAC1 regulate lamellipodia formation and stimulate migration, angiogenic
sprouting, adhesion and the permeability responses to VEGF in ECs (Tan et al.,
2008) (Kesavan et al.,, 2009) (Barry et al., 2015) (Caron et al., 2016).
CDC42/RAC1-regulated lamellipodia and filopodia formation is driven by WASP-
related WAVE regulatory complex, that stimulates direct activation of formin
family proteins through actin filament nucleation and later extension of actin
filaments (Mehidi et al., 2019). Wiskott-Aldrich syndrome proteins
(WASPs) signal upregulates the actin-related protein 2/3 (ARP2/3) complex in
order to form branched actin filament networks (Sinha & Yang, 2008). Actin
elongates by activation of vasodilator-stimulated phosphoprotein (VASP) and
formin family members (J. Li et al., 2017). The serine/threonine-protein kinase
(PAK) family activate when bound to either RAC1 or CDC42, and contribute
towards polymerization of actin in both filopodia and lamellipodia formation
(Szczepanowska, 2009). LIM kinase (LIMK) which is PAKs downstream effector,

promote actin polymerisation and bundling (Szczepanowska, 2009).

Dynamic actin cytoskeletal rearrangement and assembly, formation the basis of
cell-to-cell adhesion and migration are regulated by GEF-mediated activation of
Rho GTPases (Kesavan et al., 2009) (Barry et al., 2015). CDC42 is a regulator
of actin-based morphogenesis and cell polarity (Lavina et al., 2018), directional
filopodia formation, cell adhesion, migration and invasion (Kesavan et al., 2009)
(Barry et al.,, 2015). CDC42 activation induces actin polymerisation to form
filopodia at the cell membrane (Fischer et al., 2019). CDC42 can stimulate the
activation of the IRSp53 adapter protein that connect actin to the membrane and
stimulate clustering of the uncapping protein (Krugmann et al., 2001) (Vaggi et
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al., 2011). Filopodia generation is a dynamic process and requires constant
assembly and disassembly of the actin flaments. Disassembly of actin at the
filopodium tip is gelsolin- or cofilin-mediated, but it could be driven by the actin
depolymerization and retraction imposed by non-muscle myosin Il (Benson &
Southgate, 2021).

1.9.2 Guanine nucleotide exchange factors (GEFs)

Two families of guanine nucleotide exchange factor (GEF) exist for Rho
GTPases: the classical Dbl-related exchange factors and DOCK family. They
both catalyse the same conversion of Rho-GDP to Rho-GTP but through
unrelated mechanism (Gadea & Blangy, 2014).

Rho GEF activity and membrane localisation of Dbl GEFs rely on the PH (scale
of acidity or basicity of liquid solutions) and Dbl homology (DH) domains, but
DOCK (Dedicator of cytokinesis) proteins do not contain those domains and they
are unrelated to Dbl GEFs (Cote et al., 2005) (Miyamoto et al., 2007), DOCK
proteins comprise conserved functional DHR-1 and DHR-2 domains. DHR-1
regulates the DOCK protein localization to the plasma membrane via interaction
with a lipid known as phosphatidylinositol (3,4,5)-trisphosphate (PIP3) (Kobialka
& Graupera, 2019). The DHR-2 domain binds to the small Rho GTPase to
catalyse GDP-GTP exchange and thus causing actin polymerisation and in turn
filopodia and lamellipodia formation via activation of the downstream effectors
(Cote et al., 2005) (J. Yang et al., 2009). The SH3 domain in DOCK-A and -B
subfamilies, is required for activation of DOCK GEF activity (Sevajol et al., 2012)
(Toret et al., 2014). C-terminal proline-rich region of DOCK proteins binds to
phosphatidic acid (PA) as well as SH3-containing adaptor proteins, such as CRK
which required for DOCK-mediated Rho GTPase activity (Sanematsu et al.,
2010) (Chang et al., 2020) (Figure 1.5).

The DOCK proteins function as regulators of RAC1 and CDC42. The DOCK

family comprises 11 proteins and subdivided into four groups (A, B, C, D)
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according to their GTPase specificity and functional domains. Members of every
subfamily distribute similar protein structure and functional domains. DOCK4
along with DOCKS are in group B and are specific for RAC1 activation (Fukui et
al., 2001) (Hamel, 2010).

1.9.2.1 DOCK4

Dedicator of cytokinesis 4 (DOCK4) is a membrane-associated cytoplasmic
protein that associate in actin cytoskeleton regulation (Yajnik et al., 2003)
(Kawada et al., 2009) (Gadea & Blangy, 2014). DOCK4 is a member of Rho GEFs
and is a GEF for RAC1. The protein comprises an N-terminal Src homology 3
(SH3) domain, two DOCK homology regions (DHR-1 and DHR-2), an armadillo
repeat motif and a C-terminal proline-rich domain (Fukui et al., 2001) (Hamel,
2010) (Figure 1.5).

DOCK4 regulates the activity of RAC1 (Yan et al., 2006) (van Buul et al., 2014)
(Hernandez-Garcia et al.,, 2015). RAC1 activation require binding of DHR-2
domain (Kawada et al., 2009). SH3 domain in DOCK4 can negatively regulate
RAC1 activity (Kawada et al., 2009). In 2006, (Hiramoto et al.) showed that when
the DHR-2 domain of DOCK4 is mutated in HEK293T cells, the activation of Rac1
by DOCK4 is suspended, suggesting that RAC activation happens via the DHR-
2 domain. Moreover, in the same study, they implicated the small GTPase RhoG
and its effector ELMO (Engulfment and cell motility) in the regulation of DOCK4
and cell migration through RAC1 activation. In 2008, (Upadhyay et al.)
contributed to the new understanding of DOCK4’s role in Wnt/beta-catenin
signalling pathway via RAC1 activation important in cell proliferation and
migration, and also tumorigenesis using HEK293T and NIH3T3 cells, both of
which have an intact Wnt pathway.
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Figure 1.5 Four groups of the DOCK family proteins and the domain
structure of DOCKA4.

A. The DOCK protein family has 11 members and divided into four groups on the
basis of primary-sequence conservation. DOCK-A includes DOCK-1, -2, and -5.
DOCK- B includes DOCK-3 and -4. DOCK-C includes DOCK-6, -7 and -8. DOCK-
D includes Dock-9, -10 and -11. B. DOCK4 is comprised of the DHR1 and DHR2
domains, both which are conserved in all mammalian DOCK family proteins. On
the N-terminus, DOCK4 contains an SH3 domain, and on the C-terminus, a
proline rich (PxxP) domain. Adapted from L. Shi (2013).

1.9.2.2 The role of DOCK4 in vascular development and angiogenesis

The generation of a functional vasculature demands important cellular
mechanisms such as cell proliferation, migration and adhesion which are all
closely linked to the activity of small Rho GTPases. Activity of small Rho
GTPases is regulated in part by the dedicator of cytokinesis (DOCK) protein
family (Benson & Southgate, 2021), with association of several angiogenic
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signalling pathways such as chemokine receptor type 4 (CXCR4), VEGF and
phosphatidylinositol 3-kinase (PI13K), in the regulation of specific DOCK proteins.
There are growing evidences in the important role of DOCK proteins in the
complex mechanisms of blood vessel formation in development and disease. To
date, 7 out of 11 DOCK proteins have been implicated with the regulation of blood
vessel formation (Benson & Southgate, 2021). Initially H. Kang et al. (2012)
showed that DOCK4 expressed in vascular smooth muscle cells (VSMCs).
DOCK4 is expressed in so many tissues including human umbilical vein
endothelial cells (HUVEC) (van Buul et al., 2014). DOCK4 downregulation using
small interfering RNA (siRNA), reduced vSMC motility and contraction (H. Kang
et al., 2012). Multiple DOCK proteins function within the blood vessel system
(Benson & Southgate, 2021). 64% (7/11) of DOCK proteins are regulators of
vascular processes (Benson & Southgate, 2021).

DOCK4 contribute towards cell migration (Ueda et al., 2008) (Kawada et al.,
2009) (Abraham et al., 2015). This has been shown in fibroblast cells by Kawada
et al. (2009) where RAC1 is activated by DOCK4 at the cell membrane.
Furthermore, cell migration was significantly increased by over-expression of wild
type DOCK4 (Kawada et al., 2009). In the study by Abraham et al. (2015) in
organotypic co-culture of HUVEC with fibroblasts, knockdown with DOCK4-
specific siRNA resulted in a significant decrease in the number of vessel
branches, suggesting that DOCK4 stimulate vessel sprouting. The remaining
tubules had less diameter and with fewer lateral cell-cell junctions, implicating
crucial role of DOCK4 in tubule development, filopodia formation and endothelial
cell adhesion (Abraham et al., 2015). In vivo study by Yajnik et al. (2003) in
normal mouse, siRNA-mediated DOCK4 depletion demonstrated significant
suppression of adherens junctions. Whilst the study on mouse elicited early
embryonic lethality with  homozygous DOCK4 knockdown, however
heterozygous DOCK4 +/- mouse showed angiogenesis-associated defects such
as reduction in the blood vessel lumen size in the brain parenchyma of E13.5
embryo (Abraham et al., 2015). The decrease in lumen size showed in these
studies were not associated with pericyte coverage of the vessel, suggesting
involvement of another mechanism like cell contractility or motility (H. Kang et al.,
2012) (Abraham et al., 2015). All together the results show an important role for
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DOCK4 in EC protrusive activity, organization of lateral contacts, tubule
remodelling and lumen formation. DOCK4 also implicated in a mechanism for
atherogenesis, in neovascularisation, and the generation of arterial fatty deposits
(Stewart et al., 2018) (L. Huang et al., 2019). DOCK4 has been observed as an
interacting partner of scavenger receptor class B type 1 (SR-B1) which is a
receptor that bind to LDL and mediate delivery of LDL into the arteries in
developing atherosclerosis (L. Huang et al., 2019). Moreover, RAC1 GEF
DOCKA4 through interaction with CDC42 GEF DOCKO regulates formation of EC
filopodial protrusions which is essential for the lateral organization ECs, dynamic
remodelling of tubules and lumen morphogenesis (Abraham et al., 2015).

1.10 Preliminary work leading to this thesis

1.10.1 Cilia and ROCK

Primary cilia are microtubule-based organelles. Cilia are recognised as a
mediator for mechanosensation of blood flow and growth factor signalling (J. G.
Goetz et al., 2014) (Spasic & Jacobs, 2017). Previous work in the lab had shown
that ROCK inhibition by Y-27632 (10puM and 50uM) increases ciliary length in
hTERT RPE-1 cells (Grant, G., PhD Thesis). Furthermore, the Johnson group by
siRNA screens showed that ROCK2 is a vital regulator of cilium formation and
function (Lake et al., 2020). Therefore, the effect of cilia and ROCK on lumen

formation and lumen expansion has to be elucidated.

1.10.2 Stimulation of angiogenesis in co-culture by bFGF

Previous work in the laboratory by (Stewart, L., PhD Thesis) showed that
although VEGF and FGF both act as angiogenic factors in the co-culture
angiogenesis assay, stimulation with these two growth factors results in tubules
with different characteristics. Although both FGF and VEGF promote tubule
growth has indicated by a similar increase in total tubule length, there was
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significantly higher increase in average tubule length with FGF compared to
VEGF stimulation. Furthermore, the longest tubule length within a microscopic
field area was higher under conditions of bFGF stimulation compared to VEGF
stimulation. VEGF but not FGF significantly increased the formation of branches
(Figure 1.6). Previous study in the Mavria group showed that DOCK4 is a key
regulator of sprouting and lumen formation (Abraham et al., 2015). Although
studies showed that DOCK4 regulate sprouting downstream of VEGF signalling,

it's role downstream of FGF signalling has to be investigated.
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Figure 1.6 The role of VEGFA and bFGF in tubule formation in the
organotypic angiogenesis assay.

In order to assess the effect of growth factors FGF and VEGF on tubule formation
in the organotypic co-culture assay, co-cultures were treated with either of the
growth factors FGF or VEGF or both of the growth factors. HUVEC were used to
set up organotypic co-culture assays with HDF cells. VEGFA (25 ng/ml) or bFGF
(10 ng/ml) treatments, separately or in combination, were applied to the media
on days two, four and six following seeding of HUVEC onto confluent HDF to
stimulate angiogenesis. Dot plots show quantifications of total tubule length (um),
mean tubule length (um), longest length (um) and branch points. N=9 organotypic
co-cultures from three independent experiments (indicated by different grey dots
on the dot plot). Statistical test for pair-wise comparison is Student t-test. Stewart,
L., PhD Thesis.
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1.11 Aims

The overarching aim of the project has been to establish a 3D cell culture
perfused system and investigate mechanisms of blood vessel lumen
morphogenesis, specifically the role of cilia and cytoskeletal regulators in sensing
of fluid flow. Furthermore, to investigate whether DOCK4 is required for
angiogenesis downstream of FGF signalling. The objectives were as follows:

1) Establish a 3D culture system of perfused endothelial tubes, and observe the
process of blood vessel lumen formation under conditions of fluid flow.

2) Assess the effects of primary cilia ablation and inhibition of cytoskeletal
regulator ROCK on blood vessel lumen formation and expansion.

3) Investigate the role of Rac1 GEF DOCK4 on tubule and lumen formation under

conditions of FGF stimulation.

51



Chapter 2

Materials and methods
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2.1 Cell culture

2.1.1 Cell culture conditions

Cells were maintained in humidified incubator at 37°C supplied with 5% carbon
dioxide (CO2) and 95% air.

2.1.2 Plate coating

Poly-L-lysine coating for HEK 293T expansion after thawing from frozen done as
follow: T75 tissue culture flask was coated with filter sterilized 40% poly-L-lysine
diluted in PBS. 4ml was added to the flask and left for 10mins at room
temperature to cover the plate before being rinsed one time with sterile PBS.
Plate was used immediately or sorted in PBS at 4°C for up to a week.

2.1.3 Cell lines

Angio-tested Human Dermal Fibroblast (HDF)-tested to perform in the
angiogenesis co-culture assay from Cellworks (Buckingham, UK). HDF
purchased at passage 6 were cultured in Dulbecco’s Modified Eagle’s Medium
(DMEM) (Cat#: D5671) supplemented with 10% (v/v) heat-inactivated foetal calf
serum (FCS) supplied from Sigma-Aldrich, UK, plus 100ug/mi
penicillin/streptomycin and 100mg/ml L-Glutamine (Sigma-Aldrich). HDFs were
thawed in the water bath at 37°C and cultured in tissue culture T75 flask in 15ml
media. HDFs were split 1:5 when they reached almost 80% confluency. HDF cells
were used up to passage 11 for co-culture assays.

Angiogenesis tested Human Umbilical Vein Endothelial Cells (HUVEC)-tested to
perform in the angiogenesis co-culture assay purchased from Cellworks were
grown in Human Large Vessel Endothelial Cell Growth Medium (LVE)

supplemented with supplied growth supplements and antibiotics (Cellworks), or
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Endothelial Cell Growth Medium-2 (Lonza). HUVEC were purchased at passage
1 and used up to passage 4. HUVEC being thawed into T75 flask with 15ml
medium as per supplier instructions. After approximately 2 days, when cells
reached 80% confluency, they were harvested. Cells were washed once with
PBS and then coated with 1ml of trypsin EDTA 1% (Sigma Aldrich). When 90%
of cells had detached, 10 ml pre-warmed media were used to resuspend cells
and transfer them for freezing, culture or splitting. Cells were counted manually
using a haemocytometer. For splitting purpose detached cells were resuspended
in 10ml media and split into T75 flasks at 1:4 ratio. Cells were grown to 80%
confluency prior to splitting with media refreshed every 48 hours.

hTERT-RPE1 (hTERT-immortalized retinal pigment epithelial cells) from ATCC
were cultured in DMEM/F-12 10% FBS. hTERT-RPE1 were grown to confluency
before being split at a ratio of 1:5 once a week.

HEK-293T (Human embryonic kidney cells) were cultured in DMEM 10% FBS,
100mg/ml L-glutamine, 100ug/ml penicillin and 100ug/ml streptomycin. Cells
were brought into culture in 40% poly-L-lysine coated T75 flasks. Cells were
harvested at 90% confluency and split at a ratio of 1:6.

All cells were cultured in humidified atmosphere with 5% CO: tissue culture

incubators at 37°C.

2.1.4 Freezing and thawing cells

All cell stocks were stored at -196°C in vapour stage liquid nitrogen Dewar. Cells
were transferred on dry ice and defrosted quickly in a 37°C water bath prior to be
added to warm media.

To generate frozen cell stocks for long term storage, when cells were sub-

confluent and actively proliferating, they were washed once in PBS and
trypsinised. When completely detached, cells were re-suspended in media and
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transferred to a falcon tube. Cells were spun down at 22°C, HDF at 290 g for
5mins and HUVEC at 163 g, 6mins. Once a pellet was deposited on the bottom
of the tube, the supernatant was aspirated, and the pelleted cells re-suspended
in pre-chilled freezing medium (FM) containing 90%FBS and 10% dimethyl
sulfoxide (DMSO). Between 0.5 and 1x108 cells were resuspended in 1ml FM
into 1.5ml cryogenic vials, stored at -80°C overnight prior to long term storage in
liquid nitrogen and were transferred to liquid nitrogen (LN2) after 24 hours.

Frozen cells were recovered by thawing a frozen aliquot in a 37°C water bath and
transferring cells to an appropriate flask required for culturing. After thawing, cells
resuspended in fresh medium before cultured in a T75 or T150 flask.

2.1.5 Standard solutions

List of commonly used solutions used throughout this thesis are shown in Table

2.1. Solutions were either purchased or prepared in the lab according to

experimental requirements.

Standard solution Company Recipe

DMEM (Dulbecco’s modified|Sigma-Aldrich

Eagles medium

90% FBS with 10% DMSO
(Invitrogen)
Sigma-Aldrich [20g LB powder in 1L distilled

water. Autoclaved

Freezing medium

LB (Luria broth)

LVE (Large vessel Cellworks
endothelial cell medium)
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Trypsin EDTA Sigma-Aldrich
(ethylenediaminetetraacetic

acid)
1ml of 1MTris-HCL (pH 8.0) and
TE (Tris EDTA) buffer 0.2ml EDTA (0.5 M) up to 100ml
with distilled water
TBS (Tris buffer saline, pH8) 50mM Tris, 150mM NACL
TBST (Tris buffer saline TBS with 0.1% Tween 20 (Sigma-
Tween) Aldrich)

Sigma-Aldrich |500ml disH20 + 2 PBS tablets

PBS (phosphate buffered _
(P4117, Sigma) + 1 PBS tablet

saline)
(BR0014G, OXOID). Autoclaved
Transfer buffer 25mM Tris, 190mM glycine, 20%
methanol
Invitrogen 10X solution dilutes with distilled
Running buffer
water to 1X
Sigma-Aldrich |20 g Paraformaldehyde in 500 mi
4% PFA
dH20 heated at 55°C, 50 ml 10X
(Paraformaldehyde)

PBS. pH adjusted to ~7.5

HUVEC optimized medium |Cellworks
(Angiogenesis growth

medium)

Table 2.1 List of commonly used standard solutions used throughout this
study.
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2.1.6 Bacterial cell culture

All shRNAs clone for lentiviral knockdown were stored at -80°C. All shRNA clones
were cultured at 37°C in LB broth medium plus 100ug/ml ampicillin. In summary,
bacterial stock was partly defrosted and bacterial culture from glycerol stock was
streaked on LB agar plates containing ampicillin. Then a 10ul inoculum of the
bacterial colony was added to 100ml of LB plus 100ug/ml ampicillin at 37°C and
shaken overnight. Cultures were pelleted to obtain plasmid extraction using a
Midiprep Kit (Qiagen) according to the manufacturer’s protocol.

2.2 Cell culture techniques

2.2.1 Production of lentiviral vectors in 293T cells

Virus production done according to Tornolab protocols. After coating the plate
with 40% poly-L-lysine 2.5x10® HEK 293T cells were plated in a 10cm plate and
grown for 3 days to get confluency of 70%. Calcium-phosphate precipitate was
prepared (1ml/10cm plate) (transfer vector 20ug, packaging plasmid 15ug,
Envelope plasmid 6ug) vectors were added to 0.5ml of dH2>O and 50ug 2.5M
CaClz before the stage of adding 0.5ml 2xHBS drop by drop to the solution whilst
it is under vortex agitation. The precipitate was left for 20 mins at RT then added
dropwise to the plate. The plate was mixed by tilting plate from side to side. The
media was discarded and replaced with fresh warm medium. After 7 hours media
was collected and replaced with fresh media as before. Collected media was
filtered through a 0.45um filter and stored at 4°C before moving to -80°C for long
term storage. The collecting of media was repeated after 24 hours.

2.2.2 HUVEC lentiviral transduction

In a T75 tissue culture dish, 5x10° HUVEC were seeded for the purpose of
transduction. 2ml virus was added to 2ml LVE media with 8ug/ul polybrene and
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replaced the cells media. After 16 hours combination of virus plus media was
removed and replaced by fresh media. For instance, lentivirus harbouring EGFP
was used to infect HUVEC followed by sorting to generate HUVEC-EGFP.

2.2.2.1 IFT88 and RPGRIP1L lentiviral transduction

This was performed using IFT88 shRNA, RPGRIP1L shRNA and Nontargeting
shRNA lentivirus stocks already available in the laboratory. HUVEC were plated
in T75 flasks and grown until they gained almost 70% confluency. Afterwards
they were infected by pTRIPZ shRNAs including IFT88-1, RPGRIP1L and
Nontargeting. Viruses were diluted in LVE medium containing 8ug/ul polybrene
and incubated with cells for almost 16 hours.

2.2.2.1.1 Doxycycline induction

Doxycycline induction (2ug/ul) was done on day 9 on the transduced HUVEC with
IFT88 shRNA, RPGRIP1L shRNA and Nontargeting shRNA. The media were
subsequently replenished with addition of doxycycline on days 10,12 and 13 of
the co-culture assay. Tubules and tube formation were visualised by IHC using
an EVOS microscope and the knockdown was confirmed by western blotting.

2.2.2.2 Generation of serotonin receptor HTR6-CFP2 lentivirus for cilia

monitoring

2.2.2.2.1 Lentiviral vector preparation

Lentiviral vector pWPXL gifted from Heiko Wurdak was used for the cloning of
mouse serotonin receptor 5-hydroxytryptamine receptor 6 (HTR6) and cyan-to-
green photoswitchable fluorescent protein PS-CFP2 genes. Bacterial cultures
harbouring the lentiviral vector from glycerol stock were streaked on LB agar
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plates containing ampicillin. Then inoculation was carried out either by adding a
bacterial colony or 10pl glycerol stock into 100ml of LB with 100ug/ml ampicillin
in a flask followed by shaking in an incubator at 37°C overnight. Cultures were
pelleted for plasmid extraction using a Midiprep Kit (Qiagen) according to the

manufacturer’s protocol.

To generate the lentiviral vector harbouring HTR6 and PS-CFP2, a restriction
digestion was first carried out to remove EGFP from the pWPXL vector using
BamHI and EcoRI restriction enzymes and NEBuffer 2.1. Incubation carried out
at 37°C for 1 hour followed by heat inactivation of the enzymes at 65°C for
20mins. Then the products plus 6xloading dye were run on 2% agarose gel
containing Midori Green. Following electrophoresis, the digest products were
visualised by fluorescent Midori Green and the linearized pWPXL was cut from
the gel. Subsequently, the Gel Extraction Kit (QIAquick) was used to elute the
DNA.

2.2.2.2.2 HiFi assembly cloning

Both HTR6 and PS-CFP2 genes were obtained from Addgene. In order to amplify
pWPXL-HTR6-CFP2 and HTR6-CFP2-pWPXL fragments, asymmetrical
cleavage made to create overhangs by Q5 Taq polymerase PCR reaction, using
Forward primer1,
5AGGTTTAAACTACGGGATCCAGGCCTAAGCTTACGCGTCCTAGCGCTAC
CGGTCGCCACCATGGTTCCAGAGCCCGG3’

and reverse primer2,
3'GCTCGGCGCCCTTGCTCACGTTCATGGGGGAACCAAGTGS’

to obtain HTR6 with overhangs. Also forward primer3,
5CACTTGGTTCCCCCATGAAC GTGAGCAAGGGCGCCGAGC?

and reverse primer4,

I TATGACTAGTCCCGGGAATTCTTACTTGTACAGCTCATCCATGYS

to obtain HTR6-CFP2-pWPXL fragments.
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PCR products were separated by gel electrophoresis, the fragments were cut
from the gel using a scalpel and the DNA was extracted using QIAquick Gel
Extraction Kit. The HiFi Cloning Kit (New England Biolabs) was used to sub-clone
DNA fragments into pWPXL lentiviral vector, including two positive controls
(pPUC19 plasmid and NEBuilder positive control provided by manufacturing) and
negative control (only inserts without vector). Transformation of plasmid DNA into
E. coli carried out by using the heat shock method by 30 minutes incubation on
ice, followed by heat shock at 42°C for 30 seconds, and incubation on ice for 2
minutes. Then the cells shake for 1 hour on shaking incubator (250rpm) with SOC
media (provided by manufacturing). The cells were spun at 13000rpm for 1
minute and resuspended in 70ul SOC media. Transformed cells were spread on
pre-warmed ampicillin LB plates and incubated overnight. Transformations from
single colonies on agar plates were grown on Lb overnight in a shaking incubator.
The QIAprep Spin Miniprep Kit was utilised to elute DNA. To verify that clones
contain correct plasmids, restriction enzyme digests were set up, followed by

separating the DNA fragments by agarose gel electrophoresis.

2.2.2.2.3 Sequencing

Sequencing reactions were carried out by preparing a master mix for five
designed primers:

forward primer1, 5GCAACAGACATACAAACTAAAGAATTAZ,

reverse primer2, CATAGCGTAAAAGGAGCAACAYS,

forward primer3, SATCCTGATCGAGCTGAATGGT,

forward primer4, 5GCTACCTGCTCATCCTCTCG3’,

forward primer5, 5ACAGTAGGCGTCTGACCACC3

which were run on a thermal cycle. This was followed by precipitation and

sequencing using a DNA sequencer (Applied BioSystems).
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2.2.2.2.4 Agarose gel electrophoresis

Agarose gel electrophoresis was used to separate DNA fragments. Agarose gel
was prepared by adding 4g agarose to 200 ml of 1X TBE (Tris/Borate/EDTA)
buffer, which was then microwaved for 3-4 minutes followed by adding 8 ul Midori
Green (0.004%) to the mixture. The mixture was loaded into the casting tray with
combs to set the wells. After 20 min, the gel cast was ready and transferred into
the tank. For every 5ul of sample 1l gel loading buffer was added with a total of
25 pul being loaded onto the wells in the gel. A 2000 bp DNA Ladder was added
into the first well of the row as a marker. The gel was run for 45 minutes at 120V.
The image of the DNA fragments was captured using the BIO-RAD Molecular
Imager Gel Documentation System.

2.2.3 FACS sorting

HUVEC transduced with a lentivirus were trypsinised, and collected for
fluorescent activated cell sorting, HUVEC were centrifuged (163 g), resuspended
in PBS twice at maximum concentration 5x10° cells/ml and transferred to sterile
polystyrene FACS tubes. The LIMM Cell Sorting Facility sorted the cells based
on pre-determined gates based on the level of EGFP expression. Sorted HUVEC

were placed back in culture for 48 hours or used directly for experimentation.

2.2.4 HUVEC-HDF co-culture angiogenesis assay

2x10* HDF at passage 6-11 were plated into glass-bottom 24-well plates (In Vitro
Scientific) and cultured for six days to form a confluent layer without changing
medium. 8500 HUVEC-EGFP cells seeded onto a confluent layer of HDFs and
grown in 50:50 DMEM:LVE medium for 7 days before being changed to optimized
medium (Angiogenesis Growth Medium Package) to aid in lumen formation.
Media was refreshed every 48 hours. Angiogenesis was induced by using growth
factors. Unless otherwise stated, only Vascular Endothelial Growth Factor A
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(VEGFA) (25 ng/ml; Sigma-Aldrich) and basic Fibroblast Growth Factor (bFGF)
(10 ng/ml; Peprotech) was used in this study on days two, four and six of seeding
HUVEC on HDF. Cells were either fixed and stained on day seven in ice cold
70% ethanol for 20 minutes by immunohistochemistry (IHC) to assess tubule
formation and sprouting, or on day fourteen by 4%PFA for immunofluorescence

(IF) to assess lumen formation.

2.2.5 In-vitro ciliogenesis assay

Cells to be studied in the ciliogenesis assays were grown on 35mm glass bottom
plate (ibidi, Germany) for imaging. hnTERT-RPE1 were grown to 70% confluency
in DMEM/F-12 10% FBS and HUVEC grown in LVE plus supplements and
antibiotics. Cells were then serum starved for 18 hours for hTERT-RPE1 in
DMEM/F-12 0.2% FBS and HUVEC in LVE plus antibiotics without supplements.

2.3 Imaging techniques and immunostaining

2.3.1 Co-culture fixation and immunofluorescence (IF) staining

Co-cultures were fixed in 4% paraformaldehyde for 20 minutes at room
temperature on day 14 of co-culture for visualisation of lumens. Cultures were
then washed three times with PBS and permeabilised with 0.1% TX100/PBS for
20 minutes at RT before being blocked in 0.5% BSAPBS for 20 minutes at RT.
Primary antibodies were diluted with blocking solution and added to the cells and
left in an fridge overnight at 4°C. Used primary antibodies are listed in Table 2.2.
The following day, cells were washed three times with PBS and secondary
antibodies diluted with blocking solution were applied and incubated for 1 hour at
37°C. DAPI (4',6-diamidino-2-phenylindole) 1ug/ml for nucleic acid staining was
added same as secondary antibodies (Table 2.3).
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2.3.2 Cilia fixation and staining

For the purpose of visualizing cilia, cells were serum starved for 18 hours
(hTERT-RPE1 in DMEM/F-12 0.2% FBS; HUVEC in LVE plus antibiotics without

supplements). 20 minutes before fixing the cells with 4%PFA, media was

replaced by PBS and the cells left on ice for 20 minutes. Then cells were fixed in

4% paraformaldehyde for 20 minutes. they were washed three times with PBS
and permeabilised with 0.1% TX100/PBS for 20 minutes and blocked in 2%
BSAPBS for 20 minutes. Primary antibodies were diluted with 0.5% BSAPBS and
added to the cells and left in fridge overnight at 4°C. The following day, cells were

washed three times with PBS and secondary antibodies were applied and
incubated for 1 hour at 37°C.

Antibody Target Type Host/ Supplier |Dilution
Isotype

Podocalyxin | Apical side of ECs

Af-1658 during cell Polyclonal | Goat IgG [R+D systems| 1:100
polarization

VE-cadherin |Cell-cell contacts of|Monoclonal| Mouse | Santa Cruz | 1:100

Sc-9989 ECs IgG

CD31 Endothelial cells | Polyclonal | Rabbit Abcam 1:100

ab28364 IgG

ARL13B Axoneme of cilia | Polyclonal | Rabbit | Proteintech | 1:250

17711-1-AP IgG

GT335

AG-20B- Polyglutamylated [Monoclonall Mouse Adipogen 1:500

0020-C100 tubulins IgG

Table 2.2 List of primary antibodies used for immunofluorescence.
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Antibody Target Type Isotype| Supplier | Dilution
species

Alexa Fluor 488 Mouse | Polyclonal [ 1gG Invitrogen | 1:1000
Alexa Fluor 488 Rabbit | Polyclonal | IgG Invitrogen | 1:1000
Alexa Fluor 594 Mouse | Polyclonal [ 1gG Invitrogen | 1:1000
Alexa Fluor 594 Rabbit | Polyclonal | IgG Invitrogen | 1:1000
Alexa Fluor 633 Rabbit | Polyclonal| IgG Invitrogen | 1:1000
Alexa Fluor 647 Rabbit | Polyclonal | IgG Invitrogen | 1:1000
DAPI (Localization:
Nucleus, Nucleic N/A N/A N/A Sigma- 1:2000
Acids) Aldrich
TOTO3 (Localization:
Nucleus, Nucleic N/A N/A N/A Fisher 1:2000
Acids) Scientific

Table 2.3 List of secondary antibodies used for immunofluorescence.

233

Immunohistochemistry staining (IHC)

In order to visualise tubule formation, cells were immunostained for CD31

(PECAM-1). Co-cultures were immunostained according to binding of an alkaline

phosphatase-coupled anti-CD31 antibody linked to an insoluble chromogenic

substrate that stained tubules with a dark purple colour. Cells were washed with
Phosphate-Buffered Saline (PBS) (made by dissolving 2XPBS tablets (Sigma-
Aldrich) with 1XPBS (DulbeccoA, OXID) in 500ml H2O followed by autoclave). An

ice-cold fixative (70% ethanol) was incubated with cells at room temperature (RT)

for 30 minutes. Cells were washed three times with PBS and primary antibody
mouse anti-human CD31(1:400 in 1%BSAPBS) was added to the cells and
incubated for 60 minutes at 37°C. Goat anti-mouse IgG AP conjugate diluted
1:500 in 1%BSAPBS was then added and incubated for 60 minutes at 37°C.
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Finally, cells were washed three times with dH20. Two insoluble chromogenic
substrate tablets were dissolved in 20ml dH2O, filtered substrate using
disposable syringe and 0.2um filter disc. Substrate added to each well and
incubated at RT until tubules developed a dark purple colour. Wells washed with
dH-O for three times.

2.3.4 Confocal imaging

All confocal imaging was done on a Nikon A1R confocal microscope controlled
by NIS-Elements software. For imaging of immunofluorescence-stained samples
at high resolution and quality, an advanced fully automated Nikon A1R confocal
microscope was used equipped with a hybrid confocal scan head incorporating a
resonant scanner for high-speed imaging, and galvo scan for high-resolution
image acquisition. The NIS-Elements C Advanced Software Platform (Nikon

Instruments) was used to control microscope functions.

2.3.4.1 HUVEC-HDF co-culture confocal imaging

Co-culture imaging was carried out using 12 confocal images from three wells

(N=3 organotypic co-cultures) using a 40X oil immersion CF| S. Fluor objective

lens and galvo scan head for the purpose of quantification.

2.3.4.2 Cilia imaging

Ciliated cells in a monolayer or in co-culture were imaged using 40X and 100X

oil immersion lenses and a galvo scan head of confocal microscope.
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2.3.5 Imaging using an EVOS microscope

Fully integrated digital inverted EVOS microscope was used to visualise tubule
formation in co-cultures and microfluidic devices. In the plate 12 Images of
tubules from 3 wells (N=3 organotypic co-cultures) were taken using 4X and 20X

objective lenses at EVOS microscope for quantification.

2.4 Image analysis

Quantification carried out manually as explained in Table 3.1. In order to calculate
the branch point index, the number of branches divided by total tubule length.

2.5 Microfluidic devices

In order to introduce flow in the organotypic fibroblast-endothelial cell co-cultures
microfluidic devices were used. This project initially utilised two different
microfluidic device designs one with a single chamber designed by Dr Matthew
Bourn (Sally Peyman lab, Faculty of Mathematics and Physical Sciences,
University of Leeds) (Figure 2.1 A) and the other one has three-chamber
designed by Dr Graeme Whyte (Biophysics and Bioengineering, Institute of
Biological Chemistry, Herriot Watt University) (Figure 2.1 B). Both devices
contain four reservoirs (Figure 2.1 C). The microfluidic devices consist of a set of
micro-channels and micro-chambers moulded into polydimethylsiloxane (PDMS)
fabricated by photolithographic method. Micro-chambers and micro-channels are
connected to external cell loading and gel loading ports and reservoirs that are
punched through the chip. The difference between the two devices is the number
of chambers and presence of gel loading ports. The single chamber device
(Figure 2.1 A) has no separate gel loading port, whereas the three-chamber
device (Figure 2.1 B) has four gel loading ports. Four external reservoirs were
used to introduce fluid flow inside the channels by means of controlling

hydrostatic pressure through manipulating the height of media inside the
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reservoirs. This allows control of flow and the resultant shear stress (Figure 2.1
C).

A Single-chamber microfluidic device B Three-chamber microfluidic device
A% EB

| Media reservair ports "~
Gel loading port

By

Media reservoir ports

: f Three chambers
. Single chamber /
l 7 Cell loading
. L port

Figure 2.1 Microfluidic devices for the growth of organotypic co-cultures.

Two microfluidic devices were designed both of which were sealed circulatory
systems based on the original configuration by Moya and co-workers (Moya et
al., 2013). The differences between the two devices were the number of
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chambers, circulation system inside the device and gel loading ports. A. The
single-chamber microfluidic device has one chamber connected to the two side
channels by six openings created by 5 pillars, four media reservoir ports and two
cell loading ports. Flow is introduced into the single chamber via the pillars. B.
The three-chamber device has three chambers and flow is introduced through
individual openings on either side of each chamber, in the absence of pillars. C.
The four reservoirs in each microfluidic device, single-chamber (left-hand side)
and three-chamber (right-hand side), are filled with defined heights of media in
order to establish hydrostatic pressure thus circulating fluid inside the microfluidic
devices.

2.5.1 Single chamber microfluidic device fabrication

The devices were fabricated from Polydimethylsiloxane (PDMS) on coverslips.
An inverted master mould that made from a SUS8 layer on a silicon wafer was
used to form PDMS microfluidic structures.

PDMS (Sylgard 184, Dowsil) was mixed in a 10:1 base (Silicone Elastomer base)
and curing agent (Silicone Elastomer curing agent) ratio. The mixture was
centrifuged at 3220 g for one minute. The solution was then poured onto the wafer
and desiccated for 40 min to allow air bubbles to rise to the top of the container.
PDMS was poured to produce 1 mm thick devices and then cured by placing in
an oven at 80°C for 1 hour. The devices were then cut following by punching
reservoirs and loading port holes. Oxygen plasma was used to bond the surfaces
and bond the device to the coverslip.

2.5.2 Microfluidic organotypic co-culture
Following fabrication, Fabricated devices and reservoirs were then sterilised in

an autoclave at 120°C for 40 min. Reservoir lids made from attaching 0.22um
PTFE filters (Cole-Parmer) onto the top of Delrin (Par-group) rings sterilised with
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ethanol for one minute prior to experimental use. Fibrinogen (100MG, Sigma-
Aldrich) was prepared by dissolving 100 mg of power into 10ml of warm buffer
containing 0.9 % NaCl. The solution was gently agitated until a cloudy solution
was formed. The solution was then separated into 100 pL aliquots and frozen at
-20°C. Thrombin powder (100UN, Sigma-Aldrich) was dissolved in 2 ml of buffer
containing 0.1 % bovine serum albumin (BSA) to give a 50U/ml solution. The
solution then aliquoted into 20ul and frozen at -20°C. Single aliquots of both

fibrinogen and thrombin were defrosted prior to experimental use.

Both HUVEC and HDF cells were detached from their culture flasks and the cells
numbers determined. In order to seed 6x10* HUVEC and 6x10* HDF cells in fibrin
in the device, cells were counted, spun to pellet and resuspended together in 8pl
fibrinogen. The fibrinogen-cell mixture was then split into 8ul aliquots in separate
1.5ml centrifuge tubes. Thrombin was diluted with PBS 1:1 to give a final
concentration of 50U/ml. Thrombin polymerises fibrinogen to fibrin within 10
seconds of mixing and, once polymerised, the mixture is no longer possible to
manipulate. Therefore 0.6yl of diluted thrombin was rapidly mixed with the 8pl
fibrinogen-cell suspension. The mixture was pipetted into the microfluidic
chamber via the cell loading port (port E). Devices were then placed on a hotplate
at 37°C for 20 minutes to allow the thrombin to polymerise the fibrinogen into
fibrin. Four reservoirs were attached (Figure 2.1 C), and filled with 2.5 ml media
in two reservoirs (A and D) and no media in the other two reservoirs (B and C) to
obtain fluid flow by hydrostatic pressure. The microfluidic device was then placed
in an incubator. Flow direction was reversed daily, and media changes were
performed every 24 hours. 50:50 DMEM:LVE medium plus VEGFA (25 ng/ml)
and DbFGF (10 ng/ml) were added to reservoirs before being replaced by
angiogenesis media on day 11. On day six 3.0x10* endothelial cells combined
with 30pl LVE medium were injected into side channels and continued with LVE
medium with VEGFA (25 ng/ml) and bFGF (10 ng/ml) in order to achieve
anastomosis of the cells in side channels with the tubules formed inside the
chamber.
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2.6 Western blotting analysis (Biochemical techniques)

2.6.1 Protein quantification by BCA protein assay

After preparing total cellular lysates, proteins were quantified by the BCA
(bicinchoninic acid) method (Smith et al., 1985). This method combines the biuret
reaction with the violet-coloured complex formation of copper ions by
bicinchoninic acid. A standard curve of BCA ranging from 25ug -2mg of protein
was prepared and used to quantify samples. Protein standards and unknown
samples were distributed in triplicate into a flat bottom 96-well plate. BCA reagent
was added to each well and allowed to react for 30 minutes at 37°C. Following
by protein concentration measurement on a spectrophotometer at 562nm
wavelength and was calculated on Microsoft Excel.

2.6.2 SDS-PAGE

To identify proteins of interest, after protein quantification samples were analysed
using Sodium Dodecyl Sulphate Polyacrylamide Gel Electrophoresis (SDS-
PAGE). Quantified proteins were resuspended in 4X loading buffer (NuPAGE,
Invitrogen) plus 50mM DTT, then heated at 70°C for 10minutes. Samples of
protein (25 pl) were loaded into lanes, separated on 3-8% precast Tris-Acetate
gels (Invitrogen). Electrophoresis was performed at 100V for 2-3 hours in 20X
Tris-Acetate SDS Running Buffer (NuUPAGE). 5yl of protein standard ladder (Dual
colour marker, Proteintech, 10-180kDa) was loaded to compare proteins’ size.

2.6.3 Western blotting and detection

After completion of SDS-PAGE electrophoresis the gels were transferred to 50ml

of transfer buffer for equilibration. Gels were then transferred to polyvinylidene

difluoride (PVDF) membranes (pre-activated in 100% methanol for 10 seconds)
and sandwiched between 4 sheets of Whatman paper and 2 sponges. The
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sandwich was then placed in a transfer tank prefilled with 1X transfer buffer.

Transfer was done at 1A at 4°C overnight.

Enhanced chemiluminescence (ECL) method was used to visualise membrane.
Membrane was first blocked in 5% milk powder in TBST for 1 hour at room
temperature. The PVDF membranes were incubated with primary antibody
1:1000in TBST 5% BSA at 4°C overnight. After three 10 minutes washes in TBST
at room temperature, secondary antibody (horseradish peroxidase enzyme
conjugated) was added 1:5000 in TBST 5% BSA for 45 minutes at room
temperature. Primary and secondary antibodies are listed in Table 2.4. All
secondary antibodies are anti-lgG1. Membrane was then washed three 10
minutes in TBST before adding ECL solution (Amersham ECL solutions A and B,
1:1 ratio) for 1 minute at room temperature. Membranes were exposed on X-ray
film (Amersham Hyperfilm). Band intensities analysed using Image J software.

2.6.4 Stripping and reprobing

PVDF membrane was stripped and reprobed for a loading control GAPDH. To
strip membrane, it was washed in ultrapure water for 10 minutes at room
temperature, then 0.5M sodium hydroxide for 10 minutes and finally ultrapure
water for 10 minutes. Membrane was then re-blocked in 5% milk powder and

probed with primary antibody.
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Primary [Moleculary Type |Host/Isotype| Supplier Dilution/
antibody weight concentration
DOCK4 190 kDa | Polyclonal | Rabbit/ IgG Bethyl 1:1000
A302-263A
IFT88 94 kDa | Polyclonal | Rabbit/ IgG |Proteintech 1:1000
13967-1-AP
RPGRIP1L 151 kDa | Polyclonal | Rabbit/ IgG |Proteintech 1:1000
55160-1-AP
GAPDH 36 kDa | Polyclonal [ Rabbit/ IgG | Abcam 1:1000
Ab9485
Secondary | Target Host Isotype Supplier Dilution/
antibody | species | species concentration
HRP Rabbit Goat IgG Abcam 1:5000

Table 2.4 List of antibodies used for immunoblot assays.

2.7 Statistical analysis

Data were analysed using GraphPad Prism Version 8.4.3 (GraphPad Software

Inc., California, USA). Data has normal distribution and equal co-variance.

Statistical analysis and determination of P-values was carried out using Student

t-test. For student t-test, a P-value of equal or less than 0.05 was considered as

statistically significant. All data figures were produced using Adobe lllustrator,

Version 25.4.8 (Adobe, California, USA). Unless otherwise stated, all error bars

in the graphs represent S.E.M for 3 or more biological replicates.
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Chapter 3
Development of endothelial fibroblast
co-culture in microfluidic devices and

marking of cilia
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3.1 Introduction

Blood vessels form de novo through the process of vasculogenesis, or expand
from pre-existing blood vessels through the process of angiogenesis (Eilken &
Adams, 2010). Irrespective of the mechanism of vessel growth, vessel lumens
form through the process of lumenogenesis (Carmeliet, 2000). Angiogenesis
involves the process of growth, migration and differentiation of endothelial cells
which are covering the side of blood vessels. This process is regulated by
chemical signals including vascular endothelial growth factor A (VEGFA) and
basic fibroblast growth factor (bFGF). These bind to their receptors on endothelial
cells and promote growth and survival of new blood vessels. In response to
VEGF, endothelial tip cells, which are the leading cells at the tips of a vascular
sprout, extend through the proliferation of trailing stalk cells. Equally,
angiogenesis inhibitors are chemical signals that inhibit blood vessel formation.
The balance between the inhibition and stimulation of angiogenesis is critical for

the formation and maintenance of blood vessels.

The initial stages of lumenogenesis take place through complex cellular
mechanisms, including the rearrangement of lateral cellular junctions. This allows
organisation of endothelial cells into 3D tubular structures and can take place in
the absence of flow (Y. Wang et al., 2010). Recent studies in vivo using zebrafish
show that haemodynamic forces expand a provisional vessel lumen through
deformations of the endothelial apical membrane, resulting in actomyosin
recruitment and contraction (Gebala et al., 2016). Lumen expansion, and
stabilization by perivascular cells that allows perfusion of the circulatory network,
is intimately linked to the onset of fluid flow (Herwig et al., 2011) (Lenard et al.,
2013).

To mimic the cardiovascular transport system in vitro and to allow easy genetic
or pharmacological manipulation of developing tubes, this study employs
microfluidic devices to establish a 3D co-culture system of perfused endothelial
tubes that allow easy manipulation of the processes involved in flow sensing, and
the development and regulation of blood vessel lumens. The microfluidic devices
host organotypic endothelial-fibroblast co-cultures seeded in a 3D fibrin matrix
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inside the chamber where blood vessel networks initially form via vasculogenesis
and later expand through angiogenesis. This system of perfused endothelial
tubes is based on the endothelial-fibroblast coculture system used extensively in
Mavria’s lab (Abraham et al., 2015). Organotypic co-culture in microfluidic
devices make a closed circulatory system comprising a network of naturally-
developing endothelial tubes capable of transporting fluid that allow genetic
manipulation of ECs prior to coculture. The subsequent monitoring of lumen
formation, flow sensing and lumen expansion under fluid flow can provide
valuable insights into the mechanotransduction of flow and its influence on lumen
development. Specifically, for this project, the microfluidic device was employed
to investigate the role of ciliary proteins and cytoskeletal regulators ROCK and
DOCK4 in flow sensing and the development of vessel lumens under conditions
of flow.

3.2 Optimisation of the organotypic co-culture assay to model

angiogenesis in vitro

In order to establish 3D system of perfused endothelial tubes, an in vitro
organotypic co-culture model was used that recapitulates the stage specific to
tubule formation. Primary human umbilical vein endothelial cells (HUVEC) were
cultured with human dermal fibroblast cells (HDF) to set up an organotypic co-
culture assay. The HDF generate a natural 3D environment containing matrix and
growth factors (Greenberg et al., 2008) to which exogenous angiogenic growth
factors may be added (Mavria et al., 2006). Nascent endothelial tubes were
allowed to form after addition of VEGFA (25 ng/ml) or bFGF (10 ng/ml) to the
media on days two, four and six following seeding of HUVEC onto confluent HDF
to stimulate angiogenesis. Following adding growth factors to the cluster of
HUVEC, they remodel dynamically and sprout for approximately 7 days before
they form lumens on day 14. At day 7, tubule formation can be assessed by
immunohistochemistry (IHC), CD31 staining and bright field microscopy or live
cell imaging. To promote tubule establishment and lumen formation, on day 9 the
culture media are switched to Optimised media (TCS Cellworks) that contain a
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lower concentration of growth factors. In order to form lumen, stalk cells must
establish lateral cell-cell adhesion and proliferate by down-regulating their
response to angiogenic growth factors (Blanco & Gerhardt, 2013). Lumen
formation was then assessed by immunofluorescence staining using a Nikon A1R
confocal microscopy on day 14 (Figure 3.1). At the start of the project, the number
of HUVEC and HDF in co-cultures were varied and the optimal tubule formation
was observed with 8,500 HUVEC and 2x10* HDF. Subsequent experiments used

these cell numbers.

A Day 0
Plate HUVEC-EGFP onto

HDF cells confluent HDF cells
(Quantify tubule formation and sprouting)

-
-

-
HDF plated ;
6 days Day 246 1
Add growth
factors
( O )C)O Day 9 Day14
. Change to  Fixation and IF
000000 9

Day 7
Fixation and IHC

<) ) low growth
(Quantify lumens)
B
Sprouting Sprouting
Clusters Dynamic remodeling Establishment Lumen formation
' | | | |
! ! | | |
? 3 7 9 14 (day)
Seed HUVEC
on HDF

Figure 3.1 Organotypic co-culture angiogenesis assay in the absence of
fluid flow.

A. Schematic depicts set-up of the co-culture of HUVEC with HDF and tubule
development over 14 days. B. Distinct steps of tubule development and lumen
formation observed in the organotypic co-culture assay in the absence of fluid
flow. Adapted from Abraham et al. (2015).
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3.3 Visualisation of HUVEC in the organotypic co-culture

To visualize HUVEC in the organotypic co-culture and track tubule and lumen
formation, actin cytoskeleton in HUVEC marked with LifeAct-EGFP, LifeAct-RFP
or junctions marked using VE-cadherin-RFP by means of lentiviral transduction.
Infection of HUVEC was performed using lentiviruses, followed by changing
media after 16 hours and FACS sorting 48 hours after infection (Figure 3.2).

LifeAct-EGFP

LifeAct-RFP

~100um
| I
I I
16 4T8 (Hour)

N

)

I 1/ |
M

Infection with lentiviruses: Remove lentivirus FACS sorting ‘I
LifeAct-EGFP, LifeAct-RFP a8
VEcadherin-RFP
harbouring shRNAs

Figure 3.2 Modification of HUVEC prior to co-culturing with HDF.
The schematic depicts infection of HUVEC with lentiviruses harbouring LifeAct-
EGFP or LifeAct-RFP marking the actin cytoskeleton, and VEcadherin-RFP

marking endothelial cells and junctions followed by FACS sorting.
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3.4 Marking HUVEC with red fluorescent protein

In order to compare and select the best lentiviruses harbouring red fluorescent
protein, transduction efficiency of four different ShRNAs was assessed. Ds-Red,
LifeAct-RFP, mCherry and VE-cadherin shRNAs were used at dilutions of 1:2 or
1:5 of virus supernatant with LVE medium to mark HUVEC. With a dilution of 1:2,
VE-cadherin demonstrated higher (more than 30 Relative Fluorescent Units
(RFU)) fluorescence intensity (average fluorescence intensity corrected for
background) in the same order as mCherry at 1:5 dilution (Figure 3.3). Better cell
survival was observed with VE-cadherin expression, so this red fluorescent fusion
protein was selected to be tested on HUVEC at dilutions of 1:2, 1:5, 1:10 and
1:20 (Figure 3.4).
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Figure 3.3 Comparison of transduction efficiency of lentiviruses harbouring

red fluorescent proteins.
Epifluorescence images show HUVEC infected with lentiviruses harbouring ds-
Red, LifeAct-RFP, mCherry or VE-cadherin-RFP at dilutions of 1:2 or 1:5 of virus

supernatant with LVE medium. Images were taken using an EVOS microscope,

4X magnification. Scale bar, 1000pm. Bar graphs show quantification of
fluorescence intensity (RFU) following infection with virus supernatants at the

indicated dilutions. The data are from two images per condition from n=1

biological replicate (indicated by different grey bars on the bar plot). Error bars

show the range of fluorescence intensity.
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3.5 Employing VE-cadherin-RFP to mark HUVEC with red fluorescent
protein

Vascular endothelial cadherin (VE-cadherin) is highly expressed in endothelial
cells and is a component of the endothelial adherens junctions. Lentiviruses
harbouring VE-cadherin-RFP were used at dilutions of 1:2, 1:5, 1:10 and 1:20 of
virus supernatant with LVE medium and polybrene (8ug/ul) for 16 hours. The
media was then replaced and cells were FACS sorted after 48 hours.
Transduction efficiency as assessed by fluorescence intensity was higher with
1:2 dilution. At this concentration all cells appeared uniformly marked whilst
viability was not affected. Hence this dilution was used for subsequent
experiments (Figure 3.4).
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Figure 3.4 Transduction efficiency of the VE-cadherin-RFP lentivirus.

Epifluorescence images show HUVEC infected with VE-cadherin-RFP lentivirus
supernatant at dilutions of 1:2, 1:5, 1:10 and 1:20. Images were taken using an
EVOS microscope, 4X and 20X magnification. Scale bars, 1000pm and 200um.
Bar graph shows quantification of fluorescence intensity following infection with
VE-cadherin-RFP lentivirus supernatant at the indicated dilutions. The data are
from two images at 4X magnification per condition from n=1 biological replicate
(indicated by different grey bars on the bar plot). Error bars show the range of

fluorescence intensity.
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3.6 Analysis of tubule and lumen formation in the organotypic co-culture

assay

In the organotypic angiogenesis assay tubule branches form when endothelial tip
cells followed by stalk cells lead and guide blood vessel sprouts out from the
existing blood vessel. Stalk endothelial cells behind the leading tip cells establish
lateral cell-cell adhesions and form the lumen, whilst endothelial cells take on an
elongated shape and align next to each other in elaborate branched networks.
Quantification of tubule formation is possible by measuring several morphological
elements that include the length of a tubule (defined as the distance between two
branch points, or a branch point and the tubule tip cell, or two ends of a tubule
with no branches). Also, by measuring branch points which are sprout connection
points to pre-formed tubules or tubes (Figure 3.5 A). Moreover, the formation of
apical membrane and lumen formation can be observed on day 14, and can be
quantified by the expression levels of the apical marker podocalyxin that localises

at the apical surface of a developing lumen (Figure 3.5 B) (Table 3.1).
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Podocalyxin DAPI

Figure 3.5 Analysis of tubule and lumen formation in the organotypic co-
culture assay in the absence of fluid flow.

A. Image depicts tubule formation 7 days after seeding HUVEC onto confluent
HDF detected by immunohistochemistry (IHC). On the right-hand side the tubules
(white line) and branch points (black dot) are marked on the image for
quantification of tubule length and branch points by ImageJ as described in
Materials and Methods. Image taken using an EVOS microscope, 10X
magnification. Scale bar, 400um. B. Image depicts tubule formation 14 days after
seeding HUVEC onto confluent HDF detected by immunofluorescence (IF). On
the right-hand side the apical localisation of podocalyxin is marked (white line) for
quantification of lumen formation by Imaged. Image taken using a Nikon A1R
confocal microscope, 40X magnification. Scale bar, 20pm.
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Readout Definition

Tubule length Distance between two branch points, branch point and
the tubule end, or two ends of a tubule with no
branches

Total tubule length Sum of lengths of all tubules in a microscopic field
(Figure 3.5 A, white lines)

Branch points Position of sprouts, or mid length anastomoses (Figure
3.5 A, black dots)

Branch point index | Number of branches divided by total tubule length

Lumenised length Length with open lumen and/ or apical localisation of
podocalyxin (Figure 3.5 B, white lines)

Table 3.1 Readouts of tubule morphology in organotypic co-cultures.
Table shows definition of readouts used for the purpose of quantification of
angiogenesis in organotypic co-cultures of HUVEC and HDF.

3.7 Growth factors bFGF and VEGFA stimulate angiogenesis

In order to assess the effect of growth factors FGF and VEGF on tubule formation
in the organotypic co-culture assay, co-cultures were treated with either of the
growth factor or combination. HUVEC stably expressing EGFP, and were used
to set up organotypic co-cultures with HDF cells in LVE media. VEGFA (25 ng/ml)
or bFGF (10 ng/ml) treatments, separately or in combination, were applied to the
media on days two, four and six following seeding of HUVEC onto confluent HDF,
in order to stimulate angiogenesis. Untreated wells served as a control. To
promote tubule establishment and lumen formation media were changed to low
growth factor medium (Optimised) on day 9 and lumen formation was assessed
on day 14 by immunofluorescence staining for podocalyxin. The analyses
indicated that total length and branch points were stimulated significantly by
adding both or either of growth factors compared to no growth factor conditions.
There was no difference in total tubule length when either of growth factors added
to the co-culture were compared to addition of both growth factors. However,
branch points were more stimulated by addition of both growth factors compare
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to VEGF only. Interestingly, | noticed that VEGF promoted cell elongation and
increased the distance between nuclei, whilst in the presence of FGF there

appeared to be more nuclei that were not elongated (Figure 3.6).
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Figure 3.6 Stimulation of organotypic co-cultures with angiogenic growth

factors.

Immunofluorescence images show tubule formation in organotypic co-cultures
with no added growth factors, or in the presence of bFGF or VEGFA at 14 days
after seeding HUVEC onto confluent HDF. Growth factors were applied on days
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two, four and six after seeding. Images were taken using a Nikon A1R confocal
microscope, 40X magnification. Scale bar, 50um. Dot plots show quantifications
of total length (um) and branch points in organotypic co-cultures stimulated with
the indicated growth factors. N=3 organotypic co-cultures from one experiment
(the data are from eight images indicated by black dots on the dot plot). Statistical
test for unpair-wise comparison is Student t-test.

3.8 Single-chamber microfluidic device selected for this project

To mimic the vascular transport system in vitro and to allow easy genetic or
pharmacological manipulation of developing tubes, a system of organotypic
tubules in microfluidic devices was set up (Moya et al., 2013). In order to choose
the most efficient microfluidic device for the purpose of this study, HUVEC-EGFP
and HDF mixed with fibrin were loaded through the cell loading ports of the single
chamber and three-chamber microfluidic devices. The microfluidic devices then
hosted developing tubules in 3D fibrin matrix inside the chambers. Optimisation
steps were performed in order to seed the optimum number of cells and fibrin
mixture in the chambers. After loading cells in the single-chamber microfluidic
device, organotypic coculture with the ideal number of cells were formed
successfully inside the chamber (Figure 3.7 A). However, cells did not survive
after loading into the three-chamber microfluidic devices potentially due to issue
with the distribution of cells inside the microchambers or due to lack of enough
pressure of circulating media. (Figure 3.7 B). Therefore, the single-chamber
microfluidic device design was used for all subsequent experiments in this study.
This system was established in order to investigate the effects of ciliogenesis
suppression and cytoskeletal regulators on tubule and lumen formation, flow

sensing and lumen expansion under conditions of fluid flow.
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Figure 3.7 Growth of organotypic co-cultures in the microfluidic devices.

HUVEC-EGFP (6x10%) and HDF (6x10*) were mixed with fibrin and injected into
the cell loading port E of single-chamber and three-chamber microfluidic devices.
A. Epifluorescence image shows appearance of enough cells in co-culture in the
single-chamber device on the day of cell loading (Day 0). B. Epifluorescence
image shows appearance of the cells in co-culture in the three-chamber device
on the day of cell loading (day 0). The single chamber microfluidic device was
chosen for further experiments. Images taken using an EVOS microscope, 4X

magnification. Scale bar, 1000um.

3.9 Single-chamber microfluidic device design

A single-chamber microfluidic device that was employed for this project had one
chamber connected to the four reservoir ports (A-B and C-D) by the two side
channels through six openings created by 5 pillars. Flow was introduced into the
single chamber via the pillars. Fluid circulated through the 10.6mm channel from
one reservoir to the other reservoir in the same side, channel width is 100um.
This device design has two cell loading ports (E and F), and the cell-fibrin mixture
was injected into port E on day 0 to be seeded in a single chamber with the width
of 1000pm (Figure 3.8 A).

The average flow rate in this device is 50-60pl/h which depends also on the

dynamic viscosity of the culture media. This rate decreased over a time period of
24 hours, due to decreasing height differences between the fluid levels in the two
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reservoirs of each side (A-B and C-D). Therefore, fluid inside the reservoirs must
be replaced every 24 hours (Figure 3.8 B).
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Figure 3.8 Detailed design and flow rate in the single-chamber microfluidic
device.

A. Detailed design of single-chamber microfluidic device with chamber
dimensions. A single-chamber microfluidic device has one chamber connected
to the four reservoir ports (A-B and C-D) by the two side channels through six
openings created by 5 pillars. The cell-fibrin mixture was injected through cell
loading port E into a chamber. On the right-hand side, the dimensions specified
are as follows: the chamber width (1000um), side channel width (100pm),
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distance between pillars (30pum) and length of side channel (10.6mm). B. Graphs
show the variation of flow rate with height difference (mm) and time (hour)
between reservoirs A-B and C-D. Flow rate inside the channels are 50-60ul/h.
Adapted from (Bourn, M., PhD Thesis).

3.10 Microfluidic device fabrication

To fabricate single-chamber microfluidic devices, PDMS was mixed in a 10:1
base (Silicone Elastomer base) and curing agent (Silicone Elastomer curing
agent) ratio. The mixture was centrifuged at 3220 x g for one minute. The solution
was poured onto a silicon wafer and desiccated for 40 min to allow air bubbles to
rise to the top of the container. PDMS was cured by placing in an oven at 80°C
for 1 hour. The devices were then cut and the reservoirs and loading port holes
were punched. Oxygen plasma was used to bond the surface of the device to the
coverslip (Figure 3.9).

Hole-punch

10:1 Base:Curing .
Bond to coverslip

agent ratio , Pour onto wafer
“\\ ‘ S

———)
\ JA( j(/ @ Desiccate for 40
mins to remove
~ bubbles 299 =
Spin at 3220 x g for 1 min Cure at 80°C for 1 hour

Figure 3.9 Fabrication of microfluidic devices for introducing fluid flow in
organotypic co-cultures.

Schematic view of microfluidic device fabrication with 10:1 base to curing agent
ratio. After pouring PDMS onto a prefabricated wafer and desiccated for 40
minutes to remove any bubbles, devices were cured at 80°C for 1 hour. Devices
were cut, hole-punched to create space for the reservoirs, and the PDMS was
bonded to coverslips using oxygen plasma.
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3.11 Troubleshooting the loading of cell-fibrin mixture into the chamber of

the microfluidic device

Fibrin is a three-dimensional extracellular matrix microenvironment that aids
sprouting angiogenesis. The first step of loading HUVEC-EGFP and HDF into the
chamber was to combine cells with fibrinogen, followed by mixing with thrombin
immediately prior to injection. Air bubbles can be introduced into the cell-fibrin
mixture during mixing or loading into the camber, and can be trapped inside the
fibrin. The problem with air bubbles were overcome by increasing the amount of
the prepared mixture compared to the amount required for injection (Figure 3.10
A). The polymerisation of the cell-fibrinogen mixture occurred quickly after
addition of thrombin to the fibrinogen, even before fully occupying the
microchamber in the device. This was overcome by determining the optimal time
for loading, and by increasing the speed of loading the mixture into the chamber
before a fibrin clot formed. This precaution prevented the fibrin from polymerising
and solidifying before the desired time (Figure 3.10 B). However, this optimal
loading of cell-fibrin mixture into the chamber was not possible because rapid
injection of the mixture could burst the fibrin-air interface at the chamber-channel
pore. Fibrin could then leak into the side channels and cause blockage of the fluid
flow circulation around the microfluidic device (Figure 3.10 C). Burst pressure
breakage was overcome by increasing the speed of combining fibrinogen with
thrombin before injection, followed by slow loading into the devices.
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Figure 3.10 Troubleshooting cell-fibrin mixture loading into the chamber of
microfluidic device.

A. Epifluorescence image shows air bubbles introduced into the microfluidic
device following loading of HUVEC-EGFP with HDF in fibrin into the chamber on
day 0. Arrow points to the area with bubbles. This was overcome by increasing
the amount of prepared mixture compare to the amount required for injection. B.
Polymerisation of the cell-fibrin mixture prior to occupying the microchamber
uniformly due to a delay in loading. Arrows point to the areas where the mixture
set. This was overcome by determining the optimal time of loading which was 10
seconds. C. Burst pressure optimization and example of fibrin-air interface
maintenance and bursting. Arrow head marks an area of normal fibrin-air
interface at the chamber-channel pore. Arrows point to areas of bursting of the

fibrin-cell mixture into the microchannel, and blockage of the microchannel due
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to the high pressure loading of the mixture into the chamber. This was overcome
by maintaining an optimal pressure and loading time of the cell-fibrin mixture
through the cell loading port. Images taken using an EVOS microscope, 4X

magnification. Scale bar, 1000um.

3.12 Tubule formation in the microfluidic device

The single chamber microfluidic system is based on the organotypic endothelial-
fibroblast tube formation model. In order to form tubules in the microfluidic device
and under conditions of flow, HUVEC-EGFP (6.0x10%) and HDF (6.0x10%) cells
were mixed with 8pl fibrinogen (100mg), followed by addition of 0.6pl thrombin
(50U/ml) and rapid injection into the chamber through cell loading port E on day
0. LVE medium combined with DMEM 10%FBS at 50:50 ratio was optimised with
VEGFA (25ng/ml) and bFGF (10ng/ml) added to two out of four reservoirs
connected to the reservoir ports (A-B, C-D) and refreshed every 24 hours. Tubule
formation was assessed on day 6 using an EVOS microscope (Figure 3.11).

Measure tubule formation and sprouting

Figure 3.11 Tubule formation in the microfluidic device under conditions of
fluid flow.

HUVEC-EGFP (6.0x10*) and HDF (6.0x10%) cells were mixed with fibrin and
injected into the cell loading port of the microfluidic device. Image shows typical
appearance of the co-cultures after 6 days of loading the mixture into the device.
Image was taken using an EVOS microscope, 4X magnification. Scale bar,
1000um.
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3.13 Anastomosis of the tubules inside a chamber with side channels

In order to promote anastomosis and to initiate perfusion, endothelial cells were
seeded into the side channels (X. Wang et al., 2016). HUVEC-EGFP cells
(3.0x10%) combined with 30ul LVE medium were flowed into the side channels
through two out of four reservoirs, in order to cover the side channels with a layer
of HUVEC-EGFP. The flow of cells stopped after 30 mins due to the balance of
hydrostatic pressure between the two matched reservoirs (A-B, C-D). The device
was then left without fluid flow for 3 hours to allow cells to attach to the side
channels. LVE medium with added growth factors VEGFA (25ng/ml) and bFGF
(10ng/ml) was circulated in the device after 3 hours and refreshed every 24 hours.
Tubules forming at a later stage in the chamber connected or anastomosed to
the endothelial cells in the side channels contributed to a closed circulatory
system (Figure 3.12).

HUVEC-EGFP

Figure 3.12 Injection of HUVEC-EGFP for anastomosis of tubules with the
microfluidic side channels.

HUVEC-EGFP (6.0x10%) and HDF (6.0x10%) cells were mixed with fibrin, injected
into the loading port of the microfluidic device and left in the chamber to form
tubules. After 6 days, 3.0x10* HUVEC-EGFP cells were circulated in the channels
via reservoirs to promote anastomosis of tubules within the microfluidic side
channels. Images show anastomosis of tubules with endothelial cells inside the
channels on day 7. Images were taken using an EVOS microscope, 10X
magnification. Scale bar, 400um.
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3.14 Angiogenic sprouting and lumen formation modelled by HUVEC in

fibrin gels in the microfluidic device

In order to form lumens in the microfluidic device, organotypic co-cultures were
grown for 14 days inside the chamber. Lumen formation was observed from day
7 (Figure 3.13 A). following anastomosis of tubules inside the chamber with
endothelial cells in side channels, perfusion of tubules started alongside
interstitial flow around the tubules. | anticipated that flow would drive lumen
expansion in the cocultures, and would increase the percentage of lumenised
tubes compared to co-cultures developing in the absence of flow. Low growth
factor medium was added on day 11 for tubule establishment and lumen
formation. Growing tubules for a longer period of time, tubule maturation and

perfusion resulted in longer lumens observed by day 14 (Figure 3.13 B).
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Figure 3.13 Lumen formation under conditions of fluid flow in the
microfluidic device.

A. Epifluorescence images show tubule and partial lumen formation in the
organotypic co-culture on day 7. Images were taken using an EVOS microscope,
4X, 10X, 20X, 40Xand 60X magnification. Scale bars, 1000, 400, 200, 100 and
50 (um) as indicated. B. Epifluorescence images show tube and lumen formation
in the organotypic co-culture on day 14. Images were taken using an EVOS
microscope, 4X, 10X, 20X, 40X and 60X magnification. Note the formation of
longer and continuous open lumens. Scale bar, 1000, 400, 200, 100, 50 (um).
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3.15 Confirmation of tubule perfusion in the microfluidic device

Tubule perfusion was visualised by delivery of fluorescent microspheres of
dextran-Texas Red conjugates (70kDa) inside the channels and tubules.
Following tubule maturation and lumen formation on day 14, 100pl dextran-Texas
red in LVE media (1mg/ml) was added into two out of four opposing media
reservoirs on either side of the microfluidic device (ports A and D), and allowed
to circulate in the device. Dextran-Texas red occupied the side channels and then
perfused the lumenised length of tubes. Dextran-Texas red inside the tubes
extravasated into the interstitial space because of the small size of dextran beads

0
60 (mins)

compared to endothelial cell junctions (Figure 3.14).
(

| -
30

Figure 3.14 Flow of fluorescent dextran into the endothelial tubes in the

HUVEC-EGFP

Dextran-RFP

microfluidic device.

Dextran-Texas Red (70kDa) was added into opposing media reservoirs on either
side of the microfluidic device (ports A and D) to circulate inside the lumenised
length of tubes on Day 14. Epifluorescence images show lumens of tubes
perfused with fluorescent dextran after 1, 10, 20, 30 and 60 minutes. Images

taken using an EVOS microscope, 4X magnification. Scale bar, 1000um.
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3.16 Fluid flow establishes tube hierarchy in the microfluidic device

Key steps of angiogenesis comprise endothelial cell proliferation, directed
migration towards growth factors, endothelial cell tube formation, vessel fusion
and vessel pruning. All of these steps can be observed in tubules and tubes with
lumens formed in the microfluidic device. The hierarchy of the tubules resembled
the patterning of arterioles, venules and capillaries. In the human body, the
diameter of venules and arterioles is between 8-100um, and capillaries 8-10um.
Lumens formed inside the microfluidic device can reach the greatest diameter of
100um at the side of chamber where the tubes anastomose with the side channel
and have higher shear stress, and resemble arteries and venules. Tubules with
diameter less than 10um are still open and perfused in the middle of the chamber,
resembling capillaries. This hierarchy and the formation of long open lumens
cannot be observed in the organotypic co-culture of endothelial-fibroblast cells in
the absence of flow. Intussusception could also be observed within lumens

formed in the microfluidic device (Figure 3.15).
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Figure 3.15 Hierarchy of tubes forming in the microfluidic device under
conditions of fluid flow.

Epifluorescence images show the hierarchy of tubes formed under conditions of
fluid flow in the microfluidic device on day 14. Upper panel: arrows show the
direction of flow. Images taken using an EVOS microscope, 4X magnification.
Scale bar, 1000um. Lower panel: higher magnification of large and small
diameter tubules shown in the upper panel. Arrowheads point to potential sites of
intussusception. Images were taken using an EVOS microscope, 10X (left) and
40X (right) magnifications. Scale bars, 400um (left) and 100um (right).
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3.17 Quantification of tubule and lumen formation in the microfluidic
device

For the purpose of quantification, the microfluidic device chamber was divided
into 18 equal squares. Twelve squares adjacent to the pillars at the entrance of
fluid flow into the tubes were selected for quantitation. The reason for selecting
theses 12 squares was due to the prominent opening of lumens at the entrance
of fluid flow with higher shear stress. Therefore, tubules that are formed next to
the fluid flow entrance were quantified for angiogenesis traits, and | defined each
of 12 squares as a “channel square” (Figure 3.16 A). Tubule length, branch points
and lumenised length were quantified in the same way as 2D co-culture assays
(Table 3.1). Due to the perfusion of fluid flow inside the tubes almost 80-90%
formed lumens, which | defined as lumenised lengths. Only new sprouts and tip
cells that were migrating towards other endothelial cells did not have a lumen,
and were defined as non-lumenised lengths (Figure 3.16 B).
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Figure 3.16 Quantification of tubule and lumen formation in the microfluidic
device.

A. Epifluorescence image taken using an EVOS microscope at 4X magnification
for the purpose of quantification for tubule length, lumen formation and branch
points. Twelve channel squares (indicated by white frames) were selected at the
spaces between pillars where anastomosis occurred between endothelial tubules
and endothelial cells inside channels. Scale bar, 1000um. B. Epifluorescence
images taken on day 14 using an EVOS microscope at 20X magnification were
used to demonstrate lumenised length and non-lumenised length parts of tubes.

Scale bar, 200pum.
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3.18 Circulation and extravasation of cancer cells from endothelial lumens

In order to elucidate extravasation of cancer cells from vessel lumens, the
microfluidic device was used for injection of MDA-MB-231 breast cancer cells into
the tubes and subsequent observation of extravasation. HUVEC-EGFP and HDF
in fibrin were established in the microfluidic device and tubes were allowed to
form for 14 days. MDA-MB-231 breast cancer cells labelled with CellTracker
Deep Red (8.0x10%) were added into the reservoirs in 100yl HCMEC (Human
Cerebral Microvascular Endothelial Cell) conditional media and allowed to
circulate inside the tubes of the microfluidic device for 30 mins, followed by 3
hours cell attachment in order to allow cells seed in the side channels and stop
floating. Cells within the microfluidic device were visualised after 16 hours. After
entering into the lumen, cancer cells either adopted a round shape and arrested
within larger tubes, or elongated and extravasated from lower calibre tubes. The
flow and extravasation of cancer cells was another confirmation of the presence
of fluid flow inside the tubes (Figure 3.17).
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Figure 3.17 Visualisation of breast cancer cells and extravasation in the
microfluidic device.

HUVEC-EGFP and HDF co-cultures were established in the microfluidic device
and on day 14 MDA-MB-231 breast cancer cells marked with CellTracker™ Deep
Red were injected into the medium reservoirs. The microfluidic device was
visualised after 16 hours. Images show MDA-MB-231 either arresting in larger
tubes or extravasating from lower calibre tubes. MDA-MB-231 cells appear
elongated within the smaller diameter tubes. Images were taken using an EVOS

microscope, 40X magnification. Scale bar, 100um.
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3.19 Interaction of injected HUVEC-RFP with pre-established HUVEC-EGFP

endothelial tubules

In order to visualise the behaviour of HUVEC added to the chamber after tubule
formation (Figure 3.12), HUVEC-RFP were added to pre-established tubules
formed in the microfluidic device from co-cultures of HUVEC-EGFP with HDF
under conditions of fluid flow. HUVEC-EGFP and HDF were mixed with
fibrinogen, followed by addition of thrombin and rapid injection into the chamber
through cell loading port E on day 0. LVE medium combined with DMEM 10%
FBS at 50:50 ratio together with VEGF and FGF was added to the reservoirs and
refreshed every 24 hours. HUVEC-RFP combined with 30ul LVE medium were
injected into two out of four reservoirs (ports B and C) (Figure 3.8 A) on day 6
and allowed to circulate and cover the side channels. The flow of cells stopped
after 30 mins due to balanced hydrostatic pressure between two reservoirs (A-B
and C-D), and the device was left without fluid flow for 3 hours to allow cells to
attach within the side channels. LVE medium with added growth factors VEGFA
(25ng/ml) and bFGF (10ng/ml) was circulated in the device after 3 hours and
refreshed every 24 hours. The media were changed to low growth factor media
on day 11 for tubule establishment and lumen formation. During the development
of tubules, HUVEC- RFP interacted and united with pre-established green
tubules as visualised on days 7 and 14 (Figure 3.18). In this particular device,
green endothelial tubules did not form a complete closed circulatory system
between the two sides and there was greater retraction of HUVEC-EGFP than
normal before HUVEC- RFP introduction. However, this was a useful example
for observation of endothelial cell interaction and communication to form tubules.
HUVEC-RFP could be observed interacting with the pre-formed EGFP tubules
and crossing the chamber from one side to the other side following the fluid flow.
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Figure 3.18 Interaction of HUVEC-RFP injected for anastomosis with pre-
established EGFP tubules in the microfluidic device.

HUVEC-EGFP and HDF mixed with fibrin were loaded into the microfluidic device
and after 6 days HUVEC-RFP were added into opposing media reservoirs (ports
B and C) for anastomosis with HUVEC-EGFP tubules. Epifluorescence images
show the interaction of HUVEC-RFP with pre-established tubules on days 7 and
14. Images were taken using an EVOS microscope, 4X magnification. Scale bar,
1000um.
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3.20 Injected HUVEC-RFP follow the paths formed by pre-established
HUVEC-EGFP tubules

Observation of HUVEC-RFP interacting with pre-established HUVEC-EGFP
revealed that the HUVEC-RFP followed the pre-established paths formed by the
HUVEC-EGFP tubules. HUVEC-RFP circulated in the microfluidic device six
days after loading HUVEC-EGFPs with HDF in fibrin inside the chamber followed
by formation of tubules. HUVEC-RFP localised mostly in the areas that HUVEC-
EGFP cells had formed tubules over six or 14 days of co-culture with HDF and
pruning had happened (Figure 3.19).

A

Figure 3.19 Injected HUVEC-RFPs follow the pre-established HUVEC-EGFP

tubules in the microfluidic device.

A. Epifluorescence images show HUVEC-RFP tracking alongside pre-formed
HUVEC-EGFP tubules in the microfluidic device on days 10, 12 and 14 after
injection into a microfluidic device. Images were taken using an EVOS
microscope, 10X magnification. Scale bar, 400um. B. Epifluorescence images
show a different area of the microfluidic device with HUVEC-RFPs tracking pre-
established HUVEC-EGFP tubules. Images were taken using an EVOS
microscope, 10X magnification. Scale bar, 400um.
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3.21 Interaction of HUVEC-RFP with pre-established HUVEC-EGFP tubules
in the microfluidic device

In order to assess how injected HUVEC-RFP interacted with pre-established
HUVEC-EGFP tubules, several regions of interest within the microfluidic device
were visualised in detail. HUVEC-RFP added to the microfluidic device with pre-
formed HUVEC-EGFP could either flow into HUVEC-EGFP tubes or around the
tubules through interstitial flow. HUVEC-RFP appeared to interact in different
ways: migration towards the HUVEC-EGFP cells to make a longer tubule;
formation of a lateral adhesions with HUVEC-EGFP tubules; extension along
empty sleeve; or circulation inside HUVEC-EGFP tubes and intercalation into the
endothelial tube wall. Interestingly, HUVEC behaved in different ways when they
contacted pre-formed HUVEC-EGFP tubules. This could be related to
intercellular signals, the number of HUVEC-EGFP in tubules or the shape of
tubules. HUVEC-RFP migrated and filled the gaps in between HUVEC-EGFP to
form integrated, continuous tubules (Figure 3.20 A). In some areas, HUVEC-RFP
slide along pre-preformed HUVEC-EGFP tubules to form lateral adhesions thus
increasing tubule thickness (Figure 3.20 B). There were also sections of HUVEC-
RFPs extending along empty sleeves formed by retraction of HUVEC-EGFP
tubules, followed by formation of tubules by HUVEC-RFP (Figure 3.20 C).
HUVEC-RFP also circulated inside HUVEC-EGFP tubes and intercalated within
the HUVEC-EGFP tube wall (Figure 3.20 D).
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Figure 3.20 Modes of interaction of HUVEC-RFP with pre-established
HUVEC-EGFP tubules.

A. HUVEC-RFP migrating towards and joining with HUVEC-EGFP to form
tubules, images taken 7 days after HUVEC-RFP injection. Images were taken
using an EVOS microscope, 10X magnification. Scale bar, 400pm. B. HUVEC-
RFP forming lateral adhesions with HUVEC-EGFP tubules resulting in increased
tubule thickness on Day 11. Images taken using an EVOS microscope, 20X
magnification. Scale bar, 200pm. C. HUVEC-RFP tubules extending along empty
sleeves formed by retracted HUVEC-EGFP tubules on Day 14. Images were
taken using an EVOS microscope, 10X magnification. Scale bar, 400um. D.
HUVEC-RFP circulating inside HUVEC-EGFP tubes and intercalating within the
HUVEC-EGFP tube wall on day 11. Images were taken using an EVOS
microscope, 20X magnification. Scale bar, 200um.
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3.22 Assessing live primary cilia dynamics during lumen expansion under

conditions of fluid flow

In order to gain insight into the effect of cilia on lumen expansion under conditions
of flow in microfluidic devices, a pWPXL lentiviral expression vector was used
following removal of EGFP and introduction of the serotonin receptor HTR6
receptor cDNA fused to PS-CFP2 in order to mark cilia and follow them in real

time during lumen formation and expansion (Figure 3.21).
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Figure 3.21 Schematic of the strategy for insertion of serotonin receptor
HTR6 cDNA fused to PS-CFP2 into the pWPXL lentiviral expression vector.

Left panel: Sequence map of pWPXL. Right panel: map of pWPXL lentiviral
expression construct after insertion of the serotonin receptor HTR6-CFP2 fusion.
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3.23 HiFi DNA assembly cloning of the serotonin receptor HTR6-CFP2

fusion into the pWPXL lentiviral vector

To mark cilia with cyan fluorescent protein, HiFi DNA assembly cloning of
serotonin receptor HTR6-CFP2 fusion into the pWPXL lentiviral vector was used.
Following digestion of EGFP from the pWPXL vector, designed primers were
used in PCRs to generate two fragments of comprising serotonin receptor HTR6
and PS-CFP2 sequences with overlaps for subsequent HiFi cloning. The whole
plasmid vector of pWPXL with the HTR6 and PS-CFP2 amplicons was obtained
by doing HiFi DNA assembly. After transformation, clear clones of transformed
E. coli cells were achieved containing plasmids ready for sequencing. Five out of
sixteen clones contained the desired DNA assembly and one of them was
assessed by Sanger further sequencing. The actual sequencing results were a
perfect match to the expected sequences (Figure 3.22).

Primer 1 Primer 3
—
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CTAGCGCTACCGGTCGCCACCATGGTTCCAGAGCCCGG HTR6 GTGAGCAAGGGCGCCGAGC PS-CFP2 PWPXL

pWPXL GCTCGGCGCCCTTGCTCACG TATGACTAGTCCCGGGAATTC
TTCATGGGGGAACCAAGTG TTACTTGTACAGCTCATCCATG
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Figure 3.22 Strategy for HiFi DNA assembly cloning of serotonin receptor
HTR6-CFP2 into the pWPXL lentiviral vector in order to mark cilia (HiFi DNA

assembly cloning).

Overview of distinct stages of DNA fragment assembly from PCR reaction to HiFi

DNA assembly cloning and sequencing.
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3.24 Discussion

Vascular lumen formation is a vital step in new blood vessel formation conferring
functionality for the flow of blood. Previous work in the Mavria group established
an organotypic endothelial-fibroblast co-culture model that gives rise to
endothelial tubes with lumens. However, as only 20-30% of tubules form lumens
in the absence of fluid flow, the model was used to understand primarily molecular
mechanisms of initial stages of lumen formation in the absence of flow (Abraham
et al., 2015). The current work presented in this thesis established a perfused 3D
model of the co-culture system that can provide valuable insights into the
behaviour of endothelial cells and mechanisms of lumen expansion under

conditions of fluid flow.

In this chapter, | have: (i) optimised the organotypic co-culture of HUVEC with
HDF in the absence of fluid flow, and under conditions of flow inside the
microfluidic device; (ii) established a circulatory system of endothelial cells in the
microfluidic device under conditions of flow (X. Wang et al., 2016); (iii) identified
an array of interactions between incoming HUVEC and established tubules (iii)
demonstrated that cancer cells can be introduced in the tubes in the microfluidic
device, thus establishing a system to investigate interaction of cancer cells with
endothelial cells during the process of extravasation. The organotypic co-culture
allows observation of specific stages of tubule and lumen formation for
investigation and experimental manipulation. The use of microfluidic device
provides the opportunity of including fluid flow in tubules in order to recapitulate
in vivo physiological processes. The organotypic co-culture assay is an ideal
method to assess the effect of ciliogenesis suppression, loss of GEFs such as
DOCK4 or inhibiting the kinase ROCK on tubule morphogenesis and lumen

formation under conditions of flow.

In vitro angiogenesis assays attempt to mimic the in vivo angiogenesis process
(Nowak-Sliwinska et al., 2018). The endothelial-fibroblast organotypic co-culture
assay recapitulates several crucial events of in vivo angiogenesis including the
assembly of endothelial cells, ECs proliferation, sprouting, and tube and lumen

formation when co-culturing in a plate. Furthermore, lumen expansion can be
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observed and assessed in a closed circulatory system that forms in the
microfluidic device under conditions of fluid flow. This 3D system of tubule
formation and lumenogenesis resembles in vivo angiogenesis and allows
tracking of ECs or genetically-encoded labelling prior to their co-culture with
fibroblasts. Suitable markers introduced by lentiviral transduction include
enhanced green fluorescent protein LifeAct (EGFP) or red fluorescent protein
(RFP) VE-cadherin-RFP. Endothelial cells growing through multiple stages of
angiogenesis and tubule formation can be labelled on day 7 using CD31 IHC
staining (Figure 3.5 A). Endothelial cell rearrangement and acquirement of
luminal-abluminal polarity at the site of cell-cell adhesions can be marked with
podocalyxin by using IF staining (Figure 3.5 B). Therefore, by manipulating
endothelial cells and adjusting cargos in the fluid flow, changes in cellular
phenotypes and the morphology of tubules and lumens can be observed and
assessed.

It is known that both FGF and VEGF promote proliferation (Laham et al., 1999)
(Unger et al.,, 2000) (Elfenbein et al., 2012), but VEGF can also promote
elongation and tubule morphogenesis (Rousseau et al., 2000). For microfluidic
devices, the coordinated action of FGF and VEGF is necessary for optimal
angiogenesis (Figure 3.6). Previous studies have shown that FGF increases the
cell numbers (Tomanek et al.,, 2010) and VEGF turns them into the tubules
(Tomanek et al., 2010). Furthermore, VEGF promotes sprouting (Abraham et al.,
2015). Therefore, by measuring both total tubule length and branch points, both
criteria were assessed to establish the best combination of growth factors for
optimal angiogenesis, thereby establishing a system that has both stimulation of
proliferation, elongation and morphogenesis.

The closed circulatory system of tubes capable of transferring fluid flow in
microfluidic device, can be used for other research purposes, such as the
assessment of extravasation of cancer cells or immune cells. Cancer cells can
be easily observed circulating inside the endothelial tubules (Figure 3.17),
allowing evaluation of their communication with endothelial cells and the process

of extravasation in future studies. Furthermore, cancer cells can be co-cultured
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with HUVEC and HDF cells, and the formation of new blood vessels in a process

mimicking tumour angiogenesis can be observed.

Red fluorescence-labelled cells added in the microfluidic device chamber with
pre-established green-labelled tubules, is a very good system to further assess
the communication and interaction between incoming endothelial cells and
endothelial cells in pre-established tubes (Figure 3.20). This system provides the
opportunity to visualise how ECs acting when floating inside the blood vessel
lumens for example in the cases of releasing EPCs that are originate from bone
marrow (M. C. Yoder, 2012) into the blood vessels or after birth during capillary
formation post ischemia (Asahara et al., 1997) or in tumours (Bussolati et al.,
2011). The visualisation of interactions between endothelial cells, their
partnership to form a tubule and their dynamics is more understandable when
using different fluorescent protein labels in HUVEC.

Work presented in this chapter established a model of naturally developing
tubules under conditions of fluid flow forming a closed circulatory system in a
microfluidic device. The model is applicable to studies aiming to understand the
processes of angiogenesis, lumenogenesis, flow sensing and pathological
vasculogenesis, but also the trafficking of cancer cells and immune cells for
example during the process of tumour growth and metastasis.
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Chapter 4
Effects of primary cilia ablation and
ROCK inhibition on blood vessel lumen

formation
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4.1 Introduction

Vascular endothelial cilia are microtubule-based organelles that protrude from
the plasma membrane into the vessel lumen. They are thought to mediate
mechanosensation of blood flow and subsequent signal transduction (J. G. Goetz
et al., 2014). As mechanosensory organelles, endothelial cilia are thought to be
involved in blood flow sensing (Spasic & Jacobs, 2017) and consequent
alterations in vessel diameter to control blood pressure (Zaragoza et al., 2012).
Although a circulatory system may form in the absence of cilia, the presence of
cilia at sites of elevated flow is necessary to maintain endothelial integrity and to
suppress the formation of atherosclerotic plaques (Dinsmore & Reiter, 2016).
Dysfunction in endothelial cilia results in improper fluid-sensing, causing vascular
disorders, such as aneurysm, hypertension and atherosclerosis
(Rajasekharreddy Pala et al., 2018).

The RhoA effector Rho-associated protein kinase ROCK (ROCK1/2) is a protein
kinase that mediates actin cytoskeletal remodelling and actomyosin contraction
in diverse cell-types including endothelial cells (Abraham et al., 2009). ROCK has
been implicated in the control of blood vessel lumen formation (Barry et al., 2016).
Strikingly, Rock2 was identified in the Johnson group as the strongest positive
regulator of cilia formation (Lake et al., 2020). Recent studies in vivo using
zebrafish show that haemodynamic forces expand a provisional vessel lumen
through deformations of the endothelial apical membrane, resulting in actomyosin
recruitment and contraction (Gebala et al., 2016). It remains unclear how those
forces are sensed and actomyosin contraction is regulated under flow, and what

their precise mechanistic links are to lumen expansion.

These preliminary data suggest that there may exist functional links, potentially
stage-specific, between remodelling of the actin cytoskeleton, the sensing of flow
by cilia and the development of blood vessel lumens. Previous work in the Mavria
group established a model of organotypic fibroblast-endothelial cell cocultures
that give rise to endothelial tubes with lumens (Abraham et al., 2015). The model
was used to understand the molecular mechanisms that mediate the initial stages
of lumen formation in the absence of flow. My overall hypothesis is that ciliary
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mechanosensing of flow regulates lumen expansion; and that cytoskeletal
regulators such as ROCK act to mediate changes in the endothelial actin
cytoskeleton and regulate cilia formation during lumen expansion. | assessed the
impact of genetic ablation of cilia by knockdown of essential components of
primary cilia comprising intraflagellar transport protein 88 (IFT88) and retinitis
pigmentosa GTPase regulator interacting protein 1-like (RPGRIP1L). |
hypothesized that ROCK is a cytoskeletal regulator involved in ciliogenesis, on
flow sensing and lumen formation under conditions of fluid flow. | over-expressed
HTR6-CFP2 (a serotonin receptor-cyan fluorescent protein fusion) to specifically
mark cilia in order to track live primary cilia dynamics during lumen expansion

under condition of fluid flow.

4.2 Primary cilia in endothelial cells

In order to elucidate the effect of cilia on tubule formation and lumen expansion,
| first immunostained cilia in both a monolayer of endothelial cells and in
organotypic co-culture of endothelial cells with HDF to determine ciliary
morphology and incidence. For this purpose, a monolayer of HUVEC were
seeded on a plate and cilia were marked by the ciliary protein ARL13B, and the
GT335 monoclonal antibody directed against glutamylated tubulins (Figure 4.1
left panel). Furthermore, 14 days of organotypic co-culture assay was set up by
seeding HUVEC onto a confluent layer of HDF cells. VEGFA (25 ng/ml) or bFGF
(10 ng/ml) were applied to the media on days two, four and six to stimulate
angiogenesis. | switched to low growth factor medium for tubule establishment
and lumen formation on day 9. Cells were assessed on day 14 by
immunofluorescence staining. Tubules were marked by the endothelial cell
marker CD31 staining and ARL13B for cilia (Figure 4.1 right panel). Cilia were
observed in both monolayers of endothelial cells and in organotypic co-culture

tubules.
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Figure 4.1 Primary cilia in a HUVEC monolayer and organotypic co-culture
tubules.

Left panel: Immunofluorescence image shows primary cilia in a monolayer of
HUVEC stained with the monoclonal antibody GT335 and for ARL13B as markers
of cilia (white arrows). Image taken using a Nikon A1R confocal microscope,
100X magnification. Scale bar, 20pm. Green: GT335, red: ARL13B and blue:
DAPI. Right panel: Immunofluorescence image shows primary cilia in tubules
made in organotypic co-culture of HUVEC 14 days after seeding onto confluent
HDF, indicated by white arrows. Image taken using a Nikon A1R confocal
microscope, 40X magnification. Scale bar, 50pm. Green: CD31, red: ARL13B
and blue: DAPI.
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4.3 Ciliary protein IFT88 knockdown using pTRIPZ system

To suppress ciliogenesis in HUVEC, the pTRIPZ series of constructs were used
to induce expression of Nontargeting shRNA or IFT88 shRNA in the presence of
doxycycline. First, | generated HUVEC with Nontargeting or IFT88 knockdown by
means of lentivirus transduction. Following infection with lentiviruses harbouring
Nontargeting or IFT88 shRNAs alongside co-expression of TurboRFP,
doxycycline was added to the monolayer of HUVEC every 24 hours and the
knockdown was determined by visualisation of red fluorescent protein (Figure 4.2
A) and western blotting. Using western blot, | examined IFT88 protein ablation by
measuring densitometry (average band intensity corrected for background). The
results indicate greater than 50% loss of protein with the IFT88 shRNA in HUVEC
after 72 hours of doxycycline induction (Figure 4.2 B), indicating successful IFT88
knockdown with a pTRIPZ lentiviral construct and doxycycline induction (Figure
4.2 C).
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Figure 4.2 Knockdown of IFT88 using inducible shRNA.

A. Epifluorescence images show gradual increase of TurboRFP expression (red)
following transduction with the pTRIPZ construct with the IFT88 shRNA after 24,
48, 72 and 96 hours. TurboRFP is co-expressed with the shRNA following
doxycycline (2 pg/ml) induction. Images taken using an EVOS microscope, 20X
magnification. Scale bar, 200pm. B. Western blot shows progressive decreases
in IFT88 protein levels following transduction with the IFT88 shRNA in HUVEC
but not the Nontargeting shRNA (negative control), 24, 48, 72 and 96 hours
following doxycycline (2 pg/ml) induction. Bar graph shows western blot
densitometry of relative protein expression 0, 24, 48, 72 and 96 hours after
doxycycline induction in control HUVEC (Nontargeting shRNA,; black bars), or
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HUVEC with IFT88 knockdown (IFT88 sh; grey bars). The experiment was
performed for one biological replicate. C. Fluorescence images of TurboRFP
expression (red) for IFT88 knockdowns without or with doxycycline induction after
72 hours. Images taken using an EVOS microscope, 20X magnification. Scale
bar, 200um.

4.4 Ciliary protein RPGRIP1L knockdown using the pTRIPZ system

To determine if the effects on ciliogenesis following IFT88 knockdown are
reproducible, | also characterized a second pTRIPZ vector. This also targeted an
essential component of cilia, RPGRIP1L. HUVEC with RPGRIP1L knockdown
were generated by means of lentivirus transduction. Following infection with
lentiviruses harbouring RPGRIP1L shRNAs co-expressing RFP and after
doxycycline induction, the level of RPGRIP1L protein was determined by western
blotting (Figure 4.3).

RPGRIP1L sh RPGRIP1L sh
-doxycycline +doxycycline (after 72h)
*(\
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e — R-actin

72h doxycycline induction
(HUVEC monolayer)

Figure 4.3 Knockdown of RPGRIP1L using inducible shRNA.
Epifluorescence images of TurboRFP expression (red) for RPGRIP1L
knockdowns without or with doxycycline induction after 72 hours. Images were
taken using an EVOS microscope, 20X magnification. Scale bar, 200um.
Western blot shows RPGRIP1L knockdown following transduction with
RPGRIP1L shRNA in HUVEC but not the Nontargeting shRNA (negative control),
72 hours following doxycycline (2ug/ml) induction. Western blot was done by Dr
Alice Lake.
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4.5 I|IFT88 knockdown inhibits tubule formation

In this study, | set out to investigate whether cilia are required for tubule formation
and lumen expansion. IFT88 is a central component of the Intraflagellar Transport
(IFT) complex B, and it is critical for ciliary assembly and maintenance. Loss of
IFT88 leads to the absence of cilia and causes polycystic kidney disease and
disordered Hedgehog signalling, all of which are explained by abnormal ciliary
function (Pazour et al., 2000). Therefore, for the purpose of cilium disassembly,
IFT88 shRNA was used. HUVEC transduced with IFT88 shRNA and HUVEC with
Nontargeting shRNA were used to set up organotypic co-culture assay with HDF
cells to determine the effect of IFT88 knockdown on tubule formation. bFGF (10
ng/ml) was applied to the media on days two, four and six following seeding of
HUVEC onto confluent HDF to stimulate angiogenesis. Media was switched to
low growth factor medium on day 9 for tubule establishment and lumen formation,
doxycycline induction was done between days 9-13 with treatments every 24
hours. Tubule formation was assessed on day 14 by staining for the endothelial
cell marker CD31. The results show correct stimulation of angiogenesis and
tubule formation in the presence of IFT88 and continued ciliogenesis. However,
knockdown of IFT88 reduced tubule formation. The average total tubule length in
the presence of cilia from two independent biological experiments was 13.619um
whereas with IFT88 knockdown this was significantly reduced to 4.103um (Figure
4.4).
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Figure 4.4 Knockdown of ciliary protein IFT88 inhibited tubule formation in
organotypic co-culture.

Immunohistochemistry images show tubule formation in organotypic co-cultures
of HDF with control HUVEC (Nontargeting sh), or HUVEC with IFT88 knockdown
(IFT88 sh) 14 days after seeding onto confluent HDF. Doxycycline induction was
done between days 9-13, with treatment every 24 hours. Images were taken
using an EVOS microscope, 4X magnification. Scale bar, 1000um. Dot plot
shows individual quantifications of total length of tubules (um) for n=6 organotypic
co-cultures from two independent experiments (the data are from twenty-four
images indicated by different grey dots on the dot plot). Statistical test for pair-
wise comparison is Student t-test. Western blot shows IFT88 knockdown with
IFT88 shRNA in HUVEC after 72 hours of doxycycline induction.
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4.6 RPGRIP1L knockdown inhibits tubule formation

To confirm that suppression of ciliogenesis with the second essential component
of primary cilia has same effect as IFT88 knockdown, RPGRIP1L shRNA was
used to knockdown RPGRIP1L in HUVEC. RPGRIP1L is an important ciliary
protein that is located in the intermediate region of a cilium between the basal
body and the axoneme called the transition zone. Mutations in RPGRIP1L cause
a broad spectrum of severe human diseases known as ciliopathies which are due
to cilia dysfunction (Jensen et al., 2015). HUVEC transduced with RPGRIP1L
shRNA and HUVEC with Nontargeting shRNA were used with HDF cells to set
up organotypic co-culture assays and assess the effect of RPGRIP1L knockdown
on tubule formation. bFGF (10 ng/ml) was applied to the media on days two, four
and six following seeding of HUVEC onto confluent HDF to stimulate
angiogenesis. Media was switched to low growth factor medium on day 9 for
tubule establishment and lumen formation, doxycycline induction done between
days 9-13 with treatment every 24 hours. Tubule formation was assessed on day
14 by CD31 immunostaining. The results were consistent with the IFT88 results,
confirming that ciliogenesis suppression using RPGRIP1L shRNA caused a
significant decrease of angiogenesis and tubule formation (Figure 4.5).
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Figure 4.5 Knockdown of ciliary protein RPGRIP1L inhibits tubule formation
in co-culture.

Immunohistochemistry images show tubule formation in organotypic co-cultures
of HDF with control HUVEC (Nontargeting sh), or HUVEC with RPGRIP1L
knockdown (RPGRIP1L sh) 14 days after seeding onto confluent HDF.
Doxycycline induction done between days 9-13 every 24 hours. Images taken
using an EVOS microscope, 4X magnification. Scale bar, 1000um. Dot plot
shows quantifications of total length of tubules (um) for n=3 organotypic co-
cultures from one experiment (the data are from twelve images indicated by black
dots on the dot plot). Statistical test for unpair-wise comparison is Student t-test.

4.7 IFT88 knockdown inhibits lumen formation under conditions of fluid

flow

Previous research has established that in the absence of flow, the developing
tubules will be 20-40% lumenised (Abraham et al., 2015), in contrast to over 80%
lumenised under flow conditions (Christopher Hughes, University of California-
Irvine; personal communication with Georgia Mavria). To confirm this, |
established organotypic co-culture under conditions of flow to investigate lumen
formation without and with ciliogenesis suppression using the IFT88 shRNA to
interfere with ciliogenesis. To investigate lumen formation under conditions of
flow, | infected HUVEC with lentiviruses harbouring Nontargeting or IFT88
shRNAs co-expressing TurboRFP, and these were used to establish organotypic
co-cultures inside the microchamber of microfluidic devices. HUVEC with
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Nontargeting or IFT88 knockdown, together with HDF cells and fibrin were
injected into the microchambers. The fibrin-cell mixture established a 3D system
that allowed tubule and lumen formation under conditions of flow. Lumen
formation was observed by TurboRFP expression in HUVEC transduced with
Nontargeting or IFT88 shRNA. Doxycycline induction was performed at days 8-
14 following addition of the fibrin-cell mixture, with Doxycycline treatment every
24 hours. The results indicate that cilia were necessary for lumenisation, as
suppression of ciliogenesis with IFT88 knockdown under conditions of flow not
only reduced tubule formation as it had been observed in the absence of flow,
but also significantly reduced lumenised tubule length from 69% in the presence
of cilia to 26% in the absence of cilia (Figure 4.6).
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Figure 4.6 IFT88 knockdown inhibits lumen formation in tubules under
conditions of flow.

Epifluorescence images show day 14 of tubule formation in organotypic co-
cultures of HDF in fibrin following control TurboRFP HUVEC (Nontargeting sh),
or TurboRFP HUVEC with IFT88 knockdown (IFT88 sh). Doxycycline (2 ug/ml)
induction was done between days 8-14, with treatment every 24 hours. Images
taken using an EVOS microscope, 10X magnification. Scale bar, 400um. Dot plot
shows quantifications of lumenised length (% total) in control HUVEC
(Nontargeting sh), or HUVEC with IFT88 knockdown (IFT88 sh). The data are
from thirty-six channel squares of n=3 independent experiments (indicated by
different grey dots on the dot plot). Statistical test for pair-wise comparison is
Student t-test.
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4.8 RPGRIP1L knockdown inhibits lumen formation under conditions of
fluid flow

RPGRIP1L was used to confirm the results obtained from IFT88 knockdown
under conditions of flow. Consistent with the IFT88 data in Figure 4.6, ciliogenesis
suppression with RPGRIP1L shRNA also decreased lumen formation. The
average lumenised length (% total) with the presence of cilia from two
independent experiments was 31um, whereas RPGRIP1L knockdown
significantly reduced this to 2um (Figure 4.7).
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Figure 4.7 RPGRIP1L knockdown inhibits lumen formation in tubules under
conditions of flow.

Epifluorescence images show day 14 of tubule formation in organotypic co-
cultures of HDF in fibrin following control HUVEC (transduced with Nontargeting
sh), or HUVEC following RPGRIP1L knockdown (RPGRIP1L sh). Doxycycline
(2ug/ml) induction was done between days 8-14, with treatment every 24 hours.
Images taken using an EVOS microscope, 10X magnification. Scale bar, 400um.
Dot plot shows quantifications of lumenised length (% total) in control HUVEC
(Nontargeting sh), or HUVEC with RPGRIP1L knockdown (RPGRIP1L sh). The
data are from twenty-four channel squares of n=2 independent experiments
(indicated by different grey dots on the dot plot). Statistical test for pair-wise
comparison is Student t-test.
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4.9 IFT88 knockdown inhibits lumen expansion under conditions of fluid

flow

From previous research, it is known that the initial stages of lumenogenesis take
place through complex cellular mechanisms including rearrangement of lateral
cellular junctions that allows organisation of endothelial cells into 3D tubular
structures, and can take place in the absence of flow (Y. Wang et al., 2010).
Lumen expansion and generation of perfused circulatory system is established
by the onset of fluid flow (Herwig et al., 2011) (Lenard et al., 2013). Therefore, |
established an organotypic co-culture of HUVEC-EGFP with Nontargeting
shRNA or IFT88 shRNA with HDF and fibrin in microfluidic devices and under
conditions of flow, in order to investigate if suppression of ciliogenesis affected
lumen expansion. Doxycycline induction was performed at days 8-14, with
treatment every 24 hours. The results indicate that although lumen expansion
was similar in both control and IFT88 shRNA organotypic co-cultures before
doxycycline induction and IFT88 knockdown, after doxycycline induction
(commencing on day 8 and finishing on day 14), lumens expanded significantly
in controls when there was ciliogenesis, in contrast to IFT88 knockdown where
expansion was inhibited. These data suggest that the presence of cilia is required
for correct lumen expansion (Figure 4.8).
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Figure 4.8 Knockdown of IFT88 inhibited lumen expansion under
conditions of flow.

Epifluorescence images show day 8 and day 14 of lumen expansion in
organotypic co-cultures of HDF with control HUVEC-EGFP (Nontargeting sh;
green in top panels), or HUVEC-EGFP with IFT88 knockdown (IFT88 sh; green
in bottom panels) in fibrin. Doxycycline induction was done between days 8-14,
every 24 hours. Images were taken using an EVOS microscope, 10X
magnification. Scale bar, 400um. Dot plots show quantifications of lumen
diameter (um) on day 8 and day 14 in control HUVEC (Nontargeting sh), or
HUVEC with IFT88 knockdown (IFT88 sh). The data are from twenty-four channel
squares of n=2 independent experiments (indicated by different grey dots on the

dot plot). Statistical test for pair-wise comparison is Student t-test.
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4.10 Localization of HTR6-CFP2 in primary cilia

To determine that the blue reporter protein in HTR6-CFP2 localized specifically
to primary cilia, the pWPXL-HTR6-CFP2 construct was transiently transfected
into hTERT-RPE1 (hTERT-immortalized retinal pigment epithelial cells). After
seeding hTERT-RPE1, transfection reagent mix (DNA and Lipofectamine 2000)
was used to transfect the cells. After 72 hours cells were fixed using 4% PFA and
their cilia stained for ARL13B. Imaging confirmed that HTR6-CFP2 colocalized
specifically with ARL13B in primary cilia (Figure 4.9).

ARL13B HTR6-CFP2

Figure 4.9 Transient transfection of hTERT-RPE1 with HTR6-CFP2 lentiviral

vector.

Immunofluorescence images show transient transfection of hTERT-RPE1 with
the serotonin receptor HTR6-CFP2 pWPXL lentiviral construct, showing specific
localization (blue, indicated by arrowheads) to primary cilia (marked with
ARL13B; red). Images taken using a Nikon A1R confocal microscope, 100X
magnification. Scale bar, 50um.
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4.11 Characterization of primary cilia in hTERT-RPE1 transduced with
HTR6-CFP2

First, | employed the human hTERT-RPE1 and transduced them with HTR6-
CFP2. A monolayer of nTERT-RPE1 were seeded and transduced with HTR6-
CFP2 lentivirus supernatant at dilutions of 1:2 of virus supernatant with DMEM/F-
12 10%FBS medium. After 72 hours cells were fixed with 4% PFA and stained
with the cilia markers ARL13B and GT335 to characterise cilia. The results
indicate that the HTR6-CFP2 fusion protein localized to primary cilia with ciliary
proteins GT335 and ARL13B (Figure 4.10). Furthermore, | observed that each
ciliary protein appeared to localise to different compartments in the cilium
structure. | therefore measured and compared the length of cilium that was
stained by the ARL13B antibody compared to the length with HTR6-CFP2
expression in hTERT-RPE1 (Figure 4.11).

GT335 HTR6-CFP2 ARL13B TOTO3

Figure 4.10 Visualization of primary cilia in hTERT-RPE1 transduced with
HTR6-CFP2.

Immunofluorescence images show hTERT-RPE1 transduced with serotonin
receptor HTR6-CFP2 lentiviral construct (blue) and marked for primary cilia using
ARL13B (red) and poly-glutamylated tubulin (GT335; green). The counterstain
for RNA (in cytoplasm and nuclei) is TOTO-3 (red). Images taken using a Nikon
A1R confocal microscope, 100X magnification. Scale bar, 10um.
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4.12 Serotonin receptor HTR6-CFP2 localizes to a longer compartment in
primary cilia compared to ARL13B

As discussed above ARL13B was used as a ciliary protein to measure the ciliary
membrane length and to compare with the length of the ciliary membrane
compartment containing HTR6-CFP2. Interestingly, whilst HTR6-CFP2
colocalised in cilia with ARL13B, it appeared to localize to a larger membrane
compartment in cilia as suggested by the longer ciliary length detected by HTRG6-
CFP2 expression compared to ARL13B staining (Figure 4.11).
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Figure 4.11 Comparison of ciliary length determined by HTR6-CFP2 stable
expression and ARL13B staining in hTERT-RPE1.

Immunofluorescence images show hTERT-RPE1 transduced with serotonin
receptor HTR6-CFP2 lentiviral construct (blue) and marked for primary cilia
(ARL13B; green). Images taken using a Nikon A1R confocal microscope, 100X

magnification. Scale bar, 20um. Dot plot shows quantifications of cilia length (um)
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with serotonin receptor HTR6-CFP2 expression (blue) and ARL13B staining
(green). The data are from nineteen primary cilia from n=2 independent
experiments (indicated by black dots on the dot plot). Statistical test for unpair-

wise comparison is Student t-test.

4.13 Serotonin receptor HTR6-CFP2 localizes to primary cilia in HUVEC

In order to visualize dynamic changes in primary cilia behaviour with flow and to
assess the effect of cilia on lumen expansion in microfluidic devices, cilia in
HUVEC were marked with HTR6-CFP2. Lentiviruses expressing the HTR6-CFP2
fusion protein were used to transduce a monolayer of HUVEC. Then, HUVEC
were fixed with 4% PFA and ciliary proteins stained with antibodies. The results
show colocalization of HTR6-CFP2 with GT335 and ARL13B in HUVEC.

Interestingly, each protein marked specific part of a cilium (Figure 4.12).

GT335 HTR6-CFP2 ARL13B TOTO3

o

Figure 4.12 Visualization of primary cilia in HUVEC transduced with
serotonin receptor HTR6-CFP2.

Immunofluorescence images show HUVEC transduced with serotonin 5HT-
CFP2 lentiviral construct (blue) and marked for primary cilia using ARL13B (red)
poly-glutamylated tubulin (GT335; green). Counterstain for RNA (in cytoplasm
and nuclei) is TOTO-3 (red). Images taken using a Nikon A1R confocal
microscope, 100X magnification. Scale bar, 10um.
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4.14 ROCK inhibition disrupts lumen formation under conditions of fluid

flow

Rho-associated kinases (ROCK1 and ROCK2) are regulators of actomyosin
contractility and have been implicated in the control of blood vessel lumen
formation. Furthermore, previous work in the Johnson lab has found that cilia
incidence and length were increased by ROCK2 siRNA-mediated knockdown
and inhibition. | investigated the role of cilia in sensing fluid flow and lumen
formation, then the role of cytoskeletal regulator ROCK in blood vessel lumen
formation was observed. | used microfluidic devices to assess how lumen
formation was affected by ROCK inhibition. HUVEC-EGFP with HDF in fibrin
were added to a single chamber microfluidic device and media was changed
every 24 hours. Lumen formation was assessed eight days after seeding the cells
in control HUVEC or HUVEC treated with Y-27632 between days 4-8. Lumen
formation was disrupted with ROCK inhibition indicating that ROCK is necessary
for lumen formation and angiogenesis when there was fluid flow inside the
tubules. ROCK inhibition in the organotypic co-culture significantly reduced the
lumenisation and lumen formation was suppressed by lack of cytoskeletal
regulator ROCK (Figure 4.13). To determine if ROCK inhibition had stage-specific
effects dependent on the stage of lumen formation and maturation, ROCK
inhibitor was added between days 8-12 which is the stage of lumen expansion
under conditions of flow. Lumen formation was assessed twelve days after
seeding the cells in microchamber for both control HUVEC or HUVEC treated
with Y-27632 between days 8-12. Lumen formation was completely disrupted by
ROCK inhibition at the late stage of tube formation and lumen expansion (Figure
4.14). Next, | assessed the effect of ROCK inhibition on lumen formation at very
late stages, when the lumen was completely formed and expanded. Lumen
formation was assessed sixteen days after seeding the cells inside the
microchamber in both control HUVEC or HUVEC treated with ROCK inhibitor (Y-
27632) between days 12-16. Although lumen formation was significantly inhibited
by ROCK inhibition at very late stages after lumen formed, in contrast to treatment
at earlier timepoints lumenised length could still be detected and the overall
decrease in lumen formation was lesser with ROCK inhibition at this later
timepoint. The results indicate that tubule and lumenised length decreased
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following ROCK inhibition at very late stages of lumen formation (Figure 4.15).
Overall, ROCK inhibition showed the highest decrease in lumenised length in late
stages compare to very late stage and early stages of lumen formation

respectively.
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Figure 4.13 Effect of early ROCK inhibition on lumen formation under
conditions of flow.

Epifluorescence images show day 8 of tubule formation in organotypic co-
cultures of HDF with HUVEC-EGFP in fibrin, for control (vehicle only) and tubules
following treatment with ROCK inhibitor (10uM Y-27632) between days 4-8 every
24 hours. Images taken using an EVOS microscope, 40X magnification. Scale
bar, 100pm. Dot plot shows quantifications of lumenised length (% total) in control
co-culture, or co-culture with ROCK inhibition. The data are from twenty-four
channel squares from n=2 independent experiments (indicated by different grey
dots on the dot plot). Statistical test for pair-wise comparison is Student t-test.
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Figure 4.14 Effect of late ROCK inhibition on lumen formation under
conditions of flow.

Epifluorescence images show day 12 of tubule formation in organotypic co-
cultures of HUVEC-EGFP with HDF in fibrin, for control (vehicle only) and tubules
with ROCK inhibitor (10uM Y-27632) between days 8-12, every 24 hours. Images
taken using an EVOS microscope, 10X magnification. Scale bar, 400um. Dot plot
shows quantifications of lumenised length (% total) in control co-culture, or co-
culture with added ROCK inhibitor. The data are from twenty-four channel
squares from n=2 independent experiments (indicated by different grey dots on

the dot plot). Statistical test for pair-wise comparison is Student t-test.
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Figure 4.15 Effect of ROCK inhibition on lumen formation under conditions
of flow (very late treatment).

Epifluorescence images show day 16 of tubule formation in organotypic co-
cultures of HDF with HUVEC-EGFP in fibrin for control (vehicle only) and tubules
with ROCK inhibitor (10pM Y-27632) between days 12-16, every 24 hours.
Images taken using an EVOS microscope, 10X magnification. Scale bar, 400um.
Dot plot shows quantifications of lumenised length (% total) in control co-culture,
or co-culture with added ROCK inhibitor. The data are from twenty-four channel
squares from n=2 independent experiments (indicated by different grey dots on
the dot plot). Statistical test for pair-wise comparison is Student t-test.
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4.15 Discussion

The important role of the primary cilium in developmental processes is indicated
by ciliopathies subsequent of genetic defects of cilium components. It has been
shown by different studies that cilia play a role in a range of mechanosensation,
chemo-sensation and signal transduction pathways. Primary cilia have been
observed in areas of disturbed flow in blood vessels and their presence has been
linked to atherosclerosis, but the exact role of primary cilia in the development of
the vasculature is not fully understood (Van der Heiden et al., 2008).

The results of this chapter indicate that (i) primary cilia have a significant effect in
blood vessel formation and vascular lumen expansion in the absence of flow and
under conditions of fluid flow; (ii) the cytoskeletal regulator ROCK also known to
regulate ciliary length and incidence is necessary for blood vessel lumen
formation; (iii) a pWPXL lentiviral expression construct was produced by insertion
of the serotonin receptor HTR6-CFP2 fusion that can be used to mark cilia and

visualize live primary cilia movement.

Tubule formation in the co-culture assay and lumen expansion under conditions
of flow were disrupted when cilia were ablated with knockdown of IFT88 or
RPGRIP1L. This observation implies that primary cilia may trigger a pathway that
regulate morphogenetic processes in the developing endothelial lumen. These
findings agree with the study by J. G. Goetz et al. (2014) in zebrafish implicating
endothelial cilia in sensing of flow in blood vessels and vascular remodelling.
Interestingly, the study by Ernandez et al. (2017) showed that primary cilia
regulate epithelial tubular lumen maturation and enlargement in renal collecting

duct epithelium.

Although primary cilia are microtubule-based organelles, the actin cytoskeleton
and cytoskeletal regulators appear to play a crucial role on ciliogenesis and cilia
maintenance. Regulators of actin cytoskeletal dynamics have profound effects
on cilia and ciliary function. It has been shown that Rho-associated kinase
(ROCK1/2) signalling as an effector of actin dynamics has a significant influence
on ciliogenesis. This pathway has also been suggested in many aspects of
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angiogenesis and lumen formation (Reviewed by Liu et al. (2018)). It has been
shown by Gary Grant that actin cytoskeleton controls the process of primary cilia
lengthening and regulates cilia incidence in endothelial cells. The effect of ROCK
signalling pathway on actin is well-characterized and as a Rho signalling effector,
ROCK phosphorylates downstream kinases which have an effect on actin
dynamics. Y-27632 is extensively used as a ROCK1 and ROCK2 inhibitor and in
this chapter, | have shown that inhibition of ROCK signalling with Y-27632 results
in significant suppression of the lumen formation (Figure 4.13, Figure 4.14, Figure
4.15). It is well-defined by previous studies in the lab that ROCK2 is the strongest
positive regulator of cilia formation and function via effects on remodelling of actin
cytoskeleton (Lake et al., 2020). Further studies using ROCK2 specific inhibitor
(KD-025) can help to corroborate the findings with results obtained using Y-27632
inhibitor. The molecular basis of the dependency of primary cilia on ROCK is yet

another area of enquiry for future investigation.

Furthermore, in this chapter | have shown the localization of HTR6-CFP2 in
primary cilia following transduction of endothelial cells (Figure 4.12). The pWPXL
lentiviral construct harbouring the serotonin receptor HTR6-CFP2 fusion protein
gives an opportunity to assess live primary cilia dynamics during lumen formation
and lumen expansion in endothelial cells. This construct can be used in different
projects in the future to track cilia incidence, length and movement under different

conditions.
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Chapter 5
Role of DOCK4 on tubule and lumen
formation under conditions of FGF

stimulation
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5.1 Introduction

During development, blood vessels are formed by endothelial cells and formed
highly structured network. De novo formation of blood vessels from endothelial
progenitor cells is called vasculogenesis and this is what forms the primitive
plexus. Angiogenesis takes place to expand this pre-existing primitive network
and form the hierarchical network of blood vessels. Angiogenesis occurs both
through proximal elongation and lateral branching led by ‘tip’ endothelial cells and
followed by ‘stalk’ cells migrating collectively (Zeng et al., 2021), and is regulated
by pro- and anti-angiogenic molecules. Tip cells contain abundant actin-rich
filopodial protrusions that sense the surrounding microenvironment and guide the

growing sprout in response to directional cues.

During angiogenesis, sprouting and migration of endothelial cells are highly
dependent on dynamic changes of the endothelial cell actin cytoskeleton
controlled by the Rho family of small GTPases. Similarly, the process of
lumenogenesis requires cytoskeletal rearrangements and the activity of Rho
proteins and their regulators. Positive regulators or GEFs activate Rho proteins
by catalysing the exchange of GDP for GTP. Abraham et al. (2015) showed that
the process of lumen formation requires lateral endothelial cell-cell contacts
followed by cytoskeletal rearrangements that displace the junctional molecules
and establish luminal-abluminal polarity in the endothelial cells forming a hollow
tube which allows the flow of blood. The Rac1 GEF DOCKA4 is a regulator of both
filopodia formation and sprouting, and lumen formation (Abraham et al., 2015).
Whilst the studies show that DOCK4 operates downstream of VEGF signalling to
control filopodia formation and sprouting, it's potential role downstream of FGF
signalling has not been investigated. Moreover, in this chapter the role of DOCK4

as a potential regulator of endothelial cilia was assessed.

In this chapter, first HUVEC with stable DOCK4 knockdown or control
Nontargeting were generated using a previously established shRNAs (Abraham
et al.,, 2015). Then | explored the relationship between DOCK4 FGF driven

angiogenesis, lumen formation and lumen expansion in the organotypic co-
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culture angiogenesis assay in the absence or presence of fluid flow, and also
effect of DOCK4 on cilia abundance and ciliary length.

5.2 Generating endothelial cells with stable DOCK4 knockdown

In order to investigate the role of DOCK4 downstream of FGF signalling, HUVEC
with DOCK4 knockdown were generated by means of lentiviral transduction.
Following infection with lentiviruses harbouring Nontargeting or DOCK4 shRNAs
alongside co-expression of enhanced green fluorescent protein (EGFP)
(Abraham et al., 2015), HUVEC were FACS sorted and the knockdown was
determined by western blotting. There was over 90% knockdown of DOCK4 with
DOCK4 shRNA in HUVEC (Figure 5.1).

DOCK4 sh

Nontargeting sh

Figure 5.1 DOCK4 knockdown in HUVEC.

Florescence images show EGFP expression (green) in HUVEC with DOCK4
shRNA and control Nontargeting shRNA lentiviruses. Images taken using an
EVOS microscope, 10X magnification. Scale bar, 400pm. Western blot shows
DOCK4 knockdown following transduction with DOCK4 shRNA in HUVEC.
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5.3 DOCK4 suppresses FGF driven angiogenesis in the organotypic co-

culture assay

In this study | set out to investigate whether DOCK4 is required for FGF driven
angiogenesis. HUVEC transduced with DOCK4 shRNA and HUVEC with
Nontargeting shRNA were used to set up organotypic co-cultures with HDF to
determine the effect of DOCK4 knockdown on tubule formation under conditions
of FGF stimulation in comparison to VEGF stimulation. bFGF (10 ng/ml) or VEGF
(25 ng/ml) were applied to the media on days two, four and six following seeding
of HUVEC onto confluent HDF to stimulate angiogenesis, and the effects of
DOCK4 knockdown on tubule formation were assessed on day 7 after seeding.
Untreated organotypic cocultures were also set up as controls with changes of
media lacking growth factors being the same as those with FGF or VEGF. Tubule
formation was visualised by CD31 staining. Figure 5.2 shows that the average
total tubule length of 2851um under VEGF conditions in control was reduced to
1554pum with DOCK4 knockdown, although the decrease was not statistically
significant. The average total tubule length of 1772uym under conditions of FGF
stimulation was increased to 2228um with DOCK4 knockdown, representing an
average increase of 25.7% from 3 independent experiments. The basal tubule
formation varied amongst the different experiments because of the different
batches of cells used, however the stimulation of tubule formation by DOCK4
knockdown was statistically significant as assessed by using a two tailed paired
t-test. Hence, DOCK4 knockdown stimulates FGF driven angiogenesis. The
branch point index was not affected by DOCK4 knockdown under conditions of
FGF stimulation. The branchpoint index was reduced under conditions of VEGF
stimulation as shown previously by Abraham et al. (2015).
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Figure 5.2 Effect of DOCK4 knockdown on tubule formation in the presence
of FGF or VEGF.

Immunohistochemistry images show tubule formation in organotypic co-cultures
of HDF with control HUVEC (Nontargeting sh), or HUVEC with DOCK4
knockdown (DOCK4 sh) with no added growth factors, or in the presence of bFGF
(10ng/ml), or VEGFA (25ng/ml) 7 days after seeding onto confluent HDF. Growth
factors were applied days two, four and six after seeding. Images taken using an
EVOS microscope, 4X magnification. Scale bar, 1000um. Dot plots show
quantifications of total tubule length (um) and branch point index (branches
divided by total length) (a.u.). N=9 organotypic co-cultures from three
independent experiments (indicated by different grey dots on the dot plot).

Statistical test for pair-wise comparison is Student t-test.
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5.4 DOCK4 influences tubule establishment under FGF and VEGF

conditions

| set out to investigate how tubules and lumenisation are affected by DOCK4
knockdown 14 days after co-culture. Following growth factor treatment on days
two, four and six after seeding of HUVEC onto HDF, the medium was switched
to low growth factor for tubule establishment and lumen formation and assessed
lumen formation on day 14 by immunofluorescence staining. First, | calculated
total length and the trend of stimulation with DOCK4 knockdown under FGF
condition was not significant, potentially because growth factor treatment stops
after day 6 to allow lumen formation. Consistently with the earlier time points
(Figure 5.3), the decrease in branch point index persisted on day 14 under
conditions of VEGF stimulation. | noticed there was a significant increase in
branch points with FGF stimulation suggesting that those may have formed from
the process of anastomosis due to the stimulation of elongation with DOCK4
knockdown. Therefore, on day 14 there was still stimulation of total length, and
additionally there was increased branch formation with DOCK4 knockdown under
FGF stimulation. This shows that DOCK4 suppresses angiogenesis under
conditions of FGF stimulation. Quantification of lumen formation on day 14
showed reduced lumen formation under conditions of VEGF stimulation with
DOCK4 knockdown as previously shown (Abraham et al., 2015). There was high
variability in lumen formation amongst different co-cultures under conditions of
no growth factor (11um) or FGF stimulation (17um), and no significant difference
between control (17um) with DOCK4 knockdown under conditions of FGF
stimulation (13um). Altogether the data show that differences in the growth and
patterning of tubules can still be observed under FGF and VEGF conditions with
DOCK4 knockdown after 14 days of co-culture. Whilst under conditions of FGF
stimulation DOCK4 knockdown increases tubule formation it does not stimulate
lumen formation. Altogether, | conclude that there is more tubule formation during
angiogenic sprouting suggesting that DOCK4 suppresses FGF driven
angiogenesis but lumen formation is not affected by DOCK4 knockdown under

conditions of FGF stimulation.
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Figure 5.3 Effect of DOCK4 knockdown on tube and lumen formation.

Immunofluorescence images show tube and lumen formation in organotypic co-
culture of HDF with control HUVEC (Nontargeting sh), or HUVEC with DOCK4
knockdown (DOCK4 sh) with no added growth factors, or in the presence of bFGF
(10ng/ml) or VEGFA (25ng/ml) 14 days after seeding onto confluent HDF. Growth
factors were applied on days two, four and six after seeding. Images taken using
a Nikon A1R confocal microscope, 40X magnification. Scale bar, 50um. Green:
HUVEC Nontargeting sh or DOCK4 sh, blue: DAPI and red: podocalyxin. Dot
plots show quantifications of total length (um), branch points, branch point index
(branches divided by total length) (a.u.) and lumenised length (% total). The FGF
stimulation data are from n=6 organotypic co-cultures of two independent
experiments, the VEGF stimulation data are from n=3 organotypic co-cultures of
one experiment (indicated by different grey dots on the dot plot). Statistical test

for pair-wise comparison is Student t-test.

5.5 DOCK4 does not regulate lateral adhesions under conditions of FGF

stimulation

Previously it was shown that the decrease in lumenised length with DOCK4
knockdown under conditions of VEGF stimulation was associated with a
decrease in lateral cell-cell adhesions and the tubules under the VEGF conditions
were thinner (Abraham et al., 2015). In addition to increasing tubule length FGF
stimulation also appeared to promote lateral cell-cell adhesion. Therefore, to
analyse this better, | quantified lateral cell-cell adhesion in the presence of FGF.
As junctional staining was not easily quantifiable (previous work) | set out to
quantify the number of nuclei per length, as | expected those would increase in
the presence of more lateral cell-cell adhesions (Figure 5.4), although cell shape
and length may also contribute to this read-out. Interestingly, FGF stimulation
increased the number of nuclei per length (from 0.03u/um to 0.04u/um), however
this was not affected by DOCK4 knockdown (0.04u/um). On the other hand, there
was a trend for decrease of nuclei per length (0.04u/um to 0.03u/um) suggesting
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lower cell-cell adhesions with DOCK4 knockdown under conditions of VEGF

stimulation.

The data suggest that stimulation with FGF increases lateral adhesion but does
not stimulate lumen formation, whilst VEGF stimulation increases both lateral
adhesion and lumen formation. Under conditions of VEGF stimulation DOCK4
knockdown appears to suppress formation of lateral adhesions, also suppresses
lumen formation. Altogether the data show a trend for increase in nuclei per
length and hence lateral adhesion with both growth factors, and decrease with
DOCK4 knockdown under conditions of VEGF but not FGF stimulation. However,
with the exception of stimulation with FGF the differences in nuclei per length are
not statistically significant and therefore more experiments are necessary to
conclude on the effects of growth factor stimulation and DOCK4 knockdown on
lateral adhesions.
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Figure 5.4 The effect of DOCK4 knockdown on lateral adhesion.

Immunofluorescence images show lateral adhesion in organotypic co-culture of
HDF with control HUVEC (Nontargeting sh), or HUVEC with DOCK4 knockdown
(DOCK4 sh) with no added growth factors, or in the presence of bFGF (10ng/ml)
or VEGFA (25ng/ml) 14 days after seeding onto confluent HDF. Growth factors

were applied on days two, four and six after seeding. Images taken using a Nikon

A1R confocal microscope, 40X magnification. Scale bar, 50um. Green:

podocalyxin, blue: DAPI. Dot plots show quantifications of nuclei divided by

length (u/pm). N=6 organotypic co-cultures from two independent experiments

(indicated by different grey dots on the dot plot). Statistical test for pair-wise

comparison is Student t-test.
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5.6 Influence of HUVEC with DOCK4 knockdown on control HUVEC

In chapter 3, | observed that in the microfluidic device, additional cells that were
integrated into the microchannels after initial tube formation, were influenced by
the established tubes and followed their pattern. This suggested that endothelial
cells and tubules influence each other via paracrine factors and/or by modifying
the matrix. To investigate whether DOCK4 plays a role in this interaction, and to
understand better how DOCK4 suppresses angiogenesis under FGF conditions
but stimulates angiogenesis under VEGF conditions, | co-cultured control
HUVEC expressing TurboRFP, with HUVEC stably expressing EGFP and control
Nontargeting shRNA, or EGFP and DOCK4 shRNA. The co-culture was
assessed six days after adding the HUVEC onto confluent HDFs. As expected,
DOCK4 knockdown stimulated tubule length and growth of EGFP cells under
FGF conditions (from 456um to 825um). However, HUVEC-RFP control tubules
were not influenced by DOCK4 knockdown. The data show that paracrine activity
of HUVEC towards other HUVEC in the co-culture is independent of DOCK4
(Figure 5.5).
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Figure 5.5 Tubules with DOCK4 knockdown do not influence newly forming
HUVEC-RFP (control) tubules.

Images show tubule formation in organotypic co-cultures of HDF with a mixture
of HUVEC-RFP and HUVEC EGFP either with Nontargeting shRNA, or DOCK4
shRNA in the presence of bFGF (10ng/ml), or VEGFA (25ng/ml) six days after
seeding onto confluent HDF. Growth factors were applied days 2 and 4 after
seeding. Images taken using an EVOS microscope, 10X magnification. Scale
bar, 400pum. Green: HUVEC Nontargeting sh or DOCK4 sh, red: HUVEC-RFP.
Dot plots show quantifications of total tubule length of HUVEC-RFP (um), total
tubule length of HUVEC-EGFP (um), and fraction of HUVEC Nontargeting sh, or
HUVEC DOCK4 sh to HUVEC-RFP. N=3 organotypic co-culture from one
experiment (the data are from twelve images indicated by black dots on the dot
plot). Statistical test for unpair-wise comparison is Student t-test.

5.7 DOCKA4 suppresses EC proliferation under FGF stimulation conditions

As it was concluded that DOCK4 suppresses angiogenesis specifically in the
presence of FGF, | hypothesized that it may act as suppressor of endothelial cell
proliferation under conditions of FGF but not VEGF stimulation. Endothelial cell
proliferation was assessed in order to begin to understand how DOCK4
suppresses angiogenesis in FGF conditions but stimulates angiogenesis in the
presence of VEGF. Ki67 was used as a proliferation marker on day 6 after
seeding HUVEC onto confluent HDF in order to quantify the fraction of
proliferating with DOCK4 shRNA and Nontargeting shRNA. As the available Ki67
antibody was conjugated to RFP, it was possible to determine proliferation in the
EGFP expressing tubules. Following staining with Ki67, quantification of Ki67
expressing cells showed significant stimulation of proliferation with DOCK4
knockdown in FGF but not in VEGF conditions, consistent with the suppression

in the presence of FGF (Figure 5.6).
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Figure 5.6 DOCK4 knockdown stimulates endothelial cells proliferation in
tubules under FGF conditions.

Immunofluorescence images show proliferation in organotypic co-cultures of
HDF and HUVEC-RFP with control HUVEC (Nontargeting sh), or HUVEC with
DOCK4 knockdown (DOCK4 sh) in the presence of bFGF (10ng/ml), or VEGFA
(25ng/ml) 6 days after seeding onto confluent HDF. Growth factors were applied
on days 2 and 4 after seeding. Images taken using a Nikon A1R confocal
microscope, 40X magnification. Scale bar, 50um. Green: HUVEC Nontargeting
sh or DOCK4 sh, red: Ki67 and HUVEC-RFP, blue: DAPI. Dot plot shows
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quantifications of proliferation of HUVEC Nontargeting sh, and HUVEC DOCK4
sh. N=3 organotypic co-cultures from one experiment (the data are from twelve
images indicated by black dots on the dot plot). Statistical test for unpair-wise

comparison is Student t-test.

5.8 DOCKA4 stimulates cilia incidence and suppresses tubule formation

under FGF conditions

As primary cilia are post-mitotic cellular organelles and most of cells assemble
their cilia in response to cellular quiescence, it was hypothesized that cilia
incidence would decrease with DOCK4 knockdown and subsequent increase in
proliferation. To find out how ciliary length and incidence change with DOCK4
knockdown in HUVEC and under FGF conditions, cilia were assessed in control
conditions without added growth factors, under FGF conditions with and without
DOCK4 knockdown. For this purpose, HUVEC were added to the confluent layer
of HDF, FGF (10ng/ml) added on day two, four and six, and the organotypic co-
cultures were fixed and stained with cilia markers on day 7. The results show in
the absence of added FGF there are more cilia and longer ciliary length,
compared to the no GF conditions with more quiescent cells, that confirm
stimulation of proliferation with added FGF (Figure 5.7). Under FGF conditions
DOCK4 knockdown decreased cilia incidence, consistent with the increase in
endothelial cell proliferation and stimulation of angiogenesis that shown in Figure
5.6, Figure 5.3 and Figure 5.2.
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Figure 5.7 Effect of DOCK4 knockdown on cilia.

Immunofluorescence images show cilia in organotypic co-cultures of HDF and
control HUVEC (Nontargeting sh), or HUVEC with DOCK4 knockdown (DOCK4
sh) in the presence of bFGF (10ng/ml) 7 days after seeding onto confluent HDF.
FGF was applied on days two, four and six after seeding. Images taken using a
Nikon A1R confocal microscope, 40X magnification. Scale bar, 20pm. Green:
HUVEC Nontargeting sh or DOCK4 sh and GT335, red: TOTO3 and CD31. Bar
graphs show quantifications of cilia incidence as the proportion of cells with a

primary cilium >2um in length and mean cilium length (um). N=3 organotypic co-
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cultures from one experiment (indicated by different grey bars on the bar plot).

Statistical test for unpair-wise comparison is Student t-test.

5.9 Effect of DOCK4 knockdown on tubule and lumen formation under

conditions of flow

In order to assess how angiogenesis is affected by DOCK4 knockdown in the
presence of fluid flow, HDF with control HUVEC or HUVEC with DOCK4
knockdown in fibrin were added to single chamber microfluidic devices and media
were changed every 24 hours. Tubule formation was assessed nine days after
seeding the cells. Result shows presence of DOCK4 stimulate tubule formation,
lumen formation and angiogenesis when there is fluid flow inside and around the
tubules. Total length and lumen formation were significantly decreased by

DOCK4 knockdown under conditions of flow (Figure 5.8).
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Figure 5.8 Effect of DOCK4 knockdown on tubule formation and lumenised
length under condition of flow.

Fluorescence images show tubule formation in organotypic co-culture of HDF
with control HUVEC (Nontargeting sh), or HUVEC with DOCK4 knockdown
(DOCK4 sh) nine days after seeding in a single-chamber device. Images taken
by an EVOS microscope, 4X. Scale bar, 1000pm. Green: HUVEC-EGFP. Dot
plot shows total length (um) and lumenised length (% total). The data are from
12 channel squares of n=1 experiment (indicated by black dots on the dot plot).

Statistical test for unpair-wise comparison is Student t-test.
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5.10 Discussion

Blood vessel formation is vital for organs function during development and in
adulthood. A better understanding of the vascular vessel formation and the
mechanisms that underpin this process is crucial in order to be able to intervene
in pathophysiological conditions of abnormal blood vessel development. Blood
vessel tube formation demands intricate dynamic changes of the endothelial cell
actin cytoskeleton controlled by the Rho family of small GTPases (Barlow &
Cleaver, 2019). Rho GTPases are known to be involved in various cellular
functions consist of controlling the actin cytoskeleton and cell shape changes
which are crucial steps in the vascular tube formation. Guanine nucleotide
exchange factors (GEFs) activate GTPases, and understanding the role of
individual GEFs during angiogenesis is imperative.

DOCK4, a Rac1 GEF, is a regulator of lumen formation (Abraham et al., 2015).
Whilst the studies show that DOCK4 operates downstream of VEGF signalling to
control filopodia formation and sprouting, it's potential role downstream of FGF
signalling has not been investigated. Therefore, to expand upon the
understanding of DOCK4 function within angiogenesis, in this chapter DOCK4
signalling was investigated and | have shown that under conditions of FGF
stimulation: (i) DOCK4 suppresses angiogenesis but lumen formation is not
affected by DOCK4 knockdown; (ii) DOCK4 is not a regulator of lateral adhesions;
(i) DOCK4 suppress proliferation and therefore stimulates cilia incidence.
Moreover, iv) the paracrine activity of HUVEC towards other ECs is independent
of DOCK4.

The organotypic co-culture of HUVEC with HDF in the co-culture assay is an ideal
method to observe the effect of DOCK4 on tubule morphogenesis as it provides
the opportunity to investigate different stages of tubule growth. This method of
organotypic co-culture (Abraham et al., 2015) was used as an in vitro model for
this study on a culture plate (2D) and in the microfluidic device (3D) with fluid flow
around and inside tubes as described in chapter 3. For vascular tubules to
develop in the co-culture system, growth factors are added to stimulate growth
up to day seven after seeding HUVEC onto confluent fibroblasts, after which time
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formation of tubes with lumen requires a period of lack of stimulation with growth
factors. Therefore, FGF only was added to the co-culture for seven days and then
effect of DOCK4 knockdown was observed on either day 7 or day 14 after
seeding. Tubules go through multiple stages of angiogenic growth and tubule
morphogenesis as described in (Figure 3.1 B) with sprouting observed by IHC
using CD31 staining on day 7 (Hetheridge et al., 2011) (Figure 5.2), and lumen
formation detected by IF using podocalyxin staining on day 14 (lumenised length,
Figure 5.3).

The two pro-angiogenic growth factors FGF and VEGF establish various
phenotypical blood vessel growth responses throughout angiogenesis (Stewart,
L., PhD Thesis). DOCK4 was previously described to be necessary for
stimulation of angiogenesis under VEGF conditions (Abraham et al., 2015).
Surprisingly, | found that DOCK4 is suppressor of FGF driven angiogenesis.
Furthermore, whilst there was a decrease in lumenised length with DOCK4
knockdown under VEGF conditions, there was no significant difference in
lumenised length with DOCK4 knockdown under FGF conditions (Figure 5.3).

Studies show that lateral adhesions between endothelial cells precedes the
opening of a lumen as shown by the apical localization of podocalyxin (Abraham
et al., 2015). FGF and VEGF may stimulate lateral adhesion in different ways.
However, the increase in FGF driven lateral adhesions does not appear
associated with increase in lumen formation under FGF conditions (Figure 5.3).
On the other hand, there was trend for increase of both lateral adhesion and
lumenised length with VEGF stimulation. It appears that DOCK4 may be
necessary only for lateral adhesion under condition of VEGF but not FGF
stimulation. These results show that DOCK4 does not regulate lateral adhesion
and is not required for lumen formation under conditions of FGF stimulation. This
needs to be further confirmed in repeat experiments to conclude and obtain
statistical significance.

Altogether, the results presented in this chapter show a different role of DOCK4
in FGF compared to VEGF driven angiogenesis. Although DOCK4 stimulates
angiogenesis under VEGF conditions, it suppresses FGF driven angiogenesis.
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Chapter 6

Discussion
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6.1 Introduction

Angiogenesis requires rearrangement of intercellular junctions, acquisition of tip
cell morphology, extension of filopodial protrusions and migration of endothelial
cells to form new blood vessels. Dynamic alterations of the endothelial cell actin
cytoskeleton are required for all of these processes (Abraham et al., 2015).
Complex regulation of the actin machinery via actin nucleation, extension and
branching orchestrated by the Rho family of small GTPases activated by
numerous angiogenic stimuli is required for the alterations in endothelial cell
shape during sprouting and migration. However, how endothelial cells sense and
transmit biomechanical stimuli is still only partially understood.

In this study, | established a 3D cell culture perfused system of endothelial cells
in the microfluidic device that can be used as a new vascular model and can be
applied in angiogenesis, vascular disease, cancer research, and drug

development screening.

At the start of this project it was not understood whether the Rac1 GEF DOCK4
operated downstream of FGF signalling and whether DOCK4, and if ROCK or
cilia have an effect on blood vessel lumen formation and expansion under
conditions of flow. In this thesis | show that although DOCK4 operates
downstream of VEGF to stimulate proliferation and sprouting, it acts as an
angiogenic suppressor in the presence of FGF. Furthermore, ROCK which has
been shown to be a key regulator of ciliogenesis, is necessary for lumen
formation under conditions of fluid flow. | have shown that cilia which are
mechanosensors of fluid flow are necessary for lumen formation and lumen

expansion.

160



6.2 Forming a closed circulatory system of perfused endothelial tubes in
the microfluidic device

The primary function of the circulatory system is respiratory gas exchange and
delivery of nutrients and hormones to cells. Respiratory gas exchange needs
transit time which is low enough to allow equilibration of oxygen and carbon
dioxide concentrations, and high enough to inhibit clot formation by maintaining
shear rates. Natural blood shear rates and velocities in human capillaries range
from 100 to 500 s™' and 500 to 1500um/s, respectively depending on different
elements such as the specific tissue physiology, metabolic demand and
haematocrit (Hathcock, 2006) 424). The flow system developed in the microfluidic
device not only establishes interstitial flow during tubule formation, but also
provides force for fluid flow necessary for tube development and lumen
expansion. By changing the height of medium in the media reservoirs in the single
chamber device a wide range of shear stress can be provided and velocities that

represent the normal physiologic range.

Hence, the single chamber device has the ability to establish different flow rates
with changing the amount of media in reservoirs and as a result changes in
hydrostatic pressure that makes this system a useful tool to test vasculature
development in physiological and pathological conditions characterized by
changed interstitial flow, including wound healing, tumour development, and
exercise. Previous studies have shown that cells in a 3D matrix respond to
interstitial shear stress via membrane-bound receptors (Z. D. Shi et al., 2011).
Despite the interstitial flow rate of fluid flow passing throughout spaces between
pillars into tubes in the microchamber being variable, an interconnected
vasculature developed under different conditions. After 14 days different vessel
densities and diameter was observed within the single chamber. This microfluidic
device due to having 10 pillars that provide 12 pores for entrance of fluid flow and
perfusion within the tubules, establishes multiple tubes with larger diameter at the
sides compare to the middle part of the chamber. This hierarchy resembles
physiological blood vessel development, and it allows different calibre tube to be
analysed in the same time. The hierarchy of the endothelial tubes inside the

microfluidic device resembles the arteries and venules in the human body, as
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tubes forming at the sides of the chamber where fluid enters with higher shear
stress are up to 100um in diameter, whilst tubes in middle of the chamber where
there is lower shear stress are 8-15um in diameter.

Interestingly, although formation of a network of tubes was observed everywhere
within the single chamber, those on the side of the chamber exposed to a
supraphysiological flow, showed higher perfusion network and anastomosis with
endothelial cells in the microfluidic channel. This shows parallels with the
observations by le Noble et al. (2008) that fluid flow drives vessels to fuse to
produce large arteries and veins. Furthermore, interstitial flow is necessary for
filtration, and pathophysiological alterations of this flow can cause a vasculature
remodelling response. Previous studies have demonstrated increase in interstitial
flow of 4-10um/s in a matrix can stimulate TGF-B4 production and drive the
differentiation of fibroblasts to myofibroblasts and rise in production of collagen
(Ng & Swartz, 2003) (Ng et al., 2005). In my model, elevated interstitial flow may
stimulate migration of endothelial cells towards the pores between the pillars thus
forming tubes with higher diameter and stimulating anastomosis. Alternatively,
faster vasculature development and expansion could be due to exposure of the
cells to a higher interstitial flow, and as a result increased mass transport through
convection of nutrients (Hsu et al., 2013).

My experimental protocol focused on manipulating the endothelial cells and
observing the effects of cilia and cytoskeletal regulators on tubule formation and
lumen expansion in perfused tubes. However, the same approach can be utilised
to regulate and determine additional variables related to the tissue
microenvironment, such as: nutrient and growth factor concentration, pH, oxygen
tension, and waste products. Moreover, the system can be used to establish
optimal conditions for vasculature growth or cell proliferation in the tissue

microenvironment, or screening of different drugs and at varying concentrations.
Drugs can be potentially absorbed by the microcirculation and can either

influence the microvascular system directly, or can be transferred to a distant site.

In the same way, tumour cells as it was shown can either stay inside the
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vasculature or adhere to the vasculature wall and extravasate to a targeted
organ. Hence, the ability to monitor drugs or toxins, to determine vascular
permeability, or to understand the direct effects of chemicals on the
microcirculation is massively important in understanding the integrated effect of
an individual compound. Moreover, for all established micro-physiological
systems that recapitulate complicated and metabolically demanding organ
functions, such organoids and tumours on-chip a functional vasculature is
needed in to supply with nutrients and to remove waste products. Furthermore,
filtration requires a semi-permeable vessel wall that can retain large proteins.
Capillaries normally retain proteins bigger than 70kDa (Enis et al., 2005) which is
consistent with the forming tubules filtration in my microfluidic device. In my model
| used 70kDa fluorescent dextran to test if they are retained inside the tubes.
First, the dextran was stuck inside the forming tubules and after few minutes

extravasated from the vessel wall.

In addition to all of these applications, my work demonstrates that many different
traits of angiogenic blood vessels can be observed in this device; for example,
observing intussusceptive angiogenesis and formation of pillars. Intussusceptive
pillars form initially by changes in blood flow (Burri et al., 2004) and their
extension depends on intravascular fluid flow (Mentzer & Konerding, 2014).
Interestingly, | observed pillar-like structures forming in the tubes in a process
akin to intussusceptive angiogenesis (Figure 3.15). That could be as a result of
alteration in fluid flow within the perfusable tubes, because in my model shear
stress is reduced with time after filling the reservoirs due to the decrease in
hydrostatic pressure, which is then re-established when the reservoirs are re-
filled. Despite the many different model systems of angiogenesis available, there
are currently no reliable histologic markers or convincing in vitro models of
intussusceptive pillars (Mentzer & Konerding, 2014). Further characterisation of
my system for example by RNA sequencing analysis of micro-dissected tubes
with pillars could provide potential markers of intussusceptive angiogenesis that
may be tested in vivo, thus validating intussusceptive angiogenesis in the

microfluidic model.
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The exact cellular mechanisms of contribution of incoming ECs to vascularisation
are unknown. In this study, ECs added to an established network in the
microfluidic system were marked with a fluorescent marker which made it
possible to observe how incoming endothelial cells communicate and interact
with established tubes under conditions of flow. In the same way as adult
vasculogenesis during capillary formation post ischemia (Asahara et al., 1997),
or in tumours (Bussolati et al., 2011) when EC progenitors are mobilised from the
bone marrow and contribute to vascular formation, in this system endothelial cells
were injected into a device containing pre-formed endothelial tubes. | showed
that incoming ECs can contribute in tubule development by interacting with ECs
in pre-established tubes, and cooperate in the process of angiogenesis, lateral

adhesion and lumen formation.

In the process of EC interaction inside the microfluidic device, there is retraction
that resembles pruning in pre-established vessels (Korn & Augustin, 2015), and
incoming cells appear to follow the tracks of empty sleeves (Brown, 2010) and
generate the tubules along those pre-existing passes. Strikingly, ECs added to
the microfluidic channels can also be found inside the pre-established tubes from
where they integrate within the vessel wall (Figure 3.18) and (Figure 3.20). All
these processes can be investigated further and analysed in detail in future
studies employing the microfluidic device.

6.3 Role of cilia and ROCK in lumen formation and expansion

The establishment of a functional vasculature features complex cellular
mechanisms including rearrangement of cellular junctions to pattern ECs into
vessels and to form venous and arterial hierarchies. The first step in the formation
of perfusable blood vessels is tubulogenesis that can take place in the absence
of flow (Y. Wang et al., 2010). The next step is the process of blood vessel
morphogenesis, including lumen formation, which is essential for the
transformation of cords into a tube that is perfusable. Lumen expansion and
maturation that allows formation of perfusable system of blood vessels takes
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place after conditions of fluid flow (Herwig et al., 2011) (Lenard et al., 2013).
Alteration in blood flow or velocity has various effects on ECs, causing changes
in vasculature phenotypes and functions, a process known as hemodynamic
stimulation (Chistiakov et al., 2017). It is believed that primary cilia, which extend
into the vascular EC lumen, act as fluid flow sensors that transmit extracellular
signals into the cell (R. Pala et al., 2017) and make changes in the orientation
and positions of ECs. Therefore, cilia have been proposed to be regulators of
lumen formation and lumen expansion by mechanosensing of blood flow
(Ernandez et al., 2017).

It is thought that endothelial membrane biosensors sense chemical and
mechanical signals in the blood and transduce them into intracellular signalling
cascades. These then regulate cellular processes that include ion transport, cell
proliferation, gene expression and cell death. Moreover, the primary cilium is
known to be a biosensor of shear stress (Atkinson et al., 2019). To substantiate
this observation, | used microfluidic device to form a closed circulatory system of
endothelial cells that are perfusable and to ascertain the possible role of primary
cilia in mechanotransduction of flow and its effect on lumen formation. The
hypothesis of mechanosensing of blood flow by cilia arises from the fact that
primary cilia have been already implicated in sensing of the chemical cues and
the mechanical forces (Masyuk et al., 2006) (Kwon et al., 2010) (Jin et al., 2014)
(K. L. Lee et al., 2015). For example, primary cilia sense the microenvironment
in the Caenorhabditis elegans nervous system and are required for
chemosensation (Bae & Barr, 2008). Epithelial cells that line the renal collecting
duct display primary cilia (Ernandez et al., 2017) and loss of primary cilia in the
choroid plexus results in autocrine signalling defects and mis-regulation in
production of CSF (Narita et al., 2010).

In this current study, it has been shown that cilia affect angiogenesis both in the
absence and the presence of blood flow. The purpose of this study has been to
investigate the role of cilia on tubule formation in the absence of fluid flow, and
the effect of conditional ablation of cilia on lumen formation and lumen expansion
under conditions of flow in the closed circulatory system of perfusable tubes.
Interestingly, primary cilia on ECs appear in early stages of angiogenesis when
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there is no fluid flow and many crucial changes throughout vascular
morphogenesis happen independently of fluid flow (Eisa-Beygi et al., 2018). This
suggests that the role of primary cilia in early stages can be different from their
roles in regulating vasculature by flow sensing. However, the enrichment of
primary cilia situated on the sides of the budding intravascular spaces that form
the boundaries of angiogenic capillaries suggests that primary cilia have a
fundamental role during endothelial lumen formation (Eisa-Beygi et al., 2018). In
this current study, cilia were knocked down in ECs using an inducible shRNA
system, and tubules were formed by co-culture of ECs with fibroblasts in the
absence of fluid flow to mimic the early stages of angiogenesis. | showed that
cilia control tubule formation in early stages without fluid flow in the in vitro 2D

system, and total tubule formation was decreased in the absence of cilia.

Gebala et al. (2016) showed that flow forces expand a provisional vessel lumen
through deformations of the endothelial apical membrane, resulting in actomyosin
recruitment and contraction. An in vivo study by J. G. Goetz et al. (2014) using
zebrafish has shown that primary cilia of ECs sense haemodynamic forces and
affect EC remodelling. An additional study showed that primary cilia can also
control the directional migration and barrier integrity of ECs through actin
cytoskeletal organization (T. J. Jones et al., 2012) (Ma & Zhou, 2020). To test the
effect of cilia on lumen formation and lumen expansion due to sensing blood flow,
| tested tube formation following conditional ablation of primary cilia in ECs under
conditions of flow, and then observed the process of lumen formation and lumen
expansion. | showed that cilia regulate tubule and lumen formation and, more
importantly, lumen expansion under conditions of fluid flow in the microfluidic

device.

The involvement of cilia in regulating lumen formation and lumen expansion
under conditions of flow is poorly understood. In order to investigate it further and
visualise cilia in endothelial cells and to have the ability to track movement and
alteration in the shape of cilia, | made a construct of HTR6-CFP2 that enables
live-cell imaging of EC cilia. However, due to the limited size of stages on all
available inverted microscopes, | was unable to do live-cell imaging of the
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microfluidic device with attached reservoirs, in order to visualise cilia during flow

sensing. An appropriate microscope is needed for this purpose in future studies.

Cellular and molecular mechanisms underlying the cilia mechanosensing of
blood flow remain elusive. IFT proteins are crucial for formation and maintenance
of cilia (Huangfu et al., 2003) (Huangfu & Anderson, 2005) and mutations in IFT88
results in either absent or very shortened cilia (Bay & Caspary, 2012). This study
showed that IFT88 knockdown and as a result cilia loss supressed lumen
formation and lumen expansion. It has been shown that cilia regulate sonic
hedgehog (Shh) and Wnt/beta-Catenin signalling (Haycraft et al., 2005) (Corbit
et al., 2008) and IFT88 transports proteins such as Hedgehog (HH) and Wnt
signalling components during cilium-related signalling (S. C. Goetz & Anderson,
2010). The regulatory mechanism of lumen formation and lumen expansion by
cilia could be related to Shh signalling pathway and transportation of mediators
by IFT88. Shh is known to be controlled by cilia and loss of cilia is associated
with decreased Shh signalling (Bangs & Anderson, 2017) which is consistent with
the known effect of Shh signalling on promotion of blood vessel development,
maturity and integrity (Kusano et al., 2004) (Chapouly et al., 2019). Shh signalling
promotes SMC proliferation (H. Li et al., 2012) (Morrow et al., 2007) and survival
(Sicklick et al., 2005) (Morrow et al., 2007) (G. Wang et al., 2010), whereas
decreased expression of Shh caused pericyte loss and increased capillary
permeability (H. Huang et al., 2015). Therefore, cilium defects may cause
defective mural cell recruitment, including pericytes and smooth muscle cells,
leading to the impairment of angiogenesis. Furthermore, Shh signalling has been
shown to play a role in pathological angiogenesis in cancer and ischemia (Pola
et al., 2003) and to control vascular maturation (Lawson et al., 2002). It also
promotes vascular integrity via maintenance of intracellular junctions of ECs at
the BBB (Alvarez et al., 2011) and in peripheral tissues (Caradu et al., 2018).
Furthermore, a study in zebrafish showed that when there are cilia defects due
to perturbed Shh signalling, this is associated with intracranial haemorrhage.
Conversely, the risk of cerebral haemorrhage decreased following activation of
Shh signalling (Kallakuri et al., 2015). In summary, these observations show that
primary cilia in ECs may regulate blood vessel integrity via the Shh signalling

pathway.
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Since cilia affect angiogenesis in the absence of flow, Shh signalling can also be
a regulator of tube formation in the absence of fluid flow. Studies have shown that
during the early stages of vasculature tubulogenesis Shh signalling is required
for angioblast assembly and tube formation during development of the aorta
(Vokes et al., 2004) and in the yolk sac (Byrd et al., 2002). Shh signalling also
has a role in embryonic angiogenesis (Pola et al., 2003). Therefore,
mechanosensation by primary cilia during early stages of angiogenesis could
also be regulated by Shh signalling.

Cilia deflection in vivo increases with increasing fluid flow, and this has been
suggested to correlate with increased intracellular calcium levels in the ECs (J.
G. Goetz et al., 2014). Furthermore, dynamic regulation of cilium length is
interlinked with cellular calcium flux (Besschetnova et al., 2010). Endothelial cilia
control vascular function via calcium and NO signalling (Nauli et al., 2008).
Therefore, these studies suggest that decreased lumen formation and lumen
expansion as a result of cilia loss may be due to altered calcium flux in endothelial
cells. A number of studies have demonstrated that shear stress of fluid flow
triggers ciliary calcium signalling (Jin et al., 2014), and therefore one of the
mechanisms that mediates the transduction of flow by cilia could be calcium level
which can be affected in response to flow.

Several cellular processes associated with EC migration such as stress fibre
rearrangement, actomyosin contraction and focal adhesion formation (Lamalice
et al., 2007) are regulated by ROCK (Liu et al., 2018). ROCK is a downstream
effector of the small GTPase RhoA and can affect both cilia and the endothelial
cytoskeleton (Ridley & Hall, 1992). Defects of the actin cytoskeleton seem to
cause many of the cellular phenotypes observed in ciliopathies (Valente et al.,
2010) (M. Adams et al., 2012) (Hernandez-Hernandez et al., 2013). Therefore,
the effect of cilia ablation on lumen formation could be mediated through
cytoskeletal changes mediated by ROCK.

Previous work in our lab by Dr Gary Grant showed that using a ROCK inhibitor
(Y-27632) increased cilium length in hTERT-RPE1 and endothelial cells (Grant,
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G., PhD Thesis) (Kakiuchi et al., 2019). Furthermore, in a whole genome siRNA-
based reverse genetics screens in the Johnson lab, ROCK2 was identified as the
strongest positive regulator of cilia formation (Wheway et al., 2015). Therefore,
effects of ROCK inhibition on tubule and lumen formation could be due to
deregulation of cilia. To test this further, | used ROCK inhibition at different stages
of lumen formation and observed results on days 8,12 and 16. The results
showed defects in lumen formation with ROCK inhibition similar to the results
observed with inducible cilia ablation. Consistent with this notion delocalised cilia
and haemorrhages were observed in cerebral blood vessels in ROCK2 knockout
embryos (Grant, G., PhD Thesis).

6.4 DOCK4 suppresses angiogenesis downstream of FGF signalling

VEGF stimulates key events of the angiogenic process including endothelial cell
survival, proliferation and migration. VEGF signalling to Rho GTPases results in
actin polymerization and formation of stress fibers and filopodial protrusions, and
recruitment of vinculin to ventral plaques (Rousseau et al., 1997) (Rousseau et
al., 2000). Previous work in our laboratory in a heterozygous DOCK4 depleted
murine model of hindlimb ischemia has shown that DOCK4 knockdown
stimulates angiogenesis in the lower limb but inhibits reperfusion (Stewart, L.,
PhD Thesis). Both VEGF and FGF have been shown to drive angiogenesis in
limb ischemia (Stewart, L., PhD Thesis). FGF stimulates the angiogenic
phenotype including enhancement of endothelial cell proliferation, migration and
expression of specific integrins (Moscatelli et al., 1986) (Klein et al., 1993) (Klein
et al., 1996). As DOCK4 was previously shown by this group to be necessary for
VEGEF driven filopodial protrusions and sprouting angiogenesis | investigated how
DOCK4 influences angiogenesis driven by FGF.

Angiogenesis can occur through elongation or sprouting of developing
endothelial tubules both of which necessitate migration of a leading cell called
the tip cell (Gerhardt et al., 2003). Migration of ECs is driven by actin
polymerization with broad lamellipodia and filopodia at the leading edge
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extending and being stabilized by extracellular matrix adhesions. Fundamental
regulators of the actin cytoskeleton are members of the Rho family of small
GTPases that cycle between active GTP- and inactive GDP-bound states
controlled by GEFs and GAPs. Particularly, RAC1 activation is essential for EC
lamellipodia and filopodial extensions (Abraham et al., 2015). Expression of
DOCK4 stimulates RAC1 activation in cells (Lu et al., 2005) (Yan et al., 2006). In
addition to lamellipodia and filopodia RAC activity is essential for the formation of
endothelial cell-cell contacts (Fukata & Kaibuchi, 2001) (Sakisaka & Takai, 2004).
During angiogenesis, signalling to the actin cytoskeleton is crucial for growth
factor activity (Rousseau et al., 2000) (Fan et al., 2012). A study by Abraham et
al. (2015) demonstrates that DOCK4 is required for filopodia formation and
sprouting downstream of VEGF. The result suggests that DOCK4 is essential for
the regulation of RAC1-dependent sprouting under conditions of VEGF
stimulation. Since it has been illustrated that DOCK4 is important for
angiogenesis downstream of VEGF signalling, | investigate further if it also
operates downstream of FGF signalling. Changes in cell shape and the actin
cytoskeleton occur in response to FGF stimulation in a RAC1 and CDC42
dependent manner (J. G. Lee & Kay, 2006), hence | investigated whether DOCK4
operates downstream of FGF signalling. | showed that DOCK4 downstream of
FGF is not required for stimulation of angiogenesis and dynamic behaviour of
endothelial cells in developing tubules. As there was increased angiogenesis with
DOCK4 knockdown under conditions of FGF stimulation, this implies that DOCK4
plays a role as a suppressor of angiogenesis under FGF stimulation.

Both angiogenic factors VEGF and FGF impact angiogenesis through activation
of RhoG in ECs (Abraham et al., 2015). Abraham et al. (2015) has shown that in
VEGF driven angiogenesis SGEF (SH3-containing Guanine Nucleotide
Exchange Factor) and RhoG act upstream of RAC1 and DOCK4 to regulate
sprouting and branching, and the signalling module
SGEF—-RhoG—DOCK4—Rac1—-DOCK9—Cdc42 downstream of VEGF was
discovered (Abraham et al., 2015). Another study in the lab showed that FGF
activates RhoG via the GEF TRIO (Scarcia, M., PhD Thesis). Therefore, in ECs
VEGF activation of RhoG is via the GEF SGEF and FGF activation of RhoG is
via the GEF TRIO. However, the downstream signalling from RhoG may affect
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VEGF and FGF driven angiogenesis in opposing ways. It would be interesting to
elucidate whether like DOCK4, RhoG also suppresses FGF driven angiogenesis.

Interestingly, bF GF activates RAC1 and CDCA42 in ECs (Tkachenko et al., 2004).
FGF activates RAC1 downstream of syndecan 4 (S4) (Tkachenko et al., 2004)
and FGF activates RhoG to mediate RAC1 activation (Elfenbein et al., 2009).
bFGF signalling influences EC migration and angiogenesis through two
receptors; FGFR1 which is a receptor tyrosine kinase, and S4 which is a heparan
sulfate proteoglycan (Elfenbein et al., 2012) that signals via RhoG and RAC1
(Elfenbein et al., 2009). In the same study Elfenbein et al. (2009) showed that
RhoG interacts with DOCK180 and ELMO1 downstream of FGF to generate a
functional GEF complex that can activate RAC1 in fibroblasts. Therefore,
although DOCK4 also interacts with ELMO (Kanai et al. (2008) (Abraham et al.,
2015) this can be only downstream of VEGF, and not FGF signalling. It is possible
that in the absence of VEGF DOCK4 is available to participate in pathways that
suppress angiogenesis. Interestingly, DOCK180 has been implicated in
angiogenesis (Sanematsu et al., 2010) (Huttenlocher & Horwitz, 2011) (Zhao &
Guan, 2011) (Wary et al., 2012) and therefore it is plausible that like in fibroblasts
DOCK180 controls RAC1 activation in endothelial cells. It is also possible that
TRIO is involved, because it has been known that TRIO can act as a GEF for
both RhoG and RAC1 (Bellanger et al., 1998) (Blangy et al., 2000). It was shown
before in the lab that knockdown of TRIO results in tubules of shorter length in
the HUVEC-fibroblast co-culture assay (Scarcia, M., PhD Thesis) and TRIO has
been shown to be important in angiogenesis (Eelen et al., 2020) (Klems et al.,
2020). In future studies stimulation of ECs with FGF in presence and absence of
different GEFs using siRNAs followed by RAC pull-down activation assays can
determine which GEFs are required for RAC1 activation in conditions of FGF
stimulation. Because | have now established a more physiological model
incorporating fluid flow in the microfluidic device, knockdown of GEFs under fluid
flow and with FGF stimulation would provide a more accurate picture of what
processes are regulated by those GEFs.

| have found that DOCK4 suppresses angiogenesis via suppression of EC
proliferation. Interestingly, DOCK4 was initially described as a tumour suppressor
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in mouse osteosarcoma cells (Yajnik et al., 2003) and in glioblastoma promotes
loss of proliferation (Debruyne et al., 2018). Moreover, it has been shown that
DOCK4 regulates adherens junctions via RAC1 (Yajnik et al., 2003). It would be
interesting to find out whether RAC1 also suppresses proliferation under FGF
conditions, or whether the effect of suppression of proliferation by DOCK4 is
RAC1-independent, and whether DOCK4 suppresses proliferation via a different
mechanism that does not involve GTPase activation. It has been known that
DOCK4 is involved in Wnt signalling where it acts as scaffold protein to bring
together components of the APC- GSK3[ degradation complex of beta-catenin
(Upadhyay et al., 2008). Hence, as DOCK4 is a large protein (Sundaravel et al.,
2019) it can have RAC independent functions for example, such as the regulation
of levels of beta-catenin (Upadhyay et al., 2008). How DOCK4 suppress
proliferation and angiogenesis in ECs is unknown, but the mechanism can be
investigated by proteomics approaches and analysing DOCK4 interaction
partners such as cyclin dependent kinase (CDK) 1 (unpublished data in the
Mavria’s lab). In future studies it would be interesting to investigate whether
DOCK4 regulates beta-catenin in endothelial cells and whether it interacts with
CDK1 to control EC proliferation.

6.5 Concluding remarks

Taking everything together, in the microfluidic device, | have illustrated perfusion
of a living network of dynamic human vasculature in a microphysical system
which has potentially extensive therapeutic and diagnostic applications. Although
microfluidic technology is useful for studying many biological processes,
challenges remain in general and regarding the study of angiogenesis. First, the
design and operation of microfluidic devices rely on trial and error methods with
inadequate systematic optimization and secondly the effect of
microenvironmental factors on angiogenesis and EC migration are empirical with
restricted theoretical information (Kuzmic et al., 2019). Systematic optimisation
and incorporation of blood vessel supporting cell types in the microfluidic device
will provide improved organotypic models of angiogenesis in the future.
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Some of my experiments have n=1 or n=2 and they will need to be repeated in
future for the purpose of producing robust data for publication. Specifically, the
experiments relating to the role of ROCK on lumen formation (Figures 4.13,
Figure 4.14, and Figure 4.15) and the role of DOCK4 on lumen formation and
lateral adhesion (Figure 5.3 and Figure 5.4) will be repeated. However, the effect
of ciliary loss tested by two important ciliary proteins IFT88 and RPGRIP1L shown
in Figure 4.4 with two experiments and Figure 4.5 with one experiment, also
under conditions of flow shown in Figure 4.6 with three experiments and Figure
4.7 with two experiments are complete, given cilia ablation was by knockdown of
two different ciliary proteins.

Knowledge of the association between cilium defects and human diseases is
expanding, and blood vessel dysfunction has an important role in some ciliary
diseases. A better understanding of this association will be undoubtedly
beneficial to the treatment of vascular-related diseases. This study shows that
tubule formation and lumen expansion in the organotypic co-culture system is
influenced by the presence of cilia. Further research needed to supply new
strategies for the treatment of vascular diseases caused by endothelial ciliary
defects.

Many endothelial cellular processes are controlled by Rho family GTPases and
regulatory GEFs and GAPs. Understanding the role of individual GEFs and GAPs
will be critical in identifying new ways to improve vascularisation in ischemic
disease, or target angiogenesis in disease dependent on neoangiogenesis such
as cancer. In this study | investigate effect of ROCK and DOCK4 on
angiogenesis, but further investigation is necessary.
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