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Abstract 
 

The nucleus is a dynamic and highly adaptable structure, essential for eukaryotic cell 

survival and function. As the largest and stiffest organelle in the cell, the nucleus is 

especially sensitive to mechanical input. As a result, it is becoming increasingly evident 

that in addition to housing and protecting genomic material, the nucleus is capable of 

not only sensing but adapting and responding to its physical and biochemical 

environments. Considerable effort has been made in the past years to understand how 

mechanical cues can affect nuclear structure and nuclear processes. However, less is 

known regarding how the activation of cellular pathways and nanoscale organisation of 

nuclear proteins can affect local and overall nuclear mechanics and 

mechanotransduction. A link between nuclear activity and the mechanical properties of 

the nucleus also becomes more evident as chromatin arises as a major contributor to 

cell stiffness. The work presented in this thesis employed a multidisciplinary approach 

to study nuclear architecture and function – from large-scale nuclear adaptation to 

external stimuli and signalling pathways, to the nanoscale organisation of nuclear 

activity. As this thesis was written in manuscript format – as a collection of peer-reviewed 

publications or pre-print manuscripts submitted to different journals - my work is shown 

alongside that of others. For this reason, throughout the thesis, I use ‘we’ instead of ‘I’ 

when describing findings. For clarification on my individual contributions, I have detailed 

the work I performed for each manuscript at the beginning of each results chapter. 

In a first instance, this thesis describes how chromatin is a major contributor to the 

viscoelastic response of the nucleus to mechanical strains. An important outcome of the 

work shown here was the understanding that chromatin mechanics are not 

homogeneous throughout the organelle. The work led by Lherbette and myself proposes 

that chromatin crosslinking, possibly by regulatory DNA-binding proteins, is important in 

defining the material properties and the mechanical response of the nucleus (Lherbette 

et al., 2017). This suggests that nuclear activity can directly impact the mechanical state 

of the organelle. To test this, I then investigated how DNA damage and activation of 

DNA repair signalling pathways affects nuclear stiffness. My work shows that, following 

cisplatin treatment, ATM kinase-dependent large-scale chromatin decondensation 

causes nuclear softening (dos Santos et al., 2021). This further supports our hypothesis, 

showing a clear link between biochemical processes and mechanical changes to the 

organelle. Furthermore, it highlights the importance of proteins that modulate nuclear 

processes, such as DNA repair factors, transcription regulators and proteins that 

regulate chromatin architecture. 
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An example of a protein with important roles in transcription regulation and chromatin 

architecture is Myosin VI. This molecular motor is mostly known for cytoplasmic 

functions in cargo transport, endocytosis and cell adhesions. Interestingly, recent work 

has linked it to gene pairing events and RNA Polymerase II regulation. However, at the 

time of the work presented here, it was not yet clear how Myosin VI nuclear activation 

occurs or the molecular mechanism through which the protein performs it regulatory role 

in transcription. Here, we investigated how nuclear Myosin VI is activated and how this 

activity impacts RNA Polymerase II organisation and dynamics (Hari-Gupta et al., 2020). 

We defined a general activation model for Myosin VI, whereby interactions with binding 

partners, such as the nuclear dot protein 52 (NDP52) or Disabled-2 (Dab2) release the 

protein from its auto-inhibited state and allow its dimerization and motor processivity 

(dos Santos et al., 2020; Fili et al., 2017). This motor activity of Myosin VI is essential 

for RNA Polymerase II clustering at transcriptional sites. In particular, the work 

presented here proposes that molecular anchoring of nuclear Myosin VI on actin 

filaments could be essential for increased RNA Polymerase II binding times at 

transcription initiation sites, leading to higher transcription efficiency. 

As in Fili et al., we explored Myosin VI nuclear activity, we also uncovered novel nuclear 

roles for its binding partner NDP52 (Fili et al., 2017). NDP52 has been previously 

described in a cytoplasmic context, where, through interactions with Myosin VI and other 

autophagy adapters, it participates in the recognition and clearance of pathogens and 

damaged organelles. However, although NDP52 was first identified in the nucleus and 

shares high homology with a transcription coactivator (the Coiled-coil coactivator, 

CoCoA), until the study presented in this thesis, no clear functions had been attributed 

to the protein. My work indicates that NDP52 is involved in RNA Polymerase II 

transcription, through two possible mechanisms: either through direct interactions with 

transcription machinery and co-regulators, or through direct/indirect changes to 

chromatin structure (dos Santos et al., 2022). 

Overall, this thesis describes different aspects of nuclear architecture, from overall 

organelle structure to the spatial distribution of enzymatic nuclear activity.  
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1. Introduction - Nuclear mechanics 
and the spatial organisation of 
nuclear processes 

 

The nucleus houses the genetic information necessary for the activity and survival of the 

cell, but the nucleus is more than just a compartment to house DNA. Although the 

nucleus is the largest and stiffest cellular organelle, it is also a highly dynamic organelle 

that can sense the external environment and rapidly adapt (Heo et al., 2018; Kirby and 

Lammerding, 2018; Maniotis et al., 1997). The nuclear envelope comprises a double 

membrane—the outer nuclear membrane and the inner nuclear membrane—associated 

with various distinct transmembrane proteins, such as nuclear pore complexes and LEM 

(Lap2, emerin, and Man1)-domain proteins (Yang et al., 2017). This is followed by an 

assembly of lamin filaments at the nuclear interior that provides structural stability to the 

organelle and tethers chromatin to the nuclear envelope. From the outside, the nucleus 

is linked to the cytoskeleton through the Linker of Nucleoskleton and Cytoskeleton 

(LINC) complex, which also binds to the nuclear lamina (Crisp et al., 2005). This nuclear 

connectivity allows external signals to modulate nuclear functions, such as transcription 

(Alam et al., 2016; Mammoto et al., 2012) and DNA replication (Leno, 1992; Wang et 

al., 2018). Moreover, it may allow communication in the opposite direction (Figure 1). 

Within the nucleus, DNA associates to histone cores to form nucleosomes, the building 

blocks of chromatin. Through epigenetic regulation, chromatin can be packaged into 

different conformations and higher-order structures, which determine the accessibility 

(Klemm et al., 2019) of DNA to replication (Bellush and Whitehouse, 2017; Hayashi and 

Masukata, 2011), transcription (Dong and Weng, 2013; Miyamoto et al., 2018), and 

repair machinery (Hauer and Gasser, 2017; House et al., 2014). In this way, chromatin 

conformation and epigenetic marks are important for the spatial organisation of 

enzymatic processes within the nucleus and their efficiency. Higher-order compact 

chromatin structures, known as heterochromatin, are largely inaccessible and are 

usually associated with genomic regions of low transcriptional activity at the nuclear 

periphery (Pickersgill et al., 2006; Saksouk et al., 2015; van Steensel and Belmont, 

2017). Meanwhile, more open conformations of chromatin, also known as euchromatin, 

are easily accessible and represent areas of active gene expression (Solovei et al., 

2016; Stevens et al., 2017). 
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Figure 1 - Schematic representation of the interconnectivity between cytoskeleton, 
nuclear envelope and chromatin. The cytoskeleton is physically connected to the nuclear 
envelope consisting of the outer nuclear membrane (ONM) and the inner nuclear membrane 
(INM) through the LINC complex. The LINC complex is formed of trimers of SUN-domain proteins 
that bind different KASH-domain proteins at the nuclear membrane. LINC complexes can 
indirectly associate with intermediary filaments and microtubules through cyto-linker proteins or 
motor proteins, respectively, or directly interact with actin filaments. At the nuclear interior, the 
nuclear lamina tethers chromatin domains—lamina-associated domains—to the nuclear 
envelope. This allows effective mechanotransduction in the cell. 

 

Variations to the biochemical components of the nucleus and their spatial organisation 

result in changes to the physical properties of the organelle and its morphology. The 

nuclear mechanical properties, comprising the viscoelastic behaviour and plasticity of 

the organelle, are tightly linked to cellular function and vary between cell stages and 

types (Pajerowski et al., 2007). Therefore, the physical properties of the nucleus and its 

mechanosensing capabilities largely influence the regulation of nuclear enzymatic 

processes. 

There are four major contributors to nuclear shape and the mechanical properties of the 

nucleus: the magnitude of cytoskeletal forces exerted on the organelle, the composition 

and thickness of the nuclear lamina, the level of chromatin compaction within the 

nucleus, and the activity of proteins that modulate DNA structure (Figure 2). 
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Altered nuclear morphology and mechanics are usually accompanied by changes in 

gene expression, sensitivity to DNA damage and cell function (Brandt et al., 2006; Dahl 

et al., 2008; Nader et al., 2021; Wang et al., 2016; Webster et al., 2009). Changes in the 

shape and size of the nucleus have been reported for different diseases, and in some 

Figure 2 - Major contributors to nuclear morphology and mechanics. There are four major 
contributors to nuclear mechanics in the cell. (i) Cytoskeletal forces determine nuclear shape and 
morphology. Increased actin polymerisation leads to higher nuclear tension. (ii) The nuclear lamina 
is one of the major contributors to nuclear stiffness. This meshwork of intermediary filaments at the 
nuclear periphery is important for nuclear stability and chromatin organisation. Higher levels of lamin 
A/C or a thicker nuclear lamina lead to increased nuclear stiffness. (iii) Chromatin behaves as a 
crosslinked polymer gel. As a result, changes in chromatin organisation and levels of 
heterochromatin and euchromatin directly affect nuclear shape and mechanics. (iv) Regulation of 
chromatin architecture is dependent on the activity of several factors, such as cohesins, that allow 
crosslinking of chromatin and the formation of higher-order structures. The activity of these proteins 
can affect local and global chromatin conformation and, hence, is important for nuclear mechanics. 
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cases, this can also be used to help diagnosis. For example, abnormally shaped nuclei 

can be found in cardiomyopathies, progeria and in cancer. In particular, nuclei of cervical 

cancer cells present herniations or blebbing, and this constitutes part of the Pap smear 

test diagnosis (Papanicolaou and Traut, 1941); in breast cancer, nuclear pleomorphisms 

(altered nuclear morphology) are used for tumour grading and this correlates with patient 

outcome (Dunne and Going, 2001). It is therefore essential to understand how these 

changes in nuclear morphology arise, how they reflect altered mechanical properties of 

the nucleus and how this affects overall cellular function, mechanosensing and force 

transduction. 

This work discusses how structural components of the nucleus contribute to the physical 

properties of the organelle, paying special attention to the newly emerging data on the 

importance of chromatin architecture and dynamics to nuclear morphology and stability. 

We also discuss how nuclear processes such as DNA repair and transcriptional activity 

might be interlinked with chromatin organisation and nuclear mechanics. In particular, 

we highlight the importance of proteins that regulate the nanoscale organisation of 

enzymatic processes in the nucleus and their potential impact on the mechanical 

environment of the nucleus. 

1.1. Contributing Factors to Nuclear Mechanics 
1.1.1. Cytoskeletal Forces in Nuclear Mechanics 

 

Mechanotransduction refers to the process by which cells respond to external 

mechanical cues through the activation of biochemical pathways, changes in structure, 

and activation or repression of specific genes. This is a key mechanism for sensing and 

adapting to the extracellular microenvironment. The nucleus is the largest and the most 

mechanically prominent organelle in the cell, and so it would be expected to play a 

dominant role in cellular mechanics. It is, therefore, not surprising that it has been 

receiving increasing attention in the field of cell mechanics over the last decade. 

Extracellular forces propagate into the nucleus through the LINC complex, located on 

the nuclear envelope. The LINC complex physically connects the nucleus to the 

cytoskeleton and, therefore, to cellular adhesions that can sense the mechanical 

microenvironment. Disruption of the LINC complex results in defective force transduction 

from the cytoplasm to the nucleus and is shown to disrupt the expression of 

mechanosensitive genes (Banerjee et al., 2014; Lombardi et al., 2011). This occurs, at 

least in part, because cytoskeletal forces can directly affect the localisation and nuclear 
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import of mechanosensitive transcription regulators. One functional example is the Yes-

associated protein (YAP) and its transcriptional coactivator with PDZ-binding motif 

(TAZ). The mechanical regulation of YAP/TAZ requires cytoskeletal integrity and a 

functional LINC complex (Elosegui-Artola et al., 2017). As a result, translocation of 

YAP/TAZ to the nucleus and consequent activation of YAP-dependent genes varies 

according to extracellular matrix rigidity (Calvo et al., 2013; Chaudhuri et al., 2016), 

cytoskeletal formation (Das et al., 2016), LINC complex integrity (Driscoll et al., 2015), 

and nuclear stiffness (Elosegui-Artola et al., 2017; Koushki et al., 2020). 

Cytoskeletal forces also contribute to the regulation of nuclear movement, shape, 

orientation and morphology. In extreme cases, the accumulation of aberrant actin fibres 

around the nucleus can induce actin-dependent nuclear deformation through increased 

nuclear tension and lead to blebbing, herniation and even rupture of the nuclear 

envelope (Wesolowska et al., 2020). Equally, chemical or genetic perturbation of the 

cytoskeleton results in deficient force transmission to the nucleus. 

The tissue microenvironment is an important factor in cytoskeletal formation and 

structure, and hence it is a key determinant of the mechanical forces transmitted to the 

nucleus. The discovery of focal adhesions – multiprotein complexes that enable 

mechanical transduction from the outside of the cell to the inside - in the 1970s started 

shedding light on how the extracellular matrix impacts cellular functions (Abercrombie 

et al., 1971; Curtis, 1964; Izzard and Lochner, 1976). We now know that the actomyosin 

cytoskeleton is attached to focal adhesions and, therefore, also in contact with the 

extracellular environment (Chen et al., 1997; Wang et al., 1993). This allows the cell to 

sense substrate rigidity and respond accordingly. One consequence of stiffer 

extracellular matrix microenvironments is the strengthening of cytoskeletal links to focal 

adhesions (Choquet et al., 1997). The cytoskeletal response to biophysical cues of the 

extracellular environment has been shown to impact cell migration (Hynes and Lander, 

1992; Lauffenburger and Horwitz, 1996; Mitchison and Cramer, 1996) cellular 

differentiation (Flaim et al., 2005; Smith et al., 2018b), as well as cell cycle and division 

(Théry et al., 2005). As the nucleus is interconnected to the cytoskeleton, the mechanical 

environment of the cell is rapidly transmitted to the nucleus. This is particularly important 

when studying cancer biology and therapeutic approaches to disease. We are beginning 

to have insight into the mechanical consequences of different microenvironments and 

how they affect nuclear processes such as DNA repair, transcription and chromatin 

regulation. 
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However, studying the effects of cytoskeletal forces on nuclear processes comes with 

specific challenges. Many studies use drugs to disrupt cytoskeletal forces (Doss Bryant 

et al., 2020; Liu et al., 2010b; Rotsch and Radmacher, 2000; Streppa et al., 2018; Weihs 

et al., 2007; Würtemberger et al., 2020), and it is unclear how these may directly affect 

nuclear events, such as transcription or chromatin organisation. In the work presented 

in this thesis, for example, Latrunculin B is shown not only to disrupt cytoskeletal 

formation, through inhibition of actin polymerisation, but also nuclear actin and myosin 

functions, directly affecting transcription levels and the spatial organisation of RNA 

Polymerase II (RNAPII) (Hari-Gupta et al., 2020). Methods such as micropatterning 

(Bautista et al., 2019; Théry, 2010) or the use of gels as substrates for cells (Charrier et 

al., 2018; Rehfeldt et al., 2012b; Vertelov et al., 2016) are becoming increasingly 

common to change the stresses exerted upon the cytoskeleton. Although these do not 

allow complete disruption of the cytoskeleton, they can mimic different tissue 

microenvironments and permit the fine-tuning of cytoskeletal forces. The data are both 

easier to interpret and, in some cases, can be a good alternative to chemical disruption 

of the cytoskeleton. 

Accumulating evidence shows that actomyosin contractility around the nucleus has not 

only important repercussions to the deformability of the organelle, and therefore to cell 

migration and nuclear integrity, but it can also directly affect lamina structure and 

chromatin organisation. For example, using micropatterned substrates, Makhija and 

colleagues observed that cells lacking long stress fibres had reduced levels of lamin A/C 

expression, resulting in softer, more deformable nuclei. Interestingly, these cells also 

displayed increased chromatin and telomere dynamics, suggesting a direct relationship 

between geometric cell constraints and genome organisation (Makhija et al., 2016). 

Similarly, in rod photoreceptor cells, actomyosin deformation of the nucleus results in 

chromocenter clustering (condensed centromere heterochromatin regions) and inverted 

chromatin architecture, with euchromatin regions being redistributed to the nuclear 

periphery (Seirin-Lee et al., 2019). 

Although the molecular mechanisms that link cytoskeletal forces to chromatin regulation 

are still largely unexplored, spatial redistribution and misregulation of nuclear transport 

of transcription factors and chromatin regulators, such as transcription coactivator MKL1 

(Hu et al., 2019) or histone deacetylase HDAC3 (Jain et al., 2013), have been observed 

and could account, at least in part, for chromatin architectural changes. 

A challenge often encountered in the study of nuclear mechanics—especially when 

performing measurements on adhered cells—is the masking effect that the stiff 
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cytoskeletal fibres around the nucleus have on measurements. Indeed, small changes 

in nuclear mechanics can be imperceptible if measured under a fully-formed 

cytoskeleton. Because of this, many studies resort to the use of isolated nuclei, removing 

the cytoskeletal impact entirely (Dahl et al., 2005; Guilluy et al., 2014; Herráez-Aguilar 

et al., 2020; Newberg et al., 2020; Rowat et al., 2006). This has proven useful when 

comparing nuclei across different cell types, as shown in this thesis (Lherbette et al., 

2017), or to study how the expression of nuclear envelope components affects nuclear 

stiffness (Ferrera et al., 2014), or how the nucleus itself—and independently of cytosolic 

intervention—adapts and responds to external forces (Guilluy et al., 2014). The clear 

trade-off is the loss of physiological environment and understanding how nuclei in live-

cells respond to matrix stiffness, drug treatments, radiation or other challenges. The 

work here described attempts to overcome these limitations, through the use of atomic 

force microscopy (AFM), in live cells, but at initially adhered stages. In this case, cells 

are allowed sufficient time to attach to their surface but, with their cytoskeleton not yet 

fully formed, as shown through actin staining, the nucleus occupies most of the cell 

volume and is the most important contributor to cell mechanics (dos Santos et al., 2021). 

This has allowed the detection of mechanical changes that would have otherwise not 

been observed (dos Santos et al., 2021). 

Overall, there is a complex interplay of interactions between the nucleus and 

cytoskeletal components that contribute to the mechanics of the organelle, and much 

work is needed to understand how changes in cytoskeletal forces directly affect nuclear 

organisation and nuclear processes. 
 

1.1.2. The Nuclear Lamina 
The nuclear lamina is located between the INM and the chromatin. This is a dense, 

complex meshwork of proteins with a thickness up to 100 nm. It provides major structural 

support to the nucleus as well as support for a variety of nuclear functions, such as 

transcription, replication, DNA repair, and genome organisation. Lamina proteins fall into 

two separate classes, A-type and B type—lamin A and C, which are splice-isoforms of 

the LMNA gene—belong to the former and lamin B1 and B2, encoded by LMNB1 and 

LMNB2, respectively, belong to the latter (Dittmer and Misteli, 2011).  

Lamins belong to a class of proteins called intermediate filaments, which contain rod 

domains that are critical to the formation of the meshwork (Aebi et al., 1986). Post-

translational modifications of lamin proteins allow the regulation of this peripheral 

meshwork. One important post-translational modification is the farnesylation of both 
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lamin A and B at their C-terminal domains, which is thought to be important for the 

localisation and retention of these proteins at the nuclear envelope. Whilst lamin B is 

permanently farnesylated, lamin A is further processed by proteolytic cleavage, which 

includes removal of this group (Adam et al., 2013; Dittmer and Misteli, 2011; Sinensky 

et al., 1994). 

Whilst B-type lamins are expressed throughout development and in all nucleated cells, 

the levels of type-A lamins are reduced or not present at early embryonic stages. 

Expression of lamin A onset is highly varied in different tissues during development and, 

in some cases, such as for stem cells or cells of the hemopoietic system, lamin A is 

never expressed (Rober et al., 1990). 

The nuclear lamina is crucial for maintaining nuclear envelope integrity. Depletion or 

mutation of lamin components leads to severe nuclear instability, morphological defects 

in the nucleus and gives rise to disease, as in the case of laminopathies. For instance, 

in mice, loss of either lamin B1 or B2 leads to neuronal defects and perinatal death 

(Chen et al., 2019; Coffinier et al., 2011). Similarly, in humans, mutations in lamin A are 

associated with premature ageing and muscular malfunction, as observed in 

Hutchinson–Gilford progeria, muscular dystrophy, and cardiomyopathies (Schreiber and 

Kennedy, 2013). 

The morphological defects observed in the nucleus of cells with lamina defects are also 

indicative of the important role of these proteins in nuclear mechanics. This is not 

surprising, as expression levels of lamin proteins, but in particular of lamin A/C, scale 

with nuclear stiffness. Depletion of lamin A/C makes the nucleus softer and more 

deformable, whilst expression of a shorter and permanently farnesylated mutant version, 

progerin, confers higher stiffness to the nucleus. In both cases, the expression of 

mechano-responsive genes is severely disrupted (Lammerding et al., 2004; Pajerowski 

et al., 2007). Importantly, in these cells, nuclear processes such as chromatin structure 

regulation, DNA replication, DNA repair and gene expression are also invariably 

misregulated. 

The nuclear envelope is not mechanically isolated. Instead, it is physically connected to 

the cytoskeleton on one side, through the LINC complex, and to the chromatin, through 

lamina-associated domains (LADs) on the other. This means that mechanical changes 

to one of these components will have large structural implications for the others. For 

example, Swift et al. described how matrix and cytoskeletal stiffness could directly 

influence lamin A expression and turnover (Swift et al., 2013). In stiffer matrices, 

phosphorylation of lamin A, which promotes disassembly, is reduced, and this increases 
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total amounts of lamin A at the nuclear envelope, which in turn increases nuclear 

stiffness (Buxboim et al., 2014; Swift et al., 2013). Similarly, progerin-expressing cells, 

such as those from Hutchinson–Gilford progeria patients, display increased 

Filamentous-actin (F-actin) polymerisation and cytoskeletal stiffness, as well as reduced 

levels of heterochromatin (Mu et al., 2020). In these cells, destabilisation of microtubules 

to reduce cytoskeletal tension may be a promising therapeutic approach. It has been 

shown to restore nuclear morphology and alleviate premature ageing in progeria in mice 

(Larrieu et al., 2014). Conversely, a separate study also described how inhibition of 

histone demethylation, which directly leads to increased heterochromatin levels, also 

rescues morphological defects in progerin-expressing cells (Stephens et al., 2018). 

Chromatin function is highly dependent on its conformation. This includes correct 

tethering to LADs at the nuclear periphery. Loss of lamin A function, for example, leads 

to higher chromatin dynamics and more diffuse genomic loci, representative of higher 

levels of decondensed chromatin. Complete lamin loss results in detachment of LADs 

and disruption of global 3D chromatin-chromatin interactions (Zheng et al., 2018). 

Similarly, lamin B1 also has an important role in maintaining chromatin structure and 

distribution, especially at the nuclear periphery (Chang et al., 2020). As a result, lamin 

regulation and chromatin structure are tightly linked as key components of nuclear 

mechanics. Future insights into how changes to nuclear envelope components affect 

the mechanical properties of the nucleus will be especially important in the study of 

ageing and cancer, where a defective lamina is often found (Bell and Lammerding, 2016; 

Cenni et al., 2020; Martins et al., 2020; Robin and Magdinier, 2016; Scaffidi and Misteli, 

2006; Smith et al., 2018a). As nuclear integrity and nuclear mechanics are closely 

related (i.e., nuclear envelope rupture becomes more likely if the mechanical properties 

of the nucleus are compromised) (Agrawal and Lele, 2019; Xie et al., 2020), mutation or 

organisation defects on structural components of the nucleus is a major driver of 

genomic instability (Lim et al., 2016; Shah et al., 2017). In addition to lamin proteins, 

other NE components, such as emerin, which is not discussed here in detail, might also 

contribute to the overall organisation of the NE and to nuclear mechanics (Fernandez et 

al., 2022; Liddane and Holaska, 2021). 

1.1.3. Chromatin is a key component of nuclear mechanics 
 

Chromatin organisation is highly regulated through epigenetic histone modifications that 

determine local and global levels of DNA compaction (Bannister and Kouzarides, 2011). 

The degree of chromatin condensation and the nuclear content of hetero versus 

euchromatin affects not only nuclear size and morphology but also determines DNA 
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accessibility to transcription machinery and all forms of DNA processing (Jovtchev et al., 

2006; Klemm et al., 2019). In conventional nuclei, the highly compacted heterochromatin 

is spatially segregated from active, decondensed euchromatin, with the former usually 

occupying regions in the nuclear periphery and the latter in the nuclear core. 

Developments in genome-wide chromosome conformation capture (Hi-C) have shown 

that in addition to LAD formation, chromatin can also associate with itself to form sub-

compartments called topologically associated domains (TADs) (Dixon et al., 2012; Nora 

et al., 2012). 

We now know that chromatin is also a major contributor to nuclear stiffness and 

morphology. Historically, research has focused on the more clear-cut structural 

contributions of lamins, in particular, lamin A. Early experiments using micropipetting 

showed that the lamina dominates the mechanics of swollen nuclei, whilst chromatin is 

the main contributor to the mechanics of shrunken nuclei. Although this suggested two 

different types of mechanical contribution in the nucleus, chromatin is often regarded as 

a minor viscous component that flows upon applied force (Dahl et al., 2005; Mazumder 

et al., 2008; Pajerowski et al., 2007). This view of chromatin as a secondary mechanical 

component, less important than the lamina, has started to change, and some recent 

studies have now shed light on how chromatin architecture can affect nuclear stiffness. 

A recent report by Strickfaden et al. highlights this by showing that self-associated 

condensed chromatin behaves as a solid or elastic gel instead of a liquid. This indicates 

that the intrinsic mechanical properties of chromatin have an impact on overall nuclear 

mechanics and its response to external force stimuli (Strickfaden et al., 2020). 

In line with this, experiments by Chalut et al., using an optical stretching technique, show 

how nuclear deformability is directly related to the degree of chromatin condensation 

(Chalut et al., 2012). Furthermore, experiments using MNase, for chromatin digestion 

also show that its structure determines nuclear morphology and governs nuclear 

responses to short-extension strains (<30%) (Stephens et al., 2017). We now know that 

changes in nuclear mechanics and shape, including the occurrence of nuclear blebbing, 

can occur independently of lamina perturbation due to changes in the levels in 

euchromatin and heterochromatin. Overexpression of nucleosome binding protein 

HMGN5 leads to chromatin decondensation, increased nuclear area, morphological 

aberrations to the nuclear envelope and nuclear softening. In mice, this leads to 

premature death as a result of cardiac defects (Furusawa et al., 2015). Similarly, 

treatment with deacetylase inhibitor trichostatin A, which alters histone modifications and 

leads to chromatin decondensation, also results in nuclear softening and blebbing 

(dos Santos et al., 2021; Shimamoto et al., 2017; Stephens et al., 2018). 
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Trying to resolve individual mechanical contributions from the lamina and chromatin is a 

major challenge for the field of nuclear mechanics. Their physical linkage means that 

force measurements provide a composite value for the contribution of both components. 

New methodologies in force measurements could prove particularly useful. For instance, 

a combined AFM-side-view light-sheet fluorescence microscope developed by Nelsen 

et al. allowed the 3D (x/z cross-section) visualisation of live-cells whilst performing force 

measurements with high spatio-temporal resolution (Nelsen et al., 2020). In fact, Hobson 

et al. recently used this approach to propose a two-regime nucleus, where lamina and 

chromatin respond differently to volume deformation and nuclear-area stretching 

(Hobson et al., 2020). Using 3D fluorescent imaging of the nucleus combined with 

mechanical measurements could be a powerful tool not only to probe the mechanical 

behaviour of different nuclear components but also to look at force transduction from the 

cytoskeleton, or how nuclear processes, such as transcription and DNA repair, affect 

cell mechanics. For example, this correlative approach could enable visualisation, in 

live-cells, of the structural response of NE components to load; how the spatial 

organisation of NE proteins affects local and global nuclear mechanics; or allow 

activation and studying of signalling events as a response to mechanical stress (e.g., 

recruitment of proteins such as ATM kinase, 53BP1 to sites of damage or translocation 

of YAP/TAZ. transcription factors). 

Whilst mechanical differences between the lamina and chromatin are readily intuitive, 

differences within the chromatin itself at the nuclear interior are less so. Chromatin 

architecture is not homogeneous; its organisation is highly regulated, with different 

domains occupying different regions. This means that the nuclear interior is 

mechanically non-uniform. In the work presented here, we were able to detect 

mechanical variations within the nucleus, representative of a largely inhomogeneous 

chromatin interior. Two different mechanical regions within the nucleus could be 

observed, independently of the nuclear lamina — a more viscous periphery and a stiffer 

and predominantly elastic nuclear core (Lherbette et al., 2017). A new methodology that 

allows a more in-depth study of chromatin environments could be important to 

understand how changes to chromatin organisation influence the mechanical behaviour 

of the nucleus. 
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1.2. Regulation of Chromatin structure  
 

To understand the role of chromatin in nuclear mechanics, it is important to understand 

how chromatin is regulated in the nucleus. Nucleosomes, histone octamers (composed 

of H2A, H2B, H3 and H4 histones) wrapped in 147bp of DNA, are distributed throughout 

the genome, including at the promoter and enhancer regions of genes (Kornberg, 1977; 

Richmond and Davey, 2003; Segal et al., 2006). Nucleosome occupancy is highly 

variable and dynamic across the genome, creating a range of levels of chromatin 

accessibility: from closed high-order heterochromatin structures, to permissive 

chromatin or to highly dynamic and accessible DNA conformations (Figure 3) 

(Mieczkowski et al., 2016). Closed chromatin structures are usually associated with 

repressive states, whilst permissive chromatin is sufficiently accessible to binding of 

proteins, such as transcription factors, to target DNA-sequences (Figure 3), but it 

requires further modifications by chromatin remodellers, before processes such as 

transcription can occur (Klemm et al., 2019; Tsompana and Buck, 2014).  

 
 

Figure 3 – Chromatin accessibility for transcription. In the nucleus, chromatin can adopt a 
range of conformations – from closed and tightly packed chromatin to more permissive 
conformations or open and highly dynamic chromatin. Transcription factors can bind to 
permissive chromatin states and, through the recruitment of coactivators with chromatin 
remodelling activity, alter chromatin conformation to more open states that permit transcription to 
occur. 
 
 
Many different types of enzymes participate in chromatin organisation – the most 

prominent being DNA methyltransferases; covalent histone modifiers and ATP-

dependent chromatin remodellers.  
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1.2.1. Epigenetic Modifications of Chromatin 
 

DNA methyltransferases directly modify DNA to recruit gene repressors or inhibit binding 

of transcription factors (Moore et al., 2013). DNA methylation marks are much more 

stable than post-translational modifications of histones, and provide cell to daughter-cell 

gene silencing (Klose and Bird, 2006). Therefore, this process is more common in the 

regulation of lineage-specific genes that help shape organism development (Klose and 

Bird, 2006). On the other hand, histone modifications provide a versatile and dynamic 

mechanism for the regulation of nuclear processes, such as gene expression. In 

addition, they also act as recognisable marks for the recruitment of enzymes and co-

factors to chromatin, to regulate such processes. Histone acetyltransferases and 

methyltransferases are the most well-studied histone modifiers, but many other covalent 

modifications have been described (e.g. ubiquitylation, sumoylation, citrullination, 

phosphorylation) (Bannister and Kouzarides, 2011). 

Histone acetylation is commonly associated with open states of chromatin and active 

regions of transcription. During transcription, histone acetyltransferases (HATs), such 

as p300/CBP, are commonly recruited to regulatory elements coactivators of 

transcription (Bowers et al., 2010; Kim et al., 2006). They enable the addition of an acetyl 

group to a histone tail, which reduces the positive charge of the lysine residue where 

this modification occurs. This, in turn, weakens the interaction between nucleosomes 

and DNA resulting in more accessible chromatin (Bannister and Kouzarides, 2011). 

Conversely, Histone Deacetylases (HDACs) have the opposite function through their 

ability to remove acetyl groups from lysine residues, and often act as transcription 

repressors (Seto and Yoshida, 2014). Histone acetylation can occur on all core histones; 

however, H3K9ac and H3K27ac are the most commonly used marks to assess gene 

expression levels in cells – high levels of these marks being indicative of high 

transcriptional activity (Calo and Wysocka, 2013; Creyghton et al., 2010). 

Histone lysine methyltransferases (KMTs) and demethylases (KMDs) are another group 

of histone-modifying enzymes. There are three lysine methylation states – mono-, di- 

and tri- (me, me2 and me3, respectively). Unlike other types of histone modifications, 

which generally represent either repressed or active chromatin, for histone methylation 

this is highly dependent on the position and number of methyl groups attached (Black et 

al., 2012). Generally, H3K9 and H3K27 methylation is largely related to heterochromatin 

structure and repressive transcription states, whilst H3K4 and H3K36 methylation 

usually occurs at active genes. Transcription factors and coactivators are known to 

recruit H3K4 methyltransferases, to target genes (Narayanan et al., 2007; Tang et al., 
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2013; Yokoyama et al., 2004). Enhancers are usually found with H3K4me marks, whilst 

active promoters are enriched for H3K4me3, and H3K4me2 can be found at the 5’ end 

of transcribing genes (Heintzman et al., 2007; Kim and Buratowski, 2009; Santos-Rosa 

et al., 2002).  

Epigenetic changes are not uniquely linked to transcription regulation. For example, 

histone modifications have a major role in the DNA Damage Response (DDR). Following 

double-strand break (DBS) detection, caused by the ionising radiation or exposure to 

cytotoxic agents, histones H2AX in the vicinity of the lesion (2Mbp region adjacent to the 

break) are phosphorylated at Ser 139 (γH2AX). Phosphorylation of H2AX occurs 

through the activity of phosphatidyl inositol-3-kinase (PIKK) family members, which 

includes the ataxia telangiectasia mutated (ATM) kinase, DNA-PKcs and ATM- and 

RAD3-related (ATR) kinase (Burma et al., 2001; Fernandez-Capetillo et al., 2002; Lees-

Miller et al., 1992). The γH2AX epigenetic mark helps the creation of repair centres, 

known as repair foci, which act as signalling hubs for the rapid recruitment and 

accumulation of repair factors. Moreover, through the recruitment of additional factors 

to these regions, local chromatin conformation is known to change as a result of γH2AX 

formation (Paull et al., 2000; Sedelnikova et al., 2003). 

1.2.2.  Changes in chromatin structure through ATP-dependent 
chromatin remodellers 

 

Although covalent modifications on histones can be sufficient to induce small changes 

in chromatin conformation (e.g., histone acetylation loosening of nucleosomal DNA), 

they often act in concert with additional DNA-binding proteins that are capable of 

recognising the histone code to cause larger-scale changes in chromatin architecture. 

These include ATP-dependent chromatin remodellers; heterochromatin modulators, 

such as Heterochromatin Protein 1 (HP1); NE tethering proteins that allow chromatin 

domains to form at the nuclear periphery; cohesins; and general transcription factors 

and coactivators (Lauberth et al., 2013; Vermeulen et al., 2007). These interactions are 

crucial for the global organisation of chromatin in the nucleus, as they can determine 

chromosome positioning, gene expression activity, repair efficiency and cell cycle 

progression.  

Chromatin remodellers with ATPase activity, range from single small subunits, such as 

CHD1, to large multi-protein complexes (e.g. INO80 and SWI/SNF complexes) (Clapier 

and Cairns, 2009). These complexes can utilise the energy released by ATP hydrolysis 

to remodel nucleosome structure and change chromatin accessibility. Their activity 

includes exchanging canonical core histones (for example, the substitution of H2A/H2B 
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dimers for H2AZ/H2B at promoters) (Eberharter and Becker, 2004; Luk et al., 2010), 

nucleosome sliding (Willhoft et al., 2017) nucleosome eviction (Dechassa et al., 2010) 

and intra-chromatin folding to bring together regulatory elements of the same gene 

(Stadhouders et al., 2018). In the regulation of transcription, one of the main functions 

of ATP-dependent chromatin remodellers is nucleosome rearrangement at promoters. 

This is essential for transcription to occur, as regions of low nucleosome density are 

necessary to allow binding of transcription initiation factors (Imbalzano et al., 1994) and 

the activity of ATP-dependent chromatin remodellers is required for nucleosome eviction 

to enable the progression of elongating RNAPII through the gene body (Brown and 

Kingston, 1997; Schwabish and Struhl, 2007). Similarly, chromatin accessibility changes 

caused by remodelling complexes such as SWI/SNF and INO80 occur following DNA 

damage. This allows binding of repair factors and is important for repair efficiency 

(Bennett and Peterson, 2015; Cairns, 2004; Lans et al., 2012; Osley et al., 2007). 

1.2.3. Chromatin Crosslinking 
 

The highly targeted activity of different chromatin modulators means that chromatin 

conformation and mobility are irregular throughout the nucleus. Furthermore, many of 

these proteins alter the levels of chromatin crosslinking and, therefore, their interactions 

with DNA largely determine the levels of chromatin crosslinking. For example, lamins 

allow crosslinking of the chromatin to the nuclear periphery through interactions between 

heterochromatin and lamina-associated proteins and this is important in the regulation 

of global chromatin structure (Naetar et al., 2017; Ranade et al., 2019). Using liquid 

chromatin Hi-C, Belaghzal and colleagues recently showed that chromatin loci dynamics 

and association are largely determined by chromatin-associated factors, such as 

cohesins and lamins (Belaghzal et al., 2021). The authors found that chromatin behaves 

as a crosslinked polymer gel that, even upon digestion (within 10–25 kb), maintains its 

structural and mechanical connections. Furthermore, chromatin digestion at this scale 

did not affect nuclear stiffness, measured by micropipetting. Interestingly, after extensive 

chromatin digestion (<6 kb), loss of chromosome compartmentalisation was achieved, 

together with loss of chromatin-associated cohesins, which resulted in a 75% decrease 

in nuclear stiffness (Belaghzal et al., 2021). This indicates that compartmental 

segregation of chromosomes and nuclear mechanics are highly dependent on the 

crosslinking capabilities of proteins that modulate DNA structure. 

Cohesins are highly conserved protein complexes that can loop chromatin through their 

ring domain to create bundles that restrict chromatin movement (Ashwin et al., 2020; 

Nozaki et al., 2017). Together with the chromatin insulator CTCF, cohesin function is the 
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driver behind TAD formation and hence crucial for chromatin 3D organisation (Vietri 

Rudan and Hadjur, 2015; Wendt et al., 2008). CTCF/cohesin anchoring of chromatin 

has been shown to be important at different genomic length-scales, allowing the 

formation of long-range TAD compartments (megabase-sized), as well as intermediate 

(100 kb–1 Mb) and small-range (<100 kb) sub-compartments (Phillips-Cremins et al., 

2013; Sofueva et al., 2013). Heterochromatin protein 1 (HP1) is another protein that is 

known for its role in chromatin organisation. HP1 binds to H3K9me3-rich areas, which 

represent constitutive heterochromatin regions (Bannister and Kouzarides, 2011), and 

is capable of bridging nucleosomes (Canzio et al., 2011). This crosslinking effect of HP1 

is thought to stabilise compacted chromatin states and to be essential in 

heterochromatin phase separation (Larson et al., 2017; Strom et al., 2017) through the 

formation of membrane-less condensates. A recent report by Strom et al. also showed 

that HP1 chromatin crosslinking capabilities are important for nuclear shape 

maintenance, and its degradation leads to decreased chromatin stiffness and nuclear 

rigidity (Strom et al., 2020).  

Chromatin crosslinking also occurs at active chromatin regions. For example, the 

transcriptional coactivator BRD4 can create condensates at active super-enhancer 

regions (Sabari et al., 2018). Similarly, during transcription, RNAPII forms large 

molecular clusters with transcription factors, as it will be discussed later in more detail. 

These networks have not only been associated with phase separation events but also 

with the formation of transient chromatin bridges (Cisse et al., 2013). Interestingly, whilst 

active chromatin regions are usually associated with open and dynamic conformations, 

recent reports challenge this view by showing that the bridging effect of RNAPII and 

associated transcription machinery can, in fact, increase chromatin constraints, reduce 

chromatin mobility and possibly alter local stiffness (Ashwin et al., 2020; Nagashima et 

al., 2019). 

As chromatin becomes more prominent in the field of nuclear mechanics, it becomes 

obvious that processes and proteins that regulate DNA structure and conformation have 

a large impact on the mechanical properties of the nucleus. Chromatin landscape is 

tightly regulated throughout the cell cycle and can undergo global changes, depending 

on the transcriptional activity of cells. In fact, in order for RNA Polymerase II (RNAPII) 

to perform its function in gene expression, the activity of several chromatin modulators 

is necessary. However, how this may affect nuclear mechanics, both locally and globally, 

is not yet clear. Furthermore, DNA damage, occurring either through ionising radiation 

or genotoxic agents, such as chemotherapy drugs, can result in global relaxation of the 

chromatin and mechanical softening of the nuclear envelope (dos Santos et al., 2021). 
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Our knowledge of how these processes affect nuclear mechanics is still limited but may 

be of crucial importance.  
 

1.3. The Relationship between Nuclear 
Mechanics and Nuclear Processes 

1.3.1. DNA damage 
 

Having described the contributing factors to nuclear mechanics, we will now exemplify 

how this can impact cellular processes using DNA damage. DNA damage events 

continuously occur throughout the life cycle of a cell. Following DNA damage, the cell 

activates the DDR to ensure appropriate repair of lesions and their survival. Failure of 

these mechanisms leads to apoptosis or drives genomic instability leading to diseases 

such as cancer (Jackson and Bartek, 2009). Both DNA damage and the DDR lead to 

large nuclear reorganisation and to activation of different biochemical pathways that may 

result in changes to the mechanical properties of the nucleus. 

DNA damage can arise endogenously as a result of replication errors (Loeb and Monnat, 

2008; Viguera et al., 2001), topoisomerase activity (Deweese and Osheroff, 2009) or 

reactive oxygen species (ROS) (Cadet and Wagner, 2013). Conversely, external insults 

to the cell, such as ionising radiation or chemotherapy drugs, also cause significant DNA 

damage and genomic instability. Types of damage range from base-mismatches, 

adducts and crosslinks introduced into the DNA helix, single-strand DNA breaks or, the 

more deleterious and toxic, double-strand breaks (DSBs). In order to allow efficient 

repair and prevent the propagation of mutations to daughter cells, once a lesion is 

detected, DDR is activated, cell cycle progression is halted, and transcriptional activity 

becomes markedly reduced (d'Adda di Fagagna, 2008). This is accompanied by 

changes to the 3D organisation of chromatin (Mehta et al., 2013). 

Two key DDR components in mammalian cells are the Ataxia Telangiectasia-mutated 

(ATM) and the ATM Rad3-related protein (ATR) kinases. These early responders are 

recruited to sites of damage to initiate DNA damage checkpoints and are responsible 

for the phosphorylation of additional DNA repair factors that recruit and regulate repair 

machinery (Maréchal and Zou, 2013).  

DNA damage and repair are not independent of the chromatin architecture. Two very 

early studies highlighted this relationship by showing that more accessible, open 

structures of chromatin are more susceptible to nuclease digestion (Cleaver, 1977; 
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Smerdon and Lieberman, 1978). We now know that local chromatin dynamics change 

following DNA damage and how this may be important for DDR (Adam et al., 2015). For 

example, Hauer et al. describe how induction of a single DSB in yeast increases 

damaged chromatin flexibility and motility as a result of chromatin decondensation and 

histone eviction (Hauer and Gasser, 2017). This was dependent on the activity of ATP-

dependent chromatin remodelling complex INO80. Similarly, work in both yeast and 

mammalian cells show the recruitment of different remodelling complexes, such 

SWI/SNF family members, and changes to overall chromatin structure during DDR 

(Kruhlak et al., 2006; Lou et al., 2019; Lu et al., 2019; Murga et al., 2007; Strickfaden et 

al., 2016; Ziv et al., 2006). Chromatin relaxation is now considered to be an important 

part of DDR that improves repair efficiency. 

The chromatin context and nuclear positioning of the DNA lesion are also crucial 

determinants for DDR pathway selection (Clouaire et al., 2018; Kalousi and Soutoglou, 

2016; Scully et al., 2019). Lesions occurring in active transcription regions of 

euchromatin, associated with histone mark H3K36me3, are preferentially repaired by 

the error-free Homologous Recombination (HR) (Aymard et al., 2014; Pfister et al., 

2014). For these regions, the major determinant in pathway selection appears to be 

chromatin accessibility and not transcriptional activity (Jha and Strahl, 2014; Lemaître 

et al., 2014; Pai et al., 2014). Paradoxically, DNA breaks in heterochromatin, which 

packages inactive transcription sites, can also preferentially undergo HR (Alagoz et al., 

2015; Baldeyron et al., 2011; Lee et al., 2013; Sun et al., 2009). However, for this to 

occur, DNA lesions need to be relocated to more permissive environments. Chiolo et al. 

described that, in Drosophila, following a DSB, the heterochromatin domain where the 

break occurs expands, and the lesion is relocated to the periphery or to the exterior of 

this domain (Chiolo et al., 2011). This movement of DNA lesions to euchromatin regions 

allows access to repair machinery and enables HR (Chiolo et al., 2011; Ryu et al., 2015). 

Similar dynamics of double-strand breaks have also been observed in yeast (Horigome 

et al., 2014; Khadaroo et al., 2009; Oza et al., 2009). However, this is not always the 

case, and there is a large variability between the repair of lesions in different 

heterochromatin environments. For DNA breaks at LADs, HR is restricted, and error-

prone DNA repair pathway non-homologous end-joining (NHEJ) is favoured instead.  In 

this case, lesions do not migrate to euchromatin regions (Lemaître et al., 2014). 

Similarly, differences between repair in centromeric and pericentric heterochromatin 

have also been reported, suggesting other factors might also influence repair strategies 

(Tsouroula et al., 2016). Although chromatin relaxation and reorganisation following 

DNA damage has been well documented, very little is known about how this impacts 
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nuclear structure and mechanics. The work presented here tries to shed light on this 

question, using AFM to probe the mechanical properties of the nucleus in cisplatin-

treated cells. My work shows that DNA damage leads to significant softening of the 

nucleus, and this was the direct result of global chromatin decondensation (dos Santos 

et al., 2021). Reduction in nuclear stiffness appears to correlate with the levels of 

damage and to be ATM-dependent, suggesting that DDR activation is necessary. In line 

with previous work (Hauer and Gasser, 2017; Hauer et al., 2017), the chromatin 

decondensation observed leads to higher molecular dynamics in the nucleus, which 

could, in turn, lead to higher accessibility of repair factors and improve repair efficiency 

(Figure 4). Following detection of DNA damage, lesion repair often relies on the 

recruitment and clustering of bulky repair complexes (Hashiguchi et al., 2007; Meister 

et al., 2003). Furthermore, following DNA damage long chromosome repositioning has 

also been reported to occur, to facilitate repair (Kulashreshtha et al., 2016; Mehta et al., 

2013; Oza et al., 2009). Intuitively, it makes sense that open conformations of chromatin 

would enable these processes. However, chromatin compaction, following DNA 

damage, has also been reported as essential for DNA repair (Burgess et al., 2014; 

Luijsterburg et al., 2009). This is usually thought to occur following an initial 

decondesation process, possibly to restore chromatin to its original architecture 

(Burgess et al., 2014; Strickfaden et al., 2016).  Following my findings presented in this 

thesis and published in dos Santos et al. (dos Santos et al., 2021), a study by Fortuny 

et al., showed that following UV damage, heterochromatic regions undergo large 

decondensation events through linker histone displacement (Fortuny et al., 2021). Whilst 

it is possible that these would affect nuclear mechanics in a similar way to those reported 

here, this was not tested. Interestingly, a recent study also revealed a role for the ATR 

kinase in nuclear mechanics. Kidiyoor et al. showed that ATR ensures coupling of the 

nuclear envelope to the cytoskeleton, and its depletion leads to changes in chromatin 

organisation, nuclear softening and reduction in nuclear circularity (Kidiyoor et al., 2020). 

The consequences of DDR-induced nuclear softening on mechanotransduction are still 

unclear. However, it is likely that mechanical changes to the organelle during repair will 

have repercussions for cell migration, force transduction to the cytoplasm and 

transcription regulation. 
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Figure 4 - Role of chromatin decondensation following DNA damage. Chromatin 
decondensation leads to higher nuclear diffusion, which could be important for rapid access of 
repair factors to DNA lesions. This could support the efficient repair of DNA damage. 

 

The mechanical properties of the cell and the nucleus prior to the damage, are also 

known to influence the extent of DNA damage that the cell suffers, as well as the 

outcome and efficiency of repair. Increased cytoskeletal stiffness can lead to higher 

levels of DNA damage in the cell (Hatch and Hetzer, 2016), and this could be particularly 

important during confined migration. When cells migrate, especially through spaces 

smaller than their cross-sectional area, substantial compression forces are exerted on 

the nucleus. The nuclear deformation caused by these forces can in itself cause DNA 

damage, but it can also lead to rupture of the nuclear envelope, which, by exposing the 

nuclear contents to cytoplasmic factors, can cause severe genomic instability (Denais 

et al., 2016; Raab et al., 2016). Furthermore, during migration, the deformation of the 

nuclear envelope, as well as its rupture, can cause local loss of repair factors and other 

mobile proteins and have severe implications to the efficiency of DDR pathways (Irianto 

et al., 2016). 

Both the cytoskeletal forces exerted on the nucleus, and nuclear stiffness, are important 

in determining nuclear deformability and the propensity of the nuclear envelope for 

rupture (Chen et al., 2018; Denais et al., 2016; Hatch and Hetzer, 2016; Streppa et al., 

2018; Wesolowska et al., 2020). As a result, the mechanical properties of the nucleus 

are tightly linked to the levels of DNA damage caused by migration and the outcome of 

DDR. Softer nuclei, with reduced levels of lamin A/C, require less pressure for nuclear 

envelope rupture to occur during migration and, therefore, display increased levels of 
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DNA damage (Chen et al., 2018; Denais et al., 2016; Irianto et al., 2016). Similarly, in 

experiments using trichostatin A, nuclear softening caused by chromatin decompaction 

increased the likelihood of nuclear envelope rupture after shear stress application via 

syringe passes (Stephens et al., 2018). Although this work from Stephens et al. appears 

to suggest that stiffer nuclei could be more protected from rupture, cells expressing 

progerin, which increases nuclear stiffness, display higher levels of DNA damage 

(Larrieu et al., 2014). The mechanisms through which this occurs are not entirely clear, 

especially as progerin-expressing cells appear to require higher forces for nuclear 

envelope rupture (Dahl et al., 2006). However, this reinforces the idea of a link between 

altered nuclear mechanics and the incidence of DNA damage in the cell.  

Interestingly, cells treated with cisplatin display different levels of DNA damage, 

depending on the stiffness of their substrate. In the work presented in this thesis, we 

show that on softer surfaces, where the nuclear tension is lower due to reduced 

cytoskeletal forces (e.g., polyacrylamide gels of different stiffness), cells have lower 

levels of DNA damage marker γH2AX following cisplatin treatment. This is also true for 

cells treated with blebbistatin prior to DNA damage induction (dos Santos et al., 2021). 

The reasons for this are not yet clear, and much work is still needed in order to 

understand how the mechanical state of the nucleus relates to the propensity of the cells 

for DNA damage. Furthermore, how the pre-existing mechanical state of the nucleus 

might influence the DDR pathway choice is also not clear. As we discussed, changes in 

cytoskeletal forces and lamina composition affect nuclear stiffness and are also likely to 

affect chromatin organisation. Similarly, dysregulation of chromatin compaction due to, 

for example, mutations in chromatin remodelling complexes are often observed in 

cancer, but there are no data on how this may affect overall nuclear mechanics. It is 

perhaps possible that, as nuclear mechanics is reflective of the chromatin environment, 

nuclear stiffness might influence DDR pathway choice and, as a result, genomic stability. 

Understanding this relationship is important, particularly in therapeutics, since the 

mechanical properties of the cells and of the nucleus are often altered in disease 

(Zwerger et al., 2011), and a mechanically compromised nucleus could mean a different 

outcome in terms of drug efficacy. 
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1.3.2. RNA Polymerase II Transcription 
 

Another nuclear process that is heavily impacted by mechanotransduction is 

transcription. This has mainly been shown for changes in cytoplasmic forces or for when 

cells are subjected to extreme mechanical stresses during migration (Shivashankar, 

2011). Under these conditions, a number of transcriptional pathways can be activated 

upon mechanical cues (Shivashankar, 2011), these include the previously mentioned 

YAP/TAZ, which is activated and translocated into the nucleus upon mechanical stress 

(Elosegui-Artola et al., 2017) and NF-kB, whose activation has also been shown to occur 

through mechanical signals (Xu et al., 1998). Moreover, nuclear membrane stretching 

has been shown to regulate the nuclear translocation of transcription factors,  likely 

through changes to nuclear pore structure (Lam and Dean, 2008), whose configuration 

can dynamically adapt depending on the surrounding mechanical conditions of the NE 

(Schuller et al., 2021; Zimmerli et al., 2021). Our knowledge of how external forces to 

the nucleus affect gene expression has improved; however, how nuclear stiffness, 

specifically, impacts transcriptional activity is still unclear. As chromatin structure is a 

major determinant in both nuclear mechanics and transcriptional activity, it is likely that 

these are tightly interlinked. Furthermore, this is an important consideration because 

altered gene expression is consistently reported when NE structure is compromised 

(Osmanagic-Myers and Foisner, 2019; Stein et al., 2000). Similarly, our knowledge of 

how changes in transcriptional activity directly affect local and global nuclear mechanics, 

is also limited. (Shivashankar, 2011) 

As mentioned earlier, structural changes in chromatin occur for and during transcription 

through the activity of histone modifiers or ATP-dependent chromatin remodelling 

enzymes. These changes in chromatin organisation could potentially affect overall 

chromatin and nuclear stiffness, especially in cases where concerted gene expression 

is activated/repressed. Additionally, enzymatic processes in the nucleus, including 

transcription, have been linked to the formation of high-density clusters. Recent studies 

now point to these assemblies as being ‘mechano-active’ - capable of sensing their 

surroundings and of exerting mechanical forces in the neighbouring environment 

(Bracha et al., 2018; Shin et al., 2018; Welsh et al., 2018). Therefore, in order to 

understand how nuclear processes, such as transcription, might impact the overall 

mechanical properties of the nucleus, it is important that we study their nanoscale spatial 

organisation and dynamic behaviour. In the next sections, the regulation of 3D 

organisation of gene expression how this may impact nuclear mechanics will be 

discussed. 
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1.4. The spatial organisation RNA Polymerase II 
transcription 

 

Eukaryotic transcription is carried out by three distinct RNA Polymerases (RNAP): 

RNAPI, RNAPII and RNAPIII. RNAPI is responsible for the transcription of pre-ribosomal 

RNA (rRNA), which, following processing, will constitute the structural and catalytic 

components of ribosomes (Moore and Steitz, 2002). RNAPIII transcribes non-coding 

RNAs, such as transfer RNA (tRNA), which is necessary for translating mRNA into 

amino acid sequences (White, 2008). In contrast, RNAPII is responsible for the most 

well-known type of transcription – transcription of protein-coding genes to produce 

mRNAs.  

RNAPII comprises 12 different enzymatic subunits, the largest of which is Rbp1. At the 

C-terminal domain (CTD) of Rbp1, a long, repetitive and unstructured region allows the 

regulation of transcription. Whilst this region is not required for the catalytic activity of 

RNAPII, its presence is conserved between species and is essential for life (Bartolomei 

et al., 1988; Meininghaus et al., 2000; West and Corden, 1995). The CTD of Rbp1 

consists of a complex sequence of multiple tandem heptad repeats, with a consensus 

motif (Tyr1-Ser2-Pro3-Thr4-Ser5-Pro6-Ser7) (Corden et al., 1985). The number of 

repeats varies between organisms; for example, Rbp1 CTD in Saccharomyces 

cerevisiae has 26 repeats, whilst in mammalian cells, the consensus sequence is 

repeated 52 times (Liu et al., 2010a). In vertebrates, 21 of the 52 heptad repeats match 

the consensus sequence, whilst the remaining repeats display some variation (Hsin and 

Manley, 2012). Importantly, all amino acid residues within these repeats are possible 

targets for post-translational modifications, thus creating a complex regulatory code 

(Buratowski, 2003). These modifications include phosphorylation (Buratowski, 2009); 

ubiquitylation (Li et al., 2007); methylation (Sims et al., 2011) and glycosylation (Kelly et 

al., 1993). This allows fine tuning of the dynamic activity of RNAPII in gene expression, 

from enhancing transcriptional activity in cells; regulation of the transcription cycle, to 

eviction and degradation of transcription machinery (Egloff and Murphy, 2008; Hsin and 

Manley, 2012; Tufegdžić Vidaković et al., 2020) . In addition, the CTD of Rbp1 also acts 

as a platform for the association of additional transcriptional regulators. Overall, through 

different post-translational modification patterns, the CTD can not only direct 

transcription but also modulate events such as mRNA capping, and promote the 

recruitment of histone modifiers and ATP-dependent chromatin remodellers that allow 

progression of transcription machinery (Brookes and Pombo, 2009; Komarnitsky et al., 

2000; Phatnani and Greenleaf, 2006). 
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The transcription of a gene can be subdivided into three different stages – i) transcription 

initiation, ii) elongation and iii) termination. Phosphorylation of serines (Ser) 5 and 2 at 

multiple repeats of the CTD of Rbp1, indicate an initiating RNAPII or an elongating 

complex, respectively. Regulation of the transcription cycle from initiation to termination 

is extremely complex. Initiation requires the association of unphosphorylated RNAPII 

with general transcription factors TFIIB, D, E, F and H on target promoter DNA regions 

to form the pre-initiation complex (Roeder, 1996). Following this, Ser 5 of CTD repeats 

are phosphorylated by TFIIH-associated kinase CDK7 at the promoter, thus marking the 

beginning of the transcriptional cycle (Komarnitsky et al., 2000). Subsequently, RNA 

synthesis begins and, between 20-120 transcribed nucleotides, the RNAPII initiation 

complex pauses (Krumm et al., 1995). Its release into elongation occurs following 

activity of positive transcription elongation factor b (P-TEFb) or CDK9, which 

phosphorylates Ser 2 at the CTD of Rbp1. Concomitantly, phosphorylation at Ser 5 is 

gradually removed during elongation through the activity of phosphatases (Hsin and 

Manley, 2012).  During transcription of the gene body, elongating RNAPII interacts with 

additional elongating factors that allow chromatin landscape changes and RNA 

processing. At the end of the gene, transcription is then terminated through eviction of 

RNAPII from chromatin (Mischo and Proudfoot, 2013; Pearson and Moore, 2013). 

Termination requires the recognition of the polyadenylation site (PAS) at the 3’-end of 

nascent mRNA transcripts by the cleavage and polyadenylation (CPA) complex 

(Connelly and Manley, 1988; Proudfoot, 2016). Other key termination factors are also 

known to interact with the CTD of Rbp1 to promote the end of the transcription cycle 

(Proudfoot, 2016). 

Recent advances in super-resolution microscopy have provided a better understanding 

of the spatial organisation of transcriptional activity in the nucleus. We now know that 

during transcription, RNAPII forms localised high density clusters, also known as 

transcription factories or condensates (Boehning et al., 2018; Cho et al., 2016a; Cho et 

al., 2016b; Cho et al., 2018; Cisse et al., 2013; Sabari et al., 2018). These regions form 

during transcription initiation at promoters and can coordinate multiple enhancers 

(super-enhancer regions) to boost and synchronise the expression of proximal genes 

(Sabari et al., 2018; Whyte et al., 2013). Nuclear concentrations of RNAPII are estimated 

to be approximately 1 μM; however, at these clusters, concentrations of transcriptional 

machinery can increase by several orders of magnitude (Cook, 1999; Darzacq et al., 

2007). Considering the estimate that only 1 in 90 RNAPII initiating complexes proceed 

into elongation (Darzacq et al., 2007) these higher local concentrations substantially 

increase transcriptional efficiency. It is, therefore, not surprising that their formation and 
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density directly correlate with transcription levels (Cho et al., 2016a). In fact, at these 

regions, concentrations of transcriptional factors and machinery reach such high levels 

that membraneless compartments are thought to form through liquid-liquid phase 

separation (LLPS) (A and Weber, 2019; Alberti et al., 2019).  

Phase separation is defined as a process through which macromolecules condense into 

a liquid-like phase - separated from the surrounding, more dilute, environment (Banani 

et al., 2017). A large variety of biological processes, both in the nucleus and cytoplasm, 

have been linked to LLPS (Banjade and Rosen, 2014; Laflamme and Mekhail, 2020; 

Wang et al., 2021a). These include transcription, as mentioned above, but also DNA 

repair (Levone et al., 2021; Oshidari et al., 2020), PML bodies (Lallemand-Breitenbach 

and de Thé, 2010), nuclear speckles (Kim et al., 2019; Liu et al., 2021), nucleoli 

(Lafontaine et al., 2021), cytoplasmic stress granules and processing bodies (Decker 

and Parker, 2012; Yang et al., 2020). RNA, DNA and proteins are the main drivers in 

the formation of these membraneless compartments. In particular, proteins with low-

complexity domains or intrinsically disordered regions are often found to be important 

for the formation of liquid-like droplets in cells (Lin et al., 2017). These protein regions 

do not adopt stable 3D structures and often display high promiscuity in their interaction 

profiles (Tompa et al., 2015), which allows them to act as scaffolds in LLPS. 

In the case of transcription, the largely disordered structure of the CTD of Rbp1 is 

thought to be essential for the formation of transcription condensates. During initiation, 

RNAPII condensates are enriched with Ser5 phosphorylated CTDs; however, 

condensate formation was also observed during elongation. In this case, elongation 

factors, splicing factors and P-TEFb form high-density clusters with elongating RNAPII 

(Ser2 phosphorylated). In addition to these factors, the phosphorylation state of the CTD 

is essential in determining the portioning behaviour of RNAPII - between initiating and 

elongating condensates (Guo et al., 2019; Lu et al., 2018) (Figure 5). Here, I will refer to 

clusters, as assemblies of molecules, independently of their partitioning state relative to 

the environment, and refer to droplets or condensates, as those assemblies that have 

undergone LLPS and are considered to be membraneless compartments. 
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Interestingly, a recent study by Pancholi et al., using zebrafish embryos, showed that 

RNAPII clusters are not morphologically uniform. These clusters form through surface 

condensation and present different shapes and sizes that correlate with the 

phosphorylation profiles of the CTD, as well as the amount of available chromatin as a 

condensation surface. The authors observed that i) small transcriptional clusters (<0.1 

μm2) presented low levels of both initiating and elongating RNAPII, ii) large and dense 

assemblies (>0.85 μm2, high solidity) displayed the largest amount of initiating RNAPII 

and high amounts of RNAPII-Ser2P, and iii) large but disperse clusters (>0.85 μm2, low 

solidity) presented higher levels of elongating RNAPII with intermediate levels of 

RNAPII-Ser5P. Furthermore, in large and dense transcriptional condensates RNAPII-

Ser2P was found almost exclusively at the edges, where these clusters appear to unfold 

and exclusion elongating RNAPII from condensates (Pancholi et al., 2021). This 

subdivision of clusters points to a highly regulated nanoscale organisation of gene 

expression and suggests that the physical properties of RNAPII foci might align with 

their transcriptional activity. For example, RNAPII clusters are not exclusively found at 

Figure 5 – Transcriptional condensate formation. RNAPII complexes, transcription factors 
and co-activators of transcription form condensates around promoter and enhancer regions to 
enzymatically enhance transcription initiation. Following escape of initiating RNAPII into the 
gene body for elongation, elongation condensates can also form in complex with splicing 
factors, elongation factors and mRNA. 
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actively transcribing regions, but also present at the enhancers of silent genes and in 

Polycomb-repressed chromatin (Chopra et al., 2009; Dellino et al., 2004; Stock et al., 

2007; Szutorisz et al., 2005). Based on the evidence discussed, it is expected that 

poised RNAPII clusters will have different morphologies, shapes and solidities, 

compared to RNAPII clusters where active elongation of genes is occurring (Lee et al., 

2010; Stock et al., 2007).  

Number, morphology, size and density of RNAPII clusters are, therefore, parameters of 

particular interest for understanding not only overall transcriptional activity in the cell, but 

also how gene expression might affect the physical properties of the surrounding 

environment and of the nucleus. The physicochemical properties of LLPS are still poorly 

understood, mostly due to the limitations of the available biophysical methods to study 

the material properties of small droplet-size volumes. However, by definition, phase 

separation is a change in the physical states of concentrated molecules (Banani et al., 

2017) and, therefore, this will undoubtably change the mechanical properties of the 

region. There is now growing evidence that, in vitro, LLPS condensates behave as 

viscoelastic materials and that their properties are highly dependent on physical 

crosslinks and electrostatic forces within the assembly (Choi et al., 2020; Jawerth et al., 

2018). Recently, a study by Alshareedah and colleagues has also shown that, in the 

case of protein-RNA condensates, both protein and RNA sequences are deterministic 

of the physical properties of LLPS (Alshareedah et al., 2021). With this, it is likely that 

phase transition occurring, not only in transcription but in other nuclear processes, will 

have repercussions for the surrounding areas, related to changes in surface tension and 

viscoelastic behaviour (Wang et al., 2021b). In line with this, recent work used 

optogenetics to show that transcription regulators containing intrinsically disordered 

regions, such as BRD4, FUS and TAF15, associate into condensates that can both 

sense and change their mechanical microenvironment. Sizes and growth dynamics of 

transcriptional droplets were dependent on the stiffness of the condensation surface 

(chromatin), whereby large droplets were more likely to form in softer, low-density 

genomic regions (euchromatin) (Shin et al., 2018). Conversely, as they nucleate and 

grow, the surface tension of these condensates was also capable of deforming and 

physically excluding chromatin (Shin et al., 2018). This clearly suggests a link between 

nuclear mechanobiology and the 3D organisation of gene expression (Figure 6).  

RNAPII clusters have also been proposed to have a role in promoting enhancer-

promoter interactions, by allowing distal regions of the genome to come together (Hnisz 

et al., 2017). Shin and colleagues recently showed this through droplet seeding at distal 

genomic regions. Surface tension created by droplet formation at specific distal loci was 
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sufficient to induce chromatin displacement that led to the physical proximity of these 

regions and fusion of condensates (Shin et al., 2018). Overall, transcriptional clusters 

appear to have a profound impact in the surrounding chromatin structure. How this 

affects global nuclear mechanics remains unclear. 

 

 
Figure 6 – Mechano-active transcriptional condensates. (left) Transcriptional condensates 
adapt to their mechanical environment. Size and morphology of condensates changes depending 
on substrate stiffness – softer euchromatin surfaces promote growth of transcriptional clusters. 
(right) Condensates can also induce mechanical changes to their microenvironment, through 
local changes to chromatin architecture – different degrees of crosslinking of the surrounding 
chromatin will change mechanical properties of the region. 

 

The residence lifetime and dynamics of transcriptional clusters can vary, and kinetic 

estimations of RNAPII binding times depend on the methodological approach used – for 

example, Chromatin Immunoprecipitation (ChIP), Hi-C, Fluorescence in situ 

hybridization (FISH) or imaging in fixed versus live-cells (Cisse et al., 2013; Darzacq et 

al., 2007; Jackson et al., 1993; Kimura et al., 2002; Lieberman-Aiden et al., 2009; 

Mitchell and Fraser, 2008; Tennyson et al., 1995; wa Maina et al., 2014). Although under 

normal conditions transcriptional assemblies are relatively stable for long periods of time 

(>10min) (Pancholi et al., 2021), RNAPII clusters are also required to quickly respond to 

external stimuli and reorganise during mitosis (Zhang et al., 2021). Single-particle 

tracking and Fluorescence Recovery After Photobleaching (FRAP) measurements have 

shown that RNAPII bound states in the nucleus are dependent on CTD length. Longer 

CTDs, such as the one present in mammalian cells with 52 repeats, correlate with not 

only higher probability of clustering, but also with slower molecular diffusion of Rbp1 and 

a higher percentage of molecules in the bound state (Boehning et al., 2018). Importantly, 
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the residence time of RNAPII clusters directly and predictively correlates with the 

number of nascent mRNA molecules synthesized (Cho et al., 2016a).  

Although we now possess some level of understanding on the function, spatial 

organisation and molecular dynamics of these transcriptional clusters, our knowledge of 

how they are assembled and maintained during transcription or how their spatial 

organisation is regulated in response to external stimuli is still limited. A number of 

factors are thought to be essential in the formation of transcriptional condensates, 

including transcription factors, coactivators/corepressors, chromatin regulators and 

proteins with motor activity (Baarlink et al., 2017; Rosin et al., 2018; Ryu et al., 2021; 

Saintillan et al., 2018; Wei et al., 2020). The work shown here explores this, with 

particular focus on the role of molecular motor Myosin VI (MVI) in the spatial organisation 

of transcription initiation and the description of a novel transcriptional regulator – the 

nuclear dot protein 52 (NDP52). 

The next section will focus on these regulators of transcription, with the Coiled-coil 

Coactivator (CoCoA) as an example of a transcription coactivator, and our hypothesis 

that its close family member NDP52 might have similar nuclear functions. Following this, 

I will discuss the arising role of nuclear myosins and nuclear actin in the regulation of 

transcription. 

1.4.1. Transcription factors and coactivators of transcription in 
the nanoscale organisation of gene expression 

 

In addition to the intrinsic ability of RNAPII to cluster through interactions sustained by 

the CTD domain of Rbp1 (Boehning et al., 2018), transcriptional activity and recruitment 

of RNAPII is also modulated by many additional regulatory proteins. The activity of these 

proteins ensures the temporal regulation of specific genes, according to developmental 

requirements, cell cycle stages and environmental cues. In particular, transcription 

factors, which recognise and bind to specific DNA sequences at enhancer regions, are 

crucial for initiating transcriptional signals that lead to the recruitment of transcription 

machinery. Due to their specificity, transcription factors are key to the control of specific 

pathways (e.g., immune response), developmental patterning or cell differentiation 

(Iwafuchi-Doi and Zaret, 2016; Nakajima, 2011; Spitz and Furlong, 2012).  

The major families of transcription factors are: i) Nuclear Receptors (NRs), which include 

the well-known oestrogen receptor (ER) and androgen receptor (AR); ii) C2H2 zinc 

finger (ZF), the largest transcription factor family, characterised by multiple tandemly 

arranged ZFs; iii) Homeodomain proteins, which recognise homeobox sequences; iv) 
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basic Helix-Loop-Helix (bHLH) and v) basic leucine zipper (bZIP) (Figure 7) (Adcock and 

Caramori, 2009). Transcription factors often bind to target DNA cooperatively, in the 

form of homodimers (e.g., nuclear receptors) (Sever and Glass, 2013), trimers (e.g., 

heat shock transcription factors) (Bonner et al., 1994) or even higher oligomeric forms 

(Hinde et al., 2016), thus increasing their binding affinity to specific DNA sequences.  

Transcription factor activity is carefully modulated. Their expression at gene level can 

be induced or repressed, and they can be activated or deactivated through enzymatic 

activity (e.g., kinase/phosphatase activity) or ligand binding (e.g., hormone-dependent 

NRs) (Katzenellenbogen and Katzenellenbogen, 1996; Oeckinghaus and Ghosh, 2009; 

Primon et al., 2019). Once activated, transcription factors bind to their target DNA 

sequences at enhancers and promoter regions with high affinity (Figure 8A). For 

example, ERα is activated in the cytoplasm through hormone binding (oestradiol) and 

then translocated into the nucleus, where it interacts with oestrogen responsive 

elements (ERE) at target genes (Yaşar et al., 2016). Similarly, following activation of 

inflammatory signalling pathways in the cytoplasm, NF-κB, which is generally 

sequestered by a family of inhibitory proteins, is released and translocates into the 

nucleus to regulate the expression of genes involved in innate immune responses 

(Lawrence, 2009).  

Following binding to their target DNA, transcription factors recruit numerous coactivator 

proteins that help modulate the chromatin landscape and initiate the recruitment of 

RNAPII and other factors required for transcription initiation (Figure 8A). Unlike 

transcription factors, coactivators do not bind specifically to DNA, even though they can 

also interact with it. Transcriptional coactivators fall mostly under two categories, 

although some functional overlap often occurs: i) factors that promote the recruitment of 

other coactivators and of basal transcription machinery through protein-protein 

interactions and ii) chromatin-directed coactivators that act as chromatin 

modifying/remodelling enzymes (for example, through ATPase, kinase and or 

methyl/acetyltransferase activities) (Krasnov et al., 2016). 

An example of the first category of coactivator is the mediator complex, the largest 

transcriptional coactivator known (a 33 multi-subunit complex composed of MED1-31, 

CDK8 and Cyclin C). The mediator complex is recruited by transcription factors to genes 

and provides a structural platform for the assembly of the pre-initiation complex 

(Kornberg, 2005). Alternatively, recruitment of methyl and acetyltransferases, such as 

the p300/CBP complex results in enzymatic activity of these complexes on histones, 
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leading to changes in chromatin accessibility that allow transcription to initiate (Figure 

8A).  

 

 

Figure 7 – Major transcription factor families and their DNA binding motifs.  
 

Overall, coactivators enhance transcription by ensuring that promoter regions are 

cleared of nucleosomes for RNAPII loading and assembly of the pre-initiation complex 

(Vicent et al., 2011).  

ChIP-Seq is commonly used for whole-genome mapping of transcription factor binding 

sites across the genome and provides important information regarding the activity of 

activators and coactivators of transcription at specific genes. However, the 

spatiotemporal resolution of these methods is limited, and they provide little information 

on kinetics and spatial organisation of transcription factors and their coactivators. As 

transcription is a highly dynamic process, it is essential to account for these properties. 

The development of single-molecule microscopy techniques has substantially improved 

our spatiotemporal understanding of transcription. For example, reflected light-sheet 

microscopy developed by Gebhardt et al., has allowed direct visualization of individual 

transcription factor dynamics and kinetic measurements of DNA binding in live-cells 

(Gebhardt et al., 2013). Using this technique, the authors were able to differentiate 

between monomeric, dimeric and indirect binding (through other transcription factors) of 

nuclear receptors to DNA, to measure differences in molecule residence times 

(Gebhardt et al., 2013). Similarly, development of aberration-corrected Multifocal 

Microscopy (acMFM) by Abrahamsson et al. has also helped to shed light on the 

dynamic 3D behaviour of individual RNAPII molecules in the nucleus (Abrahamsson et 

al., 2013). Moreover, real-time imaging of nascent mRNA production in single cells has 

also described how transcription factor availability is an important determinant of 



46 
 

transcription frequency of target genes (Larson et al., 2013). Employing techniques such 

as these, alongside molecular biology and genome-wide characterisations, is essential 

to understand the highly dynamic process of transcription. 

Much like RNAPII at initiation and elongation sites, transcription factors and coactivators 

do not appear to function as individual molecules, but organise into clusters (Figure 8B). 

Recently, a study by Wollman et al. in Saccharomyces cerevisiae showed that both a 

coactivator (Msn2) and a corepressor (Mig1) of transcription for genes involved in 

glucose metabolism, form clusters (Wollman et al., 2017). Using millisecond Slimfield 

microscopy, the authors found that both the coactivator and corepressor could bind to 

target genes as oligomeric clusters. Subsequent particle-tracking of these foci showed 

that the dynamics of these associated clusters were highly dependent on glucose state 

and, therefore, on the transcriptional activity of their target genes – cluster dynamics 

varied from a uniform population with highly dynamic behaviour (measured diffusion 

constants D = 1-2 μm2·s-1) to a mixed population of immobile and mobile molecules 

(Leake, 2018; Wollman et al., 2017).  

Since then, similar observations have been reported for the organisation of other 

transcription factors and coactivators. For example, the aforementioned p300/CBP 

complex has also been observed at discrete nuclear foci (Ma et al., 2021). p300/CBP 

clusters are thought to be induced through their association with transcription factors at 

promoter regions. This clustering behaviour enhances the stability of the assembly 

between coactivator and transcription factor on DNA and enhances p300 

acetyltransferase activity (Ma et al., 2021). This, in turn, is thought to contribute to faster 

transcription initiation, longer duration of transcriptional bursts and leads to higher levels 

of expression of target genes (Ma et al., 2021). In both cases, intrinsically disordered 

states of the proteins are thought to promote association of these clusters into 

condensates that enhance the individual activity of these molecules. Other examples of 

clustered transcription factors/coactivators include the mediator complex, ER, p53, Myc, 

GATA2 (Boija et al., 2018) and the glucocorticoid receptor (Frank et al., 2021) – all seen 

associated into highly condensed nuclear regions. 

The observations discussed above highlight the importance of the spatial organisation, 

local concentrations and dynamics of transcription factors and their associated 

coactivators. The direct correlation observed between the spatial clustering of multiple 

transcription factors bound to their regulators and increased transcriptional efficiency 

strongly indicates a common strategy for these proteins to control gene expression at 

enhancers and super-enhancer regions (Figure 8B). It also underscores the importance 



47 
 

of understanding cluster formation and dynamics, as well as the mechanisms behind 

how these high-density regions are maintained for the duration of transcriptional activity.  

Importantly, many of these proteins function by directly or indirectly inducing chromatin 

conformational changes. As we have previously discussed, changes to chromatin states 

will have a noticeable impact on the local and global mechanical properties of the 

nucleus. Hence, transcription factor and coactivator assemblies could potentially change 

the mechanical micro-environment, not only due to changes in surface tension associate 

to droplet formation through LLPS, but also by modulating chromatin compaction and 

gene positioning. This might be especially true during the coordinated activation of 

specific transcriptional pathways (e.g., in response to external stimuli or at different 

stages of development), as several genes would require simultaneous 

activation/repression, leading to chromatin structure change in a larger scale (Wegel 

and Shaw, 2005). In support of this, both the activation of ER and NF-ĸB pathways have 

been linked to downstream large-scale chromatin decondensation and nuclear re-

organisation events (Funsten et al., 2020; Nye et al., 2002; Rafique et al., 2015). 

Similarly, activation of DNA-lesion associated transcription pathways, such as p53, have 

also been shown to induce chromatin relaxation (Rubbi and Milner, 2003). Overall, the 

interlink between transcriptional activity and regulation of chromatin structure strongly 

suggest that gene expression could affect the mechanical properties of the nucleus. 

Whilst not discussed here in detail, transcription corepressors also appear to follow the 

same preference for spatial clustering (Frank et al., 2021; Wollman et al., 2017). 

Corepressors, as the name suggests, have opposite functions to coactivators. 

Interestingly, some coactivators of transcription can also act as corepressors for different 

gene subsets and vice-versa, indicating that coactivator/corepressor activity is highly 

dependent on the biological context (Peterson et al., 2007; Rogatsky et al., 2001; 

Tagami et al., 1997; Weiss et al., 1999; Yang et al., 1999). It is, therefore, not surprising 

that their intrinsic properties result in similar organisational patterns across the nucleus. 
 

1.4.2. CoCoA and NDP52 - gene paralogs in transcription 
regulation and autophagy 

 

An example of a coactivator of transcription is the Coiled-Coil Coactivator (CoCoA). 

CoCoA also known as CALCOCO1 belongs to the Calcium-binding and coiled coil-

containing protein (CALCOCO) family. The other two members of this family are NDP52, 

also known as CALCOCO2 and TAX1BP1 (CALCOCO3) – two autophagy receptors 

(Morriswood et al., 2007). 
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In the nucleus, CoCoA is recruited to the regulatory region of genes to potentiate 

transcriptional activity. There, CoCoA can act as a primary coactivator for the aryl-

hydrocarbon receptor (AHR) and AHR-translocator (ARNT) (Kim et al., 2006) or as a 

secondary coactivator for nuclear receptors, including ER and AR, and for the Wnt/ β-

catenin pathway, which regulates cell development and axis formation (Kim et al., 2003; 

Yang et al., 2006a; Yang et al., 2006b). As a secondary coactivator, CoCoA is thought 

to be recruited by the coactivator p160, in preparation for RNAPII loading to DNA. 

Through this interaction, or independently as a primary coactivator, CoCoA cooperates 

synergistically with other coactivators – acetyltransferase p300/CBP, GRIP1 and with 

methyltransferase CARM1 – to promote chromatin remodelling at promoter regions 

(Figure 9). ChIP-qPCR experiments have shown CoCoA at promoter regions of target 

genes for the above-mentioned transcription factors and depletion of CoCoA leads to a 

reduction in the expression of these genes through faulty recruitment of chromatin 

modifying enzymes to these regions (Kim et al., 2003; Kim et al., 2006; Yang et al., 

2006b).  

 Conversely, NDP52 and TAX1BP1 have well described roles autophagy. Autophagy is 

the cellular process through which invading pathogens and cellular components, such 

as protein aggregates and damaged organelles (e.g., depolarised mitochondria), are 

degraded and recycled. During this process, NDP52 simultaneously interacts with 

ubiquitylated cargo and other autophagy adaptors, including microtubule-associated 

protein 1 light chain 3 (LC3) and Atg8, to enable the formation of double-membraned 

structures in the cytoplasm – autophagosomes. Following this, through interactions with 

its binding partner MVI, NDP52 promotes autophagosome fusion with lysosomes 

(autophagosome maturation), which then allows the degradation of the enclosed 

macromolecules by hydrolases. Additionally, NDP52 has been linked to cell migration, 

adhesion (Kim et al., 2013b; Morriswood et al., 2007; Mostowy et al., 2011; Thurston et 

al., 2009; Verlhac et al., 2015) and in the modulation of NF-κB signalling through 

unknown mechanisms (Ellinghaus et al., 2013). 
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Figure 8 – Transcription factor and coactivator assembly and clustering to activate 
transcription. (A) Once activated, transcription factors bind specifically to DNA sequences at 
enhancers and promoter regions of target genes (1). Following this, they recruit many other 
coactivators of transcription (2) that cause changes to chromatin accessibility (3) and recruit basal 
transcription machinery, thus allowing the assembly of the pre-initiation complex and, 
subsequently, transcription to occur (4). (B) Association of multiple transcription factors at 
enhancers and super-enhancers leads to high concentrations of transcription coactivators and to 
the formation of clusters that enhance transcriptional activity. 
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Figure 9 – Coactivator activity of CoCoA. CoCoA is recruited to regulatory elements by nuclear 
receptors or transcription factors such as LEF1. Following this, CoCoA recruits additional 
coactivators, including histone acetyltransferase p300. This leads to histone acetylation and 
subsequent chromatin remodelling that allows recruitment and loading of transcriptional 
machinery to the promoter region, to initiate gene expression. 

 

Interestingly, CoCoA and its family members share high sequence homology and similar 

domain arrangements (Figure 10 and Figure 11A). All three proteins possess a Skeletal 

Muscle and Kidney Enriched Inositol Phosphatase (SKIP) Carboxyl Homology (SKICH) 

domain at their N-terminal (Figure 10, Figure 11A and B). For NDP52, the SKICH domain 

is thought to regulate its activity in autophagy, by mediating interactions with adaptor 

proteins and by facilitating its localisation to membranes (Fu et al., 2018; Gurung et al., 

2003; Morriswood et al., 2007). Conversely, for CoCoA, this domain is important for 

transcription coactivator activity and for the recruitment of acetyltransferase p300 to 

regulatory elements (Yang et al., 2006b).  

In all CALCOCO family members, the SKICH domain is followed by a coiled-coil region 

of variable length (Figure 11A). Coiled-coils often facilitate protein oligomerisation (Ciani 

et al., 2010), and this is thought to be true for NDP52, with some studies showing that 

the protein is capable of forming homodimers (Fu et al., 2018; Kim et al., 2017).  Within 

the coiled-coil regions of NDP52 and CoCoA, but not of TAX1BP1, one or three leucine  



51 
 

 
Figure 10 – Sequence alignment for CALCOCO family members NDP52, CoCoA and 
TAX1BP1. NDP52 domains – SKICH, Coiled-coil (CC), leucine zipper (LZ), ZF1 and ZF2 are 
shown. Common amino acid residues between the three proteins or between NDP52 and CoCoA 
are highlighted in green. Amino acid residues in blue show conservation between groups of 
strongly similar properties and in grey of weakly similar properties. C2H2 amino acid residues for 
ZF2 of NDP52 conserved in all three proteins highlighted in yellow.  
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zipper domains are also present, respectively (Figure 7A). At the C-terminal, all three 

proteins present one (CoCoA) or two zinc finger domains (NDP52 and TAX1BP1). The 

zinc finger domain common to all three proteins – ZF2 for NDP52 and TAX1BP1 - is a 

canonical C2H2 zinc finger and is well conserved between all family members (Figure 

10 and Figure 11C). For NDP52, ZF2 sustains interactions with ubiquitin (Figure 11D) 

during autophagy (von Muhlinen et al., 2012; Xie et al., 2015), as well as interactions 

with binding partner MVI (Morriswood et al., 2007; Xie et al., 2015). Conversely, 

interactions between the C-terminal of CoCoA and MVI have never been explored and, 

instead, we know that CoCoA interacts with transcription coactivators, such as β-

catenin, through this region. Although zinc finger domains are common motifs in 

transcription factors and coactivators, and often mediate protein-DNA interactions, this 

has never been explored for these proteins. 

 

 

Figure 11 – CALCOCO family domains. (A) Domain arrangement for NDP52, TAX1BP1 and 
CoCoA. All three proteins contain SKICH domains at the N-terminal, followed by long coiled coil 
regions (CC), which in the case of CoCoA and NDP52 the coiled-coil region includes one or more 
predicted leucine zipper domain. At the C-terminal all proteins have a highly conserved zinc finger 
domain and, in the case of NDP52 and TAX1BP1, this is preceded by an additional zinc finger. 
(B) Crystal structure of the SKICH domain of NDP52 – PDB: 3VVV. (C) Crystal structure of the 
ZF2 domain of NDP52, which is highly conserved in all three members of the CALCOCO family, 
showing Zn2+ coordination. PDB: 4XKL (D) Crystal structure of ZF2 of NDP52 in complex with 
monoubiquitin. PDB: 4XKL. 
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The high sequence homology and domain similarity between CALCOCO family 

members suggests possible overlapping functions. This is, in fact, the case between 

NDP52 and TAX1BP1 - both involved in autophagy, with shared interacting partners (Fu 

et al., 2018; Morriswood et al., 2007). There is also now evidence that CoCoA, in addition 

to its transcriptional role, is involved in autophagy through the recruitment of 

endoplasmic reticulum and Golgi fragments to autophagosomes. This activity is 

mediated through interactions with adaptor proteins, such as members of the LC3 family 

and Atg8, during specific cell states (Nthiga et al., 2020; Nthiga et al., 2021). However, 

of all three proteins, CoCoA is the only one, so far, to be linked to roles in transcription 

regulation. This is particularly noteworthy, considering that the cellular localisation of 

CoCoA is identical to that of NDP52 - ubiquitously expressed across the cell, with higher 

cytoplasmic levels (Stefely et al., 2020; Sternsdorf et al., 1997; Yang et al., 2006b). 

Furthermore, NDP52 was first characterised as a nuclear protein (Korioth et al., 1995), 

with later work showing that the protein is distributed throughout the cell (Sternsdorf et 

al., 1997).  

The work presented here investigates a novel nuclear function for NDP52, by exploring 

its biochemical properties, nuclear organisation, interactome and effect on RNAPII-

dependent transcription.  

1.5. Actin and Myosin motors in chromatin 
regulation and transcription 

 

In addition to the above-described roles of DNA-binding proteins and transcription 

coactivators, the arising field of nuclear actin and myosins also provides an interesting 

new perspective in chromatin mechanics and the dynamic regulation of nuclear 

processes.  

Actin and myosins, in the cytoplasm, are usually associated with structural and 

mechanical roles. Whilst actin is one of the most abundant cytoplasmic proteins; its 

nuclear levels are comparatively low and tightly regulated - actin is actively transported 

in and out of the nucleus by importin-9 and exportin-6 (Dopie et al., 2012; Stüven et al., 

2003). However, the presence of nuclear actin is essential for processes such as 

transcription (Dopie et al., 2012; Wei et al., 2020), mitosis (Baarlink et al., 2017), DNA 

replication (Lamm et al., 2020), DNA repair (Caridi et al., 2019) and chromatin regulation 

(Kapoor and Shen, 2014).  
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Actin can be found in both monomeric (globular) and filamentous forms (G-actin and F-

actin, respectively). In the cytoplasm, G-actin polymerises into long filamentous 

structures, which can subsequently arrange into higher-order 3D bundles, which are 

easily observed in the cytoplasm (Castaneda et al., 2021; Chandrasekaran et al., 2019; 

Fritzsche et al., 2017; Johnson et al., 2015). F-actin structures are important in the 

structural support and migration of the cell, as well as in intracellular transport and 

mechanosensing (Kim et al., 2012; Puleo et al., 2019; Sun et al., 2020). In the nucleus, 

due to the low concentrations of actin and the highly dynamic and transient nature of 

nuclear actin filaments, visualisation of these structures is particularly challenging, and 

much debate still surrounds them (Melak et al., 2017; Plessner and Grosse, 2019). 

Notably, nuclear actin and actin-related proteins (Arps) are important components of 

ATP-dependent chromatin remodellers, such as the INO80 complex (Knoll et al., 2018) 

or members of the SWI/SNF family (Han et al., 2020). Two studies by Xie et al., 

described how absence of β-actin disrupts binding of BRG1 - the catalytic subunit of 

SWI/SNF chromatin remodelling complex (Brahma-associated Factor) BAF – to 

chromatin. This resulted in global changes in heterochromatin levels, changes in gene 

expression profiles and abnormalities during neuronal cell reprograming (Xie et al., 

2018a; Xie et al., 2018b).  

Nuclear actin has also been shown to physically interact with all three RNA polymerase 

complexes (Fomproix and Percipalle, 2004; Hofmann et al., 2004; Hu et al., 2004; 

Kukalev et al., 2005; Percipalle et al., 2003; Philimonenko et al., 2004). In the particular 

case of RNAPII, actin interacts with a hyperphosphorylated CTD domain of Rbp1 and is 

important for both transcription initiation and, through the recruitment of P-TEFb, to 

elongation (Hofmann et al., 2004; Kukalev et al., 2005; Qi et al., 2011). Furthermore, 

actin, specifically F-actin, is important for the enhancement of RNAPII clustering 

following serum stimulation (Wei et al., 2020). The importance of actin to nuclear 

processes is further supported by a recent proteomics screen that showed its 

association to proteins involved in the transcription pre-initiation complex, pre-mRNA 

processing and elongation of RNAPII (Viita et al., 2019). Conversely, Serebryannyy et 

al. show that stable and persistent dense actin filaments in the nucleus have a repressive 

effect on transcription. Upon the formation of these structures, RNAPII dynamics and 

nuclear localisation were altered (Serebryannyy et al., 2016). This highlights the 

importance of a tight regulation of actin filament formation in the nucleus and might 

explain why such structures are rarely observed unless cells are under considerable 

stress. For examples, nuclear F-actin filament formation has been observed following 

DDR activation, caused by telomere uncapping, treatment with genotoxic drugs or UV 
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radiation. Following DNA damage, F-actin is recruited to sites of damage, and the 

formation of polymeric actin structures appears to be necessary for repair factors to 

cluster at DNA lesions (Andrin et al., 2012; Belin et al., 2013; Belin et al., 2015; Schrank 

et al., 2018). 

Recent developments might help shed light on the role of actin in nuclear processes. 

For example, the use of actin chromobodies fused to Nuclear Localisation Sequences 

(NLS) has allowed live-cell visualisation of nuclear actin filament dynamics, without 

signal interference from the abundant cytoplasmic actin filaments (Baarlink et al., 2017; 

Melak et al., 2017). Additionally, Baarlink and co-workers developed a phalloidin-based 

assay and used STORM super-resolution imaging to visualise F-actin polymers in the 

nucleus. By using both these tools, the authors observed that these structures are 

necessary for reshaping nuclei following mitosis. Depletion of nuclear F-actin, either by 

overexpression of exportin-6 or a polymerisation-deficient mutant of nuclear actin (NLS-

actin R62D), prevented the usual chromatin decondensation and nuclear expansion that 

occurs following cell division. In addition, this also led to impaired transcription and, in 

the case of mouse embryos, impaired development (Baarlink et al., 2017).  

Budding yeast experiments support the idea of a role for nuclear F-actin in chromatin 

organisation. In this case, inhibition of actin polymerisation was shown to reduce 

telomere and chromosome dynamics, and, interestingly, it also reduced the efficiency of 

DNA repair by HR (Spichal et al., 2016). 

It seems very likely that mechanical changes to the nucleus would occur upon the 

formation of nuclear F-actin, as, in the cytoplasm, the extent of actin fibre formation 

scales with cellular stiffness (Palmer et al., 1998). However, it is still unclear how nuclear 

actin filament formation affects nuclear mechanics and nuclear mechanosensing. 

Nuclear actin may induce direct changes to local mechanics or alternatively through 

altered chromatin compaction and dynamics. 

In the cytoplasm, the role of actin filaments is tightly linked to the function of myosins. 

These molecular motors use ATP hydrolysis to generate force and movement, and thus, 

are essential in several cellular processes such as cell migration (Vicente-Manzanares 

et al., 2009), intracellular transport (Fili and Toseland, 2019; Titus, 2018) and membrane 

regulation (Nambiar et al., 2009). Similar to F-actin, these proteins are also present in 

the nucleus. However, there are still many unanswered questions regarding their nuclear 

functions. 

The first myosin to be found in the nucleus was Nuclear Myosin I (NM1), which was 

shown to colocalise with RNAPII (Nowak et al., 1997). NM1 is an isoform of the 
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cytoplasmic Myosin 1c, with the addition of an extra 16 amino acid residues at the N-

terminal. Since then, NM1 has been linked to a plethora of nuclear processes, including 

chromatin organisation, transcription and DNA repair (Cook et al., 2020; Cook and 

Toseland, 2021). We now know that NMI acts cooperatively with actin, as a component 

of the chromatin remodelling complex B-WICH, to allow chromosomal rearrangements 

in RNAPI-related transcription (Percipalle et al., 2006; Sarshad et al., 2013). Moreover, 

ChIP-Seq data has identified the presence of NMI across the whole genome, with 

occupancy profiles correlated to the presence of RNAPII and active marks of 

transcription (Almuzzaini et al., 2015; Venit et al., 2020). In support of this, Venit et al. 

recently showed that knockout (KO) of NM1 in mouse embryonic fibroblasts leads to 

increased levels of heterochromatin and lower levels of active chromatin marks such as 

H3K9ac (Venit et al., 2020). This caused dysregulation of DNA damage and cell cycle 

genes, causing KO cells to exhibit higher levels of DNA damage, cell proliferation and 

apoptosis. In a further link to DNA repair, NM1 has also been shown to facilitate 

chromosome territory relocation in an ATM and γH2AX-dependent manner, following 

cisplatin treatment. Importantly, chromosome territory relocation by NM1, upon DNA 

damage, transcriptional activation or other stimuli, appears to be dependent on its motor 

activity (Cook and Toseland, 2021; Kulashreshtha et al., 2016). 

Another example of a myosin with nuclear functions is MVI. MVI was first attributed a 

nuclear role by Vreugde et al., who observed high levels of the molecular motor at 

transcriptionally active foci in the nucleus (Vreugde et al., 2006). The authors found that 

MVI localised as ‘punctate dot-like structures’ that colocalised with RNAPII and newly 

transcribed mRNA, possibly at transcription factories, and that this localisation was lost 

following transcription inhibition. MVI was also found at the promoters of different genes 

and this correlated with their transcriptional activity (Vreugde et al., 2006). Since this 

study, other observations of MVI nuclear clustering have been reported and additional 

nuclear roles have been attributed to the protein (Große-Berkenbusch et al., 2020; 

Majewski et al., 2018; Zorca et al., 2015).  

Following transcription stimulation of particular gene subsets, long-range chromatin 

movements (1-5μm) have been reported (Chuang et al., 2006). This movement is 

thought to be essential in gene pairing, gene clustering and in the configuration of 

transcription factories, as it would allow different genes to localise at shared nuclear sub 

compartments for their co-regulation by common transcription factors and coactivators 

(e.g., genes co-regulated by ER) (Chakalova and Fraser, 2010; Osborne et al., 2004; 

Sutherland and Bickmore, 2009). MVI, in particular, is thought to play a role in 

chromosome reorganisation for gene pairing upon transcription stimulation of specific 
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genes, and this is thought to enhance transcription efficiency (Zorca et al., 2015). MVI 

is thought to have the ability to reorganise and move chromatin across long nuclear 

distances and also to crosslink chromatin to allow gene proximity during transcription 

(Zorca et al., 2015). In support of this finding, a recent report by Große-Berkenbusch 

and colleagues described how MVI can move on highly dynamic and transient nuclear 

actin filaments, to coordinate large-scale chromatin movement during transcription 

stimulation (Große-Berkenbusch et al., 2020). This movement was observed across 

several micrometres, resembling the cytoplasmic motility of this molecular motor. The 

authors also reported ATPase-depend movement of MVI on chromatin in vitro and 

described how this could have an important function in chromatin organisation by 

regulating long-range chromatin movement. Furthermore, MVI depletion has also been 

shown to cause defects in the release of paused RNAPII into elongation, suggesting 

that MVI might have different roles at different stages of transcription (Zorca et al., 2015).  

It is not yet clear how myosins and actin perform their various nuclear roles. However, 

interactions between myosins and ATP-dependent chromatin remodellers have been 

reported (Percipalle et al., 2006). This, in conjunction with their ability to generate 

force/motion, and their activity in long-range chromatin movement  (Wang et al., 2020), 

suggests a role in the spatial organisation of transcription and other nuclear events.  

The work described here aims to better understand the role of molecular motors, 

specifically of MVI in the regulation of transcription. We show how through its force 

sensing ability and interactions with nuclear actin, MVI is important for the regulation of 

the spatial organisation of initiating RNAPII (Hari-Gupta et al., 2020). 

As we investigate the mechanisms by which MVI is modulates RNAPII transcription, it 

is also important to understand the biochemical regulation of the activity of this molecular 

motor. A brief description of our current biochemical knowledge of MVI activity is 

presented in the next section. 

1.5.1. Myosin VI – a Unique Molecular Motor 
 

During actin polymerisation, G-actin monomers face the same direction (Holmes et al., 

1990). This creates different polarities at either end of the filament – called ‘plus-‘ and 

‘minus-ends’. Actin filament polarity is particularly important in establishing directionality 

of myosin movement in the cell (Wells et al., 1999). Of all myosins, MVI is the only 

myosin with the unique ability to travel towards the minus-end of actin filaments (Cramer, 

2000; Wells et al., 1999). This characteristic confers unique roles for MVI in endocytosis, 

as, generally, the plus-end of actin filaments grows towards the plasma membrane and 
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the minus-end towards the cell interior, to the nuclear periphery (Cramer, 2000; Granger 

et al., 2014; Qualmann et al., 2000). 

MVI is a large molecular motor, comprising i) an N-terminal ATP-dependent motor 

domain, where actin binding occurs; followed by ii) a long neck region, with a unique 

insert that confers MVI its reverse directionality (Park et al., 2007), and an IQ domain 

capable of binding to calmodulin; iii) a tail region, encompassing three different 

structural domains - a three-helix-bundle, a single-alpha-helix and a short coiled-coil - 

and iv) a globular cargo binding domain (CBD) at the C-terminal of MVI tail (Figure 12).  

MVI is a processive motor (Park et al., 2006), capable of acting as a load-dependent 

actin anchor (Altman et al., 2007). Processive movement – the ability to coordinate 

enzymatic states of catalytic domains to move on actin filaments without premature 

detachment - is a characteristic of some molecular motors (e.g., Myosin V and Kinesin). 

Generally, this depends on the ability of these proteins to oligomerise, in order to 

coordinate their activity. Hence, surprisingly, the oligomeric state of MVI was the cause 

of debate for many years, with some reports supporting a monomeric form for the protein 

and others showing its dimerisation (Altman et al., 2007; Park et al., 2006; Spink et al., 

2008; Spudich et al., 2007). We now know that MVI in its monomeric form, is in a folded, 

inactive state (non-processive activity), whereby the protein folds onto itself and the CBD 

interacts with the motor domain (Yu et al., 2009). Upon interactions different cargoes, 

MVI unfolds, and this is thought to allow dimerisation of the protein and activation of its 

motor activity (Mukherjea et al., 2009; Park et al., 2006; Phichith et al., 2009). However, 

at the start of this work, there was still some uncertainty on whether this dimerisation is 

an intrinsic ability of MVI or if it occurs through dimerisation of its binding partners, as 

many of them are capable of dimerising.  

Within the CBD of MVI, two different motifs - the RRL and WWY motifs - modulate 

interactions with binding partners (Figure 12) (Fili and Toseland, 2019; Morriswood et 

al., 2007; Spudich et al., 2007). Mutation of these motifs impairs the localisation and 

function of MVI, highlighting the regulatory importance of binding partners (Arden et al., 

2016; Masters and Buss, 2017; Sobczak et al., 2016). Interestingly, alternative splicing 

of MVI can also drive binding partner selectivity. Splice isoforms of the protein result 

from either a 31 amino acid residue insertion (large-insert, LI) close to the CBD, and/or 

an 8 amino acid residue insertion (small-insert, SI) within the CBD (Figure 5A) (Buss et 

al., 2001). This generates four different possible isoforms: no-insert (NI), SI, LI and 

SI+LI, each with distinct cellular distributions and functions (Au et al., 2007; Buss et al., 

2001). In the LI isoform, the additional 31 amino acid residues encode an α-helix that 



59 
 

occludes the RRL motif, thus disrupting binding partner interactions through this region 

(Wollscheid et al., 2016). Conversely, in the NI isoform, both motifs are available for 

binding and, therefore, other unknown factors may play a role in determining binding 

partner selectivity. 

Many different partners with a wide range of functions have been identified for MVI. For 

example, in the cytoplasm, disabled-2 (Dab2) interacts with MVI through the WWY motif 

to target the molecular motor to clathrin-coated vesicles during early endocytosis 

(Spudich et al., 2007). On the other hand, interactions with the NDP52 occur through 

the RRL motif to regulate autophagosome maturation during autophagy, as well as cell 

adhesion and cytokine signalling (Morriswood et al., 2007; Tumbarello et al., 2012; 

Verlhac et al., 2015). MVI is also important for the organisation of cortical actin networks 

(Frank et al., 2004) and, through interactions with binding partner optineurin, MVI also 

regulates Golgi complex organisation (Buss et al., 1998; Sahlender et al., 2005). 

 

 
Figure 12 – MVI domains and alternative splicing isoforms. MVI comprises a motor domain 
with ATPase activity, where actin binding occurs. This is followed by an IQ domain that binds to 
calmodulin and by a long tail domain. At the C-terminal, a globular cargo-binding domain (CBD) 
has two motifs – RRL and WWY – that coordinate binding to different binding partners, such as 
NDP52 and Dab2. Due to alternative splicing, there are four MVI isoforms: NI, SI, LI, SI+LI, 
depending on the absence/presence of one or both possible inserts. 

 

 

As these proteins are well-known for their role in force transduction in the cytoplasm, 

they may have a similar role in the nucleus (Cook et al., 2020; Cook and Toseland, 

2021). Future studies are necessary to shed light on the response of nuclear F-actin and 

nuclear myosins to external mechanical cues. 
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Given the variety of cellular roles highlighted above, it is not surprising that mutations or 

misregulation of MVI lead to disease. MVI mutation is associated with deafness (Arden 

et al., 2016), hypertrophic cardiomyopathy (Buss et al., 2004) and its overexpression is 

linked to cancer (Yoshida et al., 2004). However, whilst misregulation of its many 

cytoplasmic functions is thought to lead to disease, we are now starting to consider how 

its newly described roles in transcription and chromatin regulation might also play a role 

in disease. 

In part, this thesis aims to shed light on the nuclear role of MVI. We do not yet fully 

understand to what extent MVI nuclear function depends on its motor activity, or ability 

to interact with actin. For example, MVI function in chromosome reorganisation and gene 

pairing, could be linked to its ability to generate movement. Alternatively, its load-

dependent anchoring capabilities might also provide stability for chromatin or 

transcription machinery during gene expression. Furthermore, initial observations of MVI 

in the nucleus have described it as part of transcriptionally active clusters. Does MVI 

contribute to cluster formation during transcription? Furthermore, it is important to 

understand how MVI activation occurs within a nuclear context. The work presented 

here addresses these questions, to expand our limited knowledge of how MVI is 

recruited into the nucleus of cells; which binding partners modulate its nuclear functions 

and how MVI regulates RNAPII-dependent transcription.  

 

1.6. Methodological Approaches to Study Nuclear 
Architecture and Organisation 
 

In order to study the regulation of nuclear architecture - from global nuclear structure 

and mechanics to the molecular organisation of nuclear processes - I used a 

multidisciplinary approach. This approach aims to provide a comprehensive view of the 

nucleus and the relationships between its physical status and function. Although I 

employed several different methods during this work (transcriptomics, biochemical 

methods, proteomics etc.), three different methodological approaches were essential for 

my results and were recurringly used by me: i) Atomic Force Miscroscopy (AFM); ii) 

Stochastic Optical Reconstruction Microscopy (STORM) with Cluster Analysis; and iii) 

Single-Molecule Tracking. In the next three sections, I will briefly discuss some of key 

aspects of these techniques and reasons for using them. 
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1.6.1. Atomic Force Microscopy 
 

AFM is an extremely versatile technique that can provide detailed information on both 

cellular and single-molecule scales. This technique has often been used to provide high-

resolution imaging of both cellular topography and of single-molecules, including of DNA 

and DNA-binding proteins (Pyne and Hoogenboom, 2016; Pyne et al., 2021; Tanigawa 

et al., 2000) as it is used in Chapter 6 to image NDP52 shape and binding to DNA. 

Additionally, AFM is also ideally suited to probe the mechanical properties of different 

materials, including cellular compartments such as the nucleus of mammalian cells 

(Engler et al., 2007; Rehfeldt et al., 2012a; Rehfeldt and Schmidt, 2017; Swift et al., 

2013; Zemel et al., 2010), as we use in Chapter 3 of this thesis. 

First developed by Binning et al. in 1986, the AFM is capable of exerting forces in the 

range of nN and pN on cells, single-molecules and other materials, with very high 

precision (Binnig et al., 1986). The technique relies on surface scanning by a physical 

probe – usually a thin tip at the end of a flexible cantilever. Samples, on a flat surface 

(e.g., glass, mica or polyacrylamide gels) are probed, as the tip is lowered and contacts 

the material. Laser light, focused on the cantilever is reflected onto a four-quadrant-

photodiode that allows detection of deflection (Figure 13) (Rehfeldt and Schmidt, 2017). 

This measurement of deflection can then be translated into values of applied Force, 

through Hooke’s law, if the spring constant of the cantilever is known (Equation 1, where 

F is force, k is the spring constant of the cantilever and Δd is the cantilever deflection) 

(Hutter and Bechhoefer, 1993). Furthermore, deflection also allows us to measure 

indentation of the tip into the sample, through careful determination of the point of 

contact between the tip and the sample (Figure 14). The relationship between 

indentation and applied force can then provide detailed information on the mechanical 

properties of the sample, in the form of Young’s Modulus (Burnham and Colton, 1989).  

(Equation 1)      𝑭 = 𝒌∆𝒅 

Depending on probe geometry, different mathematical models can be used to calculate 

the mechanical properties of the material in question (Rehfeldt and Schmidt, 2017). In 

the case of pyramidal tips, such as the one used in the second publication of Chapter 3 

(dos Santos et al., 2021), the Hertz model is commonly applied, as it generally produces 

good and reproducible values for conically shaped tips (Equation 2, where ν is the 

Poisson’s ratio – usually 0.45 in cells -, α is the opening angle of the pyramidal tip and 

F the applied force) (Hertz, 1882; Rehfeldt and Schmidt, 2017). Some limitations, 

however, arise from the use of the Hertz model (Kontomaris and Malamou, 2020). For 
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example, it assumes that contact between the cantilever and the sample is free of 

adhesion, which, especially in the case of cells, is not true. However, if the approach 

curve is used for calculating the Youngs Modulus, instead of the retraction curve, this 

can be a valid assumption (Rehfeldt and Schmidt, 2017). The Hertz model also assumes 

that samples are homogeneous and isotropic. This, again is not the case, especially 

when considering complex cellular components and compartments such as the nucleus. 

In this case, when using the Hertz model to calculate the mechanical properties of the 

sample, we should refer to the fitted Young’s modulus as the ‘effective Young’s modulus’ 

(E*) (Rehfeldt and Schmidt, 2017). 

(Equation 2)      

 

 

 
Figure 13 – Diagram of AFM measurement. A pyramidal tip at the end of a flexible cantilever indents 
the sample, in this case, the nucleus of a mammalian cell. Deflection of the cantilever is measured 
through the reflection of a focused laser beam onto a photodiode. Analysis of tip indentation versus 
applied force permits the calculation of effective Young’s modulus E* of our sample, which is a measure 
of stiffness. From (dos Santos et al., In press). 
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Figure 14 – Example of mechanical measurements in live-cell nuclei. (A) Force distance curve of 
the nucleus showing approach (red) and retraction (blue) curves. Contact point and detachment points 
are indicated and a flat offset in the curves is visible. Adapted from (dos Santos et al., In press).  

 

The Young’s Modulus is a combined measurement of the viscoelastic contributions of 

the material – between the loss modulus, which accounts for the viscous behaviour of 

the sample, and the storage or elastic modulus, a measurement of sample elasticity. In 

general, through traditional indentation curves using the AFM, it is not possible to 

deconvolve these two different components (Rehfeldt and Schmidt, 2017). However, it 

is possible to extract the viscoelastic properties of materials, if we account for the fact 

that they may respond differently depending on measurement time-scales (Rehfeldt and 

Schmidt, 2017). In other words, for some materials, their mechanical properties vary, 

depending on the frequency of the applied stress. Whilst this could appear to be a 

limitation of the method, AFM measurements at a range of different frequencies can 

provide extremely valuable insights into the structure and composition of complex 

materials. This can be achieved by applying sinusoidal stress to the sample, similarly to 

more traditional rheology methods (Mahaffy et al., 2004; Mahaffy et al., 2000). This 

approach has been used previously, for example, to probe differences between benign 

and malign cancer cells (Rother et al., 2014). Here, in the first part of Chapter 3, in a 

study led by Michael Lherbette and myself, we take advantage of this (Lherbette et al., 

2017). By using different time- and length-scales, we were able to investigate the 

homogeneity of the nucleus interior. 

Overall, AFM is an extremely sensitive and powerful technique to determine the 

mechanical properties of cells and subcellular compartments. 
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1.6.2. Stochastic Optical Reconstruction Microscopy  
 

The development of different super-resolution microscopy approaches has enabled 

high-resolution visualisation of subcellular structures and localisation of single-

molecules within cells in last few years (Fornasiero and Opazo, 2015; Hell Stefan, 2007; 

Huang et al., 2009; Toomre and Bewersdorf, 2010; van de Linde et al., 2012). In 

microscopy, resolution refers to the ability to separate two distinct points, close together, 

such as two fluorescently labelled molecules.  

In 1873, Abbe described how optical resolution is limited by the diffraction of light (Abbe, 

1873). This limitation is shown in (Equation 3) and arises due to the physical 

impossibility of the focal spot size in xy (𝒅) to be smaller than the wavelength (λ) of light, 

divided by the NA	the numerical aperture of the imaging objective - the opening angle of 

an objective lens (Abbe, 1873; Born and Wolf, 2013). The intensity profile of this optical 

spot corresponds to the Point Spread Function (PSF) of the microscope, and determines 

its resolution. Hence, if the distance between two objects is smaller than the PSF width, 

their signal will be overlapping and, therefore they are not resolved (Abbe, 1873; Born 

and Wolf, 2013). A major barrier to achieving high resolution images is that, in widefield 

(epifluorescence) or confocal microscopy, all fluorophores within the illuminated spot are 

simultaneously excited and, therefore, they also all emit quasi-simultaneously. With this, 

in crowded spaces, such as within a cellular context, separation between two molecules 

almost impossible.  

As modern objectives can generally reach a NA of 1.4-1.6, this means that, for visible 

light, the minimum resolved distance achievable, under conventional methods and 

according to Abbe’s law, is approximately >250nm - well above the size of individual 

proteins or protein complexes.  

  (Equation 3)   𝒅 = 	 𝝀
𝟐𝑵𝑨

 

Amongst the most common super-resolution techniques are: Stimulated Emission 

Depletion Microscopy (STED) (Hell et al., 2009); Structured Illumination Microscopy 

(SIM) (Heintzmann and Gustafsson, 2009); and Single-Molecule Localisation 

Microscopy (SMLM), which includes (Fluorescence) Photoactivated Localisation 

Microscopy ((F)PALM) (Betzig et al., 2006; Hess et al., 2006) and Stochastic Optical 

Reconstruction Microscopy (STORM) (Bates et al., 2013b).Here, I will focus on the latter 

approach, STORM, which relies on the detection of single-molecules.  
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Although the lateral image of a single fluorophore is limited by the diffraction limit to 

approximately 200-300 nm, its position can be precisely determined (in non-crowded 

environments), depending on the number of photons emitted (Thompson et al., 2002). 

This is achieved by calculating the centroid positions of emitting fluorophores and 

localisation accuracies as low as 1.5 nm have been achieved through this method (Yildiz 

et al., 2003). However, this still does not improve the resolution of an image in highly 

dense molecular environments, where PSFs of many fluorophores overlap. 

STORM circumvents this problem by taking advantage of photo-switchable fluorophores 

that allow sequential localisation of individual molecules (Bates et al., 2008; Bates et al., 

2013a; Bates et al., 2013b). The photo-switchable nature of fluorophores allows 

molecules to be turned ON, into a ‘bright state’, at different time windows, whilst the 

remaining molecules populate a ’dark’ state. With this, the position of ‘ON’ fluorophores 

can be easily determined by finding their centroids over many imaging frames. This 

allows not only high localisation precision for the different molecules detected, but also 

high image resolution (Bates et al., 2008; Bates et al., 2013b; Thomson et al., 2004). 

Using this technique, image resolution is no longer limited by the wavelength of light, but 

by the precision of each localisation, which, in turn, depends on the brightness of the 

fluorophore, background fluorescence, labelling efficiency, size of fluorescent label and 

the rate of transition of molecules from the dark to the bright state (Zhuang, 2009). 

Several photo-switchable fluorophores can be used in STORM, including organic dyes, 

such as Alexa Fluor dyes (van de Linde et al., 2011b; Xu et al., 2017; Zhuang, 2009), 

and fluorescent protein tags, such as GFP (Betzig et al., 2006; Hess et al., 2006). 

Briefly, a high-excitation power density (over 5kW/cm2) is used to excite photo-

switchable fluorophores such as Alexa488 and Alexa647, which, in the presence of thiol-

containing buffers (e.g., β-mercaptoethanol) enter a long-lived dark state. Fluorophores 

spontaneously exit this dark state and return to the non-excited state, through emission 

of light. Repetition of this process over many frames enables reconstruction of high 

resolution images (Bates et al., 2013a). 

Importantly, especially for a large part of my work in this thesis, STORM not only allows 

a reduction in the minimum resolvable distance between individual fluorescent 

molecules, but also allows quantitative analysis of the image generated. Questions such 

as i) how many molecules populate a certain cellular region; ii) how are these molecules 

organised; ii) to what degree do they colocalise with other molecules of interest and iv) 

how these variables are affected by internal or external stimuli, can now be answered 

through image processing. Software packages, such as the one developed by Pageon 
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et al., (Pageon et al., 2016) which I often use in the work presented in this thesis, has 

also enabled statistical analysis of molecular behaviour in their cellular environment.  

As I mentioned earlier in this chapter, molecular clustering is often associated to cellular 

function. A major aim of this is thesis was to understand nuclear organisation of 

enzymatic processes, such as transcription. This includes investigating how the 

distribution of proteins thought to be involved in such processes (e.g., MVI, transcription 

coactivators, etc.) relates to their nuclear function and impacts overall nuclear activity. 

In order to study protein clustering, it is necessary to obtain single-molecule localisation 

details on these proteins. STORM imaging permits this, allowing for high-resolution co-

localisation studies with proteins of interest, quantitative analysis on number of 

molecules in regions of interest, as well as statistical analysis regarding clustering 

behaviour. 

I will now briefly describe the principles behind cluster analysis, in particular the ones 

relevant to the analysis I have used in this thesis. Following STORM acquisition, a table 

of xy positions is generated with localisations of individual molecules (Endesfelder and 

Heilemann, 2015). For a general overview of point pattern data distribution, the Ripley 

K function can be used. The Ripley K function applies spatial statistics to provide 

information on whether points within a certain region are randomly distributed, 

aggregated or segregated (Owen et al., 2010; Perry, 2004; Ripley, 1979). Clusters are 

defined as regions of higher density, that would not be expected to occur if the same 

number of molecules was randomly distributed. The Ripley K function is calculated over 

a range of distances (in the case of the single molecule data used in this thesis this is 

usually between 500 and 1000 nm) to determine how point pattern distributions change 

with distance – for example, molecules might have a tendency to cluster at shorter 

distances which disappears with longer distances or vice-versa (Owen et al., 2010; 

Perry, 2004; Ripley, 1979). In the software developed by Pageon et al., which I use here, 

a linearised form of the Ripley K function (L(r)-r) is integrated into the analysis. As a 

result, plots of L(r)-r in function of r (r being the radius of search) can be generated and 

provide information on the likelihood of molecules to cluster. Positive function values 

indicate clustering, whilst values close to zero mean random distribution and negative 

values segregation. Examples of these plots are shown in Chapters 4, 5 and 6. Another 

important value generated by the Ripley K function is the maximum L(r)-r radius value – 

the value at which clustering probability is the highest (Pageon et al., 2016). This value 

can be used as a good estimate of the average size of clusters for a particular molecule 

and is a good starting point when applying further clustering statistical analysis to the 

single-molecule data set. 
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If the Ripley K function indicates that the molecules within the region of interest are 

clustered, further characterisation of their clustering behaviour is possible through 

Density-Based Spatial Clustering of Applications with Noise (DBSCAN) (Ester et al., 

1996). DBSCAN provides detailed information on individual clusters, including size, 

shape, density and the number of molecules in each cluster. For this, an arbitrary point 

is selected within the region of interest. The point is considered as being part of a cluster 

if a minimum number of points (MinPts - user defined) is in close proximity (distance 

must be lower than a user defined radius – usually the localisation precision of single 

molecule data acquisition) (Ester et al., 1996; Pageon et al., 2016). The user defined 

MinPts value for cluster size calculation can vary depending on the type of data and 

biological system/process being studied. Pageon et al. used MinPts = 3 as a starting 

point for analysis of cluster (Pageon et al., 2016). In this thesis I have used MinPts = 5, 

which means that only clusters where 5 or more neighbours are found in close proximity 

may be considered clusters. This allowed us to detect different types of clusters – 

relatively small clusters, as well as very large clusters. By having information on clusters 

of different sizes, it is also possible to infer on how biological function and activity in 

these regions may differ and to study how perturbations may affect a specific population 

of cluster.  

In this thesis, I use this combined SMLM and cluster analysis approach to investigate i) 

activation of MVI through clustering with associated binding partners in cells; ii) spatial 

organisation of RNAPII and its dependency on MVI function and iii) NDP52 nuclear 

distribution relative to transcription in cells. 

1.6.3. 3D Single-Molecule Tracking in Live Cells 
 

When studying nuclear organisation and architecture another important consideration is 

molecular dynamics. In STORM, the long acquisition times combined with the high laser-

power required to produce the photo-physical effects needed for single-molecule 

detection, translate into high levels of cytotoxicity (Henriques et al., 2011; Tosheva et 

al., 2020; van de Linde et al., 2011a; Wäldchen et al., 2015). Hence, this technique is 

most commonly used in fixed cells and not routinely used to observe dynamic cellular 

processes, in real-time. 

Several imaging techniques allow measurement of molecular dynamics of fluorescently 

labelled proteins in live-cells. Fluorescence Recovery After Photobleaching (FRAP), for 

example, is often used to measure diffusion of molecules within the cellular context 

(Axelrod et al., 1976; Kitamura and Kinjo, 2018; Pincet et al., 2016; Wachsmuth, 2014). 
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However, this only provides information on the bulk behaviour of molecules and cannot 

distinguish subpopulations (i.e., ration of diffusive molecules versus static or confined 

molecules). Furthermore, as FRAP does not allow single-molecule observation, and 

events, such as binding or processive movement, are also indistinguishable. 

Conversely, single-molecule tracking in live-cells provides real-time, quantitative data 

regarding molecule dynamics, localisation and kinetics in the native environment of the 

particles of study (Lionnet and Wu, 2021; Liu et al., 2014; Miné-Hattab et al., 2021; Sako 

et al., 2000; Yang et al., 2004). As a result, single-molecule tracking has become a 

popular approach in the study of cellular processes.  

Important considerations when designing single-molecule tracking experiments are i) 

the choice of fluorophores; ii) the spatiotemporal resolution and detection of fluorescent 

signal by optical setup and iii) phototoxicity (Liu et al., 2015). Arguably, selection of 

fluorophore is the most important choice for good live-cell single-molecule tracking data. 

Both the photobleaching rate of fluorophores, due to permanent electron loss as a 

consequence of photodamage (Ha and Tinnefeld, 2012; Hoogenboom et al., 2005) and 

their quantum yield – fraction of photons absorbed that are re-emitted as fluorescence 

by the fluorophore – heavily impact the quality of single-molecule data (Aaron et al., 

2019). Low photon emission by fluorophores can lead to high signal-to-noise ratios when 

tracking molecules in the crowded cellular environment and, indirectly, to higher sample 

phototoxicity, as they will generally require higher illumination power and/or higher 

exposure times for detection (Aaron et al., 2019). Genetically encoded fluorescent 

protein tags are an ideal tool to label and track molecules in their native environment. 

However, unlike organic dyes, regularly used fluorescent protein tags, such as GFP, 

have severe downsides for single-molecule tracking experiments due to their high 

photobleaching rate, low photostability and low brightness (Xia et al., 2013). To 

circumvent this, a combination of fluorescently labelled proteins with the photophysical 

benefits of organic dyes is possible using Halo and SNAP tags. These tags are, in 

themselves, not fluorescent, but are capable of forming irreversible covalent bonds with 

small ligands (Halo and DNAP ligands, respectively), with very high specificity under 

normal physiological conditions (Bosch et al., 2014; Keppler et al., 2003; Los et al., 

2008). These ligands can have organic fluorescent dyes attached, which then allows 

their visualisation. Several dyes are available for this system, but of particular 

prominence are the Janelia Fluor dyes developed by the Lavis lab (Grimm et al., 2015). 

These dyes are available at a range of wavelengths and present fast labelling kinetics, 

high brightness, high cell permeability, high photostability and improved photon yield 

(Grimm et al., 2015). Furthermore, these properties also allow lower illumination power 
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to be used during imaging, thus reducing overall phototoxicity. For the single-molecule 

work presented in this thesis, I used SNAP- and Halo-labelled proteins (e.g., Halo-Rbp1, 

Halo-NDP52) to investigate their dynamic behaviour in the nucleus of cells.  

As previously mentioned, another important consideration is the microscope setup for 

imaging. Most imaging setups can be used for single-molecule tracking – from wide-field 

or confocal microscopy (Martin et al., 2013; Milenkovic et al., 2015; Stehbens et al., 

2012), Total Internal Reflection Fluorescence Microscopy (TIRF) (Cai et al., 2009; 

Harada et al., 1999), Lattice Light-sheet Microscopy (Chen et al., 2014) and even in 

some cases super-resolution techniques adapted to live cells (Cisse et al., 2013; Manley 

et al., 2008). High sensitivity and fast acquisition times (fast frame rates and low 

exposure times – approx. 30 ms) that provide a large number of quasi-uninterrupted 

trajectories points for each molecule are a necessity for good single-molecule tracking 

data, although in some cases very high frame rates can be counterproductive and 

introduce high signal-to-noise ratios (Aaron et al., 2019; Abrahamsson et al., 2013). 

Although this can be easily achieved with current technological developments, this 

temporal resolution requirement is a large limitation of 3D single-molecule tracking in 

cells.  

Particles move in 3D and, therefore, three-dimensional tracking is important to fully 

understand molecular behaviour in cells. In 2D tracking, molecules often move out of 

the focal plane, leading to complete loss of signal and incomplete tracks (Aaron et al., 

2019). Conventional wide-field, confocal, spinning disk and light-sheet microscopes 

collect data from 2D focal planes. Consecutive 2D z-stacks obtained from confocal or 

spinning disk microscopes, can be compiled to generate 3D reconstructions, but this 

reduces the temporal resolution of acquisition, as the focal plane needs to change 

(Abrahamsson et al., 2013). Out-of-focus fluorophores can be easily photobleached 

during 2D acquisitions and many photons will be unnecessarily rejected by the confocal 

pinholes, which results in loss of information (Aaron et al., 2019; Abrahamsson et al., 

2013). Furthermore, it has been reported that sample refocusing during 3D single-

molecule data acquisition (through z-stacks) can mechanically disturb the sample 

(Botcherby et al., 2007).  

To overcome these problems in 3D single-molecule tracking, Abrahamson developed a 

microscope – acMFM (as I have mentioned earlier in this chapter, in the context of 

transcription kinetics) - that allows simultaneous imaging of 9 z-planes (Abrahamsson 

et al., 2013). My single-particle tracking work, presented in this thesis, across different 

projects and publications, heavily relied on the use of this technique. Briefly, 
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Abrahamson’s approach uses a diffractive grating that automatically produces instant z-

stacks of 2D projections in a single camera, following aberrant-free refocusing 

(Abrahamsson et al., 2013). The optical system of the acMFM uses a wide-field 

epifluorescence microscope, a diffractive multifocal grating, to generate the multifocal 

image and a chromatic correction grating and prism for refocusing (Abrahamsson et al., 

2013). Using this system, I was able to track molecules through a depth of 4µm in z and 

20x20μm in xy, which is approximately the size of the mammalian nucleus in adhered 

cells (dos Santos et al., 2021; dos Santos et al., 2020; dos Santos et al., 2022; Hari-

Gupta et al., 2020). 

Following image acquisition, especially for 3D single-particle analysis, powerful 

computational tools have to be applied, in order to calculate the dynamic behaviour of 

molecules. acMFM single-molecule tracking analysis requires a calibration procedure 

that i) accounts for the spacing between z-planes introduced by the physical multifocal 

grating (approximately 400nm spacing between each of the 9 z-planes), ii) aligns the xy 

planes relative to each other and iii) measures variations in detection of light for each z-

plane (Aaron et al., 2019; Abrahamsson et al., 2013). Following this procedure, 3D 

tracks of particles can be reconstructed and diffusion constants of particles calculated, 

through mean square displacement (MSD) analysis, assuming an anomalous diffusion 

model (Aaron et al., 2019). For the single-molecule tracking data acquired by me during 

the work presented in this thesis, the image processing and track analysis just 

described, was performed using the expertise and Matlab software packages developed 

by the Advanced Imaging Center team at HHMI Janelia Research Campus. I will, 

however, briefly describe some principles of MSD analysis and molecular diffusion. 

MSD curves extracted from single-molecule data, describe the displacement of a particle 

at different time intervals. For a particle that is freely diffusive and moves randomly in an 

isotropic environment, Chandrasekhar showed that the MSD is linear over time and 

dependent on the diffusion coefficient (D), the time interval (Δt) and the number of spatial 

dimensions through which the particle can diffuse (γ) (e.g., 2 for 2D, 3 for 3D) (Equation 
4) (Chandrasekhar, 1943). Calculating the slope of MSD vs Δt curves for molecules, 

using a least squares regression, will allow the calculation of Diffusion coefficients.  

  (Equation 4)     𝑀𝑆𝐷 = 2𝛾𝐷∆𝑡 

In crowded and complex environments, such as the cell, most molecules will not, 

however, diffuse freely. Molecules may be confined in one or more dimensions of space 

by membranes or through binding activity to complexes and cellular compartments or 

structures (Dietrich et al., 2002; Kusumi et al., 1993; Smith et al., 1999). Alternatively, 
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molecules might be undergoing directed motion, as is the case of molecular motors that 

use ATP as a source of energy for movement (Saxton, 1994). In this case, particles 

undergo anomalous diffusion, as they are not equally likely to move in all directions, as 

expected in Brownian motion. The MSD over Δt relationship also loses linearity.  This 

happens because, for example, at a shorter time scale a molecule might diffuse freely 

but later on encounter a cellular structure or other interacting molecules that will restrict 

its diffuse behaviour. This is called sub-diffusion and results in a decrease in the slope 

of the MSD curve at larger Δt. Conversely, for molecules undergoing directed motion, 

also called super-diffusion, the MSD slope will increase at larger Δt, as their 

displacement is larger than what would be expected of molecules diffusing freely 

(Metzler et al., 2014; Metzler and Klafter, 2000). For an anomalous diffusion model, 

Equation 4 can be modified to account for a component of anomalous diffusion (α), as 

described in (Equation 5). 

(Equation 5)     𝑀𝑆𝐷 = 2𝛾𝐷∆𝑡! 

For the single-molecule data I obtained, analysis was performed assuming anomalous 

diffusion. The anomalous diffusion constant α, to which I refer in my analysis of acMFM 

data in the later chapters of this thesis, provides information on the type of diffusion of 

molecules – α=1 signifies free diffusion (linear slope for MSD vs Δt curve), α<1 describes 

sub-diffusive molecules and α>1 super-diffusive particles (Aaron et al., 2019; Metzler et 

al., 2014; Metzler and Klafter, 2000; Saxton, 1994).  

Importantly, having this detailed information on the behaviour of single-molecules within 

their cellular environment, also allows us to have insights into their cellular function and 

regulation. For example, we can investigate how the dynamic behaviour of RNAPII 

molecules is impacted by changes in activity of MVI; how interactions between MVI and 

binding partners affects MVI motion in cells; or how inhibition of transcription affects 

NDP52 nuclear diffusion (dos Santos et al., 2020; dos Santos et al., 2022; Hari-Gupta 

et al., 2020). Furthermore, we can also interrogate the local physical environment of 

molecules by determining changes in the diffusive behaviour of reporter molecules 

(dos Santos et al., 2021). 

Throughout my single-molecule tracking data analysis, I sub-divide molecules into 

different categories: static (D < 0.1 μm2/s), and diffusing (0.1 μm2/s >D> 5 μm2/s), or 

occasionally, static (D < 0.1 μm2/s), ‘slow’ diffusing (0.1 μm2/s >D> 1 μm2/s) and ‘fast’ 

diffusing (D> 2 μm2/s). These values were arbitrarily but consistently selected to 

represent the different populations of molecules and to measure how external stimuli 

affect changes to each population of molecules. Furthermore, data are truncated at 0 
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for diffusion coefficients values, as MSD (squared displacements) values are always 

positive and, therefore, it follows that D values will also be positive (Equation 5) (Aaron 

et al., 2019). 

1.6.4. Data Fitting and Statistics 
 

In this thesis, I recurringly use similar statistical approaches to analyse my data. Briefly, 

I use an initial F-test to test whether groups demonstrated unequal variance. Secondly, 

as changes in measured values could feasibly result in mean differences that are either 

smaller or greater than zero, I employ a two-tailed statistical test, to allow for this 

possibility. In cases where analysis is performed on independent groups, testing using 

ANOVA, with post-hoc tests such as the Bonferroni-Holm, could also have been 

employed. However, I was not always able to satisfy this important condition of 

independence between groups, and hence I used individual t-tests as described above. 

An alternative and robust approach would be to also correct for the increased probability 

of false positive results, arising from multiple comparisons, using the Benjamini-

Hochberg procedure (Benjamini and Hochberg, 1995). This has the additional 

advantage of allowing the false discovery rate (e.g., 5%) to be specified. ANOVA post-

hoc tests are sometimes considered overly conservative as post-hoc procedures 

attempt to limit the family-wise error rate (FWER) to less than one occurrence per test 

at the cost of reduced power (ability to detect true positive results) (Eichstaedt et al., 

2013; Krzywinski and Altman, 2014). Controlling for the proportion of false positives, 

using the Benjamini-Hochberg procedure, would increase the power to detect true 

positives.  

To represent many of my quantitative data in this thesis (e.g., AFM, single-particle 

tracking, cluster analysis), I use violin plots. I found this representation to be the most 

visually informative, as it provides additional information on the distribution of the data. 

Violin plots are a combination between box plots and kernel density plots – a non-

parametric estimate of the probability function of the data. Violin plots can provide 

additional useful information on whether data are multimodal or on the uniformity of the 

data (Weissgerber et al., 2019). Additionally, I always refer to mean values ± standard 

error (unless otherwise clearly stated), when referring to my measurements. Whilst 

standard deviation can provide information on how varied and scattered a particular 

sample is, the standard error from the mean is far more informative, since it gives an 

estimate of how uncertain the mean value of a sample is, as it depends on both the 

standard deviation and the sample size (Altman and Bland, 2005). 
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2. Aims  
The overarching aim of this thesis is to explore nuclear architecture and the physical 

organisation of the nucleus. In order to understand nuclear function, it is important to 

study different aspects of nuclear architecture – from the large structural characteristics 

of the organelle, to the smaller molecular detail, in the organisation and dynamics of the 

enzymatic processes that occur within its boundaries. My approach to study nuclear 

organisation, presented here, starts with how the organelle mechanically adapts to 

external and internal cues and extends into how enzymatic processes, in particular 

transcription, are organised at a nanoscale level. With this, I aimed to provide a global 

overview of nuclear function and provide insight into how nanoscale processes and their 

spatial organisation can impact global nuclear structure. To achieve this goal, the work 

performed here is subdivided into four aims, described below: 

 
1. To understand how different structural components of the nucleus 
contribute to its viscoelastic behaviour across different mammalian 
cell lines and how external stimuli and nuclear processes may affect 
nuclear mechanics.  
This aim strongly relied on the characterisation of the material properties of 

the nucleus using AFM, with a particular focus on the contributions of 

chromatin organisation to overall mechanics. Using a micro-rheology AFM 

method, we first compared the response of nuclei of different mammalian 

cells to mechanical input. Following this, we set out to explore the impact of 

cisplatin-induced DNA damage and DDR activation on nuclear organisation 

and overall mechanics. 

 

2. To explore the nuclear functions of MVI and investigate the 
molecular mechanisms of MVI activation. To understand the role of 
binding partners in MVI function.  
This aim utilised biochemical and cell biology approaches to explore how 

nuclear MVI undergoes activation - from an inactive backfolded 

conformation into an active unfolded dimeric motor. Several aspects of MVI 

were investigated during this study, including the impact of isoform splicing 

in the cellular distribution of MVI; binding partner selectivity and the 

importance of MVI motor activity in transcription. 
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3. To explore how MVI activity contributes to the spatial organisation 
of RNAPII during initiation. 
Having explored the activation of MVI through interactions with binding 

partners and the potential roles of MVI in RNAPII transcription in aim 2, we 

then set out to investigate the role of this molecular motor in the nanoscale 

organisation of transcription factories. We used a multidisciplinary approach 

to investigate the overall impact of MVI in gene expression, cell proliferation, 

chromatin organisation and assembly of RNAPII clusters. This work also 

aimed to provide insight into the requirement for motor and anchoring activity 

of MVI in transcription. 

 

4. To provide insights into novel roles for NDP52 in the regulation of 
transcription. 
In aim 2, NDP52 was recurringly used as a binding partner of MVI to study 

the how the activity of this motor protein is regulated. Due to the high 

homology between NDP52 and its family member CoCoA, as mentioned in 

Chapter 1, in this aim, we set out to explore novel nuclear functions for 

NDP52, independently of MVI. We used a multidisciplinary approach to 

study the biochemical properties of the protein, its cellular distribution and a 

possible role in transcription. 
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3. Structural contributors to 
Nuclear Mechanics in DNA damage 

3.1. Context of Research and Contributions 
 
The work presented in this chapter explores the mechanical properties of the nucleus. 

For this, we try to answer the following questions:  

i) How do the mechanical properties of the nucleus vary spatially across the 

organelle and between cell types? How do lamina and chromatin contribute to 

the viscoelastic behaviour of the nucleus?  

ii) How does DNA damage and activation of DDR impact nuclear mechanics? 

How does the mechanical state of the nucleus affect DNA damage incidence? 

This chapter comprises two different published works, as listed below. Contributions 

of individual authors are also detailed below. 
 

i) Atomic Force Microscopy micro-rheology reveals large structural 
inhomogeneities in single cell-nuclei. The first section of this chapter is described 

in: 

Lherbette M*, dos Santos Á*, Hari-Gupta Y, Fili N, Toseland CP, Schaap IAT; Atomic Force 

Microscopy micro-rheology reveals large structural inhomogeneities in single cell-nuclei. 

(*equal contribution) Scientific Reports, 2017. 7:8116  

The mechanical properties of whole-cells have been the object of study for many 

years. We now know that cells behave as viscoelastic materials and actin filaments 

are considered one of the major contributors to overall cell stiffness. Many 

mechanotransduction studies have also been able to describe how changes in 

extracellular matrix composition/stiffness, or how cytoskeletal forces may affect 

transduction to the nucleus. However, less is known regarding how force transduction 

occurs within the nucleus. Furthermore, nuclei of different cell types have varied sizes 

and morphologies, but little is known how consistent their response to force and their 

mechanical properties are. At this first stage of the work, we set out to answer how 

the nuclear response to force varies between nuclei of different cell lines and at 

different time and length deformation scales. We determined that, qualitatively, nuclei 

responded similarly to force inputs, although quantitatively, the magnitude of this 

response varied accordingly the size of nuclei and, possibly, the degree of chromatin 



76 
 

confinement. We also shed light on the inhomogeneous nature of the nuclear interior, 

which highlighted the importance of chromatin organisation for the overall material 

properties of the nucleus and its viscoelastic behaviour. 

Contributions 

This first work was a collaborative effort between myself and Dr Christopher Toseland 

with Michael Lherbette and Dr Iwan Schaap at the Herriot-Watt University. Following 

scientific discussions with our collaborators, we agreed on using a micro-rheology 

approach to extract viscoelastic measurements for isolated nuclei. I performed 

nuclear extractions from all different cell lines for immunofluorescence experiments 

and for all AFM measurements. Dr Yukti Hari-Gupta and Dr Natalia Fili helped with 

nuclear isolation protocols. Dr Iwan Schaap and Michael Lherbette conceived micro-

rheology experiments and analysis. I made several trips to Herriot-Watt University to 

perform AFM measurements in parallel with Michael Lherbette on both frozen and 

isolated nuclei and to provide guidance on experimental conditions, such as buffers, 

as well as sample quality. I designed swollen and shrunk nuclei experiments 

(supplementary information), performed all immunofluorescence imaging of nuclei 

and performed immunoblotting experiments to measure levels of LB1 on different cell 

lines. Michael Lherbette performed Finite Element Analysis (FEA) and modelling from 

micro-rheology data. The paper was drafted in collaboration between Dr Christopher 

Toseland, myself, Michael Lherbette and Dr Iwan Schaap. 

 

ii) DNA damage alters nuclear mechanics through chromatin reorganisation. The 

second part of this chapter is described in: 

 
dos Santos Á, Cook A, Gough RE, Schilling M, Olszok NA, Brown I, Wang L, Aaron J, Martin-

Fernandez ML, Rehfeldt F, Toseland CP; DNA damage alters nuclear mechanics through 
chromatin reorganisation. Nucleic Acids Research, 2021. 49(1):340-353 
 

Following this initial work, and the understanding that chromatin crosslinking and 

compaction are important contributors to nuclear stiffness, we decided to investigate 

how changes occurring within chromatin might impact nuclear mechanics. Nuclear 

activity, including transcription stimulation and DNA damage/DDR, leads to changes 

in chromatin organisation. Hence, targeting these processes would help us shed light 

on these questions. Here, we chose induced-DNA breaks and subsequent activation 

of DDR as an approach. Choosing DNA damage over stimulation of transcription, 

using for example serum stimulation, has several benefits. For example, time-scales 
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for DNA damage drug treatments are relatively short and well-defined, whilst 

transcription stimulation requires prior serum starvation, which leads to long 

experimental times. Furthermore, incidence of DNA lesions, such as DSBs, can be 

easily checked and quantified, through the use of DNA damage marks such as 

γH2AX. DSBs are major drivers of genomic instability and cancer development; 

however, it is not yet clear how DNA damage itself, or downstream activation of repair 

pathways that induce changes to nuclear architecture, may affect the mechanical 

state of the nucleus. This is particularly important in a cancer and cancer-therapy 

context, as the mechanism of action of many chemotherapy drugs, such as cisplatin, 

rely on inflicting such lesions to DNA, in order to induce apoptosis. Furthermore, it is 

increasingly clear that there is a link between tissue and cell mechanics, cancer 

development, aggressiveness, metastatic behaviour and therapy-resistance.  

 

Contributions 

This work started following discussions between myself, Dr Christopher Toseland and 

Dr Florian Rehfeldt, our collaborator for this project, at the University of Göttingen, on 

the effects of DNA damage on nuclear mechanics. I led the project and coordinated 

the collaboration between the laboratories in Sheffield and Göttingen. For this, I 

designed the experiments, prepared samples and performed all AFM measurements 

and analysis in fully-adhered cells, initially-adhered cells and isolated nuclei, with and 

without drugs, whilst being hosted in the lab of Dr Florian Rehfeldt. During this time, 

two MSc students, Martin Schilling and Nora Olszok shadowed my work and 

contributed to general lab work and assisted with AFM experiments. I performed high-

content screening experiments and analysis. I prepared samples for both STORM and 

acMFM experiments and, shared equally STORM and single-particle tracking data 

acquisition with Dr Christopher Toseland at Harwell Research Campus and HHMI 

Janelia Research Campus, respectively. Dr Christopher Toseland and I used software 

packages developed by Dr Jesse Aaron and the Advanced Imaging Centre at HHMI 

Janelia Research Campus (U.S.) for initial acMFM data analysis. During STORM data 

acquisition, Dr Lin Wang and Prof Marisa Martin-Fernandez and Research Complex 

at Harwell (U.K.) imaging facilities provided support. I provided Ian Brown at the 

University of Kent with cell samples for electron microscopy experiments. Ian Brown 

generated microtome slices of cells for electron microscopy and prepared negative 

stain samples. Both Ian Brown and I acquired electron microscopy images in parallel, 

which I then analysed. Experiments involving cells growing on polyacrylamide gels 
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were performed by Dr Alex Cook and Dr Rosemarie Gough. I produced a first draft of 

the manuscript with guidance from Dr Christopher Toseland and Dr Florian Rehfeldt, 

which then incorporated additional comments from all other authors. 

3.2. Manuscripts 
 
(see below) 
 
 
 
 
 

 

3.2.1. Manuscript 1 - Atomic Force Microscopy micro-rheology 
reveals large structural inhomogeneities in single cell-nuclei. 
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3.2.1.1. Supplementary Material for Manuscript 1 
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3.2.2. Manuscript 2 - DNA damage alters nuclear mechanics through 
chromatin reorganisation 
 

 

 

 



101 
 



102 
 



103 
 



104 
 



105 
 



106 
 



107 
 



108 
 



109 
 



110 
 



111 
 



112 
 



113 
 



114 
 

 

 

 

 

 

 



115 
 

3.2.2.1. Supplementary Material for Manuscript 2 
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4. Activation of nuclear Myosin VI 
function 

 

4.1. Context of Research and Contributions 
 

In order to study nuclear architecture and organisation, it is important not only to 

investigate the overall physical properties of the nucleus, but also to understand how 

enzymatic processes that occur within the organelle are regulated. In the previous chapter, 

our work makes a clear connection between nuclear mechanics and activation of DDR, by 

showing that changes to global chromatin conformation following ATM kinase activation 

directly affect nuclear stiffness. Here, we investigate another important nuclear process – 

RNAPII transcription.  

A major aim of this thesis is to explore the role of nuclear MVI in the regulation of RNAPII 

transcription. However, in order to do this, we first need to understand how the biochemical 

functions of MVI are regulated, to assign a nuclear role to the protein. In this chapter, we 

investigated the activation of nuclear MVI by trying to answer the following questions:  

 

i) Which specific splice-isoforms of MVI are recruited into the nucleus? How is MVI-

RNAPII binding mediated and what biochemical properties of MVI are involved in 

the regulation of gene expression? How does competition between binding sites 

determine MVI cellular function? 

ii) How do interactions with binding partners regulate backfolding, dimerization and 

activation of MVI motor function?  

We shed light on these questions in three different publications (two publications that 

mainly address questions posed in i and one for ii), as listed below. Contributions are also 

stated below. 

i) Activation of nuclear MVI for RNA Polymerase II transcription. The first part of 

this chapter is described in the following two publications: 
 

Fili N, Hari-Gupta Y, dos Santos Á, Cook A, Poland S, Ameer-Beg SM, Parsons M, 

Toseland CP, NDP52 activates nuclear myosin VI to enhance RNA polymerase II 
transcription. Nature Communications 8 1871 (2017) 
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Fili N*, Hari-Gupta Y*, Aston B, dos Santos Á, Gough RE, Alamad B, Wang L, Martin-

Fernandez ML, Toseland CP, Competition between two high-and low-affinity protein-

binding sites in myosin VI controls its cellular function. (*equal contribution) Journal of 

Biological Chemistry 295(2): 337-347(2019) 
 

Over the last decade, the role of nuclear actin and myosins has gained increasing interest. 

So far, myosins have been reported in the context of chromatin remodelling, transcription 

regulation and DNA repair. The ability of myosins to generate force through ATP 

hydrolysis makes these proteins particularly interesting subjects in the study of nuclear 

organisation.  Whilst previous work has linked MVI to RNAPII-dependent transcription and 

gene pairing events through chromatin reorganisation, at the time of the work presented 

in this chapter, the exact molecular mechanisms through which MVI performs these 

functions were largely unknown. In the first part of this of this chapter, we show that MVI 

regulates gene expression by nuclear receptors and that interactions with RNAPII are 

dependent on the ability of the molecular motor to bind DNA. Furthermore, we show that 

MVI motor activity is essential for its role in transcription. We thus propose a model for 

the activation of MVI and another for the possible molecular mechanism of MVI regulatory 

role in transcription.  

 

Contributions 
For the two publications listed in this sub-aim I was not a main contributor. My specific 

contributions were as follows: I performed nuclear extractions, recombinant protein 

expression and purification as well as DNA titration assays specifically for NDP52 and 

tDab2. I designed and performed cell proliferation experiments. I analysed cell 

proliferation assay data. All other experiments were led by Dr Fili (Fili et al., 2017) or Dr 

Fili and Dr Hari-Gupta (Fili et al., 2020) and contributions from additional authors are 

specified within the manuscript. 

 

ii) Binding partners regulate unfolding of myosin VI to activate the molecular 
motor. The following manuscript describes the second part of the work presented 

in this chapter: 

 
dos Santos Á*, Fili N*, Hari-Gupta Y, Gough RE, Wang L, Martin-Fernandez M, Aaron J, 

Chew TL, Toseland CP; Binding partners regulate unfolding of myosin VI to activate the 

molecular motor. (*equal contribution) BioRxiv (2020)  

https://doi.org/10.1101/2020.05.10.079236  
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This work further characterises the properties of MVI, in particular its ability to form 

molecular clusters, a property frequently found in the context of nuclear processes. 

Following the work performed in i), we decided to follow up on the activation of MVI motor 

activity by binding partners. In Fili et al. (Fili et al., 2017), in addition to our findings relative 

to MVI function in transcription, we also propose a model of activation for the nuclear 

isoform of MVI (NI-MVI). In this model, activation of MVI required interactions between 

monomeric, backfolded, NI-MVI and binding partner NDP52. This interaction triggers 

unfolding of this auto-inhibited conformation, followed by subsequent dimerization and 

activity of MVI as a processive motor. From this earlier model, some questions were left 

unanswered. For example: are all isoforms of MVI similarly regulated through binding 

partner interactions at different binding motifs? Do binding partners induce unfolding of 

auto-inhibited MVI or simply stabilise this configuration? Is dimerization an intrinsic 

property of MVI or does it rely on oligomerisation of regulating partners? How relevant are 

these interactions in a cellular context for the regulation of MVI activity? In the second 

part of this chapter, we explore these questions. 

 

Contributions 
I prepared samples for STORM and acMFM and shared equally with Dr Christopher 

Toseland acquisition of single-molecule imaging experiments - STORM and acMFM. Both 

Dr Christopher Toseland and myself used analysis tools developed by Dr Jesse Aaron at 

HHMI Janelia Research Campus (U.S.) to analyse acMFM data.  Additionally, I 

established a cluster analysis protocol to process STORM data using the tools published 

by Pageon et al. (Pageon et al., 2016). This allowed quantification of MVI clustering to 

understand its spatial organisation of proteins. I also expressed and produced 

recombinant NDP52 and performed SEC-MALS experiments with this protein. Dr Natalia 

Fili performed all molecular biology work. All kinetic experiments and kinetic data analysis 

was performed by Dr Christopher Toseland. 

 

 

4.2. Manuscripts 
 
(see below) 
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4.2.1. Manuscript 3 - NDP52 activates nuclear myosin VI to enhance 
RNA polymerase II transcription. 
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4.2.1.1. Supplementary Material for Manuscript 3 
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4.2.2. Manuscript 4 - Competition between two high-and low-affinity 
protein-binding sites in myosin VI controls its cellular function. 
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4.2.2.1. Supplementary Material for Manuscript 4 
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4.2.3. Manuscript 5 – Binding Partners Regulate Unfolding of Myosin 
VI to Activate the Molecular Motor 
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4.2.3.1. Supplementary Material for Manuscript 5 
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5. Myosin VI regulates the spatial 
organization of mammalian 
transcription 

 

5.1. Context of Research and Contributions 
 

This chapter is a continuation of the work described in Chapter 4. In particular, in Fili et al. 

(2017) we proposed an early model of how MVI might regulate transcriptional activity. Our 

model was as follows: MVI is recruited to sites of transcription (e.g., ERE sites) and 

activated through interactions at the C-terminal with binding partners, such as NDP52. 

This then enables binding to RNAPII through actin, which is present in the transcription 

complex, via the N-terminal. As we also show that MVI motor activity is essential for its 

role in transcription, we postulated that MVI could act as either as an auxiliary motor – 

helping RNAPII propel - or, alternatively, as an anchor for stabilising the RNAPII complex. 

Importantly, this points towards a role in the overall dynamics and/or organisation of 

RNAPII during transcription. Hence, the work presented in this chapter tries to answer the 

following questions: How important is MVI motor function for the spatial organisation and 

molecular dynamics of RNAPII? Is MVI-actin binding ability necessary for its transcriptional 

activity? Does MVI force sensing and molecular anchor function play a role in its regulatory 

role? 

 

This chapter comprises one manuscript, for which I am a co-main contributor, as listed 

below. My specific contributions are also listed below. 
 

Hari-Gupta Y*, Fili N*, dos Santos Á*, Cook AW, Gough RE, Reed HCW, Wang L, Aaron J, Venit 
T, Wait E, Grosse-Berkenbusch A, Gebhardt JCM, Percipalle P, Chew TL, Martin-Fernandez M, 

Toseland CP; Nuclear myosin VI regulates the spatial organization of mammalian transcription 

initiation. (*equal contribution) Nat Commun 13, 1346 (2022). https://doi.org/10.1038/s41467-

022-28962-w 
 

We show that MVI has an important role in the nanoscale organisation of transcription 

initiation. Upon MVI depletion or motor inhibition, RNAPII-Ser5P becomes more dynamic 

and transcription factory formation is severely disrupted. Furthermore, we found that this 

is linked to changes in chromatin organisation and gene expression levels. MVI has the 

ability to switch from a motile state to an anchoring state, depending on how much force 
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is applied to the molecule.  In our updated model for the regulation of transcription by MVI, 

we propose that this is an essential characteristic in its regulatory role and that MVI has 

the ability to anchor RNAPII at sites of transcription initiation. This molecular anchoring of 

RNAPII would allow increased binding times of transcription machinery at transcription 

sites, subsequent cluster formation and more efficient gene expression. In this model we 

keep our previous view that MVI could be simultaneously interacting with DNA and/or 

transcription coactivators via its C-terminal and RNAPII through actin via its N-terminal 

domain.  

 

Contributions 
This project was a joint effort between Dr Yukti Hari-Gupta, Dr Natalia Fili and me. The 

work performed herein is heavily based on single-molecule data to understand the 

nanoscale organisation and molecular dynamics of RNAPII, and this is where my main 

contribution lies. I designed experiments, prepared samples and performed single-

molecule data acquisition (STORM and acMFM). I also developed the cluster analysis 

protocol used for STORM data analysis, using open access tools developed by Pageon et 

al (Pageon et al., 2016). With support from the Advanced Imaging facility at HHMI Janelia 

Research Campus, Dr Christopher Toseland and I performed acMFM data analysis. 

Together with Dr Hari-Gupta, I designed and performed cell proliferation assays - I then 

performed the analysis of proliferation data. I also designed and performed confocal 

imaging experiments.  

 

5.2. Manuscript 
 

(see below) 
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5.2.1. Manuscript 6 - Myosin VI regulates the spatial organization of 
mammalian transcription 
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5.2.1.1. Supplementary Material for Manuscript 6 
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6. Autophagy receptor NDP52 
modulates RNA Polymerase II 
transcription 

 

6.1. Context of Research and Contributions 
 

After exploring the role of MVI in the regulation of transcription in Chapters 4 and 5, the 

work presented here focuses on MVI binding partner NDP52 and its nuclear roles. As 

mentioned earlier, in the cytoplasm, NDP52 is an autophagy receptor and binding partner 

of MVI. During our initial investigation of the role of nuclear MVI (Chapter 4), we used 

NDP52 to study the activation of this molecular motor in the nucleus (Fili et al., 2017). In 

addition to our findings regarding MVI activation and nuclear function, in Fili et al. (2017) 

we show that NDP52 can bind to double-stranded DNA; is present in the nucleus and can 

be co-immunoprecipitated with RNAPII-Ser5P. Moreover, antibody depletion of NDP52 

significantly reduced in vitro transcription levels – by approximately 50%. These data 

strongly pointed to a role for NDP52 in transcription. Furthermore, as it is described in 

Chapter 1 and in Fili et al. (2017), NDP52 is a gene paralog and shares high sequence 

homology with CoCoA, a transcription coactivator for nuclear receptors. This led us to 

propose that in addition to being an important binding partner and activator of MVI motor 

activity, NDP52 could have important roles in transcription regulation. In the final chapter 

we followed-up on these findings and attempt to answer the following questions: How 

does the nuclear organisation and molecular dynamics of NDP52 relate to transcriptional 

activity? Does disruption of NDP52 impact gene expression? What is the nuclear 

interactome of NDP52? Could the ability of NDP52 to bind DNA be important for its 

nuclear role? How do the biochemical properties of the protein contribute to its nuclear 

role? 

 

This chapter is composed of one manuscript, listed below, for which I am the sole main 

contributor. 

dos Santos Á, Rollins DE, Hari-Gupta Y, Reed HCW, Du M, Ru SYZ, Pidllisna K, 

Stranger A, Lorgat F, Brown I, Howland K, Aaron J, Wang L, Ellis PJI, Chew TL, , Martin-

Fernandez ML, Pyne ALB, Toseland CP. 

Autophagy receptor NDP52 modulates RNA Polymerase II transcription. BioRxiv (2022) 
https://doi.org/10.1101/2022.02.01.478690 
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In this Chapter we provide evidence that NDP52 is a regulator of transcription, by showing 

that its molecular clustering and relatively slow/static molecular dynamics are tightly 

coupled to transcriptional activity. Furthermore, we show NDP52 clustering at 

transcription initiation sites with RNAPII-Ser5P and that overexpression of NDP52 leads 

to an increase in transcriptional clusters. Furthermore, depletion of NDP52 has a global 

effect on gene expression. Interestingly, NDP52 binding to DNA appears to cause 

changes in DNA structure and create bridging events between DNA molecules. This, 

together with a nuclear interactome that is enriched for chromatin regulators led us to 

propose that one of the possible ways NDP52 is regulating transcription is through 

changes in chromatin structure/organisation.  

 

Contributions 
This project was conceived by myself and Dr Christopher Toseland, as we discussed 

emerging NDP52 data used in Fili et al. (2017). I led this project, initiated contacts with 

collaborators and coordinated the work between multiple research groups. I designed and 

performed experiments with additional contributions as follows: I supervised students 

Hannah Reed and Sabrina Yong Zi Ru, who contributed to recombinant protein data, as 

well as Kseniia Pidllisna, who contributed to LC-MS/MS sample preparation. AFM imaging 

of both DNA and proteins was performed by myself and Daniel E Rollins. AFM data 

analysis was performed by myself, Mingxue Du and Dr Alice Pyne. Kevin Howland ran 

LC-MS/MS samples prepared by myself. I performed data analysis of all recombinant 

proteomics data. Anne Stranger helped with analysis of endogenous co-

immunoprecipitation proteomics data, under my guidance. Ian Brown performed electron 

microscopy sample preparation, from cells prepared by myself. Both Ian Brown and 

myself acquired electron microscopy images. Dr Yukti Hari-Gupta prepared RNA-Seq 

samples for MCF-7 cell line, I prepared RNA-Seq samples for HeLa. Faeeza Lorgat 

contributed to recombinant protein biochemical data. I prepared samples for both STORM 

and acMFM. Dr Christopher Toseland and myself preformed STORM and acMFM 

imaging experiments with support of HHMI Janelia and Research Complex at Harwell 

facility staff. I analysed all STORM data. Both myself and Dr Toseland used single-

molecule tracking analysis tools developed by Dr Aaron to analyse acMFM data Dr 

Christopher Toseland performed mass photometry data and data analysis. All other 

experiments were performed by myself. I wrote the manuscript with Dr Christopher 

Toseland and included input from all other authors. 
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6.2. Manuscript 
  

(see below) 
 
 
 
 
 
 

6.2.1. Manuscript 7 - Autophagy receptor NDP52 modulates RNA 
Polymerase II transcription 
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6.2.1.1. Supplementary Material for Manuscript 7 
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7. Discussion and Future 
Perspectives 

 

The work presented here aimed to investigate the biochemical and physical properties 

of the nucleus – from nuclear mechanics to the nanoscale organisation of nuclear 

processes. This work focused on four different aspects, addressed in Chapters 3-6:  

 

1) first, we explored how the nucleus responds to force and what structural 

components contribute to its viscoelastic behaviour. We also investigated the 

relationship between the mechanical properties of the nucleus, DNA damage and 

activation of DDR signalling (Chapter 3);  

2) we then investigated the role of molecular motor MVI in transcription, with a 

special focus on its biochemical regulation and activation by binding partners 

(Chapter 4);  

3) we then assessed MVI role in the spatial organisation and molecular dynamics 

of RNAPII during transcription initiation (Chapter 5); 

4) and, finally, we propose NDP52, an autophagy receptor and binding partner of 

MVI, as a novel transcriptional regulator with roles in chromatin structure and 

organisation (Chapter 6). 

7.1. Contribution of chromatin to nuclear 
mechanics and impact of DNA damage and repair 
on nuclear stiffness 

 

The first aim of this work focused on the mechanical properties of the nucleus. In order 

to investigate the viscoelastic properties of the nucleus, we used a micro-rheology AFM 

method. This allowed us to probe how the nucleus responds to strains at different length- 

and time-scales. With this, we were able to show that both the nuclear lamina and 

chromatin packaging/crosslinking contribute to the mechanical properties of the nucleus 

(Lherbette et al., 2017). An important outcome of this study was the observation that the 

nuclear interior is not uniform and that chromatin organisation is an important factor in 

nuclear response to mechanical strains. The nucleus could be separated into two 

different contributing regions, in addition to the nuclear lamina. Surprisingly, we 

observed a softer, more viscous nuclear periphery (several microns thick), and a more 
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elastic inner core. This was true for nuclei of different cell lines - whilst quantitatively 

nuclei varied, with some nuclei being stiffer than others, the qualitative response, 

showing this mechanical separation within chromatin, was consistently observed.  

The observation of an outer, softer region was unexpected, as compact heterochromatin 

is thought to be substantially stiffer than decondensed chromatin, and heterochromatin 

usually occupies peripheric positions within the nucleus (Bannister and Kouzarides, 

2011; Melters Daniël et al., 2019; Ranade et al., 2019; Strom et al., 2020). The work 

shown here, led by both Michael Lherbette and myself proposes that these two different 

mechanical environments are likely the result of the highly regulated spatial organisation 

of chromatin in the nucleus, whereby different chromatin packaging is observed at 

different nuclear positions (Bannister and Kouzarides, 2011; Crosetto and Bienko, 2020; 

dos Santos and Toseland, 2021). Different degrees of chromatin crosslinking, caused 

by the activity of protein-DNA interactions and the formation of molecular clusters for 

different nuclear processes could contribute to the two-regime chromatin system 

observed (Ashwin et al., 2020; Maya-Miles et al., 2019; Nagashima et al., 2019; Strom 

et al., 2020). It is important to note that chromatin crosslinking can occur in active 

chromatin regions, and local stiffening has been observed at genomic regions of high 

transcriptional activity (Ashwin et al., 2020; Nagashima et al., 2019). This makes the 

relationship between nuclear processes, surrounding chromatin stiffness and overall 

nuclear stiffness a complex question. 

It would be interesting, in the future, to explore the reasons behind the observed variation 

in chromatin stiffness across the nucleus. Investigating how chromatin is organised in 

isolated nuclei, which is the model I use in this study, could help elucidate some 

unanswered questions that remain. For example, do we still observe a higher level of 

heterochromatin at the nuclear periphery (e.g., H3K9me3 heterochromatin distribution) 

in isolated nuclei, as we do in whole cells? How does the process of nuclear extraction 

affect chromatin arrangements? Furthermore, I believe it would be also important to 

explore how changing nuclear processes, such as transcriptional activity might affect 

the variation in the mechanical behaviour of the nucleus, at different depths. As one of 

our postulations is that chromatin crosslinking, due to molecular clustering and LLPS 

formation during nuclear activity might change local stiffness, we should be able to test 

this, by disrupting these processes. 

A main limitation of this study was the use of isolated nuclei. Whilst this is a useful way 

to obtain information on the mechanical properties of the nucleus without interference 

from other cellular components, the physiological environment of the nucleus is lost. 
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Moreover, the process of extracting nuclei could also cause a certain degree of DNA 

damage, through mechanical stress, and we do not yet fully understand the 

consequences of this in terms of chromatin organisation. In Fili et al. (Fili et al., 2017) 

Supplementary Figure 1 (Chapter 3) we use Hoechst and DID (a lipophilic dye) to show 

that isolated nuclei are relatively intact following the extraction process. Furthermore, 

subnuclear structures such as the nucleoli appear to be well preserved in isolated nuclei 

(Fili et al., 2017). Nevertheless, it is unclear if some nuclei still present reminiscent 

endoplasmic reticulum associated to the organelle and we cannot completely exclude 

the possibility of small ruptures on the nuclear lamina that we cannot easily observe, or 

loss of some integral components of the NE. Damage to the nuclear lamina during the 

extraction process could result in changes to nuclear mechanics, either by directly 

affecting NE components or indirectly by disrupting chromatin organisation (e.g., LAD 

organisation at the nuclear periphery). This is why it will be important in the future to 

explore, in live-cells, how these two different mechanical regimes of chromatin in the 

nucleus are associated to the regulation nuclear processes such as transcription and to 

levels of heterochromatin/euchromatin.  

The nuclei I isolated from different cell lines for the work shown here displayed different 

heights and diameters (Lherbette et al., 2017), which was in accordance to their original 

size within the cell. It is not clear what the reason behind nuclear size variation and here 

we did not investigate this. In terms of DNA content, we do not expect that the cells we 

tested to have enough DNA content variability to warrant this variation. Additionally, it is 

thought that DNA content is not a major determinant of nuclear size, but that cytoplasmic 

size, instead, could be a more important parameter (Edens et al., 2013; Walters et al., 

2012). In Lherbette et al. we do, however, observe a correlation between size of the 

nucleus and stiffness with the smaller nuclei tested being stiffer than larger nuclei 

(Lherbette et al., 2017). In this work, we propose that since chromatin and lamina content 

are relatively uniform across cell lines, the higher confinement of chromatin and a thicker 

lamina in smaller nuclei might account for this increased stiffness. 

Having showed that chromatin crosslinking levels can alter whole nuclear mechanics, 

we decided to investigate how activation of nuclear processes would affect the physical 

properties of the organelle. To investigate this, I focused on DNA damage, in specific 

the induction of double-strand breaks by chemotherapy agent cisplatin, and DNA repair. 

Both DNA damage/DDR and gene expression changes are known to induce chromatin 

changes. My focus on DNA damage, as an alternative to transcriptional stimulation or 

disruption, allowed us to have higher control over our experimental design, as the time-

scales for DNA damage drug treatments are well defined and relatively short. 
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Furthermore, it also allowed us to induce responses of different severities from the 

organelle, by using different time points (4 hours and 24 hours) for cisplatin treatment.  

To study the impact of cisplatin and DDR on nuclear mechanics it was important to 

perform these measurements with the nucleus in its physiological environment – the 

cell. However, measuring nuclear mechanics in adhered-cells poses a major limitation 

to the field. This stems from the presence of a fully-formed cytoskeleton that surrounds 

the nucleus and exerts forces on the organelle, thus masking the real physical properties 

of the nucleus. To circumvent this and avoid the use of cytoskeletal drugs that could 

have unknown effects in our study, we performed initially-adhered measurements. This 

allowed us to measure nuclear stiffness relatively free from cytoskeletal contributions 

and detect changes to mechanics caused by cytotoxic drug treatment.  

In dos Santos et al., I did not explore the dependence of nuclear mechanics on AFM 

probing frequencies. Although in this work I was able to avoid contributions from 

cytoskeletal actin fibres by using initially-adhered cells, micro-rheology measurements 

of the nucleus within initially adhered cells will also include contributions from all 

cytoplasmic components that surround the organelle. Conclusions from these data might 

be less straightforward to interpret and require complex mathematical models to explain 

the observed measurements.  

In dos Santos et al., I show that cisplatin treatment causes nuclear softening and that 

this is linked to large-scale chromatin decondensation. Furthermore, I found that this 

effect was dependent on ATM-kinase activity and not a direct consequence of the 

damage itself. This further confirms the importance of chromatin architecture for nuclear 

mechanics and highlights the impact of the activation of nuclear pathways for organelle 

stiffness and mechano-sensing ability.  

We do not yet know the mechanism through which the observed global rearrangement 

of chromatin occurs, following DNA damage. In agreement with our study, a more recent 

report by Fortuny et al. showed that damage at pericentric heterochromatin causes 

large-scale histone displacement and massive chromatin unfolding. This was caused by 

the recruitment of UV damage sensor DDB2 to the lesion (Fortuny et al., 2021). 

However, many different repair factors and chromatin remodelling complexes, such as 

INO80 and SWI/SNF, have been shown to be recruited to DSBs (dos Santos and 

Toseland, 2021; Kruhlak et al., 2006; Lou et al., 2019; Strickfaden et al., 2016; Ziv et al., 

2006), and it is possible that they also contribute to the mechanical changes detected in 

this study. Additionally, molecular motors such as NM1 have been linked to chromatin 

reorganisation following DNA damage in an ATM and γH2AX signalling-dependent 
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manner (Kulashreshtha et al., 2016). Importantly, we observed that chromatin changes 

caused by ATM signalling lead to higher levels of molecular diffusion in the nucleus, as 

measured using a reporter tag (SNAP tag), which does not sustain specific interactions 

with other proteins (Bosch et al., 2014). This may be important to increase the efficiency 

of DNA repair, as it will allow higher accessibility of the lesions to repair factors. 

It will be interesting in future studies to investigate how different proteins and complexes 

involved in ATM-dependent chromatin remodelling might specifically contribute to the 

observed mechanical changes in the nucleus.  

In this study, I did not explore other types of DNA damage or cytotoxic drugs (e.g., single-

strand breaks, oxidative or UV damage, bleomycin etc.). Hence, it is not clear if the 

chromatin relaxation that I observed is common across different types of DNA damage. 

It would be important to determine if this is a common mechanism or if it is restricted to 

DSBs or even more exclusively to cisplatin. Furthermore, I did not investigate the 

reversibility of chromatin decondensation. Other studies report that chromatin returns to 

its initial state of compaction, after an initial relaxation upon DDR activation (Burgess et 

al., 2014; Fortuny et al., 2021; Kruhlak et al., 2006; Lu et al., 2019; Murga et al., 2007). 

I believe this to be an important question for future studies.  

An important finding of this study was that nuclear relaxation, prior to treatment with 

cytotoxic drugs, appears to be protective for DNA damage. Cells grown on softer 

surfaces, or with inhibited cytoskeletal formation, presented lower levels of DNA damage 

mark γH2AX following cisplatin treatment. It is not clear why this is the case, or if this is 

true of other types of damage, such as oxidative damage. One hypothesis is that 

replication is slower in cells growing on softer surfaces (Klein et al., 2009; Kocgozlu et 

al., 2010; Mih et al., 2012). As cisplatin’s main mechanism for DSB induction is through 

replication force collapse, this could be an explanation for the lower damage incidence. 

Other types of damage, that are independent of replication rates in cells, could help 

elucidate the role of extracellular stiffness and nuclear tension on DNA damage. 

Furthermore, whilst γH2AX signal is a widely used mark of DSB(Bennett and Peterson, 

2015; Burma et al., 2001; Chen et al., 2018; Kulashreshtha et al., 2016), direct 

visualisation of cisplatin, for example using fluorescently labelled cisplatin, to measure 

direct intercalation into DNA, could provide additional information on kinetics of DNA 

damage in cells growing on different surfaces. 

Whilst we do have some understanding of mechanotransduction processes between the 

extracellular environment and the cell, our knowledge of how the mechanical state of 

the nucleus may affect cellular function and disease development is still limited. As 
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shown here, changes in nuclear activity such as DDR, lead to global mechanical 

changes to the organelle. This is especially important in cancer development and cancer 

therapy, where changes to nuclear processes, such as transcription and DNA repair are 

often misregulated and where nuclear stiffness could be important in determining cell 

migration and proliferation or affect chemotherapy treatment and drug resistance. 

 

7.2. Activation of Myosin VI by binding partners 
in transcription 

 

The work presented in Chapter 4 aimed to investigate the regulation of MVI activity in 

the nucleus. Our work not only contributed to the current knowledge of the role of MVI 

in RNAPII transcription, but also shed light on some unanswered questions on the 

general regulation and activation of MVI, which is essential to understand the nuclear 

roles of this molecular motor. 

We were able to determine that, of the four possible splice-isoforms of MVI (NI, SI, LI, 

SI+LI), the NI-MVI isoform is the one present in the nucleus and responsible for the 

transcriptional activity of the protein. In the NI-MVI isoform both binding motifs – RRL 

and WWY – are readily accessible for interactions with binding partners. However, our 

studies show that this isoform has preferential interactions with RRL-binding proteins, 

such as NDP52, due to higher molecular affinity presented by this site. Conversely, 

interactions occurring through the WWY motif (e.g., interaction with Dab2) are more 

likely in the LI isoform due to the masking of the RRL site by the additional α-helix 

encoded in this isoform. We also show that interactions with Dab2 attenuate the nuclear 

role of MVI, by blocking MVI-DNA binding, a property that we found to be crucial in its 

role in transcription.  

Understanding how different isoforms and binding affinities contribute to MVI activity in 

transcription is important because in many cancers the NI-MVI isoform is specifically 

overexpressed (Wollscheid et al., 2016). For many years it has been assumed that 

misregulation of the many cytoplasmic roles of MVI is the main cause of disease 

development. However, the fact that MVI is linked to cancer development (for example, 

breast, ovarian and prostate cancer) (Dunn et al., 2006; Puri et al., 2010; Wang et al., 

2015; Yoshida et al., 2004), and some cancer cells only express the nuclear isoform of 

the protein (NI-MVI) (Wollscheid et al., 2016), provides new insights into disease 

mechanisms. This is further supported by the fact that we also found NI-MVI to be 

involved in oestrogen-receptor transcription, a nuclear receptor that is hyperactive in 
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some cancers. The work led by Fili et al. shows that MVI interacts with the ER through 

an LxxLL nuclear receptor-binding motif. Furthermore, depletion of MVI leads to 

significantly reduced proliferation in breast cancer cell line MCF-7. It will be important in 

future studies to further explore the role of MVI in ER-related gene expression, to 

understand how MVI levels and activity might be linked to ER positive cancer 

development.  

Another important contribution of the work shown here, was the finding that MVI motor 

activity is essential for its role in transcription. Although previous work had linked MVI to 

RNAPII transcription, until Fili et al., (Fili et al., 2017) it was unclear whether MVI motor 

activity was necessary for its regulatory role in transcription. Both depletion and inhibition 

of ATPase activity by small-drug inhibitor, TIP, led to reduced transcription levels. This 

indicates that the main mechanism for MVI nuclear role is linked to its motor activity. 

With this we postulated that MVI could act as a motor propelling RNAPII during 

transcription, or as a molecular anchor for transcription machinery. As this is the case, 

it is also important that we understand how activation of motor processivity occurs in 

MVI.  

As previously described in Chapter 1, MVI has been observed both in monomeric and 

dimeric forms in vitro. In the monomeric form, MVI is in an auto-inhibited backfolded 

state, whilst as a dimer, processive motor activity can occur (Mukherjea et al., 2014; 

Mukherjea et al., 2009; Park et al., 2006; Spink et al., 2008; Yu et al., 2009). Importantly, 

in the work presented in Chapter 4, we confirm that both these conformations of MVI 

occur in the cell and that they are regulated by the ability of MVI to bind its binding 

partners. Our data are in agreement with previous models, proposing that dimerization 

of MVI occurs through the N-terminal region of the tail domain (Mukherjea et al., 2009). 

However, unlike a recent study proposing that MVI backfolding is regulated by Ca2+ 

(Batters et al., 2016), our data do not support this. Instead, we show that binding partners 

interacting at either WWY or RRL motifs are responsible for the unfolding of MVI, which 

allows the subsequent dimerization of the protein. Furthermore, we show that 

dimerisation is an intrinsic ability of MVI that occurs through exposure of an 

oligomerisation region in the tail domain and is not dependent on the oligomeric state of 

binding partners. Disruption of WWY and RRL motifs led to loss of static and slow 

diffusing MVI molecules, possibly indicating a loss of interactions with cargoes or 

inability of the protein to anchor.  

Finally, we also highlight the importance of molecular clustering, not only of MVI but also 

of its interacting partners, in determining the cellular functions of MVI. The increased 
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local concentration of molecules due to their physical clustering can drive interactions 

that otherwise would not be possible to occur. Whilst in our studies we show this for 

NDP52, the same is likely to be true for, for example, Dab2 interactions with NI-MVI. 

Although NI-MVI-Dab2 interaction is less favoured than NI-MVI–NDP52, local high 

concentrations of Dab2, through molecular clustering, could shift this preference. Once 

again, this is important because it highlights another way in which MVI function can be 

regulated. Dab2 is present in the nucleus and is thought to act as a tumour suppressant 

(He et al., 2001). Additionally, in breast cancer cells MCF-7, Dab2 is either lost or its 

expression attenuated (Fili et al., 2020; He et al., 2001). Our study revealed that the 

tumour suppressant activity of Dab2, previously observed by He et al. (He et al., 2001), 

is tightly linked to its ability to bind to MVI. Therefore, it could be possible that under 

normal expression levels, Dab2 has a mild negative effect on the regulation of MVI for 

the expression of ER-target genes.  

Interestingly, during work performed in this chapter, we made our first observations 

regarding the potential of NDP52 as a transcriptional regulator. We observed that 

depletion of NDP52 significantly reduced in vitro transcription; NDP52 can tightly interact 

with dsDNA; NDP52 is distributed throughout the cell, including the nucleus; a pool of 

nuclear NDP52 colocalises with RNAPII, and the two proteins can be co-

immunoprecipitated. These findings led to the work presented in Chapter 6 and 

discussed below. 

 

Comments on data fitting and model assumptions 

In dos Santos et al., (dos Santos et al., 2020) we assume a biphasic model for the 

interaction between NDP52 and MVI tail (Figure 2C). This assumption results from the 

observed curve profile in Figure 2B, where an initial increase in FRET signal (first 

phase), followed by a decrease (second phase). The two phases of the curve were fitted 

separately in order to calculate rate constants, as specified in the Methods section (dos 

Santos et al., 2020). As described, the calculated rate constants were plotted and fitted 

to a straight line, to determine their dependency on the concentration of NDP52. In order 

to improve fitting of these lines, a larger range of concentrations could have been used. 

 

Overall, in this chapter we provide a new perspective for MVI regulation in transcription 

and a new avenue for future studies in cancer development, where the nuclear role of 

MVI might take a central place. 



323 
 

7.3. Myosin VI regulates the spatial organisation 
of RNA Polymerase II clusters during 
transcription initiation 

 

Following this initial assessment of how nuclear MVI is activated, we explored how MVI 

regulates the spatial organisation and dynamics of transcription by RNAPII. Our previous 

observation that motor activity of MVI is essential in transcription (Fili et al., 2017) led us 

to postulate that this molecular motor might have anchoring activity or aid the motility of 

RNAPII transcription machinery. From this, it follows that MVI will have an impact in the 

molecular dynamics and organisation of RNAPII.  

As mentioned in Chapter 1, cluster formation is an essential phenomenon in 

transcription. RNAPII associates into high-density clusters, which also contain a number 

of transcription factors and coactivators (Boehning et al., 2018; Cho et al., 2018; Cisse 

et al., 2013; Pancholi et al., 2021). This enables better regulation of gene expression 

and higher transcriptional efficiency. Additionally, binding times of RNAPII machinery at 

promoters directly correlate to levels of newly transcribed mRNA indicating that, in the 

first steps of transcription, RNAPII molecules and associated factors must be in a 

relatively confined state at initiation sites (Cho et al., 2016a; Jackson et al., 1993; Popp 

et al., 2020; Zhao et al., 2014).  

MVI had previously been observed at transcription factories by Vreugde et al. (Vreugde 

et al., 2006). Our data show that not only MVI is present at these sites, but has an 

important regulatory role that impacts their formation and dynamics. We saw that KD of 

MVI or inhibition of its motor activity, leads to abrogation of RNAPII-Ser5P clusters. 

RNAPII levels are not affected by either depletion or inhibition of MVI but its spatial 

distribution is severely impacted, with RNAPII being relocated to the nuclear periphery 

in a diffuse manner. This correlates with a large decrease in RNAPII binding to chromatin 

and overall changes in gene expression profiles. Interestingly, we show that this role of 

MVI in the spatial organisation of transcription is also linked to actin polymerisation. We 

show that nuclear MVI colocalises with nuclear actin clusters and that perturbation of 

actin polymerisation, both in the whole-cell (through LatB treatment) or exclusively of the 

nuclear pool (expression of NLS-R36D-actin mutant) causes similar disruption of 

RNAPII clusters. We therefore propose that MVI-actin interactions have a central role in 

RNAPII transcription. Interestingly, at the time we concluded this study, a report by Wei 

et al., also showed how nuclear actin filament formation is crucial to enhance RNAPII 

clustering upon serum stimulation of cells, or interferon-γ treatment. The authors 

describe how the formation and localisation of new RNAPII clusters at newly-induced 
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gene loci is dependent upon nuclear actin polymerisation, and suggest that nuclear F-

actin might act as a scaffold for transcriptional machinery (Wei et al., 2020). Whilst this 

is largely in agreement with our work, the authors do not explore how actin binding 

proteins, known to be present in the nucleus, might help regulate RNAPII clustering 

following actin filament formation. MVI, and other nuclear myosins (e.g., NM1, Myosin 

V, Myosin X) (Cook et al., 2020) are likely to bind actin filaments in the nucleus, as they 

do in the cytoplasm. It is possible that actin filament formation in the nucleus provides 

the necessary structure for these proteins to deploy their motor activity in the regulation 

of nuclear processes. In my opinion, future work exploring how different nuclear myosins 

might utilise dynamic actin filaments to perform their nuclear function will be important 

for the field. 

In line with this, when we measured the 3D molecular dynamics of Rbp1 – the largest 

subunit of RNAPII – we observed that depletion of MVI; inhibition of its motor domain; 

or disruption of nuclear actin filament formation, lead to higher molecular diffusion. This 

points to shorter binding times of Rbp1 at promoter regions, which, based on previous 

studies (Cho et al., 2016a) and our data, translates into lower transcriptional efficiency. 

Finally, we were able to show that the molecular mechanism through which MVI has this 

organisational role lies on its ability to act as a molecular anchor under load. When a 

load over 2pN is applied to a MVI molecule, MVI shifts its function from a motile motor 

to a molecular anchor (Altman et al., 2004). Disruption of this ability, through engineering 

of a tension-sensor spring, led to the same spatial disruption of RNAPII as depletion or 

inhibition of MVI. Hence, we propose a model whereby MVI can anchor RNAPII at 

transcription initiation sites, to reduce its molecular diffusion and enable the formation of 

concentrated clustered regions of transcription machinery. As a result, although 

intrinsically disordered regions of proteins are known as main drivers for protein 

clustering and LLPS (Boehning et al., 2018; Lin et al., 2017; Pancholi et al., 2021), our 

work here also shows that additional mechanisms might contribute to their formation and 

regulation. Proteins, such as MVI, with the ability to generate force and act as anchors, 

could act as stabilisers of these assemblies. 

Similar to what was observed for nuclear F-actin formation (Wei et al., 2020), MVI 

nuclear activity could be especially important for cells undergoing simultaneous 

activation of several genes or gene expression pathways. Our work supports this by 

showing that when transcriptional activity is stimulated, through serum stimulation, there 

is an increase in MVI nuclear clustering, which correlates with higher RNAPII clustering 

and higher transcriptional activity. Once again, this may be of particular importance in 
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cancer studies. As increased levels of MVI appear to drive the formation of RNAPII 

clusters, overexpression of MVI in several cancer is of particular concern (Dunn et al., 

2006; Wang et al., 2015; Wollscheid et al., 2016; Yoshida et al., 2004). Observations in 

both Chapters 3 and 4 showing that MVI KD reduces cell growth support the concept 

that high levels of MVI might drive cancer proliferation. Furthermore, its link to nuclear 

receptor-related transcription (Fili et al., 2017) could make MVI an interesting drug target 

in future studies. Inhibition or depletion of nuclear receptors are common treatments in 

hormone-responsive cancers (e.g., tamoxifen or fulvestrant treatments for ER positive 

cancers). Since we show that MVI can enhance transcription through nuclear-receptor 

activity, exploring combination treatments between these drugs and MVI inhibition could 

help us better understand the therapeutic potential of MVI as a treatment target. 

Finally, we also observed that epigenetic marks and chromatin accessibility are altered 

in cells following inhibition of MVI. This could also help explain the relocation of RNAPII 

to the nuclear periphery, following transcription MVI inhibition and transcription shut 

down. In general, MVI is thought to have an important role in chromatin organisation 

(Große-Berkenbusch et al., 2020; Zorca et al., 2015). Previous work by Zorca et al. 

described how MVI is involved in the relocation of gene loci in the nucleus for 

coordinated transcription events (Zorca et al., 2015). This attributes MVI a role in long-

distance chromosome organisation. Chromatin organisation by MVI could directly 

contribute to the assembly of RNAPII clusters. This could give MVI a dual role in 

transcription. By bringing together distal regions of the genome, MVI could allow the 

formation of super-enhancers and promote condensate formation following the 

recruitment of the large number of auxiliary factors that assemble in these regions. Then, 

through its molecular anchoring abilities, MVI could help stabilise transcriptional 

machinery at these sites to allow efficient transcription initiation. The recent work by 

Große-Berkenbusch et al. confirms chromatin movement by MVI and, importantly, also 

links this activity to nuclear actin filaments (Große-Berkenbusch et al., 2020). This 

further supports our findings that both MVI and actin disruption have a negative impact 

in transcription. 

In spite of MVI role in chromatin organisation and its ability to coordinate transcriptional 

clustering throughout the nucleus, we are yet to know what impact this protein has in 

overall nuclear architecture and mechanics. Future work, focusing on the impact of MVI 

activity on overall mechanics will help our understanding of its nuclear function. Long-

distance chromatin relocation and altered levels of euchromatin/heterochromatin upon 

depletion or inhibition of MVI could be sufficient to affect nuclear stiffness and this would 

be an interesting question to pursue. Some of my preliminary, unpublished data (Figure 
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15) from AFM measurements performed in initially-adhered cells, show a reduction in 

nuclear stiffness when cells are treated with TIP. Transcriptional condensates, although 

they occur in open regions of chromatin, are highly crosslinked assemblies, known to 

increase local chromatin constraints, promote the formation of chromatin bridges and to 

increase local stiffness (Ashwin et al., 2020; Nagashima et al., 2019). Although further 

investigation is necessary, the disruption of RNAPII spatial organisation, caused by 

inhibition or depletion of MVI could lead to the observed nuclear softening (Figure 13) 

through loss of local chromatin crosslinks. Interestingly, this may suggest that 

transcriptionally inactive cells are softer. This agrees with earlier work, presented in 

Chapter 3, where we observed that the nuclear core, which, is transcriptionally more 

active than the periphery, had a more elastic, stiffer response (Lherbette et al., 2017). 

Based on this, transcriptional levels in the cell could be manipulated to change nuclear 

mechanics, or adapt to enable cell migration in confined spaces.  

 

 

 

Figure 15 – Nuclear softening following MVI inhibition. Young’s modulus calculated from 

AFM measurements on initially-adhered HeLa cells treated with 1 µM TIP for 1 hour. n=26 (mock) 

n=30 (TIP). ****p<0.0001 (two-tailed t-test). 

 

 

 



327 
 

7.4. Autophagy receptor NDP52 modulates RNA 
Polymerase II transcription 

 

For Chapter 6 of this thesis, we proposed that NDP52, a cytoplasmic autophagy receptor 

and binding partner of MVI, has nuclear roles, possibly in transcription. The rationale for 

this was two-fold: i) NDP52 belongs to the same family and shares high homology with 

a known coactivator of transcription CoCoA (Kim et al., 2003); and ii) NDP52 is an 

important binding partner of MVI, a molecular motor that, as described above, has 

important nuclear roles in transcription and chromatin regulation (Fili et al., 2017).  

One of the approaches used in this study was to investigate the nanoscale organisation 

and molecular dynamics of NDP52 in the nucleus. Our data show that NDP52 forms 

relatively static nuclear clusters. Importantly, a proportion of these clusters is present at 

transcription initiation sites (colocalised with RANPII-Ser5P) and these supramolecular 

assemblies are much larger than non-colocalised clusters. This insight into the spatial 

organisation of NDP52 is important because, as clustering of molecules is usually linked 

to their functional activity, this clearly supports a role in RNAPII transcription. As further 

evidence, when we inhibited transcription, through the use of Rbp1 inhibitor α-amanitin, 

we observed disruption of NDP52 cluster formation and increased nuclear diffusion of 

this protein. Differential gene expression experiments in two different example 

mammalian cell lines support this further by showing that NDP52 KD has an overall 

impact in transcription. Interestingly, we also found that overexpression of the nuclear 

pool of NDP52 led to an increase in the number of RNAPII-Ser5P clusters. Although we 

did not explore the mechanism through which this occurs here, it will be interesting, in 

future studies to assess how NDP52 can promote novel transcriptional hub formation. 

The findings described above not only support our previous work, showing that NDP52 

can promote transcription enhancement through activation of MVI, but also instate 

NDP52 as a regulator of transcription in its own right. 

To investigate the molecular mechanisms through which NDP52 performs its nuclear 

function, we performed a biochemical characterisation of the protein. In agreement with 

previous work, we found that NDP52 is a dimer (dos Santos et al., 2020; Kim et al., 

2013a) of elongated shape, although we also observed that higher oligomeric forms can 

co-exist in solution. We also determined that NDP52 can bind tightly to dsDNA through 

its ZF domains at the C-terminal of the protein. This could be of particular relevance for 

its nuclear role of as we were able to show that binding of NDP52 induces structural 

changes to DNA – bridging and looping. Additionally, as we were able to detect NDP52 
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bound to genomic regions in cells, through ChIP-qPCR, this could be a possible 

mechanism for NDP52 to regulate transcription.  

In addition to interactions with DNA, the ZF domains also act as interfaces for protein-

protein interactions. Previous observations show that NDP52 can interact with MVI and 

ubiquitin through its C-terminal region (Morriswood et al., 2007; Xie et al., 2015). Hence, 

further insight into NDP52 nuclear functions might also arise from proteomics data 

collected during this study. Using both recombinant NDP52 for pull-downs from nuclear 

extract and co-immunoprecipitation from whole cells, we investigated the interactome of 

this protein. Putative new binding partners included coactivators of transcription, histone 

methyl and acetyltransferases, as well as subunits of ATP-dependent chromatin 

remodellers. Future experiments, will be necessary not only validate some of the 

interactions found, but to understand how they relate to the nuclear role of NDP52. 

Based on this work, we propose two possible mechanisms for NDP52 in the regulation 

of transcription. One through direct or indirect interactions and changes to chromatin 

structure and another through modulation of transcriptional coactivators. A combination 

of these two mechanisms is also possible. CoCoA, a gene paralog of NDP52, acts by 

recruiting additional transcription coactivators to active sites of transcription. Interacting 

partners of CoCoA include both transcriptional machinery and proteins with DNA-binding 

activity that can change DNA landscape to facilitate transcription (Kim et al., 2003; Kim 

et al., 2006; Yang et al., 2006b). 

Some of my recently collected preliminary data (unpublished) support that the ability of 

NDP52 to change chromatin structure might be the main mechanism through which 

transcription regulation is achieved. Overexpression of nuclear NDP52 appears to lead 

to large-scale chromatin decondensation. Cells expressing Halo-NLS-NDP52 present 

lower levels of heterochromatin mark H3K9me3, increased nuclear size, nuclear 

aberrations and, in extreme cases, nuclear rupture (Figure 16A-E). The higher levels of 

decondensed chromatin from preliminary data could also explain our observation 

showing the formation of additional RNAPII clusters in cells expressing NLS-NDP52. 

Chromatin decondensation induced by NDP52 could allow formation of additional 

RNAPII clusters at sites which were previously inaccessible to transcription machinery, 

due to restrictive chromatin structures. An interesting question is, if NDP52 can induce 

changes to chromatin structure, whether NDP52 can change local mechanics of 

chromatin. Although we have not yet tested this, the degree of chromatin 

decondensation that we observe when overexpressing nuclear NDP52 is likely to affect 

nuclear mechanics. Similar to what we observe with NDP52 (Figure 16 A-E), a study on 
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the nucleosomal binding protein HMGN5 showed that overexpression of this protein in 

the nucleus caused massive-scale chromatin decondensation, nuclear aberrations, 

frequent NE rupture and overall softening of the organelle (Furusawa et al., 2015). It will 

be interesting in the future to understand how NDP52 regulates chromatin organisation 

and the impact of this to nuclear architecture and mechanics. 

 
Figure 16 – Chromatin decondensation by nuclear overexpression of NDP52. (A) Hoechst 
staining of HeLa nuclei expressing Halo-NLS-NDP52 following 24 hours of transfection. (B) 
Cross-sectional area of non-transfected vs Halo-NLS-NDP52 expressing nuclei. control: n=4 
biological replicates, 230 cells Halo-NLS-NDP52 n=4 biological replicates, 267 cells. p-value 
shown (two-tailed t-test) (C) Aberrant shapes of nuclei expressing Halo-NLS-NDP52. (D) 
H3K9me3 in nuclei expressing Halo-NLS-NDP52. (E) Lamin B1 (LB1) labelling of nuclei 
expressing Halo-NLS-NDP52. Arrow shows nuclear rupture. Scale bar = 5 µm. 

 

An interesting future focus for NDP52 will also be to investigate its nuclear role in 

response to cell stress. In the cytoplasm NDP52 responds to both external and internal 

stresses to initiate autophagy. Furthermore, proteomics data presented in this study 

show that, following α-amanitin treatment, there is an enrichment for interactions of 

NDP52 with DNA repair proteins. Future experiments, with DNA damage drugs, such as 

cisplatin, could shed light on how nuclear NDP52 functions are modulated by these 
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stimuli. In dos Santos et al. (dos Santos et al., 2021) – Chapter 3 – we showed that 

cisplatin treatment causes large-scale chromatin decondensation events. Although the 

mechanism through which this occurs is still not clear, it is possible that the coordinated 

action of many different factors is involved. As we collect more evidence of NDP52 role 

in chromatin organisation, it will be interesting to explore this in the context of cellular 

stress. 

 

 

 

Overall, this thesis explored different aspects of nuclear architecture – from the physical 

properties of the nucleus to the nanoscale organisation of enzymatic nuclear processes. 

The works presented here shed light on how structural components, in particular 

chromatin, and the activation of nuclear processes contribute to overall nuclear 

mechanics. Additionally, this thesis also contributed to the knowledge of how RNAPII 

transcription is organised at a nanoscale, linking this to overall nuclear structure and 

function. This work lays the foundation for bridging the spatial organisation of nuclear 

proteins and the physical properties of the nucleus, therefore, highlighting the existence 

of bidirectional mechanotransduction, outside-in and inside-out across the cell. In the 

future, it will be important to shed light on these mechanisms and consider their impact 

on cellular function as well as their consequence for disease and therapeutic strategies.  
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