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Abstract 

 

This thesis describes how conformational changes play a role in the function of two enzymes. 

For the phosphoryl transfer enzyme, β-phosphoglucomutase (βPGM), a novel post-

translational regulatory mechanism is reported, underpinned by a cis-trans proline isomerism 

of the K145-P146 peptide bond in the substrate-free enzyme that repositions the K145 

sidechain. The reaction intermediate, β-glucose 1,6-bisphophate (βG16BP), phosphorylates 

both species into the active cis conformer, whereas alternative activators react with both 

conformers without altering the isomerisation state. This creates a population of 

phosphorylated species that possesses reduced activity. This behaviour of the substrate-free 

enzyme, termed allomorphy, manifests as a kinetic lag phase and enables βPGM to lay latent 

in the cell with low phosphatase activity towards valuable glycolytic metabolites such as 

fructose 1,6-bisphosphate.  Allomorphy alleviates the requirement for a delay in metabolism 

following upregulation of βPGM expression. In another system, the dual-specific alginate lyase, 

Dp0100, is observed bound to a novel conformation of poly α(1–4)-L-guluronic acid (polyG). 

It is shown using NMR that this conformation is not dominant in solution and is likely to be 

stabilised only within the Dp0100 active site. The bound polyG conformation is strikingly 

different to the dominant kinked chain solution conformation and mirrors that of poly β(1–4)-

D-mannuronic acid (polyM). Dp0100 can therefore use the same active site to catalyse 

cleavage of both substrates. These results highlight the functional importance of 

conformational changes in two specific biological systems and offer detailed mechanistic 

insights that may inform developments of enzyme targeting drugs and improvements to 

commercial alginate technologies. 
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1. Introduction 

The structure of a biomolecule governs its function. It is testament to the truth of this statement 

that the field of structural biology occupies such a prominent position in the domain of the life 

sciences. The tertiary or quaternary structure of an enzyme dictates the structure of the 

biomolecules that it can interact with. For many enzymes, detailed descriptions of the active 

site have been reported, and the structure-function relationship is again apparent at this lower 

level, with the precise arrangement of amino acids at this focal point facilitating catalysis of a 

particular chemical reaction. For other enzymes, even more structural information has been 

gathered, providing insight into the changes in structure that take place during a progression 

through the catalytic cycle. Other structural changes have regulatory significance, with post-

transitional modifications such as phosphorylation and glycosylation often having dramatic 

effects on enzyme activity. Because many structural biology techniques provide a static picture 

of a biomolecule, or report only indirectly on changes in conformation, there is a considerable 

gap between our current understanding of events that happen at the atomic scale and being able 

to directly observe enzyme structures moving and interacting with biomolecules over the 

course of a catalytic cycle. Computer simulations have gone some way to filling in this gap, 

but their reliability is still questionable. 

The importance of understanding how enzymes and proteins function is evident from their 

impact on modern medicine. Currently, eight of the top ten best selling drugs in the world are 

derived from protein structures.1 The ability to design enzymes to perform specific functions 

is a long-held goal of chemical biologists.2 There are many obstacles to achieving this goal, 

one of which is an incomplete understanding of structure-function relationships, and in 

particular, how appropriate conformational changes are programmed. Understanding how 

conformational changes in proteins occur and what their consequences are is therefore an 

important step in the mission to design enzymes and proteins from scratch. 

This thesis investigates two enzymes where conformational changes result in different 

functions. In one case, the enzyme β-phosphoglucomutase (βPGM) exchanges between two 

conformations in its substrate-free state. One of these conformations confers full activity, the 

other has a structural impairment in the active site that leads to a reduced level of activation. 

The factor controlling the exchange is the substrate with which the enzyme is phosphorylated, 

which results in a novel mechanism of enzyme regulation. The second case involves a 
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conformational change in the substrate of the alginate lyase, Dp0100. Dp0100 exhibits 

specificity for two substrates that differ substantially in their proposed conformation. To do 

this, it stabilises a contorted form of one substrate in order to roughly mimic the structure of 

the other, and has an active site that is set up to handle the small differences that remain. 

1.1 Enzymes 

1.1.1 Background 

The chemical reactions of molecules are governed by enthalpy and entropy. The Gibbs free 

energy (G) is a thermodynamic potential, just like enthalpy (H) and entropy (S), and it is 

derived from the first law of thermodynamics (Equation 1.1). 

Δ𝐺 = Δ𝐻 − 𝑇Δ𝑆 (1.1) 

Gibbs free energy is useful in determining whether a chemical reaction will proceed 

spontaneously at a particular temperature (ΔG < 0). Reactions that are accompanied by an 

increase in entropy and a decrease in enthalpy will proceed spontaneously. The spontaneity of 

reactions for which only one these thermodynamic factors is favourable will depend on the 

magnitude of the changes involved. The spontaneity of a reaction says nothing about the rate 

at which the reaction proceeds. Reactions that are spontaneous can also be slow; for example 

the oxidation of iron in water. In any reaction the reactant transitions between relatively stable 

configurations. To do this the reactant must temporarily take on less-stable configurations. The 

least stable of these configurations is called the transition state (TS) and this transformation 

presents a barrier of energy, with the free energy of the transition state being the top of this 

barrier. The size of the barrier between the reactant state and the transition state (ΔG‡) 

determines the rate of the reaction at a given temperature (Figure 1.1). In this way, ΔG‡ is 

analogous to the activation energy (Ea) term in the Arrhenius equation in that its magnitude is 

inversely proportional to the rate of reaction.  

1.1.2 Enzyme Catalysis 

A catalyst is a substance that, for a given reaction, reduces the energy of the TS, and therefore 

increases the number of molecules with enough energy to overcome the energy barrier of the 

reaction without ever being used up (Figure 1.2). Enzymes are proteins that catalyse reactions 

and are the most prominent biological catalysts. Non-enzymatic catalysts are used at an 
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industrial scale and can be expensive, environmentally unfriendly, or require high temperatures 

to work. Enzymes, on the other hand, usually exhibit optimal activity at temperatures below 

40 °C and are cheap to produce. The mechanism by which enzymes reduce the energy barrier 

of a reaction is therefore of great interest and is an active area of research. Several theories 

have been presented to explain how enzymes work; some of these are discussed below. 

Transition state theory states that the reactants are in a quasi-equilibrium with the activated 

complex that represents the transition state (TS)3. This treatment leads to the conclusion that a 

greater concentration of the activated complex leads to a faster reaction. Later it was 

hypothesised that enzymes catalyse chemical reactions by binding to the TS of the reaction in 

an active site of complementary shape4 and stabilising the TS more than it is stabilised by the 

solvent. This hypothesis has been borne out by myriad crystal structures and binding studies 

describing in great detail the interactions between the active site of enzymes and analogues of 

the TS for the reaction which they catalyse.5 In actual fact, stabilisation of the TS must be 

greater than the stabilisation of the reactant state or ground state (GS) to lead to a reduced 

Figure 1.1. Energy levels diagram showing the differences in energy between the reactant (R), the transition state (TS) and 

the product (P) of a hypothetical spontaneous reaction. The blue line represents the energy barrier for the uncatalysed reaction 

and the red line represents the energy barrier for the same reaction in the presence of a catalyst. ΔG‡
uncat and ΔG‡

cat represent 

the differences in energy between the reactants and the transition state in the uncatalysed reaction and the catalysed reaction, 

respectively. 
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activation barrier. This specificity for the TS over the GS is one of the main questions regarding 

the origin of the catalytic power of enzymes. Catalytic antibodies provide a good measure of 

how difficult this problem is to overcome. Catalytic antibodies are antibodies that are raised to 

be complementary to transition state analogues (TSAs)6. Because of this they are capable of 

binding to, and stabilising, the corresponding TS and catalysing the reaction. Catalytic 

antibodies have largely been a disappointment however, and the rate enhancements that they 

achieve have been meagre compared to those measured for natural enzymes.7 This is possibly 

due to the fact that catalytic antibodies are not well equipped to selectively bind the TS over 

the GS, and that other factors have evolved to enable this in natural enzymes. 

 

Figure 1.2. Energy levels diagram for a hypothetical enzyme reaction showing the differences in energy between the 

substrate (S), the enzyme-substrate complex (ES), the enzyme-bound transition state (ES‡) and the product (P). ΔGb represents 

the binding energy, ΔG‡ represents the energy barrier for the reaction and ΔG‡
cat represents the energy barrier for the chemical 

step of the reaction.  

1.1.2.1 Electrostatics 

One proposal that has received considerable support is that of the catalytic proficiency of 

enzymes being largely an electrostatic effect.8–11 In this hypothesis, the transition state is 
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stabilised by electrostatic interactions between the TS and residues in the active site of the 

enzyme. Solvent molecules are capable of stabilising the charges that can accumulate on a TS; 

however, the organisation of hydrogen bonded water molecules around a charged TS is 

accompanied by a considerable decrease in entropy, thus negating the stabilisation achieved. 

Conversely, in an enzyme active site, polar groups are prearranged, and the entropic cost of 

organising these groups is paid only once when the protein folds. The TS is therefore stabilised 

by the enzyme more than it is in the solvent. Additionally, enzyme active sites often exclude 

solvent12–15, which is thought to dramatically reduce the dielectric constant of the environment, 

although this is difficult to measure. The strength of the interaction between two charges is 

inversely proportional to the dielectric constant, as described by Equation 1.2, where Fe is the 

electric force between two charged objects; q1 and q2 are the electric charges of the two objects; 

ε0 represents the dielectric constant of the medium; and r is the distance between the two objects. 

𝐹𝑒 =
𝑞1𝑞2

4𝜋𝜀0𝑟2
(1.2) 

In water the dielectric constant is 80.2 at 20 °C16, but in enzyme active sites this can be reduced 

considerably17 and therefore positively contributes to the stabilisation of charged transition 

states bound to the enzyme. The dielectric constant can be reduced by exclusion of water from 

the active site once the substrate is bound, which often occurs when an enzyme closes.  

1.1.2.2 Dynamics 

The observation of solvent exclusion following enzyme lid closure demonstrates that protein 

motions or dynamics evidently have a limited role in catalysis. The extent of the contribution 

of dynamical effects to catalysis in other ways is debated.18–22 Enzymes exhibit motions on 

many different timescales, from bond vibrations that occur on the femtosecond timescale, to 

domain motions and folding events that may take seconds.23 How these motions relate to the 

catalytic effect is debated. For example, it has been proposed by some researchers that the 

energy from water molecules colliding with the surface of the enzyme can be transmitted 

through the enzyme structure to the active site where the energy is harnessed to reduce the 

activation barrier and therefore directly contributes to reducing the barrier for the chemical 

step.24 Other work has suggested that at each stage of the catalytic cycle, there exists a small 

population of enzyme that adopts the conformation required for the next step in the cycle.25 An 

important distinction to be made regarding enzyme dynamics is whether they play a non-
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negligible role in the chemical step or instead contribute to achieving the correct positioning 

and alignment of the substrate for catalysis to take place. This distinction has been used to 

invalidate some of the reports of enzyme dynamics contributing to enzyme catalysis.27 

1.1.2.3 Ground State Destabilisation 

Another proposal is that of ground state destabilisation, whereby the enzyme active site places 

conformational strain on the reactant, raising its energy and therefore decreasing the energy 

barrier between the enzyme bound GS and the TS complex.26 One problem that has been raised 

with this proposal is that by increasing the energy of the GS complex, kcat falls, but only at the 

expense of an increased Km. The second order rate constant for the reaction (kcat/Km) remains 

unchanged however and the proposal does not explain how the enzyme reduces the energy of 

the TS relative to the same TS in solvent.27 Additionally, other results have shown the theory 

of GS destabilisation to be unlikely. This work begins with the assumption that enzymes have 

evolved to reduce the energy barrier either through stabilisation of the TS or destabilisation of 

the GS. By de-evolving enzymes by mutating critical catalytic residues, the primary effect is 

destabilisation of the TS, and no mutants were found to cause stabilisation of the GS. This 

suggests that these key residues were originally selected for their contribution to TS 

stabilisation, and not their ability to destabilise the GS. 

1.1.2.4 Near Attack Conformers 

The final proposal discussed in this section is the concept of near attack conformers (NACS).28–

30 In this hypothesis, the energy barrier for the attainment of the TS is partitioned into that 

corresponding to an invariant chemical step and a portion attributed to a conformational 

component. By stabilising NACs, which are arrangements of the substrate that are close to the 

TS architecture, the energy barrier is reduced. Crystallographic evidence for NACs has been 

reported31,32 although these studies are limited in their ability to present absolute stability 

measurements because they rely on analogues and non-wildtype enzyme variants. 

Despite a vast amount of knowledge regarding the complexities of enzymes, our understanding 

of the origin of the catalytic power of enzymes remains incomplete.33–35 
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1.1.3 Enzyme Regulation 

Living organisms are heavily reliant on enzymes to drive their metabolism and bring chemical 

reactions onto a similar timescale to each other. Because of their power and importance, 

enzymes are subject to heavy regulation. In this way, enzyme activity can be controlled 

according to the needs of the organism, conferring the ability to respond to environmental 

stimuli such as a sudden abundance of food. Enzyme regulatory mechanisms operate on 

different levels and the activity of a single enzyme can be sensitive to several different 

regulatory processes. Regulatory mechanisms that control the concentration of an enzyme can 

be considered coarse control mechanisms, whereas mechanisms that result in a change of 

enzyme activity are fine controls. These categories and some examples of each are discussed 

briefly below.  

1.1.3.1 Coarse Control Mechanisms 

Coarse control mechanisms modulate the concentration of an enzyme. This occurs at different 

stages between gene transcription and protein translation, but also includes protein degradation 

and enzyme clustering. The regulation of the lac operon is a well-known example of a 

transcriptional control system.36,37 In this case, transcription of the lac operon, which encodes 

the proteins for metabolising lactose, is stimulated by the presence of allactose. Once 

transcribed and translated, the enzymes encoded by the lac operon enable the organism to make 

use of the lactose as a food source. With this system in place, the enzymes are not required to 

be continually synthesised and can be produced in response to an influx of lactose. Coarse 

control systems also include enzyme degradation.38 Enzymes are regularly targeted for 

degradation, and therefore the lifetime of an enzyme is short.39 This ensures that an activity 

does not continue for longer than it is required, and enables the repurposing of useful amino 

acids. Another lesser understood aspect of coarse control is enzyme co-clustering. By 

sequestering a population of enzyme in a particular compartment or region in the cell, the 

activity of the enzyme can be localized. It also confers a higher effective concentration of the 

enzyme.40–41 The coarse control mechanisms described operate on a timescale of hours to days. 

1.1.3.2 Fine Control Mechanisms 

Fine control mechanisms alter enzyme activity post-translationally and usually operate on a 

faster timescale than coarse control systems (sub-second to minutes). This cohort of 
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mechanisms include post-translational modifications (PTMs)42,43 and regulatory molecules, 

which are often found to work via allostery, whereby a change at one site of an enzyme is 

propagated to another site where it causes an effect. Other less well-known mechanisms such 

as allokairy, which is described below, also belong to the category of fine control mechanisms. 

Allostery is widespread in the biological world, and is used by organisms in signalling, 

cooperative binding and feedback.44–45 It is facilitated through the covalent or non-covalent 

binding of an effector. This binding event is transmitted through a conformational change, 

which results in effects that occur at sites distal to the site of binding. The mechanism for this 

transmission has been the subject of considerable interest. There is certainly no predictive 

understanding of the phenomenon; however, considerable progress has been made in 

elucidating structural aspects of allostery. It has become clear that a spectrum of protein 

motions, from domain motion to local unfolding events, can contribute to the allosteric effect.46 

Allostery has been exploited in the design of drugs that target proteins, and a large number of 

proteins have been successfully targeted by allosteric inhibitors, regulators and activators.47 

Allokairy is another fine control mechanism and shares similarities with allostery.48,49 In both 

cases there is an exchange between at least two forms of the enzyme, which exhibit different 

activities. In allostery, this exchange is influenced by an effector molecule that binds outside 

the active site, whereas in allokairy, the substrate itself serves as the effector, and the effect is 

entirely kinetic. Human glucokinase (GCK), for example, has been shown to exhibit a 

sigmoidal kinetic response to an increasing concentration of its substrate – glucose.48,49 This is 

attributed to the enzyme exchanging between a state with high affinity for glucose and a state 

with low affinity. In the presence of substrate, the high-affinity state is stabilised, but after 

product release, GCK relaxes back to the low-affinity state. As the concentration of substrate 

increases, the likelihood of the high-affinity state reacting with a second molecule of substrate 

increases. With increasing substrate concentration, the balance of populations shifts in favour 

of the high-affinity state and the overall activity of the sample increases. The extent to which 

allokairy occurs in other enzymes is still unclear, but it nonetheless creates opportunities for 

developing new kinds of drugs, in the same way that allostery has been exploited. 
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1.2 Phosphoryl Transfer Enzymes 

1.2.1 Background 

Phosphoryl transfer is a process of critical importance in biology. Many of the most important 

biomolecules contain phosphate esters,50 of which the most prominent examples are DNA and 

RNA, which constitute the genetic material for all living organisms. Both of these nucleic acids 

contain phosphate esters. So too do molecules such as adenosine phosphates, nicotinamide 

adenine dinucleotide phosphate (NADP) and glucose 6-phosphate, which are vital components 

of metabolism. Additionally, it is estimated that approximately one third of the human 

proteome is phosphorylated at any point in time.53 Phosphate esters are intrinsically highly 

stable; for example, the hydrolysis of alkyl phosphate dianions proceeds at an estimated rate of 

2  10–20 s–1,51 giving them a half-life of 1.1  1012 years. Likewise, double-stranded DNA is 

estimated to have a half-life for hydrolysis of over 100,000 years.52 In order to bring the rate 

of reactions involving phosphate onto a biologically relevant timescale, a multitude of enzymes 

have evolved to catalyse phosphoryl transfer: DNA and RNA polymerases; kinases and 

phosphatases; and GTPases and ATPases. Together these illustrate the diversity among 

phosphoryl transfer enzymes. The enhanced in rates that these enzymes achieve above the non-

enzymatic reactions in water are among the highest observed in the natural world.54 For this 

reason, phosphoryl transfer enzymes and their mechanisms have garnered considerable interest.  

1.2.2 Metal Fluorides 

The use of metal fluorides in the study of phosphoryl transfer enzymes has proved a successful 

endeavour and the mechanism of enzymatic phosphoryl transfer is now widely agreed to 

consist of a concerted mechanism involving in-line nucleophilic attack on the phosphate.55 The 

application of metal fluorides originates in the finding, following the discovery of cyclic 

adenosine monophosphate (cAMP), that inclusion of NaF in the reaction mixture resulted in 

an increase in cAMP production by liver homogenates.56 It was later discovered that this 

increase was owed to the constitutive activation of the guanine-nucleotide-binding regulatory 

component of adenylate cyclase, which occurred in an Al3+-ion-dependent manner.57 It was 

then reported that AlF4
– binds in the nucleotide binding site of this subunit, alongside GDP, in 

a way that mimics the γ-phosphate of GTP58,59, and the first crystal structures of an AlF4
–-

bound GTPase were solved.60,61 From these crystal structures, it was apparent that the AlF4
– 
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moiety was behaving as a mimic, not of the ground-state of GTP hydrolysis, but of the 

transition state. Following this development, crystal structures of other phosphoryl transfer 

enzymes in complex with AlF4
– were solved,62 and other metal fluorides, such as MgF3

– and 

BeF3
–, began to be adopted as analogues for the transition state and ground state of phosphoryl 

transfer.63,64 MgF3
– behaves differently to AlF4

–, in that in the active site of an enzyme, it adopts 

trigonal bipyramidal geometry, and is therefore isosteric as well as isoelectric with the 

phosphoryl moiety, PO3
–. Conversely, beryllium possesses a simpler electronic configuration 

to aluminium and magnesium, and is therefore incapable of using empty d-orbitals to expand 

its coordination number and accept more than four bonds. Enzyme bound BeF3
– therefore 

adopts tetrahedral geometry and is a good mimic of the ground state of phosphoryl transfer 

(Figure 1.3). There have since been many successful applications of metal fluorides to the study 

of a variety of phosphoryl transfer enzymes.65–75 Of note is the misidentification of a high 

energy phosphorane intermediate of enzymatic phosphoryl transfer in βPGM76, which was later 

unequivocally identified as a βPGM:MgF3:G6P complex.77 This led to a significant and 

ongoing application of metal fluorides to the study of βPGM. 
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Figure 1.3. The GS and TS for a concerted phosphoryl transfer reaction alongside metal fluoride analogues that are 

used to probe each state.  (a)  Phosphate monoester.  (b)  BeF3
– moiety.  (c)  Proposed TS of a concerted phosphoryl transfer 

reaction.  (d)  MgF3
– moiety.  (e)  AlF4

– moiety. 

1.2.3 βPGM 

βPGM (E.C. 5.4.2.6) from Lactococcus lactis (L. lactis) is a member of the haloalkanoic acid 

dehalogenase (HAD) superfamily of enzymes.81,129 The 25 kDa enzyme is magnesium 

dependent and catalyses the isomerisation reaction between β-glucose 1-phosphate (βG1P) and 

glucose 6-phosphate (G6P) via a β-glucose 1,6-bisphosphate (βG16BP) intermediate79, which 

is released before rebinding in the opposite orientation.80 βPGM consists of two domains, 

termed the core domain and the cap domain, connected by a hinge region81,82, about which the 

cap domain rotates 33–36° relative to the core domain on transitioning from the open, substrate-

free form to the closed and inhibited, transition state analogue (TSA) bound form82 (Figure 

1.4). βPGM has been studied extensively using metal fluoride analogues in conjunction with 

NMR and X-ray crystallography, and much is known about the workings of the active site of 

the enzyme.31,32,65,82,83 There are two phosphate binding sites in βPGM, the first of which is the 

site at which the enzyme becomes phosphorylated, termed the proximal site. This site contains 
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the nucleophilic residue, D8, as well as its close neighbour, residue D10, which acts as the 

general base during the catalytic cycle.32 

 

Figure 1.4. The open and closed forms of βPGM. Substrate-free βPGM (PDB 2WHE) is shown in transparent grey cartoon 

representation with a grey Mg2+ ion. A βPGM:MgF3:G6P complex (PDB 2WF5) is shown in green cartoon representation. 

G6P is shown as sticks (green carbon atoms), Mg2+ ions and F– ions are shown as green and cyan spheres respectively. The 

core domain roughly corresponds to residues 1–16 and 84–221 (84–218 in 2WF5) and the cap domain to residues 17–83. 

Selected residue side chains of the βPGM:MgF3:G6P complex are shown in stick representation. 

Residues D8 and D10, alongside residues E169 and D170, coordinate the catalytic Mg2+ ion, 

Mgcat. The second phosphate binding site, termed the distal site, is a positively charged pocket 

formed between the cap and core domains during closure of the enzyme. In this site, which is 

non-reactive, the phosphate is coordinated by the guanidinium group of residue R49, along 

with the backbone amide of residue K117, and the sidechains of residues S116 and N118. 

Despite the structural differences between the βG1P and G6P substrates, crystal structures 

evidence that the coordination of the phosphate bound to the distal site is the same, irrespective 

of which substrate is bound (Figure 1.5). The structural differences are instead accommodated 

by a rearrangement of structural water molecules, which satisfy the hydrogen bonding of the 

substrate where the enzyme does not83 (Figure 1.6). 
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Figure 1.5. The active site of βPGM highlighting the two sites that coordinate phosphate.  (a)  The proximal phosphate 

site in which phosphate is transferred between the substrate and residue D8 of the enzyme.  (b)  The distal phosphate binding 

site in which the non-reacting phosphate of the substrate is coordinated. Key residues and G6P are shown as sticks (green 

carbon atoms) and the rest of the protein is shown in transparent green cartoon representation. Mg2+ ions, F– ions and water 

molecules are represented by green, cyan and red spheres, respectively. 

The kinetics of βPGM have been studied using two techniques. One technique is a coupled 

assay in which the reaction product, G6P, is converted to 6-phosphogluconolactone by glucose 

6-phosphate dehydrogenase (G6PDH), and the concomitant reduction of NAD+ to NADH is 

monitored by a change in absorbance at 340 nm (NADH molar extinction coefficient = 6220 

M–1 cm–1). The other method uses 31P NMR time course experiments to measure the increase 

in the peak integral, and thus the concentration of G6P over time. G6P is distinguished from 

βG1P by its chemical shift.  
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Figure 1.6. Substrate positioning in TSA complexes representing Step 1 and Step 2 of the catalytic cycle of βPGM. The 

TSA complex for Step 1 (green carbon atoms) is composed of an MgF3
– moiety and (S)-1-β-phosphonofluoromethylene-1-

deoxy-D-glucopyranose (βG1CFSP), which is an analogue of βG1P. The TSA complex for Step 2 (cyan carbon atoms) consists 

of an MgF3
– moiety and G6P. Mg2+ ions, F– ions and water molecules are represented as green, cyan and red spheres, 

respectively. Carbon numbers for each of the pyranose rings are coloured the same as the carbon atoms that they describe. 

The catalytic cycle of βPGM is described by a ping pong mechanism. In the first step of the 

reaction (Step 1), βG1P is phosphorylated by βPGMP generating βG16BP, which is then 

released from the active site. In Step 2, βG16BP rebinds and its 1-phosphate is transferred to 

the enzyme generating G6P and regenerating βPGMP. βPGMP can be generated in vitro with 

phosphorylating agents other than βG16BP, with acetyl phosphate (AcP) and α-glucose 1,6 

bisphosphate (αG16BP) being commonly used79,84 (Figure 1.7). Kinetic parameters reported in 

the literature for βPGM vary, with reported values for kcat between 17 s–1 79 and 177 s–1 80. This 

appears to depend on the handling of the kinetic curves as well as the type of phosphorylating 

agent used.  
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Figure 1.7. The catalytic cycle of βPGM. In Step 1, βG1P binds to phosphorylated βPGM (βPGMP) and phosphoryl transfer 

takes place to produce βG16BP. The βG16BP is released from the active site but then rebinds in the opposite orientation. In 

Step 2, βG16BP phosphorylates βPGM using its 1-phosphate to produce βG6P and regenerate βPGMP. βG6P quickly 

equilibrates with its α-anomer, and is usually represented without an anomeric configuration G6P label. Residue D8 acts as a 

nucleophile and attacks the phosphate, whilst D10 plays the role of general acid/base in the reaction. 

1.3 Alginate 

1.3.1 Background 

Alginate is a linear, co-polysaccharide consisting of two types of uronic acid: α-L-guluronic 

acid (G) and β-D-mannuronic acid (M).85,86 These two saccharides are epimers at C5 (Figure 

1.8) and in alginate are linked by 1–4 bonds. Alginate can be found naturally in brown algae 

and various species of bacteria but serving different purposes in each class. In brown algae, 

alginate is localised to cell walls where its role is structural.87,88 The purpose of alginate in 

bacteria is less well understood. Bacteria of the genera Azotobacter and Pseudomonas are 

known to contain alginate, and various roles have been proposed for the polysaccharide, 

including its importance during part of the bacterial lifecycle during which the cell becomes 

enclosed within a cyst formed from extracellular polysaccharides.89  
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Figure 1.8. Fischer projections for the two uronic acids which comprise alginate.  (a)  D-mannuronic acid.  (b)  L-guluronic 

acid. 

Alginates from different species differ considerably in their composition90,91. Broadly, three 

chain compositions are common: G-rich regions, containing stretches of polyG; M-rich regions, 

and regions where G and M residues alternate. This diversity is generated post-polymerisation, 

and alginate is synthesised as a homopolymer of M residues. The biosynthetic process is better 

understood in bacteria than in brown algae. In bacteria, alginate synthesis begins with sugars 

such as glucose and fructose, which are processed by proteins encoded in the alg biosynthetic 

gene cluster, into GDP-mannuronic acid. Polymerisation of GDP-mannuronic acid occurs at 

the cytoplasmic membrane, and polyM chains are then exported into the periplasm where they 

are processed by epimerases and lyases, before being secreted through the outer membrane89. 

Alginates are capable of forming gels when in the presence of Ca2+ ions. Gelation is known to 

arise because of specific interactions between polyG regions and Ca2+ ions, which brings 

alginate chains together to form junction zones. At these junction zones, the ratio of G to Ca2+ 

is 4:192 and various models have been proposed for the structure at these inter-chain regions. 

One model that has gained widespread recognition is termed the Egg-Box Model, after the 

similarity in appearance between the Ca2+ ion nested amongst four G residues and an egg in an 

egg-box93 (Figure 1.9). In this model, 10 oxygen atoms belonging to two chains of polyG, 
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coordinate a single Ca2+ ion. There is, however, no consensus on the structure of alginate 

junction zones.94,95 

Commercially, alginate has found many uses96, primarily in the food and biotechnology 

industries. In food technology, alginate is used as a gelling agent and a thickener. Biomedically, 

the most common use for alginate is a thickener or stabiliser of oral forms of medications. 

There are more specialised uses however, and these include using alginate gels to deliver drugs, 

dress wounds, culture cells and alleviate heartburn.97,98 Controlling the properties and the 

gelation process of alginate is therefore of considerable interest. 

 

Figure 1.9. Structure of the junction zone between two chains of G-rich alginate proposed in ref. 93. 

At the residue level, alginate conformation is an important determinant of function, and 

considering the shape of alginate residues is important in understanding gelation and reactions 

involving alginate. Ignoring D- and L-enantiomers, pyranose sugars have 38 distinct 

conformations, which can be classified into five categories: chair, boat, skew boat, half-chair 

and envelope99. The residue conformation of alginate has been studied using a diverse 

experimental toolset including X-ray crystallography, NMR spectroscopy and fibre diffraction. 

These works have unanimously concluded that the dominant conformation adopted by G and 
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M residues, in both monomeric and polymeric form, is the chair conformation. G residues are 

known to adopt the 1C4 chair conformation and M residues adopt the 4C1 conformation (Figure 

1.10).90,91,100–105 In this conformation, the bulky carboxylate group has an equatorial 

configuration, which is to be expected. These residue shapes inevitably dictate the 

conformation of alginate chains. PolyM is proposed to adopt a ribbon-like structure whereas 

polyG forms a kinked chain. How these arrangements affect the ability of alginate to interact 

with Ca2+ ions is not completely clear, with the fibre diffraction patterns produced using Ca2+ 

alginate being of poor quality.95,107 Most conclusions about Ca2+ coordination to date are 

therefore drawn from computational models of alginate. 

 

Figure 1.10. Conformations of α-L-guluronic acid and β-D-mannuronic acid.  (a) .Chair conformations of α-L-guluronic 

acid.  (b)  Chair conformations of β-D-mannuronic acid.  (c)  Proposed chain structure of alginate illustrating the difference in 

the chain conformation between stretches of multiple α-L-guluronic acid residues (kinked chain) and multiple β-D-mannuronic 

acid residues. Adapted from reference 104. 
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1.3.2 Polysaccharide Lyases 

Two types of enzyme exist to modify alginate chains: epimerases, which catalyse the 

interconversion of G and M residues, and lyases, which depolymerise alginate. The enzymatic 

mechanism for epimerisation is thought to involve abstraction of the C5 proton to create a 

carbanion. A proton is then reintroduced with a different configuration resulting in the 

alternative C5 epimer. Alginate lyases are part of a broader family of polysaccharide lyases 

(PL; E.C. 4.2.2.-). They exhibit diversity in both the substrates that they react with – either 

polyG regions [E.C. 4.2.2.11], polyM regions [E.C. 4.2.2.3] or both [E.C. 4.2.2.-] – although 

this definition misses polyMG specific alginate lyases, which have been reported107), in their 

manner of cleavage (exolytic or endolytic), and in the minimal size of their cleavage products. 

There are 37 PL families in the Carbohydrate-Active enZYmes (CAZy) database, of which 9 

are alginate lyases.108,109 The consensus mechanism for these enzymes is a β-elimination 

reaction, which results in an unsaturated sugar at one side of the cleavage site and a new 

reducing sugar at the other side.110,111 This mechanism differs from the other mechanism 

utilised for polysaccharide depolymerisation, which is a hydrolysis reaction, and is made 

possible because of the acidity of the carboxylate at C5.112 The first step in the β-elimination 

reaction involves neutralisation of the negative charge of the carboxylate by formation of a salt 

bridge (Figure 1.12). This is followed by abstraction of the proton at C5. Up to this point, the 

lysis reaction mirrors the epimerisation reaction. Finally, β-elimination of the glycosidic bond 

leaves an unsaturated monosaccharide.110 Alginate lyases have been found in a range of 

organisms including marine algae, marine molluscs, bacteria, funghi and viruses.113  

1.3.3 Dp0100 

Dp0100 is an alginate lyase belonging to a recently discovered PL family. The enzyme 

originates from the thermophilic bacterium, Defluviitalea phaphyphila (D. phaphyphila). D. 

phaphyphila is an obligate anaerobic and Gram-negative bacterium, which has an optimal 

growth temperature of 55–60 °C.114 The organism is of considerable interest owing to its ability 

to utilise brown algae as a carbon source under thermophilic conditions, converting 

biomolecules such as alginate and mannitol into ethanol and acetic acid. One of the key 

enzymes used by D. phaphyphila to depolymerise alginate is Dp0100, a 201 kDa protein with 

endolytic activity towards both polyG and polyM regions of alginate. The gene sequence 

encoding Dp0100 (dp0100) contains an N-terminal secretion signal, and Dp0100 is therefore 
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believed to act extracellularly. 114 Structurally, Dp0100 consists of eight conserved domains, of 

which the minimal catalytic unit has been shown to contain a heparinase II/III-like domain and 

a DUF4962 domain.108 The catalytic subunit of Dp0100 has a three-domain architecture, with 

a largely helical N-terminal domain, a central domain formed from two β-sheets and a distorted 

α-helix, and a C-terminal domain comprising a β-sandwich of 16 β-strands (Figure 1.11). 

 

Figure 1.11. Crystal structure of the catalytic domain of Dp0100 in substrate-free form. Ca2+ ions and Mn2+ ions are 

represented as green and purple spheres, respectively. Residues 1–361 make up the N-terminal domain (pink cartoon), residues 

362–616 form the central domain (yellow cartoon), and residues 617–770 the C-terminal domain (green cartoon). The structure 

is PDB 6JP4. 

The substrate binding site is a cleft formed between the N-terminal domain and the central 

domain, and it is open at both ends. The active site cleft is lined with positively charged residues 

to facilitate interaction with the negatively charged C5 carboxylate group of alginate residues. 

Complexes of a Dp0100 truncation mutant with polyM oligosaccharides, suggest that the 

mechanism of alginate depolymerisation by Dp0100 does conform to the consensus β-

elimination reaction described for other PL enzymes, as depicted in Figure 1.12 .108 
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Figure 1.12. Proposed reaction mechanism of alginate lyase Dp0100. Abstraction of the H5 proton of β-D-mannuronic acid 

by H405 results in a negatively charged carbanion intermediate, which then collapses via β-elimination to leave an unsaturated 

sugar.  

Histidine residue, H405, is positioned to act as the general base and abstract the H5 proton as 

well as to stabilise the C5 carbanion that results, in conjunction with residues N186 and H187 

(Figure 1.13). Furthermore, the sidechain of residue Y239 is in close proximity to the oxygen 

atom leaving group attached to C4, and may act as a general acid during the final step of the 

reaction (Figure 1.12). Alanine mutants of each of these residues (N186, H187, Y239 and H405) 

exhibited severely impaired activity, with H187A and H405A variants being completely 

inactive.108 

 

Figure 1.13. The structure of the active site of the catalytic domain in Dp0100 bound to a polyM pentasaccharide.  The 

central domain (yellow) and the N-terminal domain (pink) are shown in transparent cartoon representation, with key residues 

in the enzyme-substrate interaction shown as sticks and the polyM pentasaccharide shown as sticks (cyan carbon atoms). Ca2+ 

ions and Mn2+ ions are represented as green and purple spheres, respectively. The residues in the polyM pentasaccharide 

uniformly adopt the 4C1 chair conformation. The structure is PDB 6JPN. 
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This thesis contains a structural exploration of the two enzymes (βPGM and Dp0100) 

introduced above. The aim of the work is to investigate the importance of conformational 

change in the catalysis of two different chemical reactions by these enzymes. The contribution 

of enzyme dynamics to the chemical step of enzyme-catalysed reactions is widely debated. 

What is definite is that, for at least some enzymes, conformational changes are vital in certain 

stages of the catalytic cycle and in regulation of enzyme activity. Herein, NMR and X-ray 

crystallography are applied to these enzyme systems with the aim of answering two important 

questions. Firstly, what is the significance of the, to-date unexplained, slow-exchange process 

that occurs in the substrate-free form of βPGM? The dynamic is revealed to be caused by a cis-

trans proline isomerism, and is shown to lead to different levels of enzyme activity depending 

on the phosphorylating agent used to activate the enzyme. This exchange phenomenon is likely 

to have regulatory significance in the host species, L. lactis. Secondly, how is the alginate lyase, 

Dp0100, able to catalyse the cleavage of both polyM and polyG alginate, when the two 

polymers have such different chain structures? An X-ray crystal structure of Dp0100 is 

presented containing a novel conformation of polyG alginate bound in its active site. The 

existence of this unusual polyG chain conformation in solution is investigated by NMR, but no 

evidence is found to suggest that the novel conformation is dominant. It is therefore probable 

that Dp0100 is able to stabilise this alternative chain conformation within the enzyme active 

site. Remarkably, this results in the oligosaccharide chain of polyG taking on a structure akin 

to that of the alternative substrate of Dp0100, polyM. The conformational change enforced on 

the substrate is therefore likely to play a role in enabling the dual specificity of Dp0100. Hence, 

the results presented in this thesis reveal, in structural and mechanistic detail, the importance 

of conformational change in enzyme catalysis for two specific enzyme systems. 
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2. NMR Theory and Methods 

2.1 Theory 

2.1.1 Background 

Nuclear magnetic resonance (NMR) spectroscopy is a powerful technique that enables 

conclusions to be drawn about atoms and their environments. The field of NMR spectroscopy 

is relatively mature, with modern spectrometers many times more powerful and automated than 

in the mid-20th Century. Though it is a well-developed field, it remains an area of active study. 

There are various ways to conceptualise the process by which an NMR signal is generated and 

some are more useful than others. Fundamentally, NMR is a quantum mechanical phenomenon, 

but simplifications and classical conceptualisations can be carried quite far and prove useful in 

understanding many aspects of NMR spectroscopy. The following section consists of a brief 

summary of some NMR concepts and experiments that are applicable to the research included 

in this thesis. This draws on some very good books on the subject by Derome, Neuhaus, Keeler, 

Levitt, Pascal and Williamson.115–119 

2.1.2 Spin 

NMR spectroscopy is possible because of the intrinsic property of spin that subatomic particles 

possess. The spin of a subatomic particle is a non-classical physical property that can be thought 

of as a kind of intrinsic angular momentum that arises without the particle actually rotating. 

Just like any spinning particle with charge, atomic nuclei possess an intrinsic magnetic moment, 

with the properties of intrinsic spin and intrinsic magnetism being proportional to one another. 

The proportionality constant between these two properties is called the gyromagnetic ratio (or 

magnetogyric ratio), which is expressed in the units of rad s-1 T-1. NMR spectroscopy deals 

with the magnetism possessed by nuclei, and gyromagnetic ratios are specific to a particular 

nuclear isotope. Both the spin angular momentum (or the spin polarization) and the magnetic 

moment of a nucleus are vectors, and can point in any direction. In a sample of water, for 

example, the distribution of magnetic moments of hydrogen nuclei in the sample is isotropic, 

and does not have a particular direction that is represented more than any other. The nuclei that 

hold particular importance in NMR are the ones with a ground state nuclear spin of ½. These 
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are not the only nuclei that are used in NMR spectroscopy, but all of the nuclei mentioned in 

this thesis have ground state nuclear spin ½. 

2.1.3 Longitudinal Magnetization 

When a magnetic field is applied to a sample of nuclei, the magnetic moments of these nuclei 

begin to rotate about the axis of the field; this is called precession, and the rate of precession is 

the Larmour frequency. In an applied magnetic field with a strength of 18.8 Tesla for example, 

the Larmour frequency of 1H nuclei is 800 MHz, and a magnetic moment from a 1H nucleus in 

this field will precess 800 million times each second. The angle of precession relative to the 

vector of the external magnetic field depends on the direction that the magnetic moment was 

pointing when the magnetic field was applied. In the absence of any fluctuating magnetic fields, 

the overall magnetic moment of the sample is zero because of the isotropic distribution of 

individual magnetic moments. However, the rapid thermal motion of molecules in the sample, 

each of which possesses other magnetic moments due to the orbit of electrons around the 

nucleus, means that at any time, a nucleus will experience both the large applied field and a 

much smaller local field from nearby molecules. The fluctuation of the total field experienced 

by a nucleus leads to a wandering motion for the magnetic moment of the nucleus. This 

wandering behaviour enables magnetic moments of nuclei to change, and over the course of 

several seconds, leads to the generation of a total sample magnetic moment that is parallel to 

the applied magnetic field; termed longitudinal magnetization. This is because a magnetic 

moment, given the opportunity, is slightly more likely to align with the applied magnetic field 

than to oppose it. The population difference between the more aligned spins and less aligned 

spins can be calculated using the Boltzmann distribution in Equation 2.1, where Nupper and 

Nlower represent the populations of spins in the higher energy state and lower energy state, 

respectively; ΔE is the difference in energy between the two states; k is Boltzmann’s constant; 

T is the temperature in Kelvin; h is Plank’s constant and v is the Larmour frequency.  

𝑁𝑢𝑝𝑝𝑒𝑟

𝑁𝑙𝑜𝑤𝑒𝑟
= 𝑒

−∆𝐸
𝑘𝑇 =  𝑒

−ℎ𝑣
𝑘𝑇  (2.1) 

The population difference between the high and low energy states is very slight, but does 

increase with the strength of the applied field. In an 18.8 Tesla NMR spectrometer at a 

temperature of 298 K, for example, there are 64 more particles in the lower energy state than 

in the higher energy state for every million particles. This small difference in populations 
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means that the magnetic moment is also small. It is measurement of this total magnetic moment 

that NMR spectroscopy is concerned with. In the discussion of J-coupling and the nuclear 

Overhauser effect (NOE) later in this text, this scenario is simplified to two populations of 

spins: one population aligned with the applied magnetic field (spin up), and the other aligned 

against it (spin down). There is a slight population difference in favour of the spins aligned 

with the applied field. 

2.1.4 The NMR Signal 

Rather than measure the longitudinal magnetization of a sample, which is tiny in comparison 

to the applied field and impractical to study (it is much like trying to measure the luminous flux 

of a battery powered torch held in the beam of a powerful searchlight), the magnetization is 

instead rotated into the transverse plane where it can be more easily measured. To do this, NMR 

spectrometers use an oscillating magnetic field provided by a radiofrequency (RF) pulse at the 

Larmour frequency, which utilises the power of resonance to create a magnetic field that is 

perpendicular to the applied field and causes the magnetization to rotate. This occurs in a matter 

of microseconds. Once the RF pulse is switched off, the sample magnetic moment begins to 

rotate around the applied magnetic field once more at the Larmour frequency. The rotation of 

this bulk magnetization can now be measured with a detector placed in the transverse plane. A 

coil of wire placed next to the sample will produce an oscillating current as the magnetization 

rotates past it, generating the NMR signal. The wandering behaviour of individual magnetic 

moments once again leads to the return of the bulk magnetization to align with the applied field. 

The detector therefore experiences a gradual decay of the oscillating transverse magnetization, 

which is known as a free-induction decay (FID). The FID information can be processed using 

a Fourier transform to extract the frequency of precession. This sequence of events underpins 

the modern NMR experiment, and by building on this foundation, much that occurs on the 

atomic scale can be observed on the macroscopic level. Spectrometers are now able to derive 

enough information from NMR experiments to determine protein structures, as well as other 

impressive feats. 

2.1.5 Chemical shift 

In a typical molecule, the Larmour frequency for the nuclei is not necessarily uniform. Since 

electrons are charged particles in orbit around the nucleus, they too are magnetic. This creates 

local electronic environments in a molecule and means that the Larmour frequencies can be 
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subtly different between nuclei. This phenomenon is called chemical shift and is fundamental 

to NMR spectroscopy. In a typical NMR spectrum containing nuclei in different electronic 

environments, several NMR signals will be observed, each at a different frequency. As 

Larmour frequencies are dependent on the strength of the applied field, chemical shifts are 

usually measured in a field-independent manner by comparing to a reference chemical shift, 

and are so small that the chemical shift is usually reported in parts per million (ppm). This 

field-independent chemical shift (δ) is described by Equation 2.2, where ω0 is the chemical 

shift of the nucleus of interest, and 𝜔𝑟𝑒𝑓
0  is the chemical shift of the reference nucleus. 

𝛿 =
𝜔0 − 𝜔𝑟𝑒𝑓

0

𝜔𝑟𝑒𝑓
0

(2.2) 

For example, if a nucleus has a Larmour frequency of 800,001,600 Hz, and the Larmour 

frequency of a reference nucleus is 800,000,000 Hz, then the chemical shift in ppm is 1,600 Hz 

divided by 800,000,000 Hz, which is 2  10–6, i.e. 2 parts in one million (2 ppm). Certain 

chemical groups have distinctive chemical shifts, which sometimes makes it possible to assign 

the signals in an NMR spectrum to particular nuclei in a molecule. 

2.1.6 J-Coupling 

Another fundamental phenomenon in NMR spectroscopy is J-coupling. The magnetic field 

belonging to one nucleus can add or detract from nearby the total field experienced by 

neighbouring nuclei. This effect is a through-bond effect, and occurs by transmission of 

magnetization through the bonding electrons that connect the two nuclei. In a system where 

two spins are J-coupled, each spin can exist in either the spin up or spin down state. The 

magnetic field experienced by the measured nucleus is affected by the spin state of the coupled 

nucleus. When the coupled nucleus is in the spin up state, the magnetic field experienced by 

the measured nucleus increases slightly. When the coupled nucleus is in the spin down state, 

the measured nucleus experiences a slightly decreased magnetic field. These changes in field 

impact the Larmour frequency, and the measured nucleus therefore exhibits two different NMR 

signals, which appear either side of the signal that would be observed in the absence of J-

coupling. J-coupling is an important effect in NMR spectroscopy and it is exploited in the 

heteronuclear single quantum correlation (HSQC) experiment to transfer magnetization 

between 1H nuclei and another nucleus (commonly 15N). 
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2.1.7 Relaxation 

2.1.7.1 T1 Relaxation 

Once the RF pulse used to generate the NMR signal has been switched off, the magnetic 

moments in the sample are no longer at thermal equilibrium. In order for the system to return 

to its thermal equilibrium state (that of longitudinal magnetization aligned with the magnetic 

field), the spins must interact with the environment (also known as the lattice). This process is 

called relaxation, and can occur because of changing local magnetic fields in the sample which 

cause the total magnetic field to fluctuate slightly over time and space, as mentioned earlier. 

The rapidity of the fluctuating magnetic field can be conveyed by the autocorrelation function 

of the field, which is an expression of the correlation between the magnitude of the field at a 

given time point and the magnitude of the same field after a delay has elapsed. In a rapidly 

fluctuating field, the correlation between the magnitude of the field measured before and after 

a given delay, , is small. In field that fluctuates slowly, however, the magnitude of the field is 

less likely to have changed considerably after the same time interval (Figure 2.1). 

The autocorrelation function roughly approximates to a simple exponential decay. The 

steepness of this decay is governed by the correlation time, c, which is a property of a molecule 

describing the average time it takes for the molecule to rotate by one radian. Correlation times 

are also influenced by solution viscosity and temperature. Taking the Fourier transform of the 

autocorrelation function gives the spectral density function. This can be viewed as the 

probability of an event occurring at a particular frequency. For molecules with a small value 

of c (~0.1 ns), there are fluctuations that occur at a wide range of frequencies, leading to a 

broad spectral density function. For molecules with longer correlation times (1–10 ns), the 

spectral density function is narrower, and fewer high frequency fluctuations occur (Figure 2.1). 

For a spin to relax from the high energy spin up state to the low energy spin down state through 

spin-lattice relaxation an event at the Larmour frequency is required to induce it. The spectral 

density function describes how often events at the Larmour frequency occur. With very broad 

and very narrow spectral density functions (small and large molecules, respectively), events at 

the Larmour frequency (–800 MHz at a field strength of 18.8 T, for example) occur infrequently. 

The maximum number of events at the Larmour frequency occurs for medium sized molecules, 



43 
 

 

and the spin-lattice relaxation time constant, known as T1, passes a minimum for molecules 

with correlation times somewhere in between those of small and large molecules. 

2.1.7.2 T2 Relaxation 

T1 relaxation corresponds to the restoration of longitudinal magnetization aligned with the 

applied magnetic field. This occurs because the bulk magnetization is rotated away from its 

thermal equilibrium position by a temporary oscillating magnetic field. Another effect that this 

RF pulse has is the creation of coherences, that is, spins that are in sync with each other, rotating 

at the same frequency. Because of slight fluctuations in the local magnetic field experienced 

by each nucleus, the population of spins will precess at slightly different Larmour frequencies. 

Gradually therefore, the coherences fall out of sync and the original coherence of spins is lost. 

This causes the magnitude of the transverse magnetization to decrease to zero. This can be 

visualised by imagining two clocks, one of which runs very slightly fast. If at first they are set 

to the same time, the clocks will remain in sync with each other for a number of full rotations, 

Figure 2.1. Spectral density functions for two different fluctuating transverse magnetic fields.   (a)  A rapidly fluctuating 

transverse magnetic field corresponds to a broad spectral density function, with events happening at lots of different 

frequencies.  (b)  A transverse field that fluctuates less rapidly corresponds to a broader spectral density function, with fewer 

events occurring with high frequency. Adapted from ref. 117. 
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representing a state of coherence. As time passes however, the two clocks diverge more and 

more until they read completely different times. Because T1 relaxation also manifests as a loss 

of transverse magnetization, the time constant for transverse relaxation, T2, must be at least as 

short as T1. In the case of larger molecules, T2 is much shorter than T1, because transverse 

relaxation partly depends on the spectral density at zero frequency. With larger molecules, the 

spectral density function narrows, and unlike T1 relaxation which relies on events with the 

Larmour frequency, the frequency of events with a frequency of 0 Hz only continues to increase.    

2.1.8 The Nuclear Overhauser Effect 

The NOE is a phenomenon whereby magnetization is transferred between spins in an unusual 

way that depends upon relaxation. NOEs are useful in NMR spectroscopy because the 

magnitude of an NOE is inversely proportional to the distance over which it occurs. For this 

reason NOEs can be used as a measure of inter-nuclear distance, which proves very useful for 

exploring the three-dimensional structures of biomolecules. As described earlier, the tiny 

fluctuations in the magnetic field experienced by spins facilitates transitions from higher to 

lower energy levels in the process called relaxation. T1 relaxation depends on events occurring 

at the Larmour frequency and involves single-quantum transitions. In the case of two spin ½ 

nuclei, typically labelled I and S, each of the spins, once excited, can return to a lower energy 

state via single-quantum transitions, represented by the probabilities W1I and W1s. Spins can 

also lose energy by transfer to other spins in a process called cross-relaxation. This occurs 

between nuclei that are in close proximity and is stimulated by low frequency energy. These 

transitions are known as forbidden transitions, of which there are two types: the double-

quantum transition, with probability W2, and the zero-quantum transition, with probability W0. 

Double- and zero-quantum transitions cannot be stimulated by RF pulses, but when they occur, 

they lead to a population difference between the two nuclei and can therefore be detected as a 

negative intensity change of the signal for the distal spin. NOESY experiments enable detection 

of this useful signal. Each of these relaxation transitions depends upon fluctuations in the 

magnetic field, which means that each transition probability is dependent in some way on the 

molecular tumbling rate. The relationship between each of the four transition probabilities and 

the correlation time in this simple two-spin system is shown in Equations 2.3–2.6, where 𝐾 =

𝜇0/4𝜋ℏ𝛾𝐼𝛾𝑆𝑟𝐼𝑆
−3 and 𝜔𝐼 and 𝜔𝑆 are the Larmour frequencies of spins I and S, respectively. The 

consequence of these relationships is that the magnitude and size of the signal enhancement 

caused by an NOE changes with the correlation time of the molecule in the sample. 
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𝑊0𝐼𝑆 =
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𝜏𝑐
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𝑊2𝐼𝑆 =
3

5
𝐾2

𝜏𝑐
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2.2 Experiments 

The below text details some of the NMR experiments that were used to generate the results 

presented in this thesis. Correlation spectroscopy (COSY) and total correlation spectroscopy 

(TOCSY) were used in the assignment of the spectra of various oligosaccharides. NOE 

spectroscopy (NOESY) and rotating frame NOE spectroscopy (ROESY) were used to make 

deductions about the structure and conformation of oligosaccharides. The heteronuclear single 

quantum correlation (HSQC) experiment was used extensively in structural studies of βPGM 

and in validating the identity of βG16BP. 

2.2.1 Correlation Spectroscopy 

The 2D COSY experiment relies on the transfer of magnetization between nuclei via J-coupling, 

and is therefore useful for tracing which protons in a spectrum are closely connected by 

covalent bonds. The basic pulse sequence for the homonuclear COSY experiment is relatively 

simple and consists of a π/2 pulse, followed by an incremented delay and then a final π/2 pulse 

before acquisition of the signal is started (Figure 2.2). The second pulse rotates all y-

magnetization (assuming an x-phase pulse) onto the –z-axis, rendering it undetectable. The x-

magnetization that is left generates a signal, but its intensity depends on how much chemical 

shift evolution has evolved during the delay. As this delay is incremented, the intensity of the 

signal oscillates at a frequency that corresponds to the chemical shift. The result is a dataset 

that has chemical shift encoded twice, once in the acquired FID, and once indirectly in the 

oscillating intensity of the transverse magnetization that remains after the second pulse. When 

the resulting array of FIDs is Fourier transformed twice, a 2D spectrum is produced, which can 
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be represented as a contour plot. In the absence of any magnetization transfer effects, peaks 

would appear in this spectrum for each spin with a distinct chemical shift (i) at position (i, 

i), creating a line of peaks along the diagonal of the spectrum (diagonal peaks). In a COSY 

experiment however, magnetization is transferred between J-coupled spins with the second 

pulse. This means that the chemical shift evolution of a J-coupled spin (here termed spin S) 

proceeds at the frequency of the original spin (s) and is therefore indirectly encoded due to 

the incremented delay. After transfer of magnetization to the second spin (spin I), the 

magnetization precesses at the frequency of this spin (i), and this is the frequency that is 

recorded in the FID. After the double Fourier transform therefore, peaks appear in the spectrum 

with a position of (s, i) and (i, s). These peaks sit away from the diagonal and are called 

cross peaks. COSY cross peaks are highly useful because not only do they clarify a 1D 

spectrum by spreading signals out into a second dimension, but they also highlight J-coupled 

spins. This information enables assignments of the corresponding 1D spectrum to be made. By 

following the coupling of spins, it is possible to walk through the covalent bonds and determine 

connectivities in the sample molecule. 

  

Figure 2.2. The basic pulse sequence for a 2D COSY experiment. 

 

2.2.2 Total Correlation Spectroscopy 

The TOCSY experiment (Figure 2.3) works on the same principle as the COSY experiment, 

and exploits J-coupling between spins to transfer magnetization between spins that are part of 

a contiguous coupled spin system. Instead of the second π/2 pulse in the COSY experiment, 

TOCSY experiments employ a spin lock after the delay period to allow magnetization for 

propagate from one spin to all the spins that it is connected to via a contiguous J-coupled 

network. A spin lock is a long pulse that is applied with the same phase as the transverse 

magnetization. The magnetization precesses around the oscillating magnetic field, and is 

therefore effectively locked in the same position on the transverse plane. The resulting 
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spectrum has cross peaks not only between spins that are connected by J-coupling, but also 

between spins that are not directly J-coupled, but that are part of the same contiguous system 

of J-coupling. 

 

Figure 2.3. The basic pulse sequence for a 2D TOCSY experiment. 

 

2.2.3 NOE Spectroscopy 

The 2D NOESY experiment (Figure 2.4) bears the same hallmarks as the simplest homonuclear 

2D experiment, the COSY. The pulse sequence also has two pulses separated by an 

incremented delay. In the NOESY however, the second pulse is followed by a mixing period 

of a fixed length after which a third π/2 pulse returns the magnetization on the –z-axis to the 

transverse plane for acquisition. During the mixing period, cross-relaxation occurs between 

spins that are close together in space (<5 Å apart), which leads to cross peaks between these 

spins in the resultant 2D spectrum. Magnetization that remains in the transverse plane after the 

second π/2 pulse is discarded through phase cycling. The process of cross-relaxation is 

described by the Solomon equations, and these show that the cross-relaxation rate constant is 

dependent on the spectral density function at twice the Larmour frequency and at zero 

frequency. A consequence of this is that the rate constant for cross-correlation between two 

spins (σ12) is dependent on the correlation time of the molecule in the sample as described in 

Equation 2.7, where b is the dipole-dipole coupling constant (which describes the magnitude 

of the local fields); j(ω) is the spectral density at frequency ω; and ω0,1 and ω0,2 are the Larmour 

frequencies of spins 1 and 2, respectively. 

𝜎12 = 𝑏2 [
3

10
𝑗(𝜔0,1 +  𝜔0,2) −

1

20
𝑗(𝜔0,1 −  𝜔0,2)] (2.7) 

For small molecules, the cross-relaxation rate constant bears a positive charge and leads to 

positive peaks in the 2D NOESY spectrum. As the correlation time of the molecule increases, 

the spectral density function narrows and the contribution to the cross-relaxation rate constant 
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from the spectral density function at twice the Larmour frequency (which is the minuend in the 

equation for the cross-relaxation rate constant) becomes increasingly negligible. This leaves 

only the term that depends on the spectral density function at zero frequency (the subtrahend) 

and the cross-relaxation constant crosses the x-axis to become negative, leading to cross peaks 

with negative intensity in the 2D NOESY spectrum. At correlation time at which the cross-

relaxation rate constant crosses the x-axis, the NOESY experiment becomes ineffective, 

because little to no cross-relaxation occurs. 

 

Figure 2.4. The basic pulse sequence for a 2D NOESY experiment. 

2.2.4 Rotating Frame NOE Spectroscopy 

The 2D ROESY experiment is closely related to the 2D NOESY experiment and again exploits 

cross-relaxation between spins to facilitate magnetization transfer and extract information 

about the proximity of spins in the sample. In the first part of the pulse sequence, the 2D 

ROESY experiment mirrors the 2D NOESY experiment. Instead of the last two pulses in the 

2D NOESY experiment however, which rotate magnetization out of, and then back into, the 

transverse plane for the mixing period, the 2D ROESY experiment utilises a spin lock. The 

spin lock holds the magnetization in the transverse plane, whilst preventing chemical shift 

evolution from taking place (Figure 2.5). During this spin lock pulse, magnetization transfer 

via cross-relaxation can occur, just as it does in the NOESY experiment. The advantage that 

the 2D ROESY confers is that the resulting cross peaks in the processed spectrum are positive 

regardless of the correlation time of the molecule in the sample, and there is no cross over point 

where the cross-relaxation rate approaches zero. This is a consequence of the mixing period 

taking place whilst spins are in the transverse plane rather than the longitudinal plane. With the 

RF field (B1) switched on, the Larmour frequency of the spins in the sample is dependent on 

B1 rather than the applied field, B0. B1 is much smaller than B0 and the Larmour frequency is 

therefore in the range of kilohertz rather than megahertz. The spectral density at twice this 

(much smaller) Larmour frequency, which is the minuend in the equation for cross-relaxation 
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rate constant (Equation 2.7), is therefore not negligible as it usually is with large molecules. 

The cross-relaxation rate constant is therefore invariably positive, resulting in positive NOE 

crosspeaks in the ROESY spectrum. For this reason, the ROESY experiment is particularly 

useful for molecules of ~1000 Da, such as oligosaccharides, whose size (and therefore rate of 

molecular tumbling) results in NOE enhancements of close to 0 in NOESY experiments. 

Another advantage the 2D ROESY experiment has over the 2D NOESY is that peaks arising 

because of spin diffusion (where magnetization transfer occurs sequentially over two or more 

spins) can bear an opposite sign to peaks arising from a single transfer event. In the NOESY 

experiment, these spin diffusion peaks can be easily misinterpreted, whereas in the ROESY 

experiment they are easier to identify and disregard. 

Figure 2.5. The basic pulse sequence for a 2D ROESY experiment. 

2.2.5 The Heteronuclear Single Quantum Correlation Experiment 

The HSQC experiment is of great utility in the study of proteins by NMR spectroscopy. In the 

HSQC experiment, magnetization is transferred between 1H nuclei and another type of nucleus 

(commonly 15N) using J-coupling. The experiment can be divided into three sections which are 

followed by an acquisition period. In the first section, a pulse sequence called INEPT transfers 

magnetization from the 1H nuclei to 15N with which they are J-coupled. In a sequence of amino 

acids, this occurs only between the hydrogen and nitrogen atoms of the backbone amide, as 

well as between bonded hydrogen and nitrogen atoms in amino acid side chains. The INEPT 

sequence is followed by an incremented delay where the chemical shift of the 15N spins is 

allowed to evolve. Finally a second INEPT sequence transfers magnetization back to 1H and 

the signal is recorded. The resulting data therefore contains both proton and nitrogen chemical 

shift information and following a double Fourier transform, the spectrum contains cross peaks 

at (H, N). By measuring the 15N chemical shift indirectly and acquiring the signal from 1H 

spins, the problem of low signal intensity due to the small gyromagnetic ratio of 15N nuclei is 

bypassed. The HSQC experiment has many variations, and is a vital tool for protein NMR 

spectroscopists. The INEPT sequence that it is built from can be adapted and added to enable 
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magnetization transfer between additional J-coupled nuclei, and as such, multi-dimensional 

experiments can be constructed that enable assignment of the cross peaks in the HSQC 

spectrum to particular residues in a protein. 
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3. Allomorphy as a Mechanism of Post-Translational Control of 

Enzyme Activity 
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3.1 Abstract 

Enzyme regulation is vital for metabolic adaptability in living systems. Fine control of enzyme 

activity is often delivered through post-translational mechanisms, involving for example 

allostery or allokairy. β-phosphoglucomutase (βPGM) from Lactococcus lactis is a phosphoryl 

transfer enzyme that is required for complete catabolism of trehalose and maltose, through the 

isomerisation of β-glucose 1-phosphate to glucose 6-phosphate via β-glucose 1,6-bisphosphate. 

Surprisingly for such a gatekeeper of glycolysis, no fine control mechanism of βPGM has yet 

been reported. Herein, we describe allomorphy, a hitherto unidentified post-translational 

control mechanism of enzyme activity. In βPGM, isomerisation of the K145-P146 peptide bond 

results in the near-equal population of two conformers that have different activities owing to 

repositioning of the K145 sidechain. In vivo phosphorylating agents, such as fructose 1,6-

bisphosphate, generate phosphorylated forms of both conformers, leading to a lag phase in 

activity until the more active phosphorylated conformer dominates. In contrast, the reaction 

intermediate -glucose 1,6-bisphosphate, which is at a very low concentration in the absence 

of -glucose 1-phosphate, is able to couple the conformational switch and the phosphorylation 

step, resulting in the rapid generation of the more active phosphorylated conformer. In enabling 

different responses to several allomorphic activators, allomorphy allows an organism to 

maximise its responsiveness to environmental changes while minimising the diversion of 

valuable metabolites. 
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3.2 Introduction 

Enzyme regulation is vital in maintaining the balance of catabolism and anabolism in living 

systems.36,44,120 Enzyme activity is subject to precise control, sometimes involving manifold 

layers of regulation, and failure often results in metabolic disorders and disease.121,122 

Regulatory mechanisms are divided into two broad categories: those relating to the control of 

enzyme concentration (coarse control) and those that modulate enzyme activity (fine control). 

In coarse control, concentration is determined by transcriptional modulation of gene expression 

and the balance between the rates of translation and degradation, with additional contributions 

from maturation, cellular compartmentalisation and local co-clustering.40,41,123,124 Coarse 

control occurs on relatively long timescales (hours to days). In fine control, a diverse group of 

regulatory mechanisms act to modulate enzyme activity over much shorter timescales (< 

second to minutes). This group includes the binding of regulatory molecules and reversible 

covalent modification42,43, and often involves allosteric modulation, where an effector, acting 

somewhere other than the active site, stabilises forms of the enzyme with a reduced or enhanced 

activity.44,125127 Alternatively, allokairy is a fine control mechanism, where the activity of a 

monomeric enzyme is modulated by the near-equivalence of the conformational exchange rate 

and the catalytic rate in a substrate concentration-dependent manner.49,50 

Precise enzyme regulation allows organisms to be responsive to environmental changes and to 

exploit multiple energy sources. Lactococcus lactis (L. lactis) is a Gram-positive bacterium 

that has worldwide usage in the manufacture of fermented dairy products and in the commercial 

production of lactic acid.128 It can grow on a variety of carbohydrate media including trehalose 

and maltose.129131 Trehalose is transported into L. lactis by the phosphoenolpyruvate-

dependent phosphotransferase system, yielding trehalose 6-phosphate (T6P), which is 

phosphorolysed by Pi-dependent trehalose 6-phosphate phosphorylase to -glucose 1-

phosphate (βG1P) and glucose 6-phosphate (G6P)132 (Supplementary Fig. 3.1). In contrast, 

maltose enters cells by the ATP-dependent permease system and is phosphorolysed by the 

action of Pi-dependent maltose phosphorylase to βG1P and glucose.133 Glucose is subsequently 

phosphorylated to G6P by glucokinase and enters glycolysis via fructose 1,6-bisphosphate 

(F16BP). For complete catabolism of both trehalose and maltose, the isomerisation of βG1P to 

G6P is catalysed by β-phosphoglucomutase (βPGM, EC 5.4.2.6, 25 kDa). βPGM deficient L. 

lactis is unable to grow or has impaired growth, when the sole carbon source is trehalose or 
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maltose, respectively.134 With maltose, βG1P accumulates intracellularly and is excreted into 

the growth medium. Correspondingly, both Pi-dependent trehalose 6-phosphate phosphorylase 

and Pi-dependent maltose phosphorylase (Supplementary Fig. 3.1) operate in the reverse sense 

to their physiological roles in wild-type L. lactis, resulting in βG1P being combined with G6P 

to form T6P or polymerised to form amylose (→-linked glucose units). In trehalose and 

maltose metabolism, therefore, βPGM acts as the gatekeeper to and from glycolysis, and is 

expected to be subject to tight regulation. In terms of coarse control, transcription of the βPGM 

gene (pgmB), which is located in the tre operon, is subject to negative transcriptional control 

by glucose and lactose.130 When L. lactis switches from metabolising glucose to metabolising 

maltose (or by implication, trehalose), there is a significant rise in the specific activity of βPGM 

over a period of several hours. However, no fine control mechanism has yet been identified at 

basal levels of βPGM, which would allow the cell to compete more successfully during a 

transition between carbohydrate sources. 

βPGM is a monomeric magnesium-dependent phosphoryl transfer enzyme of the haloacid 

dehalogenase (HAD) superfamily.32,77–79,82–84,135 The active site is located in the cleft between 

the α/β core domain (M1–D15, S88–K216) and the α-helical cap domain (T16–V87), with 

closure of the cleft through domain reorientation occurring during catalysis. Two phosphate 

group binding sites are present, a proximal site adjacent to the carboxylate nucleophile and the 

catalytic Mg2+ ion, and a distal site located ~8 Å away in the closed enzyme.82 During steady-

state catalysis, βG1P binds to phosphorylated βPGM (βPGMP, phosphorylated on D8) and 

forms β-glucose 1,6-bisphosphate (βG16BP). Release to solution and subsequent rebinding of 

βG16BP in the alternate orientation80 leads to the formation of G6P and the regeneration of 

βPGMP (Fig. 3.1). In vitro, a phosphorylating (priming) agent is required to initiate the catalytic 

cycle since the half-life of βPGMP is ~30 s.84 In vivo, potential candidates for this agent include 

F16BP, βG1P, G6P, α-glucose 1,6-bisphosphate (αG16BP), and acetyl phosphate (AcP), as 

well as the reaction intermediate, βG16BP. However, only βG16BP allows βPGM to reach its 

maximum catalytic rate, and a significant lag phase is observed in the reaction with αG16BP 

as the phosphorylating agent84, until the βG16BP concentration greatly exceeds its resting 

concentration in the cell. In the current kinetic model for βPGM catalysis, αG16BP is also 

required to act as a very strong inhibitor of βPGM. G16BP is a close structural analogue of 

βG16BP79, but very similar kinetic behaviour is observed when AcP is used as the 

phosphorylating agent32, suggesting that other factors are contributing to post-translational 
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control of βPGM. Here we show that a hitherto unidentified mechanism is operating in βPGM, 

which we have termed allomorphy to illustrate its relationship to and distinction from allostery 

and allokairy. In the substrate-free enzyme, the isomerisation of proline 146 results in the near-

equal population of two conformers that have different activities. Alternative phosphorylating 

agents such as F16BP and AcP generate phosphorylated forms of both conformers, resulting 

in a lag phase in PGM activity until the more active phosphorylated conformer dominates. In 

contrast, the G16BP reaction intermediate is able to couple the conformational switch and the 

phosphorylation step, resulting in the rapid generation of the more active phosphorylated 

species. This allows the βG16BP concentration to effectively act as a surrogate of the βG1P 

concentration and modulate the activity of βPGM according to the carbohydrate source 

available to L. lactis.  
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3.3 Results 

3.3.1 PGMWT exchanges slowly between two stable conformations 

The observation of a lag phase when using either G16BP or AcP32,84 as the phosphorylating 

agent implies that the target of phosphorylation, the substrate-free enzyme, has a role in post-

translational control. Hence, the solution properties of substrate-free wild-type βPGM 

(βPGMWT) were investigated using NMR spectroscopy. In the previous backbone resonance 

assignment of PGMWT (BMRB 723577 performed in standard NMR buffer (50 mM K+ 

HEPES (pH 7.2), 5 mM MgCl2, 2 mM NaN3, 10% (v/v) 2H2O and 1 mM trimethylsilyl 

propanoic acid (TSP)) containing 10 mM NH4F, two features were apparent during the analysis: 

1) peaks of thirty active site residues were missing from the spectra owing to line-broadening 

resulting from conformational exchange on the millisecond timescale and 2) a large number of 

unassigned 1HN, 15N, 13C, 13C and 13C’ resonances were present with a low intensity. To test 

whether HEPES or NH4F were contributing to the millisecond conformational exchange, 

spectra were recorded in tris buffer (50 mM tris (pH 7.2), 5 mM MgCl2, 2 mM NaN3, 10% (v/v) 

2H2O and 1 mM TSP), and mixtures of HEPES and tris buffers in order to transfer the 

assignment between conditions136. It was noticed that the inclusion of 5 mM tris in the standard 

NMR buffer increased the intensity of the unassigned resonances significantly and therefore 

all observable resonances in the spectra were re-assigned using standard triple resonance 

TROSY-based methodology137. Excluding the ten proline residues and the N-terminal 

methionine, the backbone resonances of 193 out of a total of 210 residues (92%) were assigned. 

Seventeen residues located in the vicinity of the active site remained unassigned (L9, D10, G11, 

R38, L44, K45, G46, S48, R49, E50, D51, S52, L53, K117, N118, D170 and S171). Notably, 

102 of the assigned residues displayed pairs of resonances in the 1H15N-TROSY spectrum (Fig. 

3.2a, Supplementary Fig. 3.2a), consistent with the population of two PGMWT conformers 

(70% conformer A, BMRB 28095 and 30% conformer B, BMRB 28096). A further five 

residues (K145, A147, D149, I150 and Q176) have assignments in conformer A, but are 

missing assignments in conformer B, owing to some differential millisecond conformational 

exchange occurring in the two species. The PGMWT conformers are present in the spectra as 

a result of slow conformational exchange rather than as chemically distinct species, since the 

addition of 3 mM BeCl2 and 10 mM NH4F to the PGMWT sample induced the population of 

a single PGMWT:BeF3 complex (an analogue of phosphorylated conformer A; BMRB 1785131) 
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(Supplementary Fig. 3.3a). The exchange between conformer A and conformer B is on the 

multi-second timescale, with kex ≤ 1.0 s-1 from ZZ-exchange measurements. Differences in 

chemical shift between the two conformers (Supplementary Fig. 3.4a) indicate that the regions 

of PGMWT involved in the multi-second conformational exchange process are located 

primarily in the core domain and comprise the D137A147 loop, the -strands (K109A113 

and D133A136) at the outer edge of the -sheet and the I152S163 and Q172A183 - and 

310-helical regions (Fig. 3.3). Predicted random coil index order parameters (RCI-S2)138 show 

a decrease in value for conformer B in two regions (G32R38 in the cap domain and 

D133K145 in the core domain) (Supplementary Fig. 3.5a), which indicates increased 

conformational flexibility compared with conformer A. 

3.3.2 Influence of physiological factors on the conformational exchange 

An investigation of factors that affect the population distribution of conformer A and conformer 

B was performed using 1H15N-TROSY spectra of PGMWT recorded under different conditions 

of temperature, pH, hydrostatic pressure, MgCl2 (0100 mM), NaCl (0200 mM), K+ HEPES 

buffer (0200 mM) and PGMWT concentration (0.11.2 mM). All of these perturbations had 

little or no effect, apart from the addition of either MgCl2 (100 mM) or NaCl (200 mM) to 

standard NMR buffer, which shifted the population of PGMWT primarily to conformer A 

(Supplementary Fig. 3.6ad). Buffer exchange into deionised water resulted in conformer B 

being the dominant population. However, both conformer A and conformer B remained 

populated when Mg2+ was removed from the NMR buffer solution, showing that the multi-

second conformational exchange is not simply a result of incomplete saturation of the catalytic 

Mg2+ binding site. These observations indicate that chloride anions perturb the population 

distribution. 

The inorganic ionic composition of L. lactis cytoplasm (~2 mM Mg2+, ~50 mM Na+, ~400 mM 

K+, ~50 mM Cl)139 overlaps with the concentration ranges tested, where the population 

distribution between conformer A and conformer B remained unaffected. Therefore, it is 

expected that both conformer A and conformer B are populated in cytoplasm. However, the 

intracellular milieu is a complex mix of metabolites that could influence this equilibrium. This 

environment was mimicked through the use of bovine skimmed milk, a medium in which L. 

lactis thrives within the dairy industry. It is expected that the organic components in milk will 
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also be present in cytoplasm. Moreover, the inorganic ionic composition (~5 mM Mg2+, ~24 

mM Na+, ~38 mM K+, ~28 mM Cl)140 is similar to cytoplasm (except for K+, which has no 

effect on the equilibrium between conformer A and conformer B), so any effects will be due to 

the influence of metabolites. PGMWT was diluted 5-fold into fresh skimmed milk, which had 

been filtered to remove species with a molecular weight larger than 10 kDa. The 1H15N-TROSY 

spectrum revealed that both conformer A and conformer B were populated with a similar ratio 

(60% conformer A and 40% conformer B) to PGMWT recorded in standard NMR buffer 

(Supplementary Fig. 3.2c, Supplementary Fig. 3.7a). However, minor chemical shift changes 

in the active site loops and the sharpening of some peaks that were line-broadened under 

standard conditions indicated that one of the milk components was binding in the vicinity of 

the active site. The two dominant organic components of the filtered milk were lactose and 

citrate (Supplementary Fig. 3.2d). Titration of lactose into PGMWT had no effect on the 1H15N-

TROSY spectrum, whereas titration of citrate led to equivalent chemical shift changes and 

sharpening of line-broadened peaks to those observed in milk. Similar effects were observed 

in both conformer A and conformer B. Hence, PGMWT was crystallised in the presence of 

citrate and the structure was determined to 2.1 Å resolution (PDB 6YDM; Supplementary Fig. 

3.8ac, Supplementary Table 1). Two chains are present in the crystallographic asymmetric 

unit, one of which has citrate and acetate bound, whilst the other has tris and acetate bound. 

Citrate is coordinated in the active site by residues T16, H20, V47R49 and A115K117 and 

mimics substrate binding to some extent. Both monomers share a similar fold and overlay 

closely with a previously reported substrate-free PGMWT structure (PDB 2WHE82: non-H 

atom RMSDs of 0.56 Å and 0.95 Å). Although only one of the two conformers observed in 

solution is represented in the crystal, the NMR experiments show that both conformer A and 

conformer B remain well-populated under physiological conditions. 

3.3.3 The conformational exchange involves cis-trans proline isomerisation 

Exchange phenomena on multi-second timescales in proteins are often a consequence of cis-

trans isomerisation of Xaa-Pro peptide bonds.141,142 The largest differences in chemical shift 

between conformer A and conformer B are observed for residues in a loop (D137A147) 

containing two proline residues (P138 and P146) (Supplementary Fig. 3.4a). From the crystal 

structures of the substrate-free form of the enzyme (PDB 6YDL (Supplementary Table 1) 

determined to 1.5 Å resolution, which compares closely with PDB 2WHE82 (non-H atom 



60 
 

 

RMSD = 0.53 Å) and PDB 1ZOL79 (non-H atom RMSD = 0.65 Å)), nine trans Xaa-Pro peptide 

bonds are present in PGMWT, whereas the K145-P146 peptide bond adopts a cis conformation. 

Proline residues with cis peptide bonds have 13C atoms that resonate 2.02.5 ppm downfield 

from those with trans peptide bonds143 and therefore the isomerisation state of the Xaa-Pro 

peptide bonds for PGMWT in solution was investigated. All but one of the assigned proline 

residues in conformer A and conformer B possess 13C chemical shifts in the range 30.431.9 

ppm consistent with the population of trans Xaa-Pro peptide bonds (Supplementary Fig. 3.5b). 

In contrast, the 13C chemical shift for P146 (34.7 ppm) corroborates the presence of a cis 

K145-P146 peptide bond in solution for conformer A. However for conformer B, the absence 

of proline 13C resonances for P146 and P148, owing to millisecond conformational exchange 

in the K145I150 region, precluded an identification of the isomerisation state for these proline 

residues using NMR methods. 

To explore whether proline isomerisation at the K145-P146 peptide bond is the source of the 

multi-second conformational exchange in PGMWT, the βPGM variant P146A (βPGMP146A) 

was prepared and the solution properties of the substrate-free form were investigated. A 1H15N-

TROSY spectrum shows that only a single species is present (Fig. 3.2b, Supplementary Fig. 

3.2b) and 194 out of a total of 211 residues (92%) were assigned using standard TROSY-based 

methodology (BMRB 27920144). The same seventeen residues as PGMWT remain unassigned 

owing to millisecond conformational exchange. The chemical shifts of PGMP146A were 

compared with those of conformer A and conformer B of PGMWT (Supplementary Fig. 3.4b, 

c). While the largest perturbations relate to the mutation site (together with an associated 

propagation of effects through the P148V158 and S171G182 -helices), additional 

significant and widespread chemical shift differences are present between conformer A and 

PGMP146A, especially in the D137A147 loop. In contrast, much smaller chemical shift 

changes are observed between conformer B and PGMP146A, indicating that the solution 

conformations for these species are closely similar. However, although the K145-A146 peptide 

bond in PGMP146A is likely to adopt a trans conformation as the dominant population, the 

isomerisation state remains ambiguous using NMR methods. Therefore, βPGMP146A was 

crystallised and the structure was determined to 2.0 Å resolution (PDB 6YDK; Supplementary 

Table 1). The cap and the core domains of the crystal structure superimpose closely with those 

of PGMWT (non-H atom RMSD = 0.33 Å, PDB 2WHE82; non-H atom RMSD = 0.48 Å, PDB 
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6YDL; non-H atom RMSD = 0.51 Å, PDB 1ZOL79). The D137A147 loop exhibits elevated 

temperature factors, consistent with the lower predicted RCI-S2 values derived from NMR 

chemical shifts (Supplementary Fig. 3.5c). The electron density is best fit by the trans 

conformation of the K145-A146 peptide bond ( dihedral angle = 177o) (Fig. 3.4a, c). In 

comparison to PGMWT, the D137A147 loop adopts a different conformation, although both 

a 310-helix (D137V141) and a -turn hydrogen bond (A147HNS144CO) are retained. These 

perturbations in structure are consistent with the chemical shift changes observed between 

conformer A and PGMP146A and support the PGMP146A structure being a close model of 

conformer B. 

The most pronounced consequence of the change in isomerisation state of the K145-A146 

peptide bond is the failure of the K145 sidechain in βPGMP146A to engage in the active site (Fig. 

3.4a). Instead, this sidechain is positioned in the open cleft between the cap and core domains, 

and is exposed to solvent. In βPGMWT, the -amino group of K145 is coordinated by the 

carbonyl oxygen atom of A113, the carboxylate sidechain of E169, and a water molecule that 

is replaced in the transition state analogue (TSA) complex (PDB 2WF582) by a fluoride ion that 

mimics an oxygen atom of the transferring phosphoryl group. An electrostatic relationship also 

exists between the -amino group and the carboxylate group of D8. In PGMP146A, the position 

of the missing -amino group of K145 and its PGMWT hydrogen bonding are satisfied by a 

water molecule. The predicted RCI-S2 order parameters for PGMP146A and PGMWT 

(Supplementary Fig. 3.5a, c) share similar profiles apart from around the D137A147 loop, 

where the RCI-S2 values for PGMP146A indicate increased dynamic properties that broadly 

mirror those of conformer B in PGMWT. Together, these data reveal that βPGMP146A reflects 

the properties of conformer B, and link the chemical shift and RCI-S2 differences between 

conformers to the isomerisation state of the K145-X146 peptide bond. Thus, the multi-second 

exchange between conformer A and conformer B in solution involves cis-trans proline 

isomerisation of the K145-P146 peptide bond. 

3.3.4 βPGMWT lag phase depends on the phosphorylating agent 

To ensure that the extent of the lag phase observed previously with AcP is not a method 

dependent observation32, the effect of different phosphorylating agents on the mutase activity 

of βPGMWT was investigated by monitoring the conversion of 50 µM G1P to G6P with either 
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F16BP (1 mM), AcP (8 mM) or βG16BP (10 µM) present as phosphorylating agents, using the 

standard glucose 6-phosphate dehydrogenase coupled assay.84 Despite the crucial involvement 

of βG16BP as the reaction intermediate in the catalytic cycle, its concentration in the cell can 

vary markedly and is dependent upon the concentration of G1P. Therefore, F16BP is the most 

likely phosphorylating agent of βPGM in vivo when L. lactis is growing on glucose-rich media 

(~50 mM F16BP128) versus Km ~100 µM79). AcP is also a potential activator in vivo, as 

although it is present at lower concentrations (13 mM in E. coli145,146) versus Km ~800 µM79), 

it is inherently a much faster phosphorylating agent. In the coupled assay experiments with 

βPGMWT (Fig. 3.5a), when either F16BP or AcP was used as the phosphorylating agent, their 

progression curves display significant lag phases. The lag is considerably more pronounced in 

the F16BP experiment, and consequently the maximum rate of G1P to G6P conversion is not 

achieved before the substrate is exhausted. When βG16BP was used as the phosphorylating 

agent the kinetic profile shows a linear, fast initial rate. Consequently, initial rate measurements 

were made at several G1P and G16BP concentrations (10700 µM and 0.4100 µM, 

respectively) and were globally fitted to an equation derived for a ping-pong mechanism with 

G1P inhibition.84 Accurate fits were obtained at G16BP concentrations up to 10 µM, since 

above this concentration the model no longer describes the data. At elevated G16BP 

concentrations, the back reaction from G16BP to G1P becomes significant, and the free 

G16BP concentration is attenuated owing to a multimeric interaction between G16BP and 

Mg2+ ions32). Accordingly, the data above 10 µM G16BP were omitted from the fitting. This 

analysis yielded values for kcat of 382 ± 12 s-1, Km (G1P) of 91 ± 4 µM, Km (G16BP) of 8.5 

± 0.3 µM and Ki (G1P) of 1510 ± 100 µM (Supplementary Fig. 3.9a). These values are all 

higher than those previously reported for PGM owing to the extension of the analysis to higher 

G1P and Mg2+ concentrations. 

3.3.5 βPGM catalysis utilises a cis K145-X146 peptide bond 

To assess whether βPGM is active as conformer B, the effect of different phosphorylating 

agents on the mutase activity of βPGMP146A was investigated by monitoring the conversion of 

50 µM G1P to G6P with either F16BP (1 mM), AcP (8 mM) or βG16BP (10 µM) present as 

phosphorylating agents using the standard glucose 6-phosphate dehydrogenase coupled assay. 

As for βPGMWT, the kinetic profiles for βPGMP146A display significant lag phases with F16BP 

and AcP, while the progression curves with βG16BP show a linear, fast initial rate (Fig. 3.5b). 
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Consequently, initial rate measurements were made at several G1P and G16BP 

concentrations (5500 µM and 2100 µM respectively) and were globally fit to the equation 

used for βPGMWT above. For βPGMP146A, the fitting yielded values for kcat of 19.2 ± 0.2 s-1, Km 

(G1P) of 157 ± 3 µM, Km (G16BP) of 175 ± 3 µM and Ki (G1P) of 933 ± 32 µM 

(Supplementary Fig. 3.9b). In addition, the equilibration of G1P and G6P for both βPGMWT 

and βPGMP146A was monitored by 31P NMR spectroscopy using AcP as a phosphorylating 

agent (Supplementary Fig. 3.9c, d).32 The time courses show a similar overall profile together 

with the presence of the lag phase and subsequent fitting of the linear segments yielded a kobs 

of 70 ± 30 s-1 for βPGMWT and a kobs of 1.1 ± 0.2 s-1 for βPGMP146A. The variation between the 

kinetic parameters derived using the two methods is caused by inhibition resulting from 

different levels of phosphate-containing species present in the assays. However, the data clearly 

demonstrate that βPGMP146A is active, with a ~20-fold reduction in kcat, a ~21-fold increase in 

Km for G16BP and a similar Km and Ki for G1P, when compared with βPGMWT. 

The mechanism of βPGMP146A catalytic activity was explored by preparing a TSA complex 

containing MgF3
 and G6P65,82 and the resulting βPGMP146A:MgF3:G6P TSA complex was 

investigated using NMR spectroscopy. The observed 19F chemical shifts are indistinguishable 

from those of the βPGMWT:MgF3:G6P TSA complex (Supplementary Fig. 3.9e, f) and a 1H15N-

TROSY spectrum peak comparison (BMRB 723477) indicates an almost identical 

correspondence between frequencies. Such close agreement allowed a backbone resonance 

assignment (211 residues – 100%) using 3D HNCACB and 3D HN(CA)CO spectra (BMRB 

28097). Residues with the largest chemical shift differences between the 

βPGMP146A:MgF3:G6P and βPGMWT:MgF3:G6P TSA complexes are located within 4 Å of 

residue 146 (K145, A147 and A177) and within 5 Å of residue K145 (S48, V141 and A142) 

(Supplementary Fig. 3.4d). Taken together, these results confirm that βPGMP146A can assemble 

a stable and wild-type like βPGMP146A:MgF3:G6P TSA complex in solution. The 

βPGMP146A:MgF3:G6P TSA complex was crystallised and the structure was determined to 1.0 

Å resolution (PDB 6YDJ; Supplementary Table 1). This complex superimposes very closely 

with the βPGMWT:MgF3:G6P TSA complex (non-H atom RMSD = 0.18 Å, PDB 2WF582) and 

identifies both the positioning of the K145 sidechain in the active site and the cis K145-A146 

peptide bond ( dihedral angle = 14o; compared with  dihedral angle = 12o for the K145-

P146 peptide bond in the βPGMWT:MgF3:G6P TSA complex) (Fig. 3.4b, d). The 6-phosphate 

group of G6P is in the distal site and the trigonal MgF3
 moiety mimicking the transferring 
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phosphoryl group is coordinated in the proximal site between D8 (atom O1) and the 1-OH 

group of G6P. The donor-acceptor distance and the angle of alignment are 4.1 Å and 174o, 

respectively (compared with 4.3 Å and 176o, respectively for the βPGMWT:MgF3:G6P TSA 

complex). The catalytic Mg2+ ion coordination also has comparable octahedral geometry to the 

βPGMWT:MgF3:G6P TSA complex and to substrate-free βPGMP146A. Together, these data 

demonstrate that βPGMP146A is able to populate a cis K145-A146 peptide bond and achieve full 

domain closure with concomitant formation of transition state geometry. Additionally, 

assuming that G16BP binding is diffusion controlled, the increase in Km for G16BP in 

PGMP146A reflects the energetic cost of the trans to cis isomerisation of the K145-A146 

peptide bond.147 As in βPGMWT, these results imply that conformer A of βPGMP146A represents 

the more active form. 

3.3.6 βPGM forms two different transient phospho-enzyme species 

The possible involvement of conformer B in the modulation of enzyme activity was 

investigated using real-time NMR methods by comparing the phosphorylation of βPGM under 

saturating conditions of either F16BP (50100 mM), AcP (60100 mM) or βG16BP (35 mM). 

Residue A113 is a well-resolved reporter of the relevant species  conformer A and conformer 

B, and their phosphorylated counterparts, AP and BP. The carbonyl of A113 is coordinated by 

the -amino group of K145 (in conformer A) or a water molecule (in conformer B) and its 

amide proton is hydrogen bonded to the carbonyl of F7 (adjacent to the D8 nucleophile) (Fig. 

3.4a, b). 

On addition of F16BP to βPGMP146A, the two dominant species observed are conformer B and 

BP (Fig. 3.2b). The presence of conformer B shows that the rate of PGMP146A phosphorylation 

is very similar to the dephosphorylation rate for BP (through hydrolysis), and only an apparent 

rate constant can be measured. The apparent rate constant for dephosphorylation was 

determined to be 0.02 ± 0.002 s-1 from the rate of reduction of the free F16BP concentration in 

1H NMR experiments. The 1H and 15N chemical shifts of BP, assigned using fast acquisition 

3D HNCO and 3D HNCA NMR experiments, mirror those of conformer B, except for the 

active site residues F7D8, A113A115 and hinge residues T16E18, owing to their proximity 

to phosphorylated D8 (Supplementary Fig. 3.4e). Resonances from the D137A147 loop show 

no significant differences between both forms, indicating that the K145-A146 peptide bond is 
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in a trans conformation in BP (the conformer B to AP transition results in large chemical shift 

changes for the D137A147 loop; Supplementary Fig. 3.4f). Conformer B and BP are also 

observed when AcP was used as the phosphorylating agent, and a minor population of AP is 

present, correlating with a small increase in the population of BP relative to conformer B 

(Supplementary Fig. 3.7b). Identification of AP is based on the assignment and structure of the 

βPGMWT:BeF3 complex (BMRB 17851; PDB 2WFA31), where the K145-P146 peptide bond 

is in a cis conformation and the K145 sidechain is engaged in the active site. Notably, when 

G16BP was used as the phosphorylating agent, BP is not observed (Fig. 3.2b, Supplementary 

Fig. 3.7b). Instead, the AP:G6P and B:G16BP complexes are the primarily populated species. 

The AP:G6P complex has similar chemical shifts to the βPGMWT:BeF3 complex, and the slow 

exchange between the AP:G6P and the B:G16BP complexes correlates with the measured kcat 

values for PGMP146A. 

In βPGMWT, AP is the dominant species observed on addition of F16BP (Fig. 3.2a, 

Supplementary Fig. 3.3c). Therefore, the phosphorylation rate of βPGMWT by F16BP under 

these conditions must be faster than the hydrolysis rate of AP (khydrolysis = 0.06 ± 0.006 s-1). A 

minor population of the A:F16BP complex is also present, indicating that under these 

conditions the phosphorylation rate is slower than the chemical shift difference between the AP 

and A:F16BP peaks (140 Hz). Significantly, a minor population of BP is also observed. This 

species is populated transiently (~5 min) and disappears at longer timeframes, whereas AP and 

the A:F16BP complex populations remain dominant while the phosphorylating agent is at high 

concentration. Hence, the BP population is converting to the more stable AP species with a rate 

constant of ≥0.003 s-1, which mirrors the trans to cis isomerisation rate constants of Xaa-Pro 

peptide bonds in model peptides.141 Equivalent behaviour is observed when AcP was used as 

the phosphorylating agent (Supplementary Fig. 3.3b, 3.7a), except that an A:AcP complex is 

not detected. When G16BP was used as a phosphorylating agent, BP does not accumulate at 

any point in the 3 hour time course. The only detectable species is an A:G16BP complex (Fig. 

2a, Supplementary Fig. 3.3d, 3.7a), which is identified by the similarity of chemical shift 

distribution with the PGMD10N:G16BP complex (BMRB 27174; PDB 5OK132). The low 

intensity of the A113 peak, along with peaks of other active site residues (Fig. 3.2a, 

Supplementary Fig. 3.3d, 3.7a), results from millisecond conformational exchange between 

species within the catalytic cycle, which correlates with the measured kcat values for βPGMWT. 
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Overall therefore, the consequence of phosphorylation by the reaction intermediate G16BP is 

markedly different to that of other phosphorylating agents, in that it generates no detectable BP 

or lag phase, even when the initial population of conformer B is high.  
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3.4 Discussion 

Substrate-free βPGMWT exists in solution as two distinct conformers with near-equal 

populations, which differ in the isomerisation state of the K145-P146 peptide bond and 

interconvert at a rate between 0.003 s-1 and 1.0 s-1. Conformer A contains the cis-isomer of this 

peptide bond, as observed in the crystal structures of substrate-free βPGMWT, while conformer 

B contains the trans-isomer, as mimicked by the βPGMP146A variant. In the crystal structure of 

βPGMP146A, the trans K145-A146 peptide bond positions the sidechain of K145 away from the 

site of phosphoryl transfer, which is significantly different to its location in all other substrate-

free and TSA complex structures reported for βPGMWT. The removal of this positively charged 

amine group from the active site of conformer B disrupts the charge balance in the vicinity of 

the D8 nucleophile and therefore transition state stability will be severely impaired.66,70 

However, kinetics data for the mutase reaction indicate that βPGMP146A is only ~20-fold less 

active than βPGMWT, and has a similar affinity for G1P. In the crystal structure of the 

βPGMP146A:MgF3:G6P TSA complex, which mimics the transition state of the phosphoryl 

transfer step, the K145-A146 peptide bond adopts the cis-isomer and the sidechain of K145 is 

able to engage in the active site. Hence, conformer A remains the preferred route for phosphoryl 

transfer in βPGMP146A, despite it being ~1000 times less stable than in βPGMWT because of the 

trans to cis isomerisation of the K145-A146 peptide bond147. 

This disruption of the active site has regulatory significance, as conformer B of βPGMWT 

constitutes a substantial population of the resting substrate-free enzyme. In vitro, linear initial 

kinetics and full activation of the enzyme are achieved only when βG16BP is used as the 

phosphorylating agent. Phosphorylation of both βPGMWT and βPGMP146A with either F16BP 

or AcP leads to a lag phase, with the lag caused by F16BP lasting ~3.5 times longer than that 

observed with AcP. Moreover, real-time NMR experiments establish that the phosphorylation 

of both βPGMWT and βPGMP146A with either F16BP or AcP result in the generation of BP. In 

βPGMWT, BP isomerises completely into AP in <5 min, whereas in βPGMP146A, BP is 

consistently more populated than AP. In contrast, BP is not observed for either βPGMWT or 

βPGMP146A when βG16BP is used as the phosphorylating agent. This result demonstrates that 

phosphorylation with βG16BP leads to the stabilisation of conformer A, resulting in production 

of AP, regardless of the initial βPGM conformation, even for the βPGMP146A variant despite the 

considerable energetic cost of the conformer B to conformer A transition. Thus, conformer B 
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and BP are significantly less active forms of βPGM, and the slow transition from BP to AP is 

part of the characteristic lag phase observed in the coupled assay kinetics. The longer lag in the 

F16BP experiments and the observation of a βPGMWT:F16BP complex are consistent with 

F16BP having a slower phosphorylation rate than AcP. Therefore, βPGM is able to follow 

alternative kinetic pathways depending on the phosphorylating agent present, with its overall 

catalytic rate determined by the rate limiting step in each pathway (Fig. 3.6a, b). 

The response of βPGM to different phosphorylating agents also has functional significance. In 

L. lactis, the sole source of βG16BP is βPGM itself. In contrast, F16BP accumulates during 

glycolysis, reaching a concentration of up to ~50 mM.128 Hence, F16BP is likely to be the 

primary source of βPGM activation in vivo, with AcP contributing to a lesser extent.145,146 

Correspondingly, a proportion of βPGM will populate the less active BP species. Following a 

switch from glucose to maltose or trehalose metabolism, which will greatly increase the βG1P 

concentration (Supplementary Fig. 3.1), βG16BP will begin to accumulate (Fig. 1, 3.6a, b). As 

a result, the conformer B and BP populations will be recruited into the more active AP species. 

This two-state control mechanism allows L. lactis to effectively catabolise maltose or trehalose, 

while the increase in transcription of pgmB is in progress.131 Furthermore, when carbohydrate 

levels are low, a significant proportion of the basal βPGM population will be maintained as 

conformer B, which will consequently reduce the undesirable dephosphorylation of F16BP and 

also hinder the conversion of G6P to βG1P. 

The multi-second substrate-dependent non-allosteric conformational exchange mediated 

through cis-trans proline isomerisation seen in βPGM represents a hitherto unidentified 

mechanism of post-translational enzyme regulation. This regulation mechanism relies on the 

existence of alternative pathways with different rate limiting steps, where the catalytic rate 

depends on the capacity of an activator, acting as a substrate, to bias the enzyme population 

towards the fastest pathway, by stabilising the most active conformation (Fig. 3.7). Similar to 

allostery and allokairy, this mechanism depends on the ability of the enzyme to adopt at least 

two conformations with distinct activities, but does not require the binding of an additional 

effector to the protein, nor an equivalence between the conformational exchange rate and the 

catalytic rate. We suggest the name “allomorphy” for this mechanism, from the greek allos 

meaning “other” and morphe meaning “form”, in keeping with the previously described 

allostery and allokairy mechanisms.49 
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Allomorphy may modulate the activity of other monomeric enzymes with hysteretic behaviour, 

i.e. those that exhibit a burst or lag phase in their kinetic profile.148 Several theoretical models 

have been put forward to rationalise hysteretic behaviour, such as the mnemonic149 and the 

ligand-induced slow transition150 models, but detailed structural-based molecular mechanisms 

have proved elusive. To our knowledge, only one such mechanism, allokairy in human 

glucokinase, has been described in detail.49,50 Allomorphy is a different fine control regulatory 

mechanism and is potentially widespread, at least across phosphomutases; for example, both 

rabbit muscle and L. lactis -phosphoglucomutases appear to be hysteretic enzymes151,152, but 

belong to very different protein superfamilies. Like PGM, these enzymes require a 

phosphorylating agent to initiate the catalytic cycle and, for the latter, the use of the reaction 

intermediate results in linear kinetics, whereas alternative phosphorylating agents produce a 

lag phase in their kinetic profiles. Similarly, -phosphomannomutase from Galdieria 

sulphuraria, which also requires the addition of a phosphorylating agent to initiate the catalytic 

cycle, exhibits linear kinetics when -mannose 1-phosphate and -mannose 1,6-bisphosphate 

(or -glucose 1-phosphate and G16BP) are included in the reaction, but has a lag phase when 

there is a mismatch between substrate and phosphorylating agent, or when F16BP is used as 

the phosphorylating agent.153 All of these observations are consistent with the presence of 

allomorphic control. 

In summary, allomorphy is a novel fine control mechanism by which part of an enzyme 

population is maintained in a more latent state, and is quickly switchable between high and low 

activity levels, without allosteric effectors. It delivers important control with which L. lactis is 

able to reconcile two seemingly contradictory requirements: the need to maximise its 

responsiveness to changes in carbohydrate source and the need to minimise unproductive 

diversion of valuable metabolites. 
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3.5 Methods 

3.5.1 -Phosphoglucomutase (PGM) expression and purification 

Wild type PGM (PGMWT) and the P146A variant (PGMP146A) proteins were expressed 

using either natural abundance, 15N or 2H15N13C isotopic enrichment154 and purified using 

methodology that minimised the presence of contaminating phosphoryl transfer enzymes (e.g. 

phosphoglucose isomerase and PGM from E. coli).32,144 Unless otherwise stated, reagents 

were purchased from Sigma-Aldrich, GE Healthcare, Melford Laboratories or CortecNet. 

G1P was synthesised enzymatically as described previously.32 G16BP was produced 

enzymatically from G1P and AcP using the D170N variant of PGM and was purified further 

by a barium salt precipitation procedure.155 

3.5.2 NMR spectroscopy 

3.5.2.1 1H15N-TROSY and 1H15N BEST-TROSY experiments 

1H15N-TROSY spectra of PGMWT and PGMP146A were acquired at 298 K using 0.5–1 mM 

15N-PGM in standard NMR buffer (50 mM K+ HEPES (pH 7.2), 5 mM MgCl2, 2 mM NaN3 

with 10% (v/v) 2H2O and 1 mM trimethylsilyl propanoic acid (TSP)). Typically, 1H15N-

TROSY spectra were accumulations of 16 transients, with 256 increments and spectral widths 

of 32–36 ppm centred at 120 ppm in the indirect 15N dimension. 1H15N-TROSY-based ZZ-

exchange experiments were performed at mixing times of 100, 300, 500 and 900 ms. Rapid 

acquisition 1H15N BEST-TROSY experiments to monitor the steady-state behaviour of 15N-

PGMWT (0.2 mM) and 15N-PGMP146A (0.2 mM) were acquired in standard kinetic buffer 

(200 mM K+ HEPES (pH 7.2), 5 mM MgCl2, 2 mM NaN3 with 10% (v/v) 2H2O and 1 mM 

TSP) containing either 50100 mM F16BP, 60100 mM AcP or 35 mM βG16BP. The 1H15N 

BEST-TROSY spectra were recorded at 298 K using a Bruker 600 MHz Neo spectrometer 

equipped with a 5-mm TCI cryoprobe and z-axis gradients as 11 min experiments (16 transients, 

128 increments and a recycle delay of 0.2 s) with selective 1H pulses centred on the amide 

region (8.3 ppm). Excitation pulses (90°) were 1.7 ms (pulse shape Eburp2), whereas 

refocusing pulses (180°) were 1.4 ms (pulse shape Reburp). The experimental dead-time was 

approximately 5 min.  
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3.5.2.2 Rapid mixing NMR experiments 

To observe the species present immediately following the addition of phosphorylating agent to 

PGMWT, NMR experiments were recorded with the use of a homemade rapid mixing device. 

The equipment comprised a 2 m length of 0.8 mm internal diameter EFTE tubing (GE 

Healthcare), connected at one end to a 1 mL syringe and inserted at the other end through the 

lid of an NMR tube. The tubing was loaded with phosphorylating agent (550 L 100 mM 

F16BP or 250 L 320 mM AcP, prepared in standard kinetic buffer) and a small, additional 

volume of air was drawn in to prevent premature mixing of the phosphorylating agent with the 

550 L 1.2 mM 15N-PGMWT sample prepared in standard kinetic buffer. The rapid mixing 

device was loaded into a Bruker 600 MHz Neo spectrometer and allowed to equilibrate 

thermally at 298 K. Following mixing by syringe action of the phosphorylating agent (final 

concentration: 50 mM F16BP or 100 mM AcP) with the PGMWT sample, the spectrometer 

was locked (with ~7% (v/v) 2H2O), tuned and shimmed, and the 1H 90° pulse length was 

calibrated. A series of 1H15N BEST-TROSY spectra were recorded as 142 s experiments (4 

transients, 128 increments and a recycle delay of 0.15 s). The experimental dead-time was 

approximately 156 s. 

3.5.2.3 Backbone resonance assignment 

Multi-dimensional heteronuclear NMR spectra for 1H, 15N and 13C backbone resonance 

assignment of 2H15N13C-PGMWT in standard NMR buffer containing 10 mM tris were 

acquired at 298 K on a Bruker 800 MHz Avance III spectrometer equipped with a 5-mm TCI 

cryoprobe and z-axis gradients. The standard Bruker suite of 1H15N-TROSY and 3D TROSY-

based constant time experiments were acquired (HNCO, HN(CA)CO, HNCA, HN(CO)CA, 

HNCACB, HN(CO)CACB) using non-uniform sampling (NUS) with a multi-dimensional 

Poisson Gap scheduling strategy with exponential weighting.156 NUS data were reconstructed 

using multi-dimensional decomposition in TopSpin3.157 Backbone resonance assignments for 

conformer A and conformer B present simultaneously in the spectra were obtained using a 

simulated annealing algorithm employed by the asstools assignment program154 and 

assignments were confirmed using sequential backbone amide to amide correlations obtained 

from TROSY-based (H)N(COCA)NNH and H(NCOCA)NNH experiments.158 Multi-

dimensional heteronuclear NMR spectra for 1H, 15N and 13C backbone resonance assignment 

of the 2H15N13C-PGMP146A:MgF3:G6P TSA complex in standard NMR buffer containing 15 
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mM NaF and 10 mM G6P were acquired at 298 K on a Bruker 800 MHz Avance I spectrometer 

equipped with a 5-mm TXI probe and z-axis gradients. 1H15N-TROSY and 3D TROSY-based 

constant time experiments were acquired (HN(CA)CO and HNCACB) and backbone 

resonance assignments were obtained using asstools.154 Multi-dimensional heteronuclear NMR 

spectra for 1H, 15N and 13C backbone resonance assignment of phosphorylated 2H15N13C-

PGMP146A in standard kinetic buffer containing 75100 mM F16BP were acquired at 298 K 

on a Bruker 800 MHz Neo spectrometer equipped with a 5-mm TXI probe and z-axis gradients. 

1H15N-TROSY and 3D TROSY-based constant time experiments were acquired (HNCO and 

HNCA) using non-uniform sampling (NUS) with a multi-dimensional Poisson Gap scheduling 

strategy with exponential weighting.156 NUS data were reconstructed using multi-dimensional 

decomposition in TopSpin4.157 TROSY resonances were assigned by comparing the correlated 

13C chemical shifts with those of PGMP146A (BMRB 27920144) and the PGMWT:BeF3 

complex (BMRB 1785131). Experiments were processed using TopSpin (Bruker) or FELIX 

(Felix NMR, Inc.) and figures were prepared using FELIX. 1H chemical shifts were referenced 

relative to the internal TSP signal resonating at 0.0 ppm, and 13C and 15N and chemical shifts 

were referenced indirectly using nuclei-specific gyromagnetic ratios. Differences in chemical 

shift were calculated as:  = [(HN-X – HN-Y)2 + (0.12×(N-X – N-Y))2]1/2, where X and Y are 

the two species being compared. 

3.5.2.4 Kinetic experiments using 31P NMR spectroscopy 

Reaction kinetics for PGMP146A-catalysed reactions were followed using a Bruker 500 MHz 

Avance DRX spectrometer (operating at 202.456 MHz for 31P) equipped with a room-

temperature broadband probe. The equilibration of 10 mM G1P with G6P by 1–3 μM 

PGMP146A was measured in standard kinetic buffer at 298 K. The reaction was initiated by 

and timed from the addition of 20 mM AcP and monitored by the acquisition of consecutive 

31P spectra without proton-phosphorus decoupling with 256 transients and a 1 s recycle delay. 

A spectral width of 50 ppm centred at 10 ppm enabled the observation of the relevant 

phosphorus signals. Normalised integral values of both the G1P and G6P peaks following 

baseline correction and 5 Hz Lorentzian apodisation were plotted against time to give kinetic 

profiles. The linear steady-state portion of the G6P integral data was fitted using a linear least-

squares fitting algorithm to derive the observed rate constant, kobs. 
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3.5.2.5 19F NMR spectroscopy 

One dimensional 19F NMR experiments were acquired at 298 K on a Bruker 500 MHz Avance 

III spectrometer (operating at 470.536 MHz for 19F) equipped with a 5-mm QCI-F cryoprobe 

and z-axis gradients. Samples were prepared using 0.5 mM natural abundance PGMWT or 

PGMP146A in standard NMR buffer (without 10% (v/v) 2H2O) containing 15 mM NaF and 10 

mM G6P. The spectrometer lock was provided by 2H2O sealed inside a glass capillary tube 

inserted into the sample tube. Typically, ~6000 transients were acquired without 1H decoupling 

over a spectral width of 120 ppm and were processed with sinebell functions shifted by 60o. 

3.5.2.6 PGMWT in filtered milk 

Fresh skimmed bovine milk purchased from a local supermarket was filtered using a 10 kDa 

MWCO Vivaspin (Sartorius) to remove fat micelles and milk proteins. A 1 mM 15N-PGMWT 

sample prepared in standard NMR buffer was diluted 5-fold with the resulting milk flow-

through and 10% (v/v) 2H2O and 1 mM TSP were added to the sample. Experiments were 

acquired at 298 K on a Bruker 800 MHz Avance I spectrometer equipped with a 5-mm TXI 

probe and z-axis gradients. The pH of the sample was estimated as pH 6.8 using the residual 

1H resonances of HEPES buffer originating from the standard NMR buffer. 

3.5.2.7 PGMWT in deionised water 

A 1.4 mM 15N-PGMWT sample in standard NMR buffer containing an additional 200 mM 

NaCl was buffer-exchanged into freshly produced deionised water (18.2 M.cm, Purelab 

Classic, Elga-Veolia), with an equivalent dilution of the previous buffer by a factor of 18.7 × 

106. The resulting sample contained 0.9 mM PGMWT at pH 6.3 and was supplemented with 

10% (v/v) 2H2O for the deuterium lock. Experiments were acquired at 298 K on a Bruker 800 

MHz Avance I spectrometer equipped with a 5-mm TXI probe and z-axis gradients. 

3.5.3 Kinetic experiments using coupled assays 

All kinetic assays for βPGMWT and βPGMP146A were conducted at 298 K using a FLUOstar 

OMEGA microplate reader (BMG Labtech) in standard kinetic buffer (200 mM K+ HEPES 

(pH 7.2), 5 mM MgCl2, 1 mM NaN3) in a 160 μL reaction volume. The rate of G6P production 

was measured indirectly using a glucose 6-phosphate dehydrogenase (G6PDH) coupled assay, 

in which G6P is oxidised and concomitant NAD+ reduction is monitored by the increase in 
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absorbance at 340 nm (NADH extinction coefficient = 6220 M−1 cm−1 ). βPGMWT and 

βPGMP146A concentrations were determined using a NanoDrop OneC spectrophotometer 

(Thermo Scientific) and diluted accordingly (βPGM extinction coefficient = 19 940 M−1 cm−1 ). 

For the determination of kcat and Km values for PGMWT, the reaction was initiated by dilution 

of the enzyme prepared in standard kinetic buffer to a final concentration of 1 nM PGMWT in 

solutions of 1 mM NAD+ and 5 units mL−1 G6PDH and variable concentrations of G1P (10, 

20, 30, 50, 70, 100, 150, 200, 300, 500, 700 µM) and G16BP (0.4, 1, 2, 5, 10 µM). For the 

determination of kcat and Km values for PGMP146A, the reaction was initiated by dilution of the 

enzyme prepared in standard kinetic buffer to a final concentration of 100 nM PGMP146A in 

solutions of 1 mM NAD+ and 5 units mL−1 G6PDH and variable concentrations of G1P (5, 

10, 15, 20, 30, 50, 70, 100, 200, 300, 500 µM) and G16BP (2, 5, 10, 35, 50, 100 µM). The 

initial rate of G6P production was fitted using a linear least-squares fitting algorithm to 

determine the reaction velocity (v0) at each βG1P and βG16BP concentration at a total enzyme 

concentration (ET). Mean data from triplicate measurements were subsequently globally fitted 

to Equation 3.184, which is derived for a ping-pong mechanism and adapted to account for 

G1P inhibition (Ki) to calculate kcat and individual Km values (KβG1P and KβG16BP), with their 

corresponding standard deviations, using an in-house python non-linear least-squares fitting 

algorithm. 

𝑣0 =
𝑘𝑐𝑎𝑡[𝐸𝑇][𝛽𝐺1𝑃][𝛽𝐺16𝐵𝑃]

[𝛽𝐺1𝑃][𝛽𝐺16𝐵𝑃] + 𝐾𝛽𝐺1𝑃[𝛽𝐺16𝐵𝑃] +  𝐾𝛽𝐺16𝐵𝑃[𝛽𝐺1𝑃] (
𝐾𝑖 +  [𝛽𝐺1𝑃]

𝐾𝑖
)

 (3.1)
 

Kinetic experiments demonstrating the effect of different phosphorylating agents were 

conducted by the addition of either 5 nM βPGMWT or 200 nM βPGMP146A to solutions 

containing either 1 mM F16BP, 8 mM AcP or 10 μM βG16BP, together with 1 mM NAD+, 5 

units mL−1 G6PDH and 50 μM βG1P. F16BP represents an equilibrium mixture of an -anomer 

(15%), a -anomer (81%) and two open chain forms with an interconversion rate of 8 s-1.159 

3.5.4 X-ray crystallography 

3.5.4.1 Crystallisation and data collection 

For the crystallisation experiments of PGMWT, PGMP146A, the PGMP146A:MgF3:G6P TSA 

complex and the PGMWT:citrate complex, frozen aliquots of PGMWT or PGMP146A in 
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standard native buffer (50 mM K+ HEPES (pH 7.2), 5 mM MgCl2, 2 mM NaN3) were thawed 

on ice and centrifuged briefly to pellet insoluble material. For the PGMP146A:MgF3:G6P TSA 

complex, 15 mM NaF and 10 mM G6P were added to the PGMP146A sample, whereas for the 

PGMWT:citrate complex, 50 mM citrate was added to the PGMWT sample. Solutions were 

adjusted to a final protein concentration of 0.40.6 mM, incubated for 1 h and mixed 1:1 with 

precipitant (24–34% (w/v) PEG 4000, 200 mM sodium acetate and 100 mM tris-HCl (pH 7.5)). 

Crystals were grown at 290 K by hanging-drop vapour diffusion using a 2 l drop suspended 

on a siliconised glass cover slip above a 700 L well. Rod-shaped or large plate crystals grew 

typically over several days. Crystals were harvested using a mounted LithoLoop (Molecular 

Dimensions Ltd) and were cryo-protected in their mother liquor containing an additional 25% 

(v/v) ethylene glycol (and 50 mM citrate for the PGMWT:citrate crystals) prior to plunging 

into liquid nitrogen. Diffraction data were collected at 100 K on the MX beamlines at the 

Diamond Light Source (DLS), Oxfordshire, United Kingdom. 

3.5.4.2 Data processing, structural determination and refinement 

Data were processed using the xia2 pipeline160 and resolution cut-offs were applied using CC-

half values and Aimless.161 The crystals diffracted in the P212121 spacegroup, with cell 

dimensions that varied depending on the degree of enzyme closure. Structures were determined 

by molecular replacement with MolRep162 using the highest resolution model with the most 

appropriate cap and core domain relationship as a search model. Model building was carried 

out in COOT163 with ligands not included until the final rounds of refinement with 

REFMAC5164 so that they could be built into unbiased difference Fourier maps. The 

PGMP146A:MgF3:G6P TSA complex structure was refined with anisotropic B-factors, whereas 

both the PGMWT structures and the substrate-free PGMP146A structure were refined 

isotropically. Structure validation was carried out in COOT and MolProbity165. Superpositions 

were carried out using PyMOL166. To confirm the isomerisation state of the K145-A146 

peptide bond in the structures of substrate-free PGMP146A and the PGMP146A:MgF3:G6P TSA 

complex, difference density maps (Fo – Fc) were generated using REFMAC5 with the 

S144P148 segment omitted from the final structures. Omit map figures were prepared using 

CCP4mg.167 Additional details for X-ray crystallography data collection, data processing and 

refinement are provided in Supplementary Table 1. 
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PGM (PDB 6YDL), substrate-free PGMP146A (PDB 6YDK) and PGMP146A:MgF3:G6P 
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TSA complex (PDB 6YDJ). The NMR chemical shifts have been deposited in the 

BioMagResBank (www.bmrb.wisc.edu) with the following accession numbers: substrate-free 

PGM conformer A (BMRB 28095), substrate-free PGM conformer B (BMRB 28096) and 

PGMP146A:MgF3:G6P TSA complex (BMRB 28097). 

  

http://www.bmrb.wisc.edu/
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3.10 Figures 

 
 

Figure 3.1. PGM catalytic cycle.  PGM reaction scheme for the enzymatic conversion of G1P to G6P via a G16BP 

intermediate. The phosphoryl transfer reaction between phospho-enzyme (PGMP, phosphorylated at residue D8) and G1P 

is illustrated with the transferring phosphate (blue) in the proximal site and the 1-phosphate (red) of G1P in the distal site. 

The equivalent reaction between PGMP and G6P is shown with the transferring phosphate (red) in the proximal site and the 

6-phosphate (blue) of G6P in the distal site. 
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Figure 3.2. Effect of different phosphorylating agents on βPGM.  a, b, Overlays of a section of 1H15N-TROSY spectra 

highlighting the behaviour of residue A113.  (a)  βPGMWT (black) populates conformer A and conformer B in slow 

exchange. βPGMWT supplemented with F16BP (pink) populates phosphorylated conformer A (AP) as the dominant species, 

phosphorylated conformer B (BP) and a βPGMWT:F16BP species (A:F16BP). βPGMWT supplemented with βG16BP (green) 

populates an A:βG16BP complex.  (b)  βPGMP146A (black) populates one conformer (conformer B). βPGMP146A 

supplemented with F16BP (pink) populates conformer B and BP. βPGMP146A supplemented with βG16BP (green) populates a 

AP:G6P complex and a B:βG16BP complex.  (*)  The βPGMWT:BeF3 complex (grey; N = 133.5 ppm) (BMRB 1785131), an 

analogue of AP, and the Mg2+-saturated βPGMD10N:βG16BP complex (grey; N = 133.8 ppm) (BMRB 2717432), a mimic of 

the A:βG16BP complex, are shown for comparison. 
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Figure 3.3. Exchange behaviour in PGMWT. Crystal structure of PGMWT (PDB 2WHE82) showing residues of PGMWT 

undergoing conformational exchange on different timescales. Residues which populate two conformations in slow exchange 

are coloured in shades of blue according to chemical shift differences between conformer A and conformer B, with the 

intensity of colour and thickness of the backbone corresponding to larger values. Residues in conformer A and conformer B 

with missing backbone amide peaks in the 1H15N-TROSY spectrum of PGMWT are coloured black, whereas missing 

backbone amide peaks in conformer B only are coloured purple. The amide 1H15N coherences are likely broadened beyond 

detection due to intermediate exchange on the millisecond timescale. The catalytic Mg2+ ion is indicated as a green sphere. 
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Figure 3.4. Conformational plasticity of the active site of PGM.  a, b, Active sites of PGMWT (as conformer A) and 

PGMP146A superposed on the core domain.  (a)  Selected residues are shown as sticks for the crystal structures of PGMWT 

(grey carbon atoms; PDB 6YDL) and PGMP146A (dark green carbon atoms; PDB 6YDK). In PGMWT, a cis K145-P146 

peptide bond allows coordination of the K145 sidechain by E169 and A113, whereas in PGMP146A a trans K146-A146 

peptide bond changes significantly the backbone conformation of the D137A147 loop, which precludes active site 

engagement of the K145 sidechain. The catalytic Mg2+ ion is drawn as a green sphere, black dashes indicate metal ion 

coordination and orange dashes show probable hydrogen bonds.  (b)  Selected residues, the MgF3
 moiety and G6P are 

shown as sticks for the crystal structures of the PGMWT:MgF3:G6P TSA complex (grey carbon atoms; PDB 2WF582) and 

the PGMP146A:MgF3:G6P TSA complex (dark green carbon atoms; PDB 6YDJ). PGMWT maintains the cis K145-P146 

peptide bond, whereas PGMP146A changes the isomerisation state of the K145-A146 peptide bond from a trans 

conformation in the substrate-free enzyme to a cis conformation in the transition state.  c, d,  Omit map generated by 

refinement in the absence of residues S144P148 in PGMP146A.  (c)  The S144P148 segment, containing a trans K145-

A146 peptide bond, with positive difference density (Fo – Fc; green mesh contoured at +2.5) in substrate-free PGMP146A.  

(d)  The S144P148 segment, containing a cis K145-A146 peptide bond, with positive difference density (Fo – Fc; green 

mesh contoured at +2.5) in the PGMP146A:MgF3:G6P TSA complex. 



82 
 

 

 
 

Figure 3.5. Kinetic profiles of PGM activity.  a, b, Reaction kinetics for the conversion of G1P to G6P catalysed by 

PGMWT and PGMP146A. The rate of G6P production was measured indirectly using a glucose 6-phosphate dehydrogenase 

coupled assay, in which G6P is oxidised and concomitant NAD+ reduction is monitored by the increase in absorbance at 340 

nm. Reaction catalysed by either (a) PGMWT or (b) PGMP146A in standard kinetic buffer using either F16BP (circles), AcP 

(squares) or G16BP (diamonds) as a phosphorylating agent. For clarity, between 100% and 8% of the data points are 

included in the kinetic profiles. Following G1P substrate depletion, the kinetic profiles show an apparent increase in G6P 

concentration, which results from: (1) the concentration of the reaction ingredients through evaporation from the assay plate 

wells and (2) for the reactions recorded using G16BP, the enzyme-dependent conversion of remaining G16BP to G6P via 

PGMP, occurring at a rate proportional to the amount of enzyme. 
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Figure 3.6. Kinetic model of PGM activity.  a, b, Reaction schemes for PGMWT with different phosphorylating agents. 

The favoured pathways are shown (red text) for PGMWT with (a) F16BP as a phosphorylating agent and (b) G16BP as a 

phosphorylating agent. The G16BP generating steps are highlighted in blue text. The double-headed arrows connecting AP 

and BP indicate that these species interconvert with a multi-second exchange rate, similar to that described for the 

interconversion of conformer A and conformer B. 
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Figure 3.7. Mechanisms of regulation and activity profiles in monomeric enzymes.  In allostery, binding (or reaction) of 

an allosteric effector (purple rectangle) outside of the active site shifts the enzyme population from an inactive form (red 

circle and red profile) to an active form (green square and green profile), which stimulates the transformation of substrate 

(blue oval) to product (yellow triangle) at the catalytic rate (kcat, green arrow). In allokairy, binding of substrate in the active 

site shifts the enzyme population from an inactive form to an active form, at an exchange rate (kex) that is similar to kcat, 

resulting in time-dependent activity profiles (gradient of light green to dark green profiles). Following exhaustion of 

substrate, the enzyme population returns to the original equilibrium position. In allomorphy, reaction of the activating 

substrate, termed here allomorphic full activator (green hexagon), in the active site shifts the enzyme population from an 

inactive form to an active form, which stimulates the transformation of the native substrate (blue oval) to product (yellow 

triangle) at the maximal catalytic rate (kcat, green arrow and green profile). However, reaction of alternatives substrates, 

termed here allomorphic partial activators (pink pentagon), in the active site are unable to shift the enzyme population from 

an inactive form to an active form, resulting in a slower overall catalytic rate (k’cat, pink arrow and pink profile). The 

exchange rate (kex) between the two enzyme forms is much slower than kcat. Following exhaustion of the allomorphic 

activator, the enzyme population returns to the original equilibrium position. 
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4. Enzymatic Production of β-glucose 1,6-bisphosphate through 

manipulation of catalytic magnesium coordination 
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4.1 Abstract 

Manipulation of enzyme behaviour represents a sustainable technology that can be harnessed to enhance 

the production of valuable metabolites and chemical precursors. β-glucose 1,6-bisphosphate (βG16BP) 

is a native reaction intermediate in the catalytic cycle of β-phosphoglucomutase (βPGM) that has been 

proposed as a treatment for human congenital disorder of glycosylation involving 

phosphomannomutase 2. Strategies to date for the synthesis of βG16BP suffer from low yields or use 

chemicals and procedures with significant environmental impacts. Herein, we report the efficient 

enzymatic synthesis of anomer-specific βG16BP using the D170N variant of βPGM (βPGMD170N), 

where the aspartate to asparagine substitution at residue 170 perturbs the coordination of a catalytic 

magnesium ion. Through combined use of NMR spectroscopy and kinetic assays, it is shown that the 

weakened affinity and reactivity of βPGMD170N towards βG16BP contributes to the pronounced 

retardation of Step 2 in the two-step catalytic cycle, which causes a marked accumulation of βG16BP, 

especially at elevated MgCl2 concentrations. Purification, employing a simple environmentally 

considerate precipitation procedure requiring only a standard biochemical toolset, results in a βG16BP 

product with high purity and yield. Overall, this synthesis strategy illustrates how manipulation of the 

catalytic magnesium coordination of an enzyme can be utilised to generate large quantities of a valuable 

metabolite. 
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4.2 Main 

Enzyme engineering represents an emerging technology with the potential to deliver solutions 

to many sustainable development problems.168,169 Biofuel production, plastic degradation and 

the clean generation of industrial reagents and precursors are three examples of areas where 

enzymes already make a significant contribution.170–173 Research that aims to foster a deeper 

understanding of enzyme catalysis is therefore of great interest. Phosphoryl transfer enzymes 

are at the forefront of research models for investigating the origins of enzyme catalysis because 

they exhibit some of the largest enzymatic rate enhancements known.51,54 In addition, 

phosphate esters are often covalently incorporated into pharmaceutical products to improve 

bioavailability.174,175 -phosphoglucomutase (PGM; EC 5.4.2.6) has emerged as an 

archetypal enzyme in the study of phosphoryl transfer, and substantial progress has been made 

in understanding its mechanism of catalysis.31,82–84,135,176 This magnesium-dependent enzyme 

from Lactococcus lactis (subspecies lactis IL1403) catalyses the isomerisation between -

glucose 1-phosphate (G1P) and glucose 6-phosphate (G6P) via a -glucose 1,6-phosphate 

(G16BP) intermediate, which is released to solution before rebinding in the alternate 

orientation (Fig. 4.1).80,135 The G1P substrate of PGM is commercially unavailable, but 

appropriate quantities for research have been produced enzymatically from maltose using a 

simple method involving maltose phosphorylase.32 To initiate the catalytic cycle, PGM 

requires priming with a phosphorylating agent to generate the active phospho-enzyme 

(PGMP, phosphorylated on residue D8) and G16BP can perform this role in vivo. Since 

G16BP is also commercially unavailable, alternative phosphorylating agents such as acetyl 

phosphate (AcP), fructose 1,6-bisphosphate (F16BP) and -glucose 1,6-bisphosphate 

(G16BP) have been used to generate PGMP in vitro, but these compounds are less effective 

and produce complicated kinetic behaviour.79,84 

G16BP has also been identified as a potential pharmacological chaperone for the management 

of a human congenital disorder of glycosylation involving phosphomannomutase 2.209 Acting 

as a weakly binding competitive inhibitor, G16BP is able to rescue the compromised activity 

of pathological variants of phosphomannomutase 2 by stabilising the protein fold. Therefore, 

further investigations of phosphomannomutase 2 and of PGM are reliant on the availability 

of substantial quantities of G16BP. Three strategies have been reported previously for the 
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synthesis of G16BP; however, each of these methods either delivers low yields or uses 

chemicals and procedures with significant environmental impacts. Firstly, the chemical 

synthesis of G16BP from -glucose involves an eight-step protocol, requiring considerable 

time and technical expertise, together with the use of harmful and environmentally hazardous 

reagents.84 Low yields are obtained, since the -anomer must be selected carefully on the basis 

of solubility from a racemic mixture of glucosaccharide products. Secondly, an enzymatic 

production method utilises a non-native reaction of phosphofructokinase to generate G16BP 

from G1P using adenosine triphosphate as the phosphoryl donor.80,209 Purification of the 

product, though, cannot be achieved simply using precipitation procedures, since 

contaminating adenosine diphosphate co-precipitates with G16BP,177 and therefore ion-

exchange HPLC purification is required. The use of HPLC columns is inherently damaging to 

the environment owing to the use of triethylammonium bicarbonate as a volatile buffer mobile 

phase, which during its production results in the release of large quantities of carbon dioxide.178 

Thirdly, an extraction method involves the removal of G16BP from a variant of PGM that 

co-purifies with a stoichiometric quantity of the molecule.32 This method suffers from low 

yields, since it relies on very high recombinant PGM production levels, and requires a week-

long protein growth and purification procedure for each new batch of G16BP. The limited 

availability of G16BP therefore represents a significant barrier to the structural, kinetic and 

therapeutic investigations of phosphomutase enzymes. Herein, we describe a room-

temperature, enzymatic method using the D170N variant of PGM (PGMD170N) for the 

production of 100% anomer-specific G16BP, which requires only micromolar quantities of 

enzyme and a simple environmentally considerate purification procedure that can be performed 

easily by a non-chemist over the course of two days. Through combined use of NMR 

spectroscopy and kinetic assays, it is shown that the weakened affinity and reactivity of 

βPGMD170N towards βG16BP contributes to the pronounced retardation of Step 2 in the two-

step catalytic cycle, which causes a marked accumulation of βG16BP, especially at elevated 

MgCl2 concentrations. More generally, this enzymatic synthesis strategy illustrates how 

manipulation of catalytic magnesium coordination can be utilised to generate large quantities 

of a valuable metabolite.  

PGM has two phosphoryl transfer steps in its catalytic cycle: Step 1 comprises phosphoryl 

transfer from PGMP to the G1P substrate forming the G16BP reaction intermediate, 
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whereas Step 2 involves phosphoryl transfer from G16BP to PGM forming the G6P product 

and regeneration of PGMP (Fig. 4.1). When wild-type PGM (PGMWT) is incubated in the 

presence of Mg2+ ions, with 20 mM AcP as the phosphorylating agent and 10 mM G1P as a 

substrate, G16BP generated in the catalytic cycle does not accumulate to detectable levels 

when monitored using 31P NMR experiments.32 Instead, G16BP rebinds the enzyme with 

micromolar affinity in the alternate orientation, for the Step 2 reaction. Thus, the tight binding 

and high reactivity of G16BP maintains a low steady state concentration, which precludes the 

harvesting of this species in useful quantities. The crystal structures of substrate-free PGMWT 

(PDB: 6YDL179) and of the PGMWT
P analogue complex (PGMWT:BeF3 complex, PDB: 

2WFA31) indicate that the catalytic magnesium ion (Mgcat) is coordinated through three enzyme 

atoms in the former and four phospho-enzyme atoms in the latter (Fig. 4.2). Therefore, the 

differential coordination and affinity of Mgcat provides an appropriate target with which to 

manipulate PGM to shift the balance in the rate constants of Step 1 and Step 2 so that G16BP 

will accumulate to a greater extent. Two potential strategies emerged where Step 2 could be 

retarded with respect to Step 1, which involved either performing the reactions of the catalytic 

cycle under Mg2+-free conditions or perturbing Mgcat coordination through point mutation to 

alter its binding properties. In either scenario, it was hypothesised that PGM with a 

compromised Mgcat site could be phosphorylated efficiently by reactive phosphorylating agents 

such as AcP, thereby generating PGMP and subsequent reaction with G1P to produce 

G16BP in Step 1 (Fig. 4.1). In contrast, phosphorylation of PGM by G16BP in Step 2 is 

less likely under these circumstances, which would lead to an accumulation of the reaction 

intermediate that could be harvested. 

To explore whether AcP is able to phosphorylate Mgcat-free PGMWT, 31P NMR experiments 

were acquired to measure the change in AcP concentration over time in the presence and 

absence of 300 M PGMWT. The addition of PGMWT resulted in a 25% increase in the rate 

of AcP hydrolysis (Fig. 4.3A), implying thatPGMWT
P is generated in the absence of Mgcat. 

Consequently, the Step 1 reaction between Mgcat-free PGMWT and 10 mM G1P in the 

presence of 50 mM AcP, together with the Step 2 production of G6P, was monitored using 31P 

NMR time-course experiments. However, there was no detectable accumulation of G16BP 

(Fig. 4.4AC) and the appearance of G6P product proceeded with a rate constant of 6.7 × 10-3 

s-1, which is 4 orders of magnitude smaller than the rate constant observed in the presence of 5 
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mM MgCl2.
32 Hence, the observed enzymatic activity appears to arise simply due to the 

presence of very low levels of residual Mg2+ ions associated with the reagents. Taken together, 

these results indicate that both Mgcat-bound PGMWT
P and Mgcat-free PGMWT

P can be 

generated by AcP, but both the Step 1 and Step 2 phosphoryl transfer reactions are seriously 

impaired by the absence of Mgcat. 

Given the low rate of G16BP production in the absence of Mg2+ ions in the reaction buffer, a 

more subtle modification of the enzyme Mgcat site was engineered. In PGMWT, Mgcat is 

coordinated octahedrally by a carboxylate oxygen atom of residue D8, a carboxylate oxygen 

atom of residue D170 and the carbonyl oxygen atom of residue D10, together with three water 

molecules. In PGMWT
P, one of the water molecules (water 3) is displaced by a phosphate 

oxygen atom of the D8 aspartyl phosphate moiety, creating bidentate coordination of Mgcat in 

a six-membered ring of atoms (Fig. 4.2). Point mutations involving residue D8 have been 

reported to result in the complete loss of measurable catalytic activity.79 Therefore, perturbation 

of Mgcat was achieved through the generation of the D170N variant (PGMD170N), where the 

carboxamide group of residue N170 retains an oxygen atom with which to coordinate Mgcat, 

but the sidechain is not charged. Accordingly, the reaction of PGMD170N with 10 mM G1P 

and 20 mM AcP in the presence of 100 mM MgCl2 was monitored using 31P NMR time-course 

experiments and, in contrast to PGMWT, the G16BP intermediate was observed to 

accumulate to a level comparable with the initial G1P concentration (Fig. 4.4DE). The G6P 

product was only generated to a measurable extent once the AcP concentration had reduced 

significantly (Fig. 4.4F). Hence, perturbation of Mgcat in PGMD170N (in the presence of excess 

AcP) results in a substantial retardation of phosphorylation of PGMD170N by G16BP (Step 

2) with respect to phosphorylation of G1P by PGMD170N
P (Step 1), therefore allowing 

G16BP to accumulate. 

To investigate the source of the retardation of Step 2, glucose 6-phosphate dehydrogenase 

(G6PDH; EC 1.1.1.49) coupled assay experiments were conducted to assess the ability of 

βPGMD170N to bind and convert the substrates of Step 2 (βG16BP) and Step 1 (βG1P). Initial 

rate measurements were recorded at increasing concentrations of G16BP, which revealed that 

βPGMD170N had an apparent Km (βG16BP) = 150 ± 13 μM (Fig. S4.1A). This value is 18-fold 

weaker than that measured for PGMWT (Km (βG16BP) = 8.5 ± 0.3 μM179). Analogous 

experiments at increasing concentrations of G1P indicated that βPGMD170N had an apparent 
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Km (βG1P) = 6.9 ± 1.0 μM, which is similar in magnitude to the Km (βG1P) for PGMWT (Km 

(βG1P) = 14.7 ± 0.5 μM84). These experiments also demonstrated that a similar level of G1P 

inhibition was operating in βPGMD170N (apparent Ki (βG1P) = 1540 ± 170 μM) and PGMWT 

(Ki (βG1P) = 1510 ± 100 μM179) (Fig. S4.1B). The Km (Mg2+) value for the overall reaction of 

βG1P to G6P was also measured for βPGMD170N using increasing concentrations of MgCl2 

(Fig. S4.2). These experiments resulted in an apparent Km (Mg2+) = 690 ± 110 M, which is 

only 4-fold weaker than that determined for βPGMWT using the same method (apparent Km 

(Mg2+) = 180 ± 40 M). Overall, at 1 mM βG1P, 100 μM βG16BP and 5 mM MgCl2 the 

observed rate constant for the overall reaction of βG1P to G6P catalysed by βPGMD170N (kobs = 

3.0  10-3 s-1) is 79,000-fold smaller than that for PGMWT (kobs = 237 s-1). 

The observable accumulation of βG16BP in the 31P NMR spectra of the βPGMD170N-catalysed 

reaction (Fig. 4.4D–F) presented an opportunity to measure the effects of Mg2+ ion 

concentration on Step 1 and Step 2 independently within the same experiment (Fig. 4.1), 

although it should be noted that kinetic parameters obtained using 31P NMR methods and the 

G6PDH coupled assay differ significantly due to the effects of the different conditions 

employed.32,179 31P NMR time-course experiments were therefore conducted at increasing 

concentrations of MgCl2 to measure simultaneously the initial rates of βG16BP production in 

Step 1 and G6P production in Step 2 (Fig. 4.3B–C). The initial rates of G16BP production 

increased linearly with MgCl2 concentration and so could not be fitted to a Michaelis-Menten 

equation over the concentration range 5 – 100 mM (Fig. 4.3B), indicating that the affinity of 

βPGMD170N for Mgcat in Step 1 is low. Extraction of the initial rates of G6P production in Step 

2 resulted in an apparent Km (Mg2+) = 27 ± 4 mM (Fig. 4.3C). These observations therefore 

reveal that βG16BP accumulation can be greatly enhanced by using elevated concentrations of 

Mg2+ ions. For βPGMD170N at 5 mM MgCl2, the initial rate of Step 1 (kobs = 9.0  10-3 s-1) is 

only 3-fold faster than that of Step 2 (kobs = 3.0  10-3 s-1), while at 100 mM MgCl2 Step 1 (kobs 

= 0.24 s-1) exceeds Step 2 (kobs = 1.2  10-2 s-1) by a factor of 20 (Fig. 4.3B–C, Fig. 4.4G–H). 

A control experiment employing elevated NaCl concentrations demonstrated that the increased 

initial rate of Step 1 at higher concentrations of MgCl2 is not caused by Cl– ions alone (Fig. 

4.4I). Therefore, the Mg2+ ion concentration at which the production of βG16BP is performed 

has a strong bearing on its yield. 
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Taken together, this analysis demonstrates that the D170N point mutation causes a pronounced 

retardation of Step 2 together with a more modest change to Step 1. The reduced apparent Km 

value of βPGMD170N for βG16BP is in line with this behaviour. However, the substantially 

different apparent Km (Mg2+) values determined for Step 1 and Step 2 is not, and was surprising 

given the perturbation of the Mgcat binding site in βPGMD170N. One plausible explanation for 

these observations is that a Cl ion binds in the active site in substrate-free PGMD170N to 

mitigate the loss of the negative charge resulting from the D170N point mutation. The presence 

of a Cl– ion at the Mgcat binding site would rescue the binding of Mgcat but hamper the binding 

of βG16BP and the approach of its phosphodianion to the nucleophilic D8 in Step 2. In contrast, 

AcP is able to generate PGMD170N
P in a Mgcat-independent manner (Fig. 4.1 and Fig. 4.3A) 

and the presence of the D8 aspartyl phosphate moiety will obviate the formation of the 

MgcatCl moiety. 

To obtain evidence for a putative Mgcathalide moiety binding to substrate-free PGMD170N, 

10 mM NaF was added to substrate-free βPGMD170N containing 5 mM MgCl2 and 19F NMR 

experiments were recorded (Fig. 4.4J–K). A βPGMD170N-bound 19F species was observed with 

a chemical shift of –171 ppm, which corresponds to an analogous peak seen for substrate-free 

PGMWT acquired under similar conditions.77 Elevation to 100 mM MgCl2 did not result in 

increased saturation of Mgcat, but instead reduced the 19F peak integral to 80% of its size at 5 

mM MgCl2, suggesting that at higher concentrations, Cl– ions are displacing the F– ion bound 

at the Mgcat site (Fig. 4.4J–K). In the experiment containing 100 mM MgCl2, three free 19F 

species are present in solution that are separated by chemical shift differences of exactly 37 

ppm. Free F– (–118 ppm) and free MgF+ (–155 ppm) have been assigned previously,77 whereas 

the peak resonating at –192 ppm is likely to be a free Mg–F–Mg3+species, based on the 

partitioning behaviour between discrete species as the MgCl2 concentration is increased. 

Comparison of the chemical shifts of the βPGMD170N-bound 19F species with those of the three 

free species suggests that it is closer in identity to MgF+. Therefore, the primary candidate for 

such an enzyme-bound species is a MgcatF moiety, which in turn provides supporting evidence 

for the binding of a MgcatCl moiety to substrate-free βPGMD170N that would consequently play 

a role in the retardation of Step 2 relative to Step 1. 

The large-scale generation of G16BP by the PGMD170N-catalysed reaction at high 

concentrations of MgCl2 thus presented an opportunity for harvesting significant quantities of 
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this valuable compound and so a robust production protocol was devised. Recombinant 

PGMD170N is overexpressed in high yields from Escherichia coli BL21(DE3) cells (>100 

mg/L) using routine culture techniques and is readily purified using a two-step protocol 

involving ion-exchange chromatography followed by a size-exclusion chromatography step. 

PGMD170N can be stored at 20 °C for long periods and responds well to multiple freeze-thaw 

cycles, meaning that once purified, a batch of enzyme can be used for numerous G16BP 

preparations. In order to characterise PGMD170N further, 1H15N-TROSY NMR spectra were 

recorded using samples of 15N-PGMD170N and 15N-PGMWT. Comparison of the spectra 

revealed that PGMD170N has a similar solution behaviour and overall protein fold to PGMWT 

(Fig. S4.3). The slow-exchange behaviour that arises in PGMWT from cis-trans proline 

isomerisation at the K145-P146 peptide bond is also observable in PGMD170N.179 Notably, 

around 15 peaks are present for PGMD170N that are absent in the spectrum of PGMWT. These 

additional peaks indicate that a backbone conformational exchange process, occurring on the 

millisecond timescale in PGMWT, has been abolished in PGMD170N.179 

To assess the stability of PGMD170N and to check for time-dependent reversion to PGMWT 

by deamidation,180 a sample of PGMD170N was incubated at 25 ºC for 48 h and both 1H15N-

TROSY NMR spectra and 31P NMR time-course experiments were acquired every 24 h. A 

comparison of 1H15N-TROSY spectra recorded for PGMD170N preincubated at 25 ºC for 0 h 

and 48 h shows a near-identical correspondence of peaks indicating that the incubation process 

has a negligible effect on the integrity of PGMD170N (Fig. S4.4A). In comparisons of 

PGMD170N and PGMWT 1H15N-TROSY spectra, the absence of observable PGMWT peaks 

in the PGMD170N spectra indicates that reversion of βPGMD170N to βPGMWT through 

deamidation is not a process that occurs readily under these sample conditions (Fig. S4.4B–C). 

Analysis of the 31P NMR time-course experiments for the equilibration of 10 mM βG1P with 

G6P catalysed by βPGMD170N (preincubated at 25 °C for 0 h, 24 h and 48 h) demonstrates a 

consistent behaviour of immediate βG16BP production followed by conversion to G6P as 

product with no change in kobs, further confirming the stability of βPGMD170N (Fig. S4.5A). 

To mimic the effect of PGMD170N reversion to PGMWT through deamidation, a control 31P 

NMR time-course experiment was also conducted using a sample of PGMD170N that had been 

spiked with 0.1 % PGMWT (Fig. S4.5B). The kinetic profile shows an initial burst of G6P 
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production by PGMWT together with a decrease in the ratio of the G16BP concentration at 

its maximum (G16BPmax) to the concentration of G6P at its maximum (G6Pmax). The 31P NMR 

time-course experiments testing PGMD170N stability revealed no burst of G6P production nor 

any change in either kobs or the G16BPmax:G6Pmax ratio. Together, these results indicate that 

PGMD170N does not undergo detectable deamidation to PGMWT and is stable at 25 ºC over a 

48-hour time frame. 

31P NMR time-course experiments were used to monitor the PGMD170N-catalysed conversion 

of G1P to G6P to determine the optimal point at which to harvest G16BP. In a representative 

reaction (see Materials and Methods) the G16BP concentration reached a maximum after 265 

min at 25 ºC. Following quenching of the reaction at this point, and removal of PGMD170N, 

the solution was found to contain G16BP alongside contaminants that included significant 

amounts of G1P, G6P and inorganic phosphate (Pi), in a ratio of 1 : 0.07 : 0.2 : 3.9, 

respectively. As substrates of PGM, these phosphorylated impurities are undesirable, 

therefore the solution was subjected to a barium salt precipitation and ion-exchange protocol 

to obtain the sodium salt of G16BP with high purity. Barium salts of phosphate species are 

relatively insoluble,181 and the difference in relative solubility of the G16BP barium salt 

compared with those of G1P and G6P was exploited to enable purification.182–184 

To confirm the identity and assess the purity of the final G16BP product, a sample of the fine 

powder was analysed using 1H, 13C and 31P NMR experiments (Fig. 4.5A–D). The identity of 

the resulting compound was established to be G16BP by comparison of 1H and 13C chemical 

shifts with previously reported values.84 Glucose and maltose contaminants were identified in 

the sample using 1H chemical shifts and scalar coupling constants (BMRB: bmse000015, 

BMRB: bmse000017). Based on integral values of the anomeric proton signals and of the 

phosphorus signals in quantitative 1H and 31P NMR spectra, the G16BP concentration was 

determined to be 67 mM, which represented 98% of the total phosphorylated glucosaccharide 

components and 72% of the total glucosaccharide components present in the final sample. 

G1P, G6P and glucose comprised <1%, 1% and 3%, respectively, of the total glucosaccharide 

content. Maltose was present at a greater concentration in the sample (24%), but as a bystander 

in the reactions of PGM, and not known to bind to phosphomannomutase 2, this 

contamination is unlikely to be problematic for users. Pi was also present at a concentration 
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2.9-fold higher than that of G16BP. The glucose, maltose and Pi components, which were 

carried through into the final G16BP product are contaminants derived from the enzymatic 

synthesis of G1P and would otherwise not be present if a purer source of G1P were used. 

Residual HEPES buffer and acetate were also present as minor contaminants. The final yield 

for the PGMD170N-catalysed conversion of G1P to G16BP was 33.6% and the yield for the 

overall conversion of maltose to G16BP was 7.7%. Since the equilibrium for the enzymatic 

conversion of maltose to G1P lies in favour of maltose, conducting the reactions for the 

maltose phosphorylase synthesis of G1P and the PGMD170N synthesis of G16BP in a one-

pot system is likely to lead to higher G16BP yields. The removal of G1P by PGMD170N 

would drive the maltose reaction to produce more G1P, which in turn would result in a greater 

overall yield of G16BP. This approach has been demonstrated previously for the protocol 

involving maltose phosphorylase and phosphofructokinase.80 To demonstrate the biochemical 

effectiveness of the final G16BP product at activating PGMWT, a kinetic experiment was 

conducted using the G6PDH coupled assay. PGMWT was mixed with the G1P substrate and 

activated using either 1 M G16BP or 8 mM AcP as the phosphorylating agent. The kinetic 

profile obtained was linear for the G16BP-containing reaction, but exhibited a lag phase when 

AcP was used (Fig. 4.3D). As G16BP is the only phosphorylating agent known to induce 

linear initial kinetics in PGM,179 this experiment provided a clear demonstration of the activity 

of the final G16BP product. 

4.3 Conclusions 

The successful manipulation of PGM behaviour to facilitate G16BP production is a 

demonstration of how detailed structural and mechanistic knowledge of an enzyme can lead to 

novel engineering strategies. Specifically, the modification of the metal binding site of the 

enzyme dramatically increases the steady state concentration of its reactive metabolite. This 

highlights the transformative potential that enzymes have within chemical industries and 

vindicates the intensive study of these useful biomolecules. 
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4.6 Materials and Methods 

4.6.1 Reagents: 

Unless stated otherwise, reagents were purchased from Sigma-Aldrich, Fischer Scientific, Alfa 

Aesar and VWR. Isotopically enriched 15NH4Cl was purchased from CortecNet. 

4.6.2 Gene sequence for PGMD170N: 

1-CATATGTTTAAAGCAGTATTGTTTGATTTAGATGGTGTAATTACAGATACCGCAGAGTATCATTTTAGAGCTTGG-75 

76-AAAGCTTTGGCTGAAGAAATTGGCATTAATGGTGTTGACCGCCAATTTAATGAGCAATTAAAAGGGGTCTCACGA-150 

151-GAAGACTCGCTTCAGAAAATTCTAGATTTAGCTGATAAAAAAGTATCAGCTGAGGAATTTAAAGAACTTGCTAAG-225 

226-AGAAAAAATGATAACTATGTGAAAATGATTCAGGATGTGTCGCCAGCCGATGTCTATCCTGGAATTTTACAATTA-300 

301-CTCAAAGATTTACGTTCAAATAAAATCAAAATTGCTTTAGCGTCGGCTTCTAAGAATGGTCCATTTTTATTAGAG-375 

376-AGAATGAATTTAACTGGATATTTTGATGCAATTGCTGATCCGGCTGAAGTTGCAGCATCAAAACCAGCACCAGAT-450 

451-ATTTTTATTGCAGCAGCACATGCAGTGGGTGTTGCCCCCTCTGAATCAATTGGGTTAGAGAATTCTCAAGCTGGA-525 

526-ATTCAAGCCATCAAAGATTCAGGGGCTTTACCAATTGGTGTAGGGCGCCCAGAAGATTTGGGAGATGATATCGTC-600 

601-ATTGTGCCTGATACTTCACACTATACATTAGAATTTTTGAAAGAAGTTTGGCTTCAAAAGCAAAAATAACTCGAG-675 

 

4.6.3 PGM expression and purification: 

The PGMD170N gene sequence was created by modifying the pgmB gene (encoding the 

PGMWT enzyme) from Lactococcus lactis (subspecies lactis IL1403) (NCBI: 1114041). The 

PGMD170N gene was generated and cloned by GenScript into a pET22b(+) vector. The 

PGMWT and PGMD170N plasmids were transformed into Escherichia coli BL21(DE3) cells 

and grown using 15N isotopically enriched M9 minimal media.154 Cells were grown to an OD600 

of 0.6 at 37 ºC and overexpression was induced with 0.5 mM (final concentration) isopropyl 

β-D-1-thiogalactopyranoside (IPTG) before a 16-hour incubation at 25 ºC and centrifugation 

(Sigma Model 3-15; 9,000 rpm for 10 min) to harvest the cells. The PGMWT and PGMD170N 

proteins were purified using the following protocol. The cell pellet was resuspended in ice-cold 

standard buffer (50 mM K+ HEPES buffer (pH 7.2), 5 mM MgCl2, 2 mM NaN3, 1 mM EDTA) 

containing a cOmplete protease inhibitor cocktail. The cell suspension was sonicated on ice for 

6 × 20 s pulses separated by 60 s intervals. The cell lysate was separated from the insoluble 

cell debris using centrifugation (Beckman Coulter Avanti centrifuge, Rotor: JA-25-50) at 

20,000 rpm for 30 min at 4 ºC. The soluble fraction was loaded onto a DEAE-Sepharose anion-
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exchange column connected to an ÄKTA Prime purification system, which had been washed 

previously with 1 M NaOH and 6 M guanidinium chloride and equilibrated with 5 column 

volumes of standard buffer. Bound proteins were eluted using a gradient of 0 to 50% standard 

buffer supplemented with 1 M NaCl over 300 mL. Fractions containing PGM were identified 

using SDS-PAGE and were concentrated to a 510 mL volume using centrifugation in a 

Vivaspin (10 kDa molecular weight cut off; Sartorius) at 4,500 rpm and 4 ºC (Thermo Scientific 

Heraeus Labofuge 400 R). The concentrated protein sample was loaded onto a pre-packed 

Hiload 26/600 Superdex 75 size-exclusion column connected to an ÄKTA Prime purification 

system, which had been washed previously with degassed 1 M NaOH and equilibrated with 3 

column volumes of degassed standard buffer supplemented with 1 M NaCl. Following elution, 

the fractions containing PGM were checked for purity and were pooled and buffer-exchanged 

into standard buffer for PGMWT and standard buffer containing 50 mM MgCl2 for 

PGMD170N. Mgcat-free PGMWT and Mgcat-free PGMD170N were prepared by buffer-

exchanging into standard buffer without MgCl2. The final protein samples were concentrated 

using a Vivaspin (10 kDa molecular weight cut off; Sartorius) to a 1 mM concentration, as 

measured by Nanodrop OneC (Thermo Scientific) (PGM molecular weight = 24.2 kDa, 280 = 

19,940 M-1 cm-1), and were stored at 20 ºC. 

4.6.4 NMR Spectroscopy: 

All NMR spectra were acquired at 298 K, unless stated otherwise. 31P NMR time-course 

experiments were acquired using a Bruker 500 MHz Avance II spectrometer (operating at 

202.456 MHz for 31P) equipped with a 5-mm room-temperature broadband probe and running 

TopSpin version 3.5. One-dimensional experiments consisting of 256 transients were recorded 

with a recycle delay of 1 s with proton-phosphorus decoupling and took 479.4 s to acquire. 

Where stated, experiments were acquired without phosphorus decoupling and took 370.4 s to 

record. For the AcP hydrolysis experiments, no proton-phosphorus decoupling was used and 

samples contained 50 mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 

mM trimethylsilyl propionate (TSP) without MgCl2, together with either 300 M PGMWT or 

300 M PGMD170N. For the reactions involving the PGM-catalysed conversion of G1P to 

G6P, samples contained: 300 M PGMWT, 10 mM G1P and 50 mM AcP in 200 mM K+ 

HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 mM TSP without MgCl2 and with no proton-

phosphorus decoupling used; 20 M PGMD170N, 10 mM G1P and 20 mM AcP in 200 mM 
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K+ HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 mM TSP with 100 mM MgCl2 and with no 

proton-phosphorus decoupling used; 400 M PGMD170N, 10 mM G1P and 20 mM AcP in 

200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 mM TSP with 5 mM MgCl2; 400 

M PGMD170N, 10 mM G1P and 20 mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 

2H2O (v/v) and 1 mM TSP with 100 mM MgCl2; 400 M PGMD170N, 10 mM G1P and 20 

mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 mM TSP with 5 mM 

magnesium acetate and 200 mM NaCl. For the PGMD170N stability measurements, samples 

contained 200 μM βPGMD170N (preincubated at 25 ºC either for 0 h, 24 h or 48 h), 10 mM βG1P 

and 20 mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O (v/v) and 1 mM TSP with 

100 mM MgCl2. For the experiment representative of 0.1% reversion of βPGMD170N to 

βPGMWT through deamidation, the sample contained 200 μM βPGMD170N and 200 nM 

βPGMWT, 10 mM βG1P and 20 mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O 

(v/v) and 1 mM TSP with 100 mM MgCl2. To measure apparent Km (Mg2+) values for the Step 

1 production of βG16BP and the Step 2 production of G6P, samples contained 5 μM 

βPGMD170N, 10 mM βG1P and 20 mM AcP in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O 

(v/v) and 1 mM TSP with increasing concentrations of MgCl2 (5, 10, 20, 30, 50, 100 mM). 19F 

experiments were recorded at 278 K using a Bruker 500 MHz Avance III spectrometer 

(operating at 470.59 MHz for 19F) equipped with a 5-mm QCI-F cryoprobe and z-axis gradients 

running TopSpin version 3.5. Samples of 0.5 mM βPGMD170N were prepared in 200 mM K+ 

HEPES buffer (pH 7.2) containing 5 mM or 100 mM MgCl2, 10 mM NaF, 0.2 mM 

deferoxamine, 10% 2H2O (v/v) and 1 mM TSP. 1H15N TROSY NMR spectra were recorded 

for βPGMWT using a Bruker 500 MHz Avance III spectrometer equipped with a 5-mm QCI-F 

cryoprobe and z-axis gradients running TopSpin version 3.5. The sample contained 1 mM 15N-

βPGMWT in 50 mM K+ HEPES buffer (pH 7.2) with 5 mM MgCl2, 2 mM NaN3, 10% (v/v) 

2H2O and 1 mM TSP. 1H15N TROSY NMR spectra were recorded for βPGMD170N using a 

Bruker 800 MHz Neo spectrometer equipped with a 5-mm TCI cryoprobe and z-axis gradients 

running TopSpin version 4.0. The sample contained 0.5 mM 15N-βPGMD170N (preincubated at 

25 ºC either for 0 h, 24 h or 48 h) in 50 mM K+ HEPES buffer (pH 7.2) with 5 mM MgCl2, 2 

mM NaN3, 10% (v/v) 2H2O and 1 mM TSP. 1H15N TROSY experiments were acquired with 

16 transients with 256 increments and spectral widths of 32 or 36 ppm centred at 120 ppm or 

118 ppm in the indirect 15N dimension. For the final G16BP product prepared in 100% 2H2O 

containing 1 mM TSP, 1H and natural abundance 1H13C-HSQC experiments were recorded 
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using standard Bruker pulse sequences on an 800 MHz Bruker Neo spectrometer with a 5-mm 

TCI cryoprobe equipped with z-axis gradients and running TopSpin version 4.0. 31P 

experiments were also recorded for this sample, as described above. 1H and 13C chemical shifts 

were referenced to TSP resonating at 0.0 ppm. 31P experiments were either referenced to 1 M 

HPO3 resonating at 0.0 ppm, sealed inside a glass capillary and inserted into the sample NMR 

tube or were referenced indirectly to TSP using the gyromagnetic ratios of the 1H and 31P 

nuclei. 19F experiments were referenced indirectly to TSP using the gyromagnetic ratios of the 

1H and 19F nuclei. NMR data were processed with baseline correction and Lorentzian 

apodisation using either FELIX (Felix NMR, Inc.) or TopSpin version 4.0 (Bruker). 

Quantitative NMR experiments were performed using a recycle delay of 60 s. To measure 

apparent Km (Mg2+) values from 31P NMR time-course experiments, the initial rate for the Step 

1 production of βG16BP and the Step 2 production of G6P was obtained using an in-house 

Python linear least-squares fitting program. The initial rates were subsequently fitted to 

Equation 4.1 using an in-house Python non-linear least-squares fitting program, which uses 

bootstrap error estimation. 

𝑣0 =
𝑉max[𝐴]

𝐾m(app) + [𝐴]
   (4.1) 

Where v0 represents the initial rate of reaction, A represents the activator being tested, Vmax 

represents the apparent maximal rate, Km(app) represents the apparent Michaelis constant for 

activation of the enzyme by A. 

4.6.5 Kinetic Assays: 

Kinetic assays for PGMWT and PGMD170N were conducted using a G6PDH coupled assay. 

Here, the G6P product of PGMWT activity is oxidised to 6-phosphogluconolactone by 

G6PDH, while the concomitant reduction of NAD+ to NADH is monitored by measuring 

changes in absorbance at 340 nm (340 = 6220 M-1cm-1). Reactions were run at 25 ºC using a 

FLUOstar OMEGA microplate reader (BMG Labtech). To measure the MgCl2 dependence of 

the PGMWT- and PGMD170N-catalysed conversion of G1P to G6P, reactions (160 L) were 

conducted in 200 mM K+ HEPES buffer (pH 7.2) containing different concentrations of MgCl2 

(0, 0.1, 0.3, 0.6, 1.0, 1.5, 2.5, 5, 10, 20, 50 and 100 mM), 1 mM NAD+, 5 U/mL G6PDH, 1 mM 

G1P and either 1 nM PGMWT with 100 M G16BP, or 10 M PGMD170N with 1250 M 

G16BP. Initial rates of the reactions were obtained using an in-house Python linear least-
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squares fitting program. Initial rates were subsequently fitted to Equation 4.2 using an in-house 

Python non-linear least-squares fitting program, which uses bootstrap error estimation. 

𝑣0 =
𝑉max[𝐴]

𝐾m(app) +  [𝐴] (
1 +  [𝐴]

𝐾i
)

   (4.2)
 

Where v0 represents the initial rate of reaction, A represents the activator being tested, Vmax 

represents the apparent maximal rate, Km(app) represents the apparent Michaelis constant for 

activation of the enzyme by A and Ki represents the apparent inhibition constant of the enzyme 

for A. To measure the apparent Km (βG16BP) of PGMD170N, reactions (160 μL) were 

conducted in 200 mM K+ HEPES buffer (pH 7.2) with 5 mM MgCl2, 1 mM NAD+, 5 U/mL 

G6PDH, 10 μM PGMD170N and 1 mM βG1P, and were initiated using increasing 

concentrations of βG16BP (10, 25, 50, 100, 150, 250, 350, 750, 1000, 1500, 2500 μM). Initial 

rates of G6P production were obtained using a linear least-squares fitting routine and these 

rates were subsequently fitted to Equation 4.1 using an in-house Python non-linear least squares 

fitting program. To measure the dependence of initial reaction velocity for PGMD170N on 

βG1P concentration, reactions (160 μL) were conducted in 200 mM K+ HEPES buffer (pH 7.2) 

with 5 mM MgCl2, 1 mM NAD+, 5 U/mL G6PDH, 10 μM PGMD170N and increasing 

concentrations of βG1P (50, 100, 200, 300, 500, 700, 1000, 1500, 2000, 3000, 5000 μM) and 

were initiated using 250 μM βG16BP. Initial rates of G6P production were obtained using a 

linear least-squares fitting routine and these rates were subsequently fitted to Equation 4.2 to 

derive values for Km (βG1P) and Ki (βG1P). To measure the effect of different phosphorylating 

agents on the βPGMWT-catalysed conversion of βG1P to G6P, reactions (160 μL) were 

conducted in 200 mM K+ HEPES buffer (pH 7.2) with 5 mM MgCl2, 1 mM NAD+, 5 U/mL 

G6PDH, 5 nM βPGMWT, 50 μM βG1P with either 1 μM of the final βG16BP product or 8 mM 

AcP as the phosphorylating agent. Blank absorbance measurements were obtained using 

solutions identical to the reaction mixtures, but without the addition of βPGM. 

4.6.6 βG1P preparation: 

βG1P was prepared enzymatically from maltose using maltose phosphorylase (EC 2.4.1.8). A 

solution of 611 mM maltose was incubated overnight with 1.2 U/mL maltose phosphorylase in 

0.5 M sodium phosphate buffer (pH 7.0) at 30 ºC. The production of βG1P was confirmed 

using 31P NMR spectroscopy. Maltose phosphorylase (molecular weight = 90 kDa) was 

removed from the solution by centrifugation using a Vivaspin (5 kDa molecular weight cut off; 
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Sartorius). The concentration of βG1P in the flow-through was measured to be 149 mM using 

quantitative 31P NMR experiments in which a known amount of G6P had been added to a 

sample of the βG1P product, along with 10% 2H2O (v/v) and 1 mM TSP. This concentration 

represents a yield of 24%. The βG1P product was contaminated with glucose, maltose and Pi 

(estimated concentrations were 150 mM, 850 mM and 350 mM, respectively), and was not 

purified further since these compounds are bystanders in the reaction catalysed by βPGM. 

4.6.7 βG16BP production and purification: 

A 15 mL reaction was prepared containing 20 μM βPGMD170N in 200 mM K+ HEPES buffer 

together with 100 mM MgCl2, 2 mM NaN3, 20 mM βG1P and was initiated with 40 mM AcP. 

The concentration of βG16BP reached a maximum after 265 min, whereupon the reaction was 

quenched by heat-denaturation of βPGMD170N at 90 ºC for 10 min. Precipitated enzyme was 

pelleted using centrifugation (Sigma Model 3-15) and the βG16BP-rich supernatant was 

collected and filtered with a Vivaspin (5 kDa molecular weight cut off; Sartorius) using a 

benchtop centrifuge (Thermo Scientific Heraeus Labofuge 400 R). The resulting enzyme-free 

solution was passed through a 20 × 10 mm column packed with IR120 (H+) ion-exchange resin, 

which had been washed with 15 mL of milliQ water. This step acidified the solution, which 

was then neutralised using 0.2 M barium hydroxide solution, resulting in significant 

precipitation. The solution was kept on ice during neutralisation to increase the solubility of 

the mono-phosphorylated glucosaccharide barium salts.185 Fractions obtained along the course 

of the barium salt formation were analysed using 31P NMR experiments, which indicated that 

the βG16BP barium salt was contained mainly in the precipitate, and that the βG1P and G6P 

barium salts remained in solution. The precipitate was pelleted using centrifugation at 4 ºC 

(4,500 rpm, Thermo Scientific Heraeus Labofuge 400 R) and the supernatant was discarded. 

To convert the βG16BP barium salt to the more soluble sodium salt the pellet was resolubilised 

in a large volume (~1 L) of cold milliQ water and passed through a 20 × 10 mm column packed 

with IR120 (Na+) ion-exchange resin. The flow-through was then frozen at –80 ºC and 

lyophilised to leave a fine powder as the final βG16BP product. 
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4.7 Figures 

 

 

Figure 4.1. In vitro phosphorylation and catalytic cycle of PGM. AcP phosphorylates PGM generating PGMP 

(phosphorylated on residue D8) in a Mg2+-independent reaction (green ink). In the Mg2+-dependent catalytic cycle (black 

ink), Step 1 involves phosphoryl transfer from PGMP to the G1P substrate forming the G16BP intermediate, whereas 

Step 2 comprises phosphoryl transfer from G16BP (bound in the alternate orientation) to PGM forming the G6P product 

and regeneration of PGMP. In the phosphorylated glucosaccharide structures, 1-phosphate groups are coloured red and 6-

phosphate groups are coloured blue. The black arrows denote the dominant direction of the corresponding reversible 

reactions. In the absence of the G1P substrate, PGMP has a half-life of 30 s and hydrolyses readily to PGM liberating 

inorganic phosphate (Pi).84 
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Figure 4.2. Comparison of octahedral Mgcat coordination in PGMWT
P (Step 1) and PGMWT (Step 2).  (a)  A model 

of PGMWT
P derived from the crystal structure of the PGMWT:BeF3 complex (PDB: 2WFA31) showing Mgcat coordination. 

The ligands comprise a carboxylate oxygen atom of residue D170, the carbonyl oxygen atom of residue D10 and two water 

molecules (indicated by numbers), together with the carboxylate oxygen atom and a phosphate oxygen atom of the D8 

aspartyl phosphate moiety, creating bidentate coordination of Mgcat in a six-membered ring of atoms.  (b)  The crystal 

structure of substrate-free PGMWT (PDB: 6YDL179) showing Mgcat coordination. The ligands involve a carboxylate oxygen 

atom of residue D8, a carboxylate oxygen atom of residue D170, the carbonyl oxygen atom of residue D10 and three water 

molecules (indicated by numbers). Mgcat is depicted as a green sphere, water molecules are illustrated as red spheres and 

metal ion coordination is shown as black dashes. 
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Figure 4.3. Kinetic experiments involving PGMWT and PGMD170N.  (a)  Effect of PGMWT and PGMD170N on the 

hydrolysis of AcP monitored using 31P NMR time-course experiments. AcP hydrolysis profiles were derived from 

normalised peak intensities obtained from reactions containing 50 mM AcP in 200 mM K+ HEPES buffer (pH 7.2) without 

MgCl2 (white circles) and separately in the presence of 300 M PGMWT (black circles) or presence of 300 M PGMD170N 

(green circles).  (b‒c)  Activity of βPGMD170N with increasing MgCl2 concentration monitored using 31P NMR time-course 

experiments. Samples contained 5 μM βPGMD170N and 10 mM βG1P in 200 mM K+ HEPES buffer (pH 7.2), 10% 2H2O 

(v/v) and 1 mM TSP with increasing concentrations of MgCl2 (5, 10, 20, 30, 50, 100 mM). The reactions were initiated by 

and timed from the addition of 20 mM AcP. Initial rate measurements for (b) the Step 1 production of βG16BP and (c) the 

Step 2 production of G6P were obtained from linear least-squares fitting of normalised integral values of the 31P resonances 

of βG16BP and G6P present in the spectra. Subsequent fitting of the Step 2 initial rate values to Equation 4.1 using an in-

house Python non-linear least squares fitting program yielded an apparent Km (Mg2+) = 27 ± 4 mM.  (d)  Kinetic profiles for 

the conversion of G1P to G6P by PGMWT monitored using a G6PDH coupled assay. Reactions were conducted in 200 

mM K+ HEPES buffer (pH 7.2) containing 5 mM MgCl2, 1 mM NAD+, 5 U/mL G6PDH, 50 M G1P and 5 nM PGMWT 

with either 1 M of the final G16BP product (red circles) or 8 mM AcP (pink circles) as the phosphorylating agent. For 

clarity, only half of the acquired data points have been included. 
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Figure 4.4. 31P and 19F NMR experiments involving PGMWT and PGMD170N.  (ac)  The PGMWT-catalysed 

conversion of G1P to G6P via G16BP in the absence of Mg2+ ions.  (a)  Reaction containing 300 M PGMWT and 10 

mM G1P in 200 mM K+ HEPES buffer (pH 7.2) without MgCl2, acquired 23 min after the addition of 50 mM AcP.  (b)  

Reaction after 42 min showing the presence of G1P and G6P.  (c)  Reaction after 72 min showing complete conversion of 

G1P to G6P.  (df)  The PGMD170N-catalysed conversion of G1P to G6P, together with the accumulation of G16BP.  

(d)  Reaction containing 20 M PGMD170N and 10 mM G1P in 200 mM K+ HEPES buffer (pH 7.2) with 100 mM MgCl2, 

prior to the addition of 20 mM AcP.  (e)  Reaction after 87 min showing the generation of G16BP.  (f)  Reaction after 1179 

min showing complete conversion of G1P to G6P.  (gi)  The PGMD170N-catalysed conversion of G1P to G6P together 

with the accumulation of G16BP under variable ion concentrations.  (g)  Reaction containing 400 M PGMD170N and 10 

mM G1P in 200 mM K+ HEPES buffer (pH 7.2) with 5 mM MgCl2, 35 min after the addition of 20 mM AcP.  (h)  

Reaction containing 400 M PGMD170N and 10 mM G1P in 200 mM K+ HEPES buffer (pH 7.2) with 100 mM MgCl2, 19 

min after the addition of 20 mM AcP.  (i)  Reaction containing 400 M PGMD170N and 10 mM G1P in 200 mM K+ 

HEPES buffer (pH 7.2) with 5 mM magnesium acetate and 200 mM NaCl, 36 min after the addition of 20 mM AcP. The 

peak at 1.92.0 ppm in panels AI corresponds to inorganic phosphate (Pi), which is present in the stocks of both G1P and 

AcP. 31P chemical shifts were referenced to external 1 M HPO3 = 0.0 ppm, which was sealed inside a glass capillary and 

inserted into the sample NMR tubes. The samples in gi were recorded using experiments with proton-phosphorus 

decoupling in order to simplify the identification of the relevant species.  (jk)  19F NMR experiments involving PGMD170N 

acquired in 200 mM K+ HEPES buffer (pH 7.2) at 5 ºC.  (j)  A sample containing 0.5 mM PGMD170N with 5 mM MgCl2, 10 

mM NaF and 0.2 mM deferoxamine shows an enzyme-bound 19F resonance (171 ppm) that corresponds to a MgcatF 

moiety.  (k)  A sample containing 0.5 mM PGMD170N with 100 mM MgCl2, 10 mM NaF and 0.2 mM deferoxamine reveals 

that an increase in Cl ion concentration results in a decrease in the peak intensity of the MgcatF moiety. Three free 19F 

species are present in solution: Free F– (–118 ppm), free MgF+ (–155 ppm) and a free Mg–F–Mg3+species (–192 ppm), 

which have been assigned based on the partitioning behaviour between discrete species as the MgCl2 concentration is 

increased. 
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Figure 4.5. NMR experiments recorded on a sample of the final G16BP product, purified following its production by 

PGMD170N and prepared in 100% 2H2O.  (a)  1H spectrum showing G16BP and other glucosaccharide species present in 

the sample.  (b)  A region of the 1H spectrum showing the anomeric proton glucosaccharide signals, together with their 

assignments.  (c)  31P spectrum showing the two phosphorus signals of G16BP (6-phosphate, 4.76 ppm (triplet) and 1-

phosphate, 2.55 ppm (doublet)) and the signal corresponding to inorganic phosphate (Pi, 2.70 ppm (singlet), truncated for 

clarity).  (d)  Natural abundance 1H13C-HSQC spectra comparing the final G16BP product (orange) with chemically 

synthesised G16BP (blue).84 Peaks are labelled with carbon ring atom assignments. 
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5.1 Abstract 

Alginate is a linear, copolysaccharide formed from the uronic acids, α-L-guluronic acid (G) 

and β-D-mannuronic (M). The use of alginate is widespread in the food and biotechnology 

industries owing to its propensity to form gels when mixed with Ca2+ ions. Alginate is found 

in brown algae and some species of bacteria, where it plays a structural role. Many bacteria 

have evolved alginate lyase enzymes to metabolise alginate and, given the commercial utility 

of alginate, these enzymes are of considerable interest. Typically, alginate lyases exhibit the 

ability to cleave either polyG or polyM, with the proposed conformations of the two 

polysaccharides being considerably different. However, some alginate lyases possess the 

ability to cleave both polyG and polyM. The mechanism underpinning this dual specificity is 

not known. Herein, we describe a non-typical conformation of polyG that is stabilised in the 

active site of one such dual-specific alginate lyase, Dp0100. The alternative conformation leads 

to a chain structure that is much closer to the structure of polyM and the enzyme is therefore 

able to use a similar catalytic mechanism for both substrates. 

5.2 Introduction 

Alginate is a linear, co-polysaccharide of α-L-guluronic acid (G) and its C5 epimer, β-D-

mannuronic acid (M).85,86 The polysaccharide is found in various species of brown algae and 

bacteria, where its function is primarily structural. In algae, alginate is a major cell-wall 

constituent alongside fucoidans and cellulose.87,88 In bacteria of the genera Azotobacter and 

Pseudomonas, alginate functions as an extracellular polysaccharide and has many suggested 

purposes including a role during encystment, where the bacterium is enclosed in a 

polysaccharide capsule.96,186–190 The structural utility of alginate derives from its ability to form 

gels in the presence of Ca2+ ions. This structural property, along with the fact that alginate is 

nontoxic and nonimmunogenic, have led to its adoption in many biotechnologies and foodstuffs, 

including drug delivery technologies, wound dressings and cell culture.97,98 The commercial 

value of alginate has spawned multiple research efforts attempting to obtain a deeper 

understanding of its structural and chemical properties.92,101,104 

Structurally, a considerable amount is known about alginate. The G and M units comprising 

alginate are arranged either as homopolymeric blocks (polyG and polyM) or as blocks in which 

the G and M residues alternate.193 The length and distribution of the blocks in the alginate chain 
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depends on the species from which the alginate originates, and this is known to vary 

considerably.90,91 This heterogeneity is generated by epimerases post-polymerisation, and 

alginate is initially synthesised as polyM.89 The gelation process of alginate is understood to 

occur in the presence of Ca2+ ions between the polyG blocks of adjacent alginate chains.194,195 

At the resultant junction zones between chains, the stoichiometry of Ca2+ ions to G residues is 

proposed to be 4:1.92 On the residue level, fibre diffraction, X-ray crystallography and NMR 

data have shown that G and M residues adopt the chair conformation, with G existing in the 

1C4 chair conformation and M in the 4C1 chair conformation.90,91,100–105 Informed by these 

structural data, various models have been suggested for the atomic arrangement of polyG and 

polyM, although a consensus has not yet been reached.93–95,106,196 PolyM is proposed to adopt 

a ribbon-like structure. In contrast, the adoption of the 1C4 chair conformation by residues 

comprising polyG leads to a kinked chain structure.108 

In vivo, alginate chains are manipulated by two types of enzyme: epimerases, which catalyse 

the C5 epimerisation reaction between G and M, and lyases, which depolymerise alginate 

chains. Alginate lyases are a class of enzyme that fall within the larger taxonomic bracket of 

polysaccharide lyases (PL), and constitute 9 of the 38 known PL families. Alginate lyases 

operate in both endo- and exo-specific manners and are known to have different substrate 

specificities, with their activities divided between cleaving polyG, polyM and heteropolymeric 

GM regions.108 It is of considerable interest to be able to manipulate the structure of alginate 

chains either through depolymerisation or epimerisation, in order to control the properties of 

alginate. Alginate depolymerisation is of particular interest in light of research suggesting that 

guluronate oligosaccharides boost the antibacterial activities of macrophages.192 Additionally, 

the fact that mammals do not possess alginate lyases means that there are therapeutic concerns 

about being able to purge high molecular weight (>48,000 Da) alginate fragments from the 

body.197 The catalytic mechanism of alginate lyases has been proposed to consist of three steps: 

neutralisation of the negative charge of the carboxylate group, abstraction of the proton at C5, 

and β-elimination of the glycosidic bond to form an unsaturated monosaccharide.110 This 

proposed mechanism was recently corroborated by the observation of a truncation variant of 

the alginate lyase Dp0100 (TM5) in complexes with a five-residue polyM oligosaccharide and 

with a trisaccharide cleavage product (ΔMM)108. Details of the cleavage site revealed a 

histidine residue (H405) that is well-positioned to act as a general base, alongside another 

histidine (H187) and an asparagine residue (Asn186) that could stabilise the hypothetical aci-
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carboxylate during the reaction, with a tyrosine (Y239) to act as a general acid (Figure 5.1). 

Interestingly, Dp0100 operates with dual specificity, and can cleave both polyG and polyM 

alginate. Given the strikingly different chain structures proposed for polyG and polyM, it is 

curious how this arrangement of amino acid residues in the active site of Dp0100 is able to 

accommodate and catalyse reactions of the two types of chain. This study reports the 

observation of a Dp0100 variant in complex with polyG and shows, through the use of X-ray 

crystallography and NMR, how the oligosaccharide deviates from its solution structure when 

in the active site of the enzyme to facilitate catalysis. 

5.3 Results 

5.3.1 Atypical conformation of polyG exists in TM5 biding site. 

The ability of alginate lyase to hydrolyse both polyG and polyM, despite considerable 

differences in the proposed structures of these molecules, is surprising. To understand how 

Dp0100 is capable of accommodating the two different alginate chains in its active site, the 

TM5 truncation mutant of Dp0100 was crystallised in the presence of polyG alginate and the 

structure was solved using molecular replacement at a resolution of 2.11 Å (Table 5.1). This 

variant has been shown to contain the minimal structure required for catalytic activity of both 

polyG and polyM, and has been previously crystallised bound to uronic acid oligomers.108 The 

resultant structure contains four monomers of TM5 in the asymmetric unit, three of which have 

a trisaccharide bound in their active site cleft (Figure 5.1A,B). The reducing end residue of the 

trisaccharide is unsaturated with a double bond between C4 and C5, creating trigonal planar 

geometry at C5. The presence of a partly unsaturated trisaccharide indicates that this is a 

truncation product of the polyG alginate, with the nonreducing end residue occupying the +1 

subsite (sugar-binding subsites are numbered according to the nomenclature proposed by 

Davies et al.198). Given that the degree of polymerisation (d.p.) of the polyG alginate included 

in the crystal motherliquor is not exact, this unsaturated trisaccharide was named differently to 

the polyM cleavage product (ΔMM), and was instead termed triGu to distinguish it from triG, 

which is not unsaturated. In one triGu-bound monomer, the triGu is accompanied by two 

molecules of acetate, which is present in the crystallisation mother liquor. In another triGu-

bound monomer, one molecule of acetate and one molecule of ethylene glycol, which was used 

as a cryoprotectant, are also present in the active site. In addition to these two molecules, the 

active site also contains a Ca2+ ion, which is not present in the other triGu-bound monomer. 
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The density for the active site of the third monomer was much poorer and no additional bound 

molecules or ions were modelled.  

The carboxylate group of the non-reducing terminal residue is bicoordinated by residue N186. 

The positions of proposed catalytic residues N186, Y239 and H405 (PDB 6JPH)108 are almost 

identical to their positions in the ΔMM-bound TM5 structure, with an overall R.M.S.D. 

between the two structures of 0.169 Å. Interestingly, the residues in triGu are not uniform in 

their conformation. Residues in the +1 and +3 subsite are observed in the 1C4 chair 

conformation (although the unsaturated residue at the nonreducing end is not a true chair), 

whereas the G residue in the +2 subsite adopts a 4C1 chair conformation. In this position the 

bulky carboxylate side chain forms a 3.1 Å hydrogen bond to residue S127. The ring hydroxyls 

occupy approximately the same positions as the analogous hydroxyl groups in the ΔMM-bound 

TM5 structure, forming hydrogen bonds to residues R183 and N404. Because the sugar is a 

cleavage product, there is no hydrogen atom attached to C5. However, the configuration of G 

means that prior to cleavage, H5 would be situated on the opposite face of the sugar to the 

proposed general base, H405. This is not the case with M residues; for example, in a structure 

of TM5 bound to a M pentasaccharide, the analogous H5 atom is positioned 2.9 Å from the 

imidazole group of residue H405 (PDB 6JPN). This interaction would be impossible in a polyG 

bound active site. 

5.3.2 Atypical coordination of polyG repeats in active site of TM5 

The observation of a trisaccharide in the active site of TM5 is analogous to the observation of 

co-crystals containing TM5 complexed with a three-residue truncation product of a M 

pentasaccharide.108 Following the previous observation of this trisaccharide bound to TM5, an 

inactive H187A variant of TM5 was crystallised by the researchers and was observed to bind 

an intact five-residue polyM oligomer. For this reason, a similar approach was adopted here. 

The H187A variant of TM5 was crystallised in the presence of hexaG and the structure was 

solved using molecular replacement to a resolution of 2.71 Å (Table 5.1). The crystal structure 

again contains four monomers in the asymmetric unit, with three of the monomers bound to 

hexaG. No additional small-molecules are present in the active site and two of the three hexaG-

bound monomers contain a Ca2+ ion in their active site. The hexaG residues in the +1, +2 and 

+3 subsites of TM5 overlay well with the TM5-bound triGu (Supplementary Figure 5.1A). 

Remarkably, in both triG and hexaG, the chair conformation of the residues is non-uniform, 
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contrary to the uniform 1C4 conformation that has been proposed in models of polyG structure 

to date, with hexaG residues in the –2, +1, +3 and +4 subsites adopting the 1C4 chair 

conformation and residues in the –1 and +2 subsites adopting the 4C1 chair conformation. The 

hexaG residue in the +2 subsite, although close to a true 4C1 chair conformation, has a slightly 

skewed conformation in all three of its instances in the asymmetric unit. In this conformation, 

the bond between atom C5 and the ring oxygen, and the bond between atoms C2 and C3 are 

not parallel and the reference plane, from which the type of chair conformation can be deduced, 

is not formed. The orientation of the ring hydroxyl groups however, reflect a 4C1 chair 

conformation. Likewise, in one of the three instances of hexaG in the asymmetric unit, the 

residue at the reducing end of the oligomer adopts a boat conformation rather than the 1C4 chair 

conformation adopted by the two reducing-end residues in the other two TM5 monomers. 

In this arrangement of mixed chair conformations, the oligomers in the crystal possess a ribbon-

like structure (Figure 5.2, Supplementary Figure 5.1B), similar to that observed for polyM, and 

in stark contrast to the kinked-chain structure hypothesised for polyG.108 The observation of L-

guluronic acid in a mixed chair conformation is new and goes against a considerable body of 

crystallographic, NMR and computational data, which have so far supported the hypothesis 

that L-guluronic acid adopts the 1C4 chair conformation, in both monomeric and polymeric 

arrangements. 

5.3.3 PolyG residue environment is not uniform. 

To investigate whether the conformation of polyG observed in crystallo is also present in 

solution, 1-D 1H NMR experiments were conducted using a selection of polyG oligomers of 

increasing length. Samples of L-guluornic acid in di-, tri-, tetra-, penta- and hexa-saccharide 

form (diG, triG, tetraG, pentaG and hexaG, respectively) at concentrations between 3–11 mM 

were prepared in 100% 2H2O containing 2 mM NaN3 and 50 mM HEPES at pD 8–8.05, and a 

1-D 1H NMR experiment was recorded for each sample (Figure 5.3A–J). The assignment of 

peaks in the 1H spectra was performed using COSY and TOCSY experiments (Table 5.2, 

Supplementary Figure 5.2–5.11), using previously published chemical shifts for the anomeric 

protons of the reducing end residue as a starting point.104 A full peak assignment was precluded 

by peak overlap for some of the oligomers. The assignment corroborated that made 

previously91,104 although the greater resolution of experiments used in this study (800 MHz vs. 

100–500 MHz) revealed a heterogeneity in chemical shifts that has hitherto gone unreported. 
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Such heterogeneity is particularly clear in the portion of the spectrum containing the anomeric 

proton peaks (Figure 5.3F–J). 

In order to assign the anomeric proton peaks to the different residues in each oligomer, 

quantitative 1H spectra were recorded for each polyG oligomer and peak integrals were 

calibrated so that a proton from a single residue corresponded to 1 unit (Table 5.3). Individual 

residues are referred to by their number, with G1 being the residue at the reducing end, and, 

for the reducing end residue, the configuration at the anomeric carbon (α/β). There are four 

anomeric peaks that exhibit roughly constant peak integrals and chemical shifts across the 

spectra of all five polyG oligomers. Three of the peaks correspond to the reducing end residue 

in its α-pyranose, β-pyranose and β-furanose configurations. The remaining peak (δ = 5.1 ppm, 

integral value ≈ 1) is likely to correspond to the nonreducing end residue, and its J1,2 value of 

4.1 Hz is in accordance with it being linked by an α(1–4) glyosidic bond to the adjacent residue. 

In the simplest case, that of the spectrum for diG, therefore, the anomeric portion of the 

spectrum contains peaks corresponding to the reducing end and the nonreducing end (Figure 

5.3J). Other low intensity peaks are present in the spectrum and may correspond to 

contaminating M residues, as observed previously in preparations of polyG91, or low 

populations of Na+-bound polyG. Increasing the d.p. of the oligomer by one results in the 

appearance of an additional peak in the spectrum of triG (δ = 5.057), which has an integral 

value close to 1 (Figure 5.3I). This peak therefore likely corresponds to the anomeric proton 

for residue triG2, the residue which, in crystallo, is observed in the 4C1 chair conformation. In 

the spectrum for tetraG, the peak assigned as the anomeric proton of triG2 grows to an integral 

value of ~2, suggesting that the conformations of triG2, tetraG2 and tetraG3 are very similar 

(Figure 5.3H). In the spectrum of pentaG, all of the peaks observed in the spectrum of tetraG 

remain, but an additional peak is present as well (δ = 5.064 ppm) (Figure 5.3G). This new peak 

forms a shoulder to the peak that was assigned in the tetraG spectrum as tetraG2 and tetraG3 

anomeric protons, and the overlap precludes direct quantification. However, because the 

intensity of the shoulder peak is approximately half that of the dominant peak and the integral 

value for the two peaks together is 3, the shoulder peak likely represents the anomeric proton 

of one of the interposing residues in pentaG (pentaG2, pentaG3 or pentaG4). 

Given that the three residues that interpose the terminal residues of pentaG all experience very 

similar environments, the observation that one of the residues has a different chemical shift is 

surprising. This difference can possibly be explained by one of the interposing residues 
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adopting a different ring conformation to the other two. The anomeric region of the spectrum 

for hexaG, is very similar to that of pentaG (Figure 5.3F). The two peaks that represent the 

interposing residues in pentaG grow from 3 integral units to ~4 integral units, suggesting that 

the peaks now represent the four residues that interpose the terminal residues of hexaG. There 

are two ways to interpret the new peak shape: the first option is that the peak hypothesised to 

represent a different residue environment in pentaG (δ = 5.064 ppm) grows by a single integral 

unit, giving a peak shape comprising two doublets of the same size. This interpretation leads 

to the conclusion that the additional residue present in hexaG occupies the same alternative 

environment. The second interpretation is more complex, and is that the additional residue 

occupies a second alternative environment, and produces a shoulder peak that is upfield of the 

other peaks. This second interpretation however is not supported by the TOCSY experiment, 

which suggests that there are only two peaks. Through comparison of the anomeric regions of 

the spectra for incrementally longer polyG oligomers, it is therefore possible to conclude that 

the residues do not exist in identical environments along the whole chain, and at least two 

distinct environments exist for the interposing residues in pentaG and hexaG.  

5.3.4 Dominant solution conformation of triG is not 4C1 chair conformation 

One hypothesis to explain the non-uniform environment experienced by residues in polyG in 

solution is that the oligomers contain a mixture of residues in both the 1C4 and the 4C1 chair 

conformations. To explore this hypothesis, there are certain parameters that can be measured 

to distinguish between the two chair conformations. In the 4C1 chair conformation of α-L-

guluronic acid, H1 and H3 bear the same axial orientation below the reference plane of the ring. 

This puts them in close proximity to one another, as can be seen from the crystal structure of 

triG-bound Dp0100 where the intra-residue H1–H3 distance is 2.4 Å. This inter-nuclear 

spacing is sufficiently small for substantial through-space transfer of magnetisation by the 

nuclear Overhauser effect (NOE) to occur and should be detectable using NOESY experiments. 

Previously, a 2D NOESY spectrum of polyG revealed a H1–H3 NOE correlation, but it was 

considered an artefact caused by spin diffusion.104 This possibility is made easier to discern 

through the use of ROESY experiments in which spin diffusion over two steps produces 

crosspeaks bearing the opposite sign to single step NOEs. To test for the intra-residue NOE 

between H1 and H3 therefore, ROESY experiments were recorded using the five polyG 

oligomer samples (Figure 5.4, Supplementary Figure 5.12–5.15) and NOEs for the anomeric 

protons were measured (Table 5.4). Owing to the dispersion of the resonances in the anomeric 
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proton region in the 1H spectrum, the experiments using triG proved the simplest to interpret 

(Figure 5.4). Each of the identifiable L-guluronic acid residues in the spectrum (that is triG1 in 

both the α (triG1α) and β (triG1β) configurations, triG2 and triG3) exhibited a H1–H2 intra-

residue NOE and a H1–H5 intra-residue NOE. H1–H4 NOEs and H1–H3 NOEs, both to the 

preceding residue (triG1β in the case of triG2), were observed for residues triG2 and triG3, which 

is a consequence of the α(1–4) glycosidic linkage that connects them. No evidence for an intra-

residue H1–H3 was observed for any of the triG residues. Similarly, the ROESY spectra of 

diG, tetraG, pentaG and hexaG did not contain any H1–H3 NOE correlations of strong intensity. 

Residue diG2 exhibited intra-residue H1–H2, H1–H3 and H1–H5 NOE correlations, with the 

intensity of the H1–H3 and H1–H5 NOEs being six-fold lower than the H1–H2 NOE based on 

a 1D-slice of the spectrum. Low intensity H1–H3 NOE correlations were also observed in the 

ROESY spectra of pentaG and hexaG for the interposing residues in each oligomer and for 

residue hexaG6. Due to peak overlap it was not possible to distinguish between the possibilities 

that the H1–H3 NOEs of the interposing residues were intra- or inter-residue correlations using 

chemical shifts, but the low intensity of the peaks suggests that the contributing H1 and H3 

protons are not in close proximity. In the case of hexaG6, the H1–H3 NOE correlation was 7-

fold less intense than the intra-residue H1–H2 NOE correlation suggesting magnetisation 

transfer between H1 and H3 occurs over a greater distance through space than the transfer 

between H1 and H2. Together these results lead to the conclusion that the 4C1 chair 

conformation is not a dominant conformation in polyG oligomers. 

5.3.5 Dominant solution structure of polyG contains no residues in the 4C1 chair 

conformation  

To further examine the solution structure of polyG, the orientation of the H1 proton with respect 

to the reference plane for each residue was investigated. As well as the proximity of H1 and 

H3, the orientation of the anomeric proton provides an additional touchstone for saccharide 

conformation. In α-L-guluronic acid, the anomeric proton occupies an axial position when the 

ring adopts the 4C1 chair conformation. In contrast, the same proton exists in an equatorial 

orientation when the ring takes the 1C4 chair conformation. This orientation can be discerned 

from the size of the geminal coupling constant between H1 and C1, 1JC1,H1,
199 with 1JC1,H1 values 

of ~160 Hz for anomeric protons in the axial orientation and  ~170 Hz for anomeric protons in 

the equatorial orientation. To explore the solution conformations for residues of polyG 

oligomers therefore, 1H13C-HSQC experiments were acquired without 13C-decoupling using 
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the same five polyG oligomers and the geminal coupling constants for the anomeric protons 

were measured (Figure 5.5, Supplementary Figure 5.16–5.19). In each of the five oligomers, 

the G1α residue, the nonreducing end residue and the interposing residues had 1JC1,H1 values of 

170–174 Hz. The interposing residues of pentaG and hexaG bearing different 1H chemical 

shifts were overlapped and appeared as one peak in the 1H13C-HSQC spectra. Conversely, the 

G1β residue presented 1JC1,H1 values of 163–165 Hz across all five spectra. Given that the 

interposing residues and the nonreducing end residue adopt the α configuration at C1, as 

evidenced by 3J1,2 values, these geminal coupling constants are consistent with all of the 

residues existing in the 1C4 chair conformation. Two low intensity unassigned peaks were also 

present however, that did not match the chemical shifts of contaminating M.104 These peaks 

were present in all spectra at 4.69 and 4.64–4.67 ppm (Figure 5.3A–E) and were termed Peak 

1 and Peak 2, respectively. The peaks presented 1JC1,H1 values of 157–165 Hz with 3J1,2 values 

<4 Hz and the carbon and proton shifts for these peaks are consistent with them being anomeric 

nuclei. If these peaks belonged to L-guluronic acid, therefore, the data are consistent with the 

4C1 chair conformation. Confident identification of the species was not possible however. Peak 

1 presented a crosspeak in the TOCSY spectrum corresponding to the H2 proton in G1α. Peak 

2 was overlapped with the H5 for G1α and did not exhibit any separate connectivity. The 

dominant population of polyG in solution, therefore, is composed of residues that adopt a 1C4 

chair conformation. 

5.4 Discussion 

The TM5 variant of Dp0100 binds to its substrate, polyG, in the same active site cleft that the 

enzyme uses to bind and cleave polyM. In the crystal structure of the TM5-bound complex, the 

conformation of individual G residues in polyG is not uniform, with the residues at the –1 and 

+1 sub-site adopting the 4C1 chair conformation and the other residues bound in the 1C4 chair 

conformation. In this arrangement, the polyG chain takes on a ribbon-like structure that is very 

similar to the conformation of polyM chains observed bound to TM5.108 Despite the 

approximate structural overlap between the positions of the TM5-bound polyG and polyM 

chains, the precise arrangement of amino acid residues at the proposed cleavage site is not 

conducive to polyG cleavage occurring by the same mechanism proposed for polyM cleavage. 

In the polyM-bound TM5 crystal structure, the imidazole group of H405 is positioned 2.9 Å 

away from the C5 proton, where it likely acts as a general base, facilitating the abstraction of 

this proton during the catalytic cycle. The observation of triGu bound to TM5 in an analogous 
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way to the binding of the ΔMM trisaccharide, with the unsaturated nonreducing end residue in 

site +1, is strongly suggestive that the site of cleavage is the same for the Dp0100-catalysed 

depolymerisation of both polyG and polyM. Hence, given that there are no large 

conformational changes between the polyG- and polyM-bound structures, the position of H405 

is no longer appropriate for it to function as a general base, and the C5 proton of the G residue 

lies on the opposite face of the sugar. In this position, the C5 proton is instead 2.6 Å away from 

the imidazole group of a different histidine residue, H187. H187 may therefore play the role of 

general base that H405 performs in polyM depolymerisation. Mutation of this residue to 

alanine has been shown to completely deactivate TM5108, providing support for the alternative 

role of H187. Interestingly, the carboxylate group of the unsaturated nonreducing end residue 

occupies a near-identical position to the carboxylate that mirrors it in the polyM-bound TM5 

complex, where it forms a hydrogen bond to residue N186. This interaction is thought to 

facilitate stabilisation of the aci-carboxylate that forms temporarily during the catalytic cycle, 

hence the identical positioning of the uronic acid carboxylate means that the stabilising action 

of residue N186 is not specific to either polyG or polyM. Remarkably, therefore, the only 

catalytic residues with epimer-dependent roles are H405 and H187, with the roles of N186 and 

Y239 being the same in both polyG and polyM depolymerisation. 

The mixed chair conformation observed in TM5-bound polyG contradicts the consensus 

solution structure of G-rich alginate, in which G residues are uniformly in the 1C4 chair 

conformation. In NMR experiments using polyG oligomers 2–6 residues in length, the 1C4 

chair conformation of G residues is shown to predominate. The 1C4 chair conformation is to be 

expected for L-guluronic acid because in this conformation, the bulky COO– group at C5 is in 

an equatorial orientation. Generally, the more stable conformation of a saccharide is that which 

has the highest number of hydroxyls or bulky substituents in equatorial configurations. 

Although, the 1C4 chair conformation has only one equatorial hydroxyl (at C2) as oppose to 

three in the 4C1 chair conformation (at C1, C3 and C4), the COO– group has a greater steric 

presence than a hydroxyl and therefore contributes more to the stability of the molecule. 

Despite the uniform 1C4 chair conformation of polyG oligomers, the residues interposing the 

termini are not identical to each other, and bear subtly different chemical shifts. This may be 

explained by a scenario where it is not only the terminal residues which have distinct chemical 

shifts, but also the residues directly adjacent to the terminal residues, namely polyG2 and 

polyGnon-1, where polyGnon is the nonreducing end residue. This has been observed for other 
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oligosaccharides200, but has not been reported for L-guluronic acid. This is partly because of 

the low resolution of previously acquired spectra, but could also be due to the higher d.p. of 

polyG fragments used in other studies, which lowers the relative intensity of residues with 

unique chemical shifts. 

The observation of H1–H3 NOEs that cannot be unambiguously assigned as intra- or inter-

molecular means that the possibility of a minor population of polyG alginate existing in the 4C1 

chair conformation cannot be completely ruled out. It is also possible that a small population 

of residues in the 4C1 chair conformation are in fast exchange with the dominant 1C4 chair 

conformation, although this is unlikely given that different pyranose conformations are usually 

in slow exchange with each other199. The dominance of the evidence in favour of polyG alginate 

adopting a 1C4 chair conformation in solution suggests that the mixed chair conformation 

observed bound to TM5 is a consequence of stabilising interactions between the polyG and 

active site residues. The active site of TM5 is lined with polar and charged amino acids that 

provide opportunities for electrostatic interactions to occur. Of the two G residues that adopt 

the 4C1 chair conformation in the hexaG-bound TM5 crystal structure, the carboxylate of one 

forms a strong (2.4 Å) hydrogen bond with Y135. The carboxylate of the other residue forms 

only a weak hydrogen bond (3.1 Å) with S127, which alone seems unlikely to provide a large 

stabilising influence. The close proximity of a bound Mg2+ ion suggests that, although not 

resolved in the crystal structure, there is likely to be a conserved water molecule capable of 

providing another hydrogen bond donor to the carboxylate of the uronic acid. Having water 

molecules perform this important binding role may confer the flexibility required to 

accommodate both polyG and polyM in the active site. One question that cannot be answered 

on the basis of the crystal structure is how far the mixed chair conformation of the chain 

continues beyond the edge of the TM5 active site. Given the absence of 4C1 chair conformations 

in the solution structure of polyG, it is unlikely that G-rich alginate is able to adopt the mixed 

chair conformation without additional stabilisation. Seeing as TM5 is a truncation mutant of 

Dp0100, there may be other domains in the full length protein that enable the mixed chair 

conformation to extend beyond the active site cleft where depolymerisation occurs. There is 

evidence from native affinity page experiments that the CBM35 domain of Dp0100 has a high 

affinity for alginate, and may well stabilise propagation of the mixed chain conformation of 

polyG. In summary, the dual specificity of Dp0100 is possible through the stabilisation of a 

mixed chair conformation of polyG that is not dominant in solution. Two active site histidine 
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residues switch roles to accommodate the two orientations of the C5 proton in G and M residues, 

and other active site residues are capable of fulfilling their roles regardless of which epimer is 

involved in the reaction. 

5.5 Materials and Methods 

5.5.1 Preparation of polyG   

Alginic acid from brown algae (species unknown) was purchased from Qingdao BZ Oligo 

Biotech Co., Ltd, China and then processed by heterogeneously reacting the alginic acid with 

1 M oxalic acid at 100 °C for several hours. Depolymerisation to the desired d.p. was achieved 

by controlling the duration of this hydrolysis step. G-rich alginate was isolated by bringing the 

solution to pH 2.85 and harvesting the precipitate. This precipitate contained G-rich alginate.  

5.5.2 X-ray crystallography, data collection, structure determination and refinement 

Samples of both the TM5 and TM5 H187A inactive mutant were prepared and crystallised as 

previously described108, with the only modification being the addition of either polyG or hexaG, 

respectively, to a final concentration of 5 mM prior to crystallisation. Protein crystals were 

subsequently cryo-protected by the addition of 25 % ethylene glycol before being flash cooled 

in liquid nitrogen to 100 K. Data on crystals containing TM5 + polyG were collected on the 

I03 MX beamline at Diamond Light Source, Oxford and were processed using xia2-DIALS 

203,204 to 2.11 Å in the spacegroup C2221. Alternatively, data on crystals containing TM5 

H187A + hexaG were collected at the Shanghai Institute of Applied Physics, Chinese Academy 

of Science and were processed using XDS autoPROC206,207 to 2.71 Å in the spacegroup C2221. 

The structures of both co-crystallised species were determined through molecular replacement 

by Phaser202 using the TM5 substrate-free structure (PDB ID: 6JP4) as the initial search model. 

Iterative model building and refinement was carried out using COOT and Refmac5, 

respectively.163,164 A new chemical dictionary was generated for the polyG and hexaG 

polysaccharide ligands identified in the two structures, however, at this point, they were not 

energetically minimised. The ligands were therefore modelled into their respective electron 

density without activating torsion restraints, allowing the sugars to adopt the two different 

carbohydrate ring puckers (1C4 and 4C1) observed. Once the polysaccharides had been 

optimally aligned in the electron density and close to their low-energy chair conformation, 

torsion restraints were activated. Subsequently, further harmonic restraints were applied prior 
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to the final polyG and hexaG dictionaries being created in the CCP4 program, acedrg.208 

Carbohydrate validation was performed using a developer build of privateer MKIV.205 The 

final models of both TM5 + polyG and TM5 H187A + hexaG contain four protein molecules 

(Chains A-D) consisting of residues 1-770, and 1-772, respectively, from the expected 789 

residue (772 from the protein and 17 from the poly-His tag) mature protein. In both models, 

three molecules of their respective polysaccharide ligands can be observed in chains A, B, and 

C. However, ligands were not modelled bound to chain D due to the poor density associated 

with this chain in both systems. The final refinement statistics for both structures are shown in 

Table 1. Figures were produced using PyMOL (Schrödinger) version 2.4.1. R.M.S.D. values 

were calculated using the align function of PyMOL. 

5.5.3 NMR spectroscopy 

Samples of polyG for NMR were prepared in 100% 2H2O containing 1 mM trimethylsilyl 

propionate (TSP), 2 mM NaN3 and 50 mM HEPES. The sample of diG was 10.6 mM and pD 

8.05. The sample of triG was 7.3 mM and pD 8.05. The sample of tetraG was 6.2 mM and pD 

8.05. The sample of pentaG was 10.0 mM and pD 8.0. The sample of hexaG was 3.3 mM and 

pD 8.0. All NMR spectra were recorded at 298 K using an 800 MHz Bruker Neo spectrometer 

with a 5 mm TCI cryoprobe equipped with z-axis gradients and running TopSpin version 4.0 

(Bruker). One-dimensional 1H experiments consisting of 64 transients were recorded using a 

recycle delay of 2 s. Quantitative 1H experiments were recorded using a recycle delay of 60 s. 

COSY experiments were acquired with 8 transients consisting of 256 increments with a spectral 

width of 14.2 ppm and a recycle delay of 3 s. TOCSY experiments using a mixing time of 90 

ms consisted of 16 transients with 512 increments with a spectral width of 14.2 ppm and a 

recycle delay of 3 s. ROESY experiments with a mixing time of 200 ms were acquired using 

16 or 32 transients consisting of 512 increments with a spectral width of 10.2 ppm and a recycle 

delay of 1.5 or 3 s. NMR data were processed using baseline correction and, unless otherwise 

stated, with Lorentzian apodization using Topspin 4.0. Peak integrals were calculated using 

Topspin version 4.0 and calibrated so that the integral of the peak corresponding to the reducing 

end residue in its β configuration equated to 0.75 units, in accordance with the distribution of 

α and β configurations in monomeric L-guluronic acid in 2H2O (77% at 297 K and pD7 103 and 

75% at 313 K and pD 7 104). Where this calibration was precluded by the H2O signal, the peaks 

corresponding to the reducing end residue in its α configuration and its furanose form were 

together calibrated to 0.25 units. 1H chemical shifts were referenced to the TSP signal, which 
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resonates at 0.0 ppm. 13C chemical shifts were referenced indirectly to the TSP signal 

resonating at 0.0 ppm using the gyromagnetic ratios of 1H and 13C nuclei. 

5.5.4 Data availability 

Images used in X-ray data processing are available upon request. The atomic co-ordinates and 

structure factors for TM5 bound to triGu and TM5 H187A bound to hexaG are available at the 

PDB under the accession codes XXXX and XXXX, respectively. 
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5.6 Tables and Figures 

 

Table 5.1. X-ray crystallographic data. 

 

  

Data collection – TriGu bound structure HexaG bound structure 

Wavelength (Å) 0.9718 0.97914 

Resolution range (Å) 60.96-2.11 (2.15-2.11) 108.86-2.71 (2.85-2.71) 

Space group C 2 2 21 C 2 2 21 

Unit cell (a,b,c) (Å) 261.4, 394.9, 112.0 261.0, 394.6, 111.8 

(α,β,γ) (°) 90.0, 90.0, 90.0 90.0, 90.0, 90.0 

Total reflections 4502456 (225413) 2027614 (325016) 

Unique reflections 329687 (16311) 151341 (22709) 

Multiplicity 13.7 (13.8) 13.4 (14.3) 

Completeness (%) 99.9 (99.8) 96.5 (100.0) 

Mean I/σ 12.3 (1.2) 14.6 (2.5) 

Wilson B factor (Å2) 40.5 49.5 

Rmerge 0.145 (2.550) 0.186 (1.614) 

Rpim 0.041 (0.705) 0.052 (0.438) 

CC1/2 0.999 (0.644) 0.998 (0.817) 

   

Refinement   

Rfactor 0.221 0.202 

Rfree 0.248 0.25 

Atoms   

     Protein 24960 24988 

     Ligands 160 219 

     Ions 11 14 

     Water 862 54 

     Protein residues 3072 3080 

RMSD (bonds) (Å) 0.014 0.014 

RMSD (angles) (°) 1.89 1.96 

Ramachandran favoured (%) 93.6 91.6 

Ramachandran outliers (%) 0.4 0.9 

Favoured rotamers (%) 92.1 87.9 

Poor rotamers (%) 2.0 3.4 

Average B factors   

     Main chain (Å2) 65 72 

     Side chains (Å2) 67 75 

     Ligands (Å2) 69 71 

     Ions (Å2) 48 61 

     Water (Å2) 48 40 

PDB ID XXXX XXXX 
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 Proton G1α G1β Ginterposing Gnon 

diG H1 5.228 4.903 n/a 5.022 

H2 3.960 3.631 n/a 3.935 

H3 u 4.162 n/a 3.968 

H4 u 4.039 n/a 4.161 

H5 u u n/a 4.426 

triG H1 5.236 4.895 5.056 5.019 

H2 3.938 3.632 3.924 3.927 

H3 4.093 4.129 4.053 3.927 

H4 4.168 4.058 4.144 4.150 

H5 4.646 4.424 4.490 4.411 

tetraG H1 5.234 4.892 5.059 5.015 

H2 3.933 3.627 3.918 3.941 

H3 u 4.118 4.026 3.936 

H4 u 4.051 4.132 4.134 

H5 4.646 u 4.479 4.409 

pentaG H1 5.234 4.892 5.056 5.064 5.013 

H2 3.932 3.623 3.916 3.922 

H3 4.092 4.120 4.010 4.035 3.938 

H4 4.163 4.052 4.133 4.142 

H5 4.646 4.422 4.477 4.407 

hexaG H1 5.232 4.889 5.050 5.061 5.010 

H2 3.938 3.623 3.912 3.920 

H3 4.090 4.119 4.003 4.036 3.937 

H4 4.161 4.051 4.131 4.140 

H5 4.644 4.421 4.470 4.405 
 

Table 5.2. Chemical shifts in ppm for polyG oligomers. G1α and G1β represent the reducing end residue in its α and β 

configuration, respectively. Ginterposing represents the residues between the reducing and the nonreducing end residues. Gnon 

represents the residue at the nonreducing end. The letter ‘u’ indicates that a chemical shift was unmeasurable. 
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 diG triG tetraG pentaG hexaG 

G1α & G1fβ 0.25 0.25 0.25 0.25 0.17 

G1β 0.99 u u 0.57 0.75 

Ginterposing n/a 0.86 1.98 2.99 3.80 

Gnon 0.85 1.07 1.12 1.05 0.90 
 

Table 5.3. Peak integrals for anomeric proton resonances in quantitative 1-D 1H spectra of polyG oligomers. G1α, G1fβ 

and G1β represent the reducing end residue in its α configuration, its β configuration and its β furanose configuration, 

respectively. Ginterposing represents the residues between the reducing and the nonreducing end residues. Gnon represents the 

residue at the nonreducing end. The letter ‘u’ indicates that an integral was unmeasurable. 
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 Residue NOE correlations 

diG G1α H2, intra  4.002      

G1β H2, intra H5, inter, Gnon      

Ginterposing n/a       

Gnon H2, intra H3, intra H4, inter, G1β H5, intra    

triG G1α H2, intra H5, intra      

G1β H2, intra H5, intra      

Ginterposing H2, intra H3, inter, G1β H4, inter, G1β H5, intra    

Gnon H2, intra H3, inter, Ginterposing H4, inter, Ginterposing H5, intra    

tetraG G1α H2, intra H5, intra      

G1β H2, intra H5, intra      

Ginterposing H2, intra H4, inter, G1β 4.149     

Gnon H2, inter, Ginterposing H4, inter, Ginterposing 4.042     

pentaG G1α H2, intra H5, intra      

G1β H2, intra H5, intra      

Ginterposing H2, intra H3, inter/intra, Ginterposing H4, inter, G1β H4, inter/intra, Ginterposing H5, intra 4.146 1.488 

Gnon H2, intra H3, inter, Ginterposing H4, inter, Ginterposing H5, intra    

hexaG G1α H2, intra H5, intra      

G1β H2, intra H5, intra      

Ginterposing H2, intra H3, inter/intra, Ginterposing H4, inter, G1α H4, inter, G1β H4, inter/intra, Ginterposing H5, 

intra 

 

Gnon H2, intra H3, intra H3, inter, Ginterposing H4, inter, Ginterposing H5, intra   

 

Table 5.4. Correlations in ROESY spectrum involving anomeric protons of polyG oligomers. Where no assignment 

was possible, the correlation is indicated by the chemical shift of the partner proton in ppm. A label of ‘inter/intra’ indicates 

that the inter- or intra-residue nature of the correlation was ambiguous. G1α and G1β represent the reducing end residue in its 

α and β configuration, respectively. Ginterposing represents the residues between the reducing and the nonreducing end 

residues. Gnon represents the residue at the nonreducing end. 
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Figure 5.1. Proposed mechanism of Dp0100-catalysed depolymerisation of polyG alginate.  (a)  X-ray crystal structure  

of hexaG overlaid on the active site of a TM5 structure with H187 present. Protein coordinates are taken from triGu-bound 

TM5 and hexaG ligand is overlaid, using the ligand position from hexaG-bound TM5 H187A variant. The enzyme is shown 

in cartoon representation with the central domain coloured yellow and the N-terminal domain coloured pink. Key residues 

are shown in stick representation. The Ca2+ ion is shown as a green sphere. The black arrow indicates the location of C5 of 

the α-L-guluronic acid residue in the +1 position.  (b)  Diagram of the proposed scheme for Dp0100-catalysed 

depolymerisation of polyG alginate. Abstraction of the H5 proton generates an aci-carboxylate, which collapses to leave an 

unsaturated sugar. 
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Figure 5.2. X-ray crystal structure of TM5 in complex with polyG oligomers.  a, b, c  X-ray crystal structure and scheme 

of TM5 complexed with triG oligomer.  (a)  Surface representation of TM5 (grey) complexed with triG, which is shown as 

sticks (yellow carbon atoms).  (b)  Binding site of TM5 complexed with triG, which is shown as sticks (yellow carbon 

atoms). Key residues are shown as sticks (grey carbon atoms) and the rest of the structure is shown in transparent cartoon 

representation (grey).  (c)  Scheme depicting structure and conformation of triG in the active site of TM5.  d, e, f  X-ray 

crystal structure of TM5 H187A variant complexed with hexaG oligomer.  (d)  Surface representation of TM5 H187A 

variant (grey) complexed with hexaG, which is shown as sticks (yellow carbon atoms).  (e)  Binding site of TM5 H187A 

variant complexed with hexaG, which is shown as sticks (yellow carbon atoms). Key residues are shown as sticks (grey 

carbon atoms) and the rest of the structure is shown in transparent cartoon representation (grey). Starting from the top hexaG 

residue, the subsites are numbered –2, –1, +1, +2, +3 and +4. Ca2+ and Mn2+ ions are shown as green and purple spheres, 

respectively. (f)  Scheme depicting structure and conformation of hexaG in the active site of TM5 H187A variant. 
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Figure 5.3. 1-D 1H NMR spectra of L-guluronic acid oligomers..  a–e, Comparative overlay of 1-D 1H NMR spectra of 

diG, triG, tetraG, pentaG and hexaG.  (a)  hexaG  (b)  pentaG  (c)  tetraG  (d)  triG  (e)  diG. In panels a–e, spectra were 

processed using 0.5 Hz Lorentzian line-broadening.  f–j, Comparative overlay of 1-D 1H NMR spectra of diG, triG, tetraG, 

pentaG and hexaG, focusing on the anomeric proton signals. (f)  hexaG  (g)  pentaG  (h)  tetraG  (i)  triG  (j)  diG. In panels 

f–j, spectra were processed using a Gaussian function with a max position of 0.9 and Lorentzian line-broadening set to -1.0 

Hz, and the spectra were scaled so that the intensity of the peak for the reducing residue in its β configuration was the same 

in each spectrum. Samples of all five oligomers were prepared at concentrations of 3–11 mM in 100% 2H2O containing 1 

mM TSP, 2 mM NaN3 and 50 mM HEPES at pD 8–8.05.  
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Figure 5.4. ROESY spectrum of triG.  A ROESY spectrum recorded using a sample of 7.3 mM triG prepared in 100% 

2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05 and a mixing time of 200 ms. An external 1H spectrum of the 

sample was used to produce the horizontal and vertical axes traces. Positive peaks along the diagonal are coloured black and 

negative crosspeaks are coloured green. 
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Figure 5.5. 1H13C-HSQC spectrum of triG.  A 1H13C-HSQC spectrum recorded without 13C-decoupling using a sample of 

7.3 mM triG prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3 and 50 mM HEPES at pD 8.05. An external 1H spectrum 

of the sample was used to produce the horizontal axis trace. Each pair of peaks is labelled with its 1JC1,H1 value. For clarity 

only positive peaks are shown. 
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6. Conclusions and Future Directions 

This work has investigated the roles of conformational changes in two biomolecules. In the 

first part of the thesis, βPGM was shown to exist in two conformations in the substrate-free 

state, which each constitute around 50% of the population. This multi-second dynamic was 

shown to arise from a cis-trans proline isomerism on the periphery of the active site. Owing to 

the coupling of this isomerism to the position of a vital catalytic lysine residue, the exchange 

process results in the two populations having considerably different activities. In the presence 

of the activator, which acts as a substrate, the population becomes biased towards full activity. 

In the absence of the activator, activity is reduced, which prevents the non-desirable 

dephosphorylation of key glycolytic intermediates. This elegant regulatory mechanism, termed 

allomorphy, could have evolved to enable organisms to rapidly switch between nutrient sources, 

giving them a competitive advantage over organisms that relied on coarse control mechanisms 

at the level of transcription and translation to adapt to changes in the environment. 

 

Allomorphy manifests similarly to two other known post-translational regulatory mechanisms 

that act on enzymes: allostery and the less well-known allokairy. All of these mechanisms 

involve two or more distinct conformations of the enzyme, emphasising the importance of 

understanding protein dynamics. Allostery has been exploited in drug development and many 

drugs are known to act allosterically. For example, benzodiazepines, which are a globally 

important class of drugs, bind to the γ-aminobutyric acid (GABA) receptor and allosterically 

enhance the activity of the GABA neurotransmitter.210 Allokairy, having been discovered more 

recently than allostery, is yet to be exploited to create therapeutic drugs, however it is already 

implicated in certain types of diabetes and hyperinsulinemic hypoglycemia. The prevalence 

and therefore the therapeutic usefulness of allomorphy is yet to be seen. Although βPGM of L. 

lactis does not represent an important target of modern drug development, the observation of a 

novel regulatory mechanism could present new opportunities for drug discovery in other 

enzymes. Several other enzymes are known to exhibit similar kinetic behaviour in response to 

different activating molecules. If allomorphy was found to be present in other systems, it may 

inspire the design of new classes of activators and inhibitors, which work to bias the two-

species exchange in favour of either the active or less active enzyme form. This possibility 

presents an opportunity for future research, particularly given the impact that the concept of 

allostery has had on drug development. The discovery of allomorphy also highlights the 
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importance of understanding fundamental dynamic phenomena in proteins. NMR is an 

excellent technique for furthering this understanding and the development of powerful 

computational techniques is likely to generate increasingly accurate insight into protein 

dynamics. 

 

In the second part of this thesis, an enzyme with a more direct commercial relevance was 

investigated. Here, the mechanism that enables the alginate lyase, Dp0100, to depolymerise 

both polyG and polyM forms of its alginate substrate was uncovered. Because of the 

considerable differences between the chain conformations of polyG and polyM, most of the 

alginate lyase enzymes discovered to date are capable of depolymerising only one of them. 

Dp0100 is unusual in that it has dual specificity towards these substrates. Crystallographic 

evidence was presented indicating that an alternative conformation of polyG alginate is 

stabilised in the active site of Dp0100. In this alternative conformation, the chain structure of 

polyG mirrors that of its C5 epimer, polyM. The few structural differences that remain between 

the two substrates are then managed by the existence in the active site of two separate residues 

that can act as a general base. 

 

The alternative polyG conformation present in the active site of Dp0100 goes against the 

literature consensus for the structure of polyG. Efforts were therefore made to observe this 

alternative polyG conformation in solution. In corroboration of previous results, little evidence 

was found to suggest that the alternative conformation exists in any substantial population in 

solution. It is therefore concluded that the active site of Dp0100 is able to stabilise the 

alternative conformation. It is possible that Dp0100 is capable of catalysing the conformational 

change required for the reaction with polyG and this is an area in which more research is 

required. What is also unclear is whether this alternative conformation is important in the 

poorly understood process of alginate gelation. Ca2+ ions are required for alginate gelation to 

occur and the presence of a Ca2+ ion in the alginate-bound Dp0100 active site hints that 

stabilisation of this alternative polyG conformation may be involved in gelation. The structure 

of the inter-chain junction zones in Ca-alginate gels is still disputed and this new conformation 

of polyG identified here shows that alternative conformations of alginate must be considered 

in hypotheses concerning the structure of alginate gels. X-ray crystal structures give excellent 

insight into the workings of enzymes like Dp0100 and βPGM, but with the support of 

techniques that are capable of measuring dynamic properties of these molecules, a far richer 
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structural description can be achieved. As with allomorphy in βPGM, without an understanding 

of the conformational changes that occur during catalysis, the behaviour of Dp0100 would be 

difficult to explain. 

 

These investigations into βPGM and Dp0100 give specific evidence of the ways in which 

conformational changes contribute to enzyme catalysis. In both instances, a conformational 

change alters the way the enzyme interacts with substrate. In the case of βPGM, the two 

different conformers of the substrate-free enzyme interact differently with substrates, with 

alternative phosphorylating agents such as F16BP unable to immediately generate a fully active 

βPGM population. In Dp0100, it is the substrate itself that changes conformation, enabling a 

single active site to catalyse the cleavage of two distinct polymers. The intricacy of the 

mechanisms described in this thesis for just two enzymes raises the staggering possibility that 

there exists just as much complexity in the mechanisms of a vast number of enzymes across 

the kingdom of life. 

 

In conclusion, it is clear that conformational changes are important in the function of 

biomolecules such as enzymes. A deeper understanding of the conformational changes that 

take place during enzyme catalysis could provide a platform for new classes of drugs or 

different ways to control the gelling properties of alginate. 
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Supplementary Figure 3.1.  Pathways for trehalose and maltose metabolism in L. lactis. 
Trehalose is transported into cells by the phosphoenolpyruvate-dependent phosphotransferase 

system yielding T6P, which is phosphorolysed by Pi-dependent trehalose 6-phosphate 

phosphorylase to G1P and G6P. In contrast, maltose enters cells by the ATP-dependent 

permease system and is phosphorolysed by the action of Pi-dependent maltose phosphorylase 

to G1P and glucose. Glucose is subsequently phosphorylated to G6P by glucokinase and 

enters glycolysis via fructose 6-phosphate (F6P) and F16BP. PGM catalyses the isomerisation 

of G1P to G6P, allowing complete catabolism of both trehalose and maltose. PGM deficient 

L. lactis is unable to grow on trehalose and when cultured on maltose (disaccharide composed 

of (1→4)-linked glucose units) the cells excrete G1P into the growth medium and 

accumulate intracellularly G1P (~0.7 M), T6P (~2.7 M) and amylose (polysaccharides 

composed of (1→4)-linked glucose units). This observation is consistent with both Pi-

dependent trehalose 6-phosphate phosphorylase and Pi-dependent maltose phosphorylase 

operating in the reverse sense (grey dotted arrows) to their physiological roles in wild-type L. 

lactis, resulting in excess G1P being combined with G6P to form T6P or polymerised as 

(1→4) glucose units to form amylose. 
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Supplementary Figure 3.2.  Solution behaviour of PGM.  (a)  1H15N-TROSY spectrum of 
2H15N13C-PGMWT in standard NMR buffer containing 5 mM tris. A selection of well-resolved 

residues are labelled which populate conformer A (orange labels) and conformer B (blue labels) 

in slow exchange.  (b)  1H15N-TROSY spectrum of 2H15N13C-PGMP146A in standard NMR 

buffer. PGMP146A populates one conformer and the same selection of residues has been 

labelled in dark green for comparison.  (c)  1H15N-TROSY spectrum of 15N-PGMWT in filtered 

milk where both conformers are populated.  (d)  1H NMR spectrum of 15N-PGMWT in filtered 

milk showing the major milk components. The concentrations of lactose and citrate are 

estimated as 17 mM and 5 mM, respectively. 
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Supplementary Figure 3.3.  Effect of different phosphorylating agents on PGMWT.  ad, 

Comparative overlays of a section of 1H15N-TROSY spectra highlighting the behaviour of 

residues F7, S48, S88, L103, I110, D133, Q172 and L209.  (a)  PGMWT (black) populates 

conformer A and conformer B in slow exchange for a subset of these residues. The addition of 

3 mM BeCl2 and 10 mM NH4F to the PGMWT sample induces the population of a single 

PGMWT:BeF3 complex (magenta) (BMRB 17851), which is an analogue of phosphorylated 

conformer A (AP).  (b)  PGMWT supplemented with AcP (black) populates AP as the dominant 

species, which shows a good degree of correspondence with the AP analogue (magenta).  (c)  

PGMWT supplemented with F16BP (black) populates AP as the dominant species, which again 

overlays well with the AP analogue (magenta).  (d)  PGMWT supplemented with G16BP 

(black) populates a PGMWT:G16BP complex (A:G16BP), which shares a better 

correspondence with the Mg2+-saturated PGMD10N:G16BP complex (pale blue) (BMRB 

27174) than with the AP analogue (magenta). 
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Supplementary Figure 3.4.  Residue specific backbone amide group chemical shift 

differences () for PGMWT and PGMP146A.  (a)  Chemical shift differences between 

conformer A and conformer B.  (b)  Chemical shift differences between conformer A and 

PGMP146A.  (c)  Chemical shift differences between conformer B and PGMP146A.  (d)  

Chemical shift differences between the PGMWT:MgF3:G6P TSA and the 

PGMP146A:MgF3:G6P TSA complexes.  (e)  Chemical shift differences between PGMP146A 

and phosphorylated PGMP146A (BP).  (f)  Chemical shift differences between conformer B and 

the PGMWT:BeF3 complex (AP analogue). In panels (b) and (c), bars are coloured blue if 

residues in (a) showed a  value greater than zero, otherwise bars are coloured black. 

Disregarding the dominant effect of the P146A substitution (large black bars), there are smaller 

and fewer chemical shift perturbations (blue bars) in (c) than in (b) suggesting that conformer 

B adopts a conformation closely similar to PGMP146A. At the top of the panel, secondary 

structure elements from PGMWT (PDB 2WHE) are indicated by grey bars (-helices) and 

arrows (-strands). Residues in conformer A and conformer B with missing backbone amide 

peaks in the 1H15N-TROSY spectrum of PGMWT are shown by black rectangles, whereas 

missing backbone amide peaks in conformer B only are shown by purple rectangles. Proline 

residues in PGMWT are denoted by pink rectangles. 
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Supplementary Figure 3.5.  Chemical shift analysis of PGMWT and PGMP146A.  (a)  

Random coil index order parameter (RCI-S2) prediction of conformer A (orange circles) and 

conformer B (blue circles) obtained using TALOS-N. Secondary structure elements, the extent 

of assignment and proline residue locations are presented at the top of the panel for PGMWT 

as described previously.  (b)  Comparison of assignable proline 13C chemical shifts in 

PGMWT for conformer A (orange bars) and conformer B (blue bars). Orange bars with vertical 

black shading indicate identical chemical shifts for conformer A and conformer B. The 13C 

resonances of P146 and P148 in conformer B are likely to be broadened beyond detection due 

to conformation exchange in the K145I150 region occurring on the millisecond timescale. 

Dotted horizontal lines represent average proline 13C chemical shift values with trans (31.8 ± 

1.0 ppm) and cis (33.8 ± 1.2 ppm) Xaa-Pro peptide bonds.  (c)  RCI-S2 prediction of PGMP146A 

(dark green circles) obtained using TALOS-N. Secondary structure elements, the extent of 
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assignment and proline residue locations are presented at the top of the panel for PGMP146A 

as described previously. 
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Supplementary Figure 3.6.  Solution behaviour of PGM under variable ion 

concentrations.  (a)  1H15N-TROSY spectrum of 15N-PGMWT in standard NMR buffer 

containing 200 mM NaCl. The dominant population of PGMWT is conformer A.  (b)  1H15N-

TROSY spectrum of 15N-PGMWT in deionised water. The dominant population of PGMWT 

is conformer B.  (c)  1H15N-TROSY spectrum of 15N-PGMWT in standard NMR buffer 

containing 100 mM MgCl2. The dominant population of PGMWT is conformer A.  (d)  1H15N-

TROSY spectrum of 15N-PGMWT in Mg2+-free standard NMR buffer. Both conformer A and 

conformer B are populated. 
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Supplementary Figure 3.7.  Effect of different phosphorylating agents on PGM.  a, b, 

Overlays of a section of 1H15N-TROSY spectra for PGMWT and PGMP146A highlighting the 

behaviour of residue A113.  (a)  PGMWT (black) populates conformer A and conformer B in 

slow exchange. PGMWT recorded in filtered milk (red) populates conformer A and conformer 

B. PGMWT supplemented with AcP (pink) populates AP as the dominant species and BP. 

PGMWT supplemented with G16BP (green) populates an A:G16BP complex.  (b)  

PGMP146A (black) populates conformer B. PGMP146A supplemented with AcP (pink) 

populates conformer B, AP and BP. PGMP146A supplemented with G16BP (green) populates 

an AP:G6P complex and a B:G16BP complex.  Peaks indicated by grey asterisks correspond 

to the PGMWT:BeF3 complex (grey; N = 133.5 ppm; BMRB 17851), which is an analogue of 

AP, and the Mg2+-saturated PGMD10N:G16BP complex (grey; N = 133.8 ppm; BMRB 

27174), which is a mimic of the A:G16BP complex, and are shown for comparison. 
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Supplementary Figure 3.8.  Binding of small molecules to PGMWT.  a, b, Active site 

coordination for citrate, acetate and tris in the PGMWT:citrate complex (PDB 6YDM). 

PGMWT was crystallised in the presence of citrate in a crystallisation buffer containing acetate 

and tris. Selected active site residues and ligands are shown as sticks with PGMWT (grey 

carbon atoms), citrate (gold carbon atoms), acetate (purple carbon atoms) and tris (teal carbon 

atoms) for both chains of the crystallographic asymmetric unit. Red spheres indicate structural 

water molecules and orange dashes show probable hydrogen bonds.  c, Changes in intermediate 

exchange behaviour on tris binding. Cartoon representation of the PGMWT:citrate complex 

highlighting the extent of active site residues undergoing intermediate exchange behaviour in 

the original PGMWT assignment (without tris; cyan backbone, D8, L9, D10, G11, V12, I13, 

T14, D15, T16, R38, L44, K45, G46, V47, S48, R49, E50, D51, S52, L53, S114, A115, S116, 

K117, N118, V141, A142, K145, S171 and Q172; BMRB 7235) and in the assignment of 

conformer A (with tris; black backbone, L9, D10, G11, R38, L44, K45, G46, S48, R49, E50, 

D51, S52, L53, K117, N118, D170 and S171; BMRB 28095). The coordination of tris (teal 

carbon atoms) in the active site cleft perturbs the exchange behaviour for some loop residues, 



169 
 

 

with the result that the corresponding resonances are no longer broadened beyond detection 

and can therefore be assigned. The catalytic Mg2+ ion is shown as a green sphere. 
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Supplementary Figure 3.9.  Activity of PGMWT and PGMP146A.  a, b, Initial rate 

measurements for PGMWT and PGMP146A using the coupled assay. The solid lines represent 

a global fit of the data to Equation 3.1 and vertical black lines indicate standard error of the 

mean of three replicate measurements.  (a)  PGMWT initial rate measurements at a range of 

G1P concentrations (10, 20, 30, 50, 70, 100, 150, 200, 300, 500, 700 µM) and G16BP 

concentrations (0.4, 1, 2, 5, 10 µM, grey gradient increasing with concentration).  (b)  

PGMP146A initial rate measurements at a range of G1P concentrations (5, 10, 15, 20, 30, 50, 

70, 100, 200, 300, 500 µM) and G16BP concentrations (2, 5, 10, 35, 50, 100 µM, green 

gradient increasing with concentration).  c, d, Reaction kinetics monitored by 31P NMR spectra 

for PGMWT (grey tones) and PGMP146A (green tones) for the equilibration of G1P with G6P 

in standard kinetic buffer. The reactions were initiated by the addition of 20 mM AcP. 

Normalised integral values for the G1P peak (black / dark green) and the G6P peak (grey / 
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light green) are plotted as a function of time.  e, f, 19F NMR spectra of the PGM:MgF3:G6P 

TSA complexes formed using either PGMWT (black) or PGMP146A (green) in standard NMR 

buffer, supplemented with 15 mM NaF and 10 mM G6P. Chemical shifts are given in ppm for 

each 19F resonance:  PGMWT:MgF3:G6P TSA complex (FA = 146.9, FB = 151.9 and FC = 

159.0) and PGMP146A:MgF3:G6P TSA complex (FA = 147.0, FB = 151.8 and FC = 159.2). 

Resonances indicated by black asterisks correspond to an alternative conformation of the 

PGM:MgF3:G6P TSA complexes. Free F resonates at 119.1 ppm and the full peak intensity 

has been truncated for clarity. 
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Supplementary Table 3.1.  Data collection, data processing and refinement statistics for the PGM 

complexes 

Complex PGMWT:citrate PGMWT PGMP146A PGMP146A:MgF3:G6P 

PDB Code PDB 6YDM PDB 6YDL PDB 6YDK PDB 6YDJ 

Crystallisation conditions 0.6 mM PGMWT 

50 mM citrate 

0.6 mM PGMWT 0.5 mM PGMP146A 0.4 mM PGMP146A 

10 mM G6P 

15 mM NaF 

Crystal morphology Rod shaped crystals Rod shaped crystals Rod shaped crystals Large plate crystals 

Wavelength (Å) 

Beamline, Facility 

0.97179 

Beamline i03, DLS 

0.92819 

Beamline i04-1, DLS 

0.97950 

Beamline i04, DLS 

0.91587 

Beamline i04-1, DLS 

Resolution (Å)  1 46.57 – 2.10 

(2.16 – 2.10) 

44.65 – 1.52 

(1.56 – 1.52) 

43.95 – 2.02 

(2.05 – 2.02) 

54.25 – 1.04 

(1.06 – 1.04) 

Space group P212121 P212121 P212121 P212121 

Cell dimensions: 

a, b, c (Å) 

, ,  (°) 

 

53.1, 76.6,117.3 

90.0, 90.0, 90.0 

 

53.3, 54.1, 81.9 

90.0, 90.0, 90.0 

 

53.3, 56.2, 77.7 

90.0, 90.0, 90.0 

 

37.1, 54.3, 104.3 

90.0, 90.0, 90.0 

Total reflections  1 239876 (15971) 264843 (16619) 103063 (2568) 680305 (21980) 

Unique reflections  1 27995 (2095) 36815 (2658) 15683 (686) 101730 (5021) 

Multiplicity  1 8.6 (7.6) 7.2 (6.3) 6.6 (3.7) 6.7 (4.4) 

Completeness (%)  1 97.5 (90.1) 99.3 (99.3) 98.8 (88.9) 99.9 (99.3) 

<I/σI>  1 13.7 (3.7) 18.8 (1.3) 14.4 (1.2) 12.4 (1.1) 

Wilson B factor (Å2) 24.2 21.2 32.2 7.4 

Rmerge  1 0.093 (0.536) 0.044 (1.190) 0.075 (0.953) 0.067 (1.138) 

Rpim  1 0.033 (0.198) 0.019 (0.561) 0.031 (0.506) 0.028 (0.609) 

CC-half  1 0.999 (0.899) 1.000 (0.536) 0.999 (0.556) 0.999 (0.544) 

Molecular replacement 

model 

PDB 2WHE PDB 2WHE PDB 2WHE PDB 2WF5 

Rfactor 0.230 0.183 0.214 0.149 

Rfree 0.290 0.216 0.253 0.169 

Number of atoms: 

Protein 

Ligands 

Metal ions 

Water 

 

3379 

38 

2 

187 

 

1733 

0 

1 

148 

 

1708 

0 

1 

36 

 

1704 

29 

2 

209 

Protein residues 438 219 221 218 

RMS deviations: 

Bonds (Å) 

Angles (°) 

 

0.0089 

1.482 

 

0.0145 

1.497 

 

0.0125 

1.522 

 

0.0093 

1.473 

Average B factors (Å2) 

Main chain 

Side chains 

Ligands 

Metal ions 

Water 

 

32 

36 

50 

27 

33 

 

25 

29 

N/A 

27 

36 

 

15 

27 

N/A 

44 

39 

 

11 

13 

10 

10 

24 

Ramachandran analysis 

Favoured/allowed (%) 

Disallowed (%) 

Favoured rotamers (%) 

Poor rotamers (%) 

 

97.7 

0.0 

94.1 

1.10 

 

98.6 

0.0 

96.2 

0.54 

 

97.7 

0.0 

96.7 

1.11 

 

97.7 

0.0 

95.1 

0.55 

MolProbity score 1.29 

(99th percentile, 

2.10 ± 0.25 Å) 

0.93 

100th percentile, 

1.52 ± 0.25 Å) 

0.98 

(100th percentile, 

2.02 ± 0.25 Å)) 

0.66 

(99th percentile, 

1.04 ± 0.25 Å) 

1 Values for the higher resolution shell are in parentheses 
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Supplementary Figure 4.1.  Initial rate measurements for the conversion of βG1P to G6P 

catalysed by βPGMD170N monitored using a glucose 6-phosphate dehydrogenase (G6PDH) 

coupled assay.  (A)  Reactions were conducted in 200 mM K+ HEPES buffer (pH 7.2), 5 mM 

MgCl2, 1 mM NAD+ and 5 U/mL G6PDH containing 10 μM βPGMD170N, 1 mM βG1P and 

were initiated using increasing concentrations of βG16BP (10, 25, 50, 100, 150, 250, 350, 750, 

1000, 1500, 2500 μM). Initial rates of G6P production were obtained using a linear least-

squares fitting routine. Subsequent fitting of these rates to Equation 4.1 using an in-house 

Python non-linear least squares fitting program yielded an apparent Km (βG16BP) = 150 ± 13 

μM.  (B)  Reactions were conducted in 200 mM K+ HEPES buffer (pH 7.2), 5 mM MgCl2, 1 

mM NAD+ and 5 U/mL G6PDH containing 10 μM βPGMD170N and increasing concentrations 

of βG1P (50, 100, 200, 300, 500, 700, 1000, 1500, 2000, 3000, 5000 μM) and were initiated 

using 250 μM βG16BP. Initial rates of G6P production were obtained using a linear least-

squares fitting routine. Subsequent fitting of these rates to Equation 4.2 using an in-house 

Python non-linear least squares fitting program yielded an apparent Km (βG1P) = 6.9 ± 1.0 μM 

and an apparent Ki (βG1P) = 1536 ± 170 μM. 
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Supplementary Figure 4.2.  Activity of βPGMWT and βPGMD170N with increasing MgCl2 

concentration. Normalised initial rate measurements for the conversion of βG1P to G6P by 

either βPGMWT (black circles) or βPGMD170N (green circles) at different concentrations of 

MgCl2 monitored using a G6PDH coupled assay. Reactions were conducted in 200 mM K+ 

HEPES buffer (pH 7.2) containing different concentrations of MgCl2 (0, 0.1, 0.3, 0.6, 1.0, 1.5, 

2.5, 5, 10, 20, 50 and 100 mM), 1 mM NAD+, 5 U/mL G6PDH, 1 mM βG1P and either 1 nM 

βPGMWT with 100 μM βG16BP, or 10 μM βPGMD170N with 1250 μM βG16BP. Initial rates of 

G6P production were obtained using a linear least-squares fitting routine. Subsequent fitting of 

these rates to Equation 4.2 using an in-house Python non-linear least squares fitting program 

yielded an apparent Km (Mg2+) = 180 ± 40 μM for βPGMWT and an apparent Km (Mg2+) = 690 

± 110 μM for βPGMD170N. The standard error of the mean of three technical replicates falls 

within the radii of the data points. The discrepancy between the Km (Mg2+) value obtained using 

the G6PDH coupled assay and 31P NMR time-course experiments (Fig. 3B–C) is likely due to 

the different conditions employed, although similar maximal initial rates of reaction are 

observed using each technique (maximal initial rate using G6PDH coupled assay = 0.009 s-1; 

maximal initial rate using 31P NMR time-course experiments = 0.012 s-1). These observations 

indicate that a component of the reaction mixture used in the 31P NMR experiments is 

competing with Mg2+ ions to bind to βPGMD170N. One notable difference between the 

conditions of each technique is the 10-fold higher βG1P concentration used in the 31P NMR 

experiments. Given that βPGMD170N experiences βG1P inhibition (Fig. S1B) at a comparable 

level to βPGMWT, this behaviour provides a likely source for the competitive inhibition 

observed in the 31P NMR experiments. Although the mechanism for βG1P inhibition has not 

been structurally characterised, it is plausible that βG1P binds to Mgcat-free βPGMD170N to form 

a closed complex, thus preventing βG16BP production in Step 1 and G6P production in Step 

2, until dissociation occurs. 
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Supplementary Figure 4.3.  Solution behaviour of  substrate-free βPGM. Overlay of 1H15N-

TROSY spectra for substrate-free βPGMWT (black) and substrate-free βPGMD170N (green), 

recorded in 50 mM K+ HEPES buffer (pH 7.2), 5 mM MgCl2, 2 mM NaN3, 10% 2H2O (v/v) 

and 1 mM TSP. There is a broad correspondence between peaks of βPGMWT and βPGMD170N, 

indicating a similar solution behaviour and overall protein fold. Two conformers are present in 

slow exchange   (~70% conformer A and ~30% conformer B) for both βPGMWT and 

βPGMD170N, which arise from cis-trans isomerisation at the K145-P146 peptide bond.23,179 

Additionally, ~15 peaks are present for βPGMD170N, which are absent in βPGMWT due to 

backbone conformational exchange on the millisecond timescale.23,179 This observation 

indicates that residue N170 in βPGMD170N abolishes the intermediate exchange dynamic that 

residue D170 propagates in βPGMWT. 
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Supplementary Figure 4.4.  Comparative overlays of a section of 1H15N-TROSY spectra for 

substrate-free βPGM recorded in 50 mM K+ HEPES buffer (pH 7.2), 5 mM MgCl2, 2 mM 

NaN3, 10% 2H2O (v/v) and 1 mM TSP.  (A)  Comparison of substrate-free βPGMD170N that had 

been preincubated at 25 °C for 0 h (light green) and 48 h (dark green). Near-identical spectra 

indicate that the incubation process has a negligible effect on the stability of substrate-free 

βPGMD170N.  (B)  Comparison of substrate-free βPGMD170N preincubated at 25 °C for 0 h (light 

green) and substrate-free βPGMWT (black).  (C)  Comparison of substrate-free βPGMD170N 

preincubated at 25 °C for 48 h (dark green) and substrate-free βPGMWT (black). The absence 

of observable βPGMWT peaks in the βPGMD170N spectrum indicates that reversion of 
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βPGMD170N to βPGMWT through deamidation is not a process that occurs readily under these 

sample conditions. 
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Supplementary Figure 4.5.  Activity of βPGMD170N in 200 mM K+ HEPES buffer (pH 7.2) 

and 100 mM MgCl2 monitored using 31P NMR time-course experiments.  (A)  Reaction kinetics 

for the equilibration of 10 mM βG1P with G6P catalysed by 200 μM βPGMD170N that had been 

preincubated at 25 °C for 0 h (light green symbols), 24 h (medium green symbols) and 48 h 

(dark green symbols). The reactions were initiated by and timed from the addition of 20 mM 

AcP. Normalised integral values of the 31P resonances of βG16BP and G6P have been 

converted to concentrations and are plotted as a function of time for βG16BP (open circles) 

and G6P (closed circles).  (B)  Reaction kinetics for the equilibration of 10 mM βG1P with 

G6P catalysed by 200 μM βPGMD170N containing 200 nM βPGMWT (representative of 0.1% 

reversion of βPGMD170N to βPGMWT through deamidation). The reaction was initiated by and 

timed from the addition of 20 mM AcP. Normalised integral values of the 31P resonances of 

βG16BP and G6P have been converted to concentrations and are plotted as a function of time 

for βG16BP (open circles) and G6P (closed circles). 
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Supplementary Figure 5.1.  Comparison of TM5 substrate positions.  (a)  Overlay of triGu (sticks, 

cyan carbon atoms) and hexaG (sticks, yellow carbon atoms) in the active site of TM5 using the 

coordinates of the triGu-bound enzyme to highlight key residues (sticks, grey carbon atoms). The rest 

of the TM5 active site is shown in grey cartoon representation, with the Ca2+ ion as a green sphere. (b) 

Overlay of hexaG and a polyM pentasaccharide (sticks, pink carbon atoms) in the active site of TM5. 

Colours are the same as in (a) except for polyM. Again, the coordinates of the triGu-bound enzyme are 

used to highlight the positions of key residues. 
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Supplementary Figure 5.2. COSY spectrum of diG. A COSY spectrum recorded using a sample of 10.6 mM diG prepared 

in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was used to 

produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured green. 
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Supplementary Figure 5.3. COSY spectrum of triG. A COSY spectrum recorded using a sample of 7.3 mM triG prepared 

in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was used to 

produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured green. 
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Supplementary Figure 5.4. COSY spectrum of tetraG. A COSY spectrum recorded using a sample of 6.2 mM tetraG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.5. COSY spectrum of pentaG. A COSY spectrum recorded using a sample of 10.0 mM pentaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.6. COSY spectrum of hexaG. A COSY spectrum recorded using a sample of 3.3 mM hexaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.7. TOCSY spectrum of diG. A TOCSY spectrum recorded using a sample of 10.6 mM diG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green.  
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Supplementary Figure 5.8. TOCSY spectrum of triG. A TOCSY spectrum recorded using a sample of 7.3 mM triG prepared 

in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was used to 

produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured green. 
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Supplementary Figure 5.9. TOCSY spectrum of tetraG. A TOCSY spectrum recorded using a sample of 6.2 mM tetraG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.10. TOCSY spectrum of pentaG. A TOCSY spectrum recorded using a sample of 10.0 mM pentaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.11. TOCSY spectrum of hexaG. A TOCSY spectrum recorded using a sample of 3.3 mM hexaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.12. ROESY spectrum of diG. A ROESY spectrum recorded using a sample of 10.6 mM diG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green.   
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Supplementary Figure 5.13. ROESY spectrum of tetraG. A ROESY spectrum recorded using a sample of 6.2 mM tetraG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.05. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.14. ROESY spectrum of pentaG. A ROESY spectrum recorded using a sample of 10.0 mM pentaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.15. ROESY spectrum of hexaG. A ROESY spectrum recorded using a sample of 3.3 mM hexaG 

prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3, 50 mM HEPES at pD 8.0. An external 1H spectrum of the sample was 

used to produce the horizontal and vertical axes traces. Positive peaks are coloured black and negative crosspeaks are coloured 

green. 
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Supplementary Figure 5.16. 1H13C-HSQC spectrum of diG. A 1H13C-HSQC spectrum recorded without proton decoupling 

using a sample of 10.6 mM diG prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3 and 50 mM HEPES at pD 8.05. An 

external 1H spectrum of the sample was used to produce the horizontal axis trace. Each pair of peaks is labelled with its 1JC1,H1 

value. For clarity only positive peaks are shown.  
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Supplementary Figure 5.17. 1H13C-HSQC spectrum of tetraG. A 1H13C-HSQC spectrum recorded without proton 

decoupling using a sample of 6.2 mM tetraG prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3 and 50 mM HEPES at pD 

8.05. An external 1H spectrum of the sample was used to produce the horizontal axis trace. Each pair of peaks is labelled with 

its 1JC1,H1 value. For clarity only positive peaks are shown. 
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Supplementary Figure 5.18. 1H13C-HSQC spectrum of pentaG. A 1H13C-HSQC spectrum recorded without proton 

decoupling using a sample of 10.0 mM pentaG prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3 and 50 mM HEPES at 

pD 8.0. An external 1H spectrum of the sample was used to produce the horizontal axis trace. Each pair of peaks is labelled 

with its 1JC1,H1 value. For clarity only positive peaks are shown. 
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Supplementary Figure 5.19. 1H13C-HSQC spectrum of hexaG. A 1H13C-HSQC spectrum recorded without proton 

decoupling using a sample of 3.3 mM hexaG prepared in 100% 2H2O with 1 mM TSP, 2 mM NaN3 and 50 mM HEPES at pD 

8.0. An external 1H spectrum of the sample was used to produce the horizontal axis trace. Each pair of peaks is labelled with 

its 1JC1,H1 value. For clarity only positive peaks are shown. 

 

 


