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Production of microalgal derived biofuels and bioproducts have recently been the focus of significant academic and commercial research, with the aim of replacing prevailing finite fossil fuel derived alternatives. Much of these efforts are focused on increasing algal and lipid productivity in order to reduce costs to an economically sustainable level, while maintaining environmental sustainability. In this research project, a series of investigations were carried out to determine the influence of organic carbon supplementation on the carbon metabolism of green algae and how this impacted both growth rate and lipid productivity. 
Initially molecular characterisation was carried out on a locally isolated algae species, subsequently identified as Micractinium inermum. This species was found to have a high growth rate under mixotrophic conditions. Further work was undertaken to test a hypothesis that endogenic production of CO2 and O2, under mixotrophic conditions, reduces gaseous limitations on respiration and photosynthesis. This hypothesis was supported, indicating the two energy systems in mixotrophic conditions (photosynthesis and organic carbon) work synergistically. 
The second element of this project investigated interactions of carbon supplementation and photosynthesis on the carbon metabolism of Chlamydomonas reinhardtii under N stress. A comprehensive analysis of changes in biochemical composition, photosynthetic capacity and transcription of key metabolic genes was undertaken. The first component of this work aimed at determining the influence of carbon supplementation and photoperiod on the metabolic response to N stress. The key trend observed in this investigation was the flux of carbon in favour of starch and in detriment to triacylglycerol (TAG) accumulation, under a diurnal light period. The final investigation was undertaken to determine the influence of photosynthesis, and cyclic electron flow (CEF) in particular, on carbon assimilation and TAG and starch biosynthesis. Data produced from this experiment indicated CEF activity is an important component of lipid biosynthesis. 
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1,3-BPG 	1,3-biphosphoglycerate
2-PGA 	2-phosphoglycerate
3-PGA 	3-phoshoglyerate
6PG 	6-phospho-gluconate
6-PGL 	 6-phosphogluconolactone
acx2 	α-carboxyltransferase subunit of plastidic multimeric acetyl-coA carboxylase
ADP-Glu 	adenosine diphosphate glucose
ATP 	adenosine triphosphate
CBC 	compensatory base changes (CBC)
DAG 	diacylglycerol;
DCW 	dry cell weight
DGDG 	digalactosyldiacylglycerol;
DHAP 	dihydroxyacetone phosphate;
DIC 	dissolved Inorganic Carbon
DO 	dissolved Oxygen
FADH2 	flavin adenine dinucleotide quinone
Fru-1,6-BP 	fructose-1,6-biphosphate
Fru-6-P 	fructose-6-phosphate
G1P 	glucose-1-phosphate
G3P 	glycerol-3-phosphate
G6P 	glucose-6-phosphate
GA3P 	glucose-6-phosphate
gpd2 	glycerol-3-phosphate dehydrogenase 2
gld2 	glucose-6-phosphate dehydrogenase 2
icl1 	isocitrate lysase 1
Lyso-PA 	lyso-phosphatic acid;
MGDG 	monogalactosyldiacylglycerol;
NAABB 	national alliance of advance biofuels and bioproducts
NADH 	nicotinamide adenine dinucleotide;
NADPH 	nicotinamide adenine dinucleotide phosphate;
NEB	net energy balance
NHS 	non-homoplasious synapomorphies
ogd1 	2-oxoglutarate dehydrogenase, E1 subunit;
PA	phosphatic acid
PBR	photobioreactor
PEP	phosphoenolpyruvate;
pgd1	plastid galactoglycerolipid degradation 1;
rbsc2 	ribulose-1,5-bisphosphate carboxylase/oxygenase small subunit 2;
Ru5P 	ribose-5-phosphate.
RuBP 	ribulose-1,5-biphosphate;
sta2	starch synthase granule-bound
TAG 	triacylglycerol
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[bookmark: _Toc462059730]Introduction
Since the beginning of the 20th century the world has experienced unprecedented economic growth which has been underpinned by the availability of cheap and plentiful energy (Smil, 2000). In this period, the world’s population has quadrupled while total primary energy consumption has increased by a factor of 23, despite huge advances of efficiency (BP plc., 2012; Dorman and Smith, 2011; Smil, 2000). The amount of energy consumed by human activity is enormous. The current annual world energy consumption is approximately 500 exajoules (IEA, 2014). Contextualised, this is enough energy to power a 20W light bulb for 0.9 trillion years, 64 times the age of the universe. Almost the entirety (81%) of the world’s enormous demand for energy has been, and continues to be, met through the combustion of fossil fuels (IEA, 2014; Smil, 2000).  
Unfortunately, modern society’s near total reliance on fossil fuels is unsustainable for two main reasons. Firstly, fossil fuels are a finite resource which are being consumed at a considerably faster rate than new reserves are discovered (Shafiee and Topal, 2009). There is a general consensus that, if current trends of consumption continue, oil and gas will be exhausted within the 21st century (Sims et al., 2007). According to one recent estimate commercially viable oil, gas and coal will be exhausted within 35, 37 and 107 years respectively (Shafiee and Topal 2009). Consequently, there needs to be a rapid transition to alternative energy technologies in the coming decades. Moreover, as fossil fuels have extremely important industrial applications, ranging from mechanical lubrication to the production of fertilizers, it is vital that we conserve our remaining fossil fuel resources rather than simply burning them to exhaustion (Abbott, 2010).
Secondly, fossil fuel combustion is the primary driver of climate change (Hegerl et al., 2007). Carbon dioxide’s role in the greenhouse effect has been known for over a century (Arrhenius, 1896). However, the knowledge that; a) the concentration of atmospheric CO2 has been increasing annually since the industrial revolution (Hartmann et al., 2013; Keeling, 1961); b) the increase is largely due to the combustion of fossil fuels (Bender et al., 1996; Francey and Farquhar, 1982; Keeling and Shertz, 1992); and c) the increase is at a rate incompatible with natural climate cycles (Berner et al., 1980; Petit et al., 1999), has accumulated gradually over the last 50 years (Cubasch et al., 2013). 
[image: ]The concentration of CO2 remained relatively stable at 280 ppm (±20) from 10,000 BP to 1750. Since the industrial revolution this concentration has increased by more than 40%, with nearly 50% of this growth occurring in the last 30 years (Hartmann et al., 2013; Stocker et al., 2013; Tans and Keeling, 2015, Figure 1). As of 2014 the annual mean atmospheric CO2 concentration stood at 398.55 ppm  (Tans and Keeling, 2015). With the rise in CO2 and other anthropogenically derived greenhouse gases (GHGs) over the last one hundred years, the average global temperature has increased by 0.8°C, 0.6°C of which has occurred in the last 30 years (Hansen et al., 2006; Trenberth et al., 2007). Such a rise in temperature cannot be explained by natural forcing alone, and is almost certainly driven by anthropogenic activities, primarily fossil fuel combustion (Bindoff et al., 2013; Mann et al., 1998; Stott et al., 2000). 
Figure 1. Sources and sinks of anthropogenic CO2 emissions since 1750 (Stocker et al., 2013)














A moderate projection of future warming, based on continuing fossil fuelled economic growth, estimates that the average surface temperature could increase by 2.6-4.8°C by 2100 (Collins et al., 2013). Such a rise in temperature is likely to lead to many changes to the global climate system, ranging from: increased severity and frequency of drought, flooding and tropical storms to irreversible melting of the polar ice sheets (Collins et al., 2013). Sea level projections, although more uncertain, predict a rise of 0.52-0.98 m during the 21st century, potentially causing displacement of up 2.4% of the world’s population (Church et al., 2013; Nicholls et al., 2011; Nicholls and Cazenave, 2010; Rahmstorf et al., 2012). In addition, the combination of rapid climate change and ecosystem fragmentation will overwhelm the ability of flora and fauna to naturally adapt, leading 20-30% of species to be at high risk of extinction (Fischlin et al., 2007). Such change in the structure and functioning of ecosystems will threaten natural goods and services humans rely on (Fischlin et al., 2007). 
The potentially devastating impacts of climatic change have prompted an international effort of mitigation, primarily by reducing GHG emissions. For a rapid transition away from fossil fuels a diverse mixture of renewable energy technologies, nuclear power and carbon capture and storage is needed (Bruckner et al., 2014; Hoffert, 2002; Jean-Baptiste and Ducroux, 2003; Pacala and Socolow, 2004). Most renewable energy technologies produce electricity, which accounts for only 35% of total primary energy consumption (BP plc., 2012). As the electrical grid has decarbonised, other elements of energy consumption such as transport and heating can become electrified to reduce GHG emissions (Hawkins et al., 2012). As an example, the potential of electric vehicles (EVs) to reduce GHG emissions is largely dependent on the energy mix of the grid used for charging. Using coal based power, GHG emissions, not including EV production associated emissions, can be 5% higher to 20% lower than conventional petrol vehicles (Delucchi et al., 2014). In comparison, using natural gas power, GHG emission can be reduced by 55-60%  (Delucchi et al., 2014). Consequently, the full potential of electric vehicles will only be realised once the grid is fully decarbonised. Full or even partial decarbonisation of electricity generation is a long-term goal; large increases in electricity demand from electrification will add further strain to this grid decarbonisation. In the short-term, as with most energy systems, a mixed strategy which includes the use of low carbon fuels, such as biofuels, can act as a bridging technology to reduce GHG emissions from non-electric energy consumption, specifically transportation using existing infrastructure (Ribeiro et al., 2007). In addition certain large and rapidly growing industries such as shipping and aviation, which contribute significantly to global GHG emissions, are likely to continue to use energy dense liquid fuels in the future due to inadequacies of battery and fuel cell technology (Anderson et al., 2008; Chang, 2012; Fernández Soto et al., 2010; Lee et al., 2009; Stephens et al., 2010; Strachan and Usher, 2012). In the long-term, it is a realistic goal that these specific energy demands can be completely met by the production of biofuels. 
Biofuel is a term used to describe a variety of different fuels which are produced from a renewable biomass feedstock (Bessou et al., 2011).  Biofuels are often considered carbon neutral (zero net emissions) because the CO2 released during combustion has been sequestered from the atmosphere during the biofuel feedstock’s growth. Over the last decade there has been a boom in the production of biofuels, particularly in the US, Brazil and Europe, driven by government initiatives to increase energy security and reduce GHG emissions. For example, in the US, the Energy Policy Act 2005 and its amendment the Energy Independence and Security Act of 2007 set an ambitious subsidised mandate for biofuel production leading to a near 4-fold increase in production over the course of 5 years (Renewable Fuels Association, 2012; Tyner, 2008, Figure 2). 
The rapid growth of biofuels has led some to question their sustainability and, in particular,  their effectiveness in reducing GHG emission and providing energy security (Tilman et al., 2009). Perhaps the most well-known issue is the effect of biofuel production on food prices. The majority of the growth in biofuel production has been due to first generation biofuels, which are produced from food based feedstock such as corn and sugarcane (Hill, 2007). During the 2007-2008 world food crisis many researchers argued that biofuels were the primary cause of the rise in prices due to the diversion of food crops to biofuel production (Mitchell, 2008; Pimentel et al., 2009). Later studies attribute the food price rises to reasons such as rapid growth in demand for grain in developing countries and increasing oil prices (Baffes and Haniotis, 2010; Zhang et al., 2010). Despite continued debate over the current impact of first generation biofuel production on food prices, it is generally agreed that rapid growth in demand for food and first generation biofuels will ultimately lead to increased competition for resources (Baffes and Haniotis, 2010; Gallagher, 2008; Mitchell, 2008; Pimentel et al., 2009; Zhang et al., 2010). 
Directly relevant to the issue of energy security is the net energy balance (NEB) of biofuels. NEB is the gross energy produced from biofuels minus the energy used during production and transportation (expressed as a ratio or %), including upstream and downstream energy consumption (such as the production of fertilizers) (Hill et al., 2006). Biofuel production requires a considerable amount of energy to grow crops and convert them into fuel, and this energy is ultimately derived from fossil fuels. If biofuels are to be a sustainable replacement to fossil fuels it is vital to ascertain whether production reduces or increases overall demand on fossil fuels.      Figure 2. US bioethanol production (Renewable Fuels Association, 2012)


Numerous life-cycle analysis studies have modelled the energy return of various biofuels, reporting a wide range of results (Farrell et al., 2006; Hill et al., 2006; Patzek, 2007; Pimentel et al., 2009; Pimentel and Patzek, 2007, 2005; Sheehan et al., 1998a). Pimentel et al. (2009), for example, calculated a negative energy return of -46% and -68% for corn bioethanol and soybean biodiesel respectively. In contrast (Hill et al., 2006) reported a positive return of 25% and 93% for the same fuels. The first difference between the two studies is the varied energy inputs; in particular, the energy expenditures associated with production of farm equipment and biofuel conversion plants. A second difference is the inclusion of attribution of energy inputs and outputs related to the co-products of the biofuel production process, such as distillers dry grain with solubles (DDGS) (Farrell et al., 2006).  Models which use up-to-date public data on energy inputs and include the co-products generally lead to a positive NEB, even with energy intensive biofuels such as corn ethanol, albeit marginally (Bessou et al., 2011; Farrell et al., 2006; Hill et al., 2006). Although there is no absolute agreement on the energy balance of biofuels, it is important to note that different biofuels have different energy inputs leading to large differences in energy return (Bessou et al., 2011).
Greenhouse gas emissions of biofuels are an equally important sustainability issue. In order to be an effective tool for climate change mitigation, it is important that biofuels reduce emissions of greenhouse gases compared to the fossil fuels that they are replacing. In simplest terms, the NEB and GHG emissions should be linearly correlated. For example, if the NEB is +20%, 1 MJ of fossil fuel energy is invested for every 1.2 MJ of biofuel produced. This hypothetical biofuel should reduce carbon dioxide emissions by 20% relative to the fossil fuel it replaces as the carbon contained in the biofuel is sequestered from the atmosphere during plant growth (Agarwal, 2007). However, the simplistic assumption that GHG emission are directly proportional to the NEB is incorrect, as the type of fossil fuels used in production (e.g. coal vs gas), N2O field emissions (from soil nitrification) and indirect emission from land-use change add large uncertainties (Bessou et al., 2011; Farrell et al., 2006; Hill et al., 2009, 2006).
The effects of indirect land-use emissions (iLUE) on biofuels life-cycle emissions are hotly debated. Fargione et al. (2008) argue that when natural habitats are converted into cropland for biofuel production, there is a large short-term and long-term release of CO2 related to the combustion or decomposition of vegetation. This land-use change emission is called the “carbon debt”. The authors argue that biofuels will remain net GHG emitters over time until this debt is paid with savings in CO2 emissions from replacing fossil fuels (Fargione et al., 2008). Based on this concept the authors calculated that corn bioethanol planted on central grassland and abandoned cropland would take 93 and 48 years respectively before the carbon debt was repaid (Figure 3). In the case of palm biodiesel planted on peatland rainforest (an increasing occurrence), the debt would take 423 years to repay (Fargione et al., 2008).  Searchinger et al. (2008) go further and argue that even biofuels grown on existing cropland have an indirect carbon debt. In this study the authors reason that by diverting cropland to biofuels, and thereby inflating crop prices (a debated assumption), other farmers across the world are encouraged to convert native ecosystems to cropland, leading to the same carbon emissions described by Fargione et al., (2008). Based on a model using these assumptions Searchinger et al. (2008) calculated that GHG savings from corn-ethanol would equalise the carbon debt after 167 years. However, the more productive and less energy intensive Brazilian sugar cane, planted on grazing land rather than rainforest, would pay-back emission after 4 years. After almost a decade, the issue of iLUE is still debated, with huge variations in model outcomes due to the inclusion of many uncertain assumptions; consequently the issue cannot be robustly included into current political and corporate decision making (Finkbeiner, 2014). 
[image: ]It is clear that many first-generation biofuels such as corn ethanol fail on a number of sustainability fronts. Many of the problems related to biofuels can be reduced by using the non-food cellulosic components of the plant biomass for feedstock, termed second generation biofuels. Perennial non-food energy crops such as crop residues, switch grass, and forestry waste can be converted to biofuel with significantly lower energy inputs (NEB 4-5.4) and lifecycle GHG emissions (78-92% reduction compared to gasoline) (Fargione et al., 2008; Farrell et al., 2006; Hill et al., 2009, 2006; Schmer et al., 2008). Because of these favourable energy returns second generation cellulosic biofuels are expected to play an increasingly larger role in biofuel production as the technology of pre-treatment, enzymes and conversion factors improve (Hill et al., 2006; Wyman, 2007). Despite the environmental benefits of cellulosic biofuels, removal of crop residues can lead to deleterious impacts on several ecosystem services such as carbon sequestration, soil conservation and nutrient use efficiency  (Lal and Pimentel, 2009; Palmer et al., 2007). Appropriate farming practices are therefore vital for the production of sustainable second generation biofuels (Carroll and Somerville, 2009). 
A significant pitfall of many biofuels is their low productivity. The most productive biofuel is considered to be Brazilian sugarcane, which has a yield of 7.5 m3 hectare-1 at best (Chisti, 2008). In order to replace the entire petroleum based transport fuel demand of the United States (0.53 billion m3 a-1 of biodiesel) with sugarcane bioethanol, 111 million hectares, or 61% of US agricultural land would be needed (Chisti, 2008). 
Biofuels derived from microalgae biomass offer a promising alternative, both in terms of productivity and sustainability. Microalgae are an ancient and diverse polyphyletic group of microscopic photosynthetic organisms which exist in freshwater, marine and terrestrial environments (Mata et al., 2010). The taxonomy of eukaryotes has been revised extensively in the last 10 to 15 years based on genomic information and eukaryotic algae are now spread throughout the eukaryotic phylogenetic tree emphasising the huge diversity within the algal group (Adl et al., 2012). The main classical groups in terms of abundance are diatoms (Bacillariophyceae), golden algae (Chrysophyceae), green algae (Chlorophyceae) and the prokaryotic Cyanobacteria (Cyanophyceae) (Sheehan et al., 1998a). The latter group are a phylum of oxygenic photosynthetic bacteria, which are often grouped with eukaryotic algae despite their large taxonomical difference (Tamagnini et al., 2007). Cyanobacteria are one of the earliest forms of life (over 3.5 billion years old), and are thought to have had a key role in the formation oxygen in the early atmosphere and the evolution of the present day chloroplast of eukaryotic algae and green plants (Mulkidjanian et al., 2006; Schopf, 2000; Tamagnini et al., 2007).  
Although microalgae have similar photosynthetic mechanisms to higher plants, because of their simpler cellular structure and aqueous suspension (allowing efficient access to H2O, CO2 and other nutrients) algae have far higher productivity rates. Microalgae productivity is augmented  further, from a biotechnological point-of-view, by the fact the that nearly all the components of the organisms can be utilised (Gilmour and Zimmerman, 2012). Simplistically, for biofuel production, the carbohydrate components in microalgae can be converted to ethanol or methane while the lipid fraction can be used in biodiesel production (Gilmour and Zimmerman, 2012).
Many species of algae can produce more than 50% of their dry weight as lipids, which compares favourably to <5% found in oil crops such as soybeans and oil palm (Chisti, 2008; Pienkos and Darzins, 2009). According to Chisti (2008), microalgae biomass productivity can reach 1.535 kg m-3 d-1 in optimal conditions. With a lipid content of 30% dry weight, ~5.4 million hectares would be needed to meet the 0.53 billion m3 a-1 transport fuel demands of the US, equating to just 3% of the United States’ agricultural land (Chisti, 2008).  
Microalgae have many other advantages over plant-based biofuels feedstocks including: 
· The ability to grow year round on non-productive, non-arable land removes both the direct competition with food production and issues related to land-use change (Brennan and Owende, 2010).
· Depending on cultivation system used, microalgae require considerably less water than plant biofuels and can be cultivated in salt, brackish, and wastewater, reducing their impact on the local freshwater resource (Dismukes et al., 2008; Menetrez, 2012; Subhadra, 2011).
· Microalgae production can be integrated with wastewater treatment to efficiently remove polluting nutrients (such as nitrogen and phosphorus) while reducing dependence on artificial fertilizers (Pittman et al. 2011).
· Unlike many terrestrial crops, microalgae do not require the use of  pesticides or herbicides (Rodolfi et al., 2009).
· Microalgae production can be simultaneously utilised for sequestration of CO2 from waste gas fumes (Acién Fernández et al., 2012; Wang et al., 2008; Zimmerman et al., 2011).
· Depending on the particular strain, microalgae can co-produce high value products for many industrial applications ranging from pharmaceuticals to aquaculture (Spolaore et al., 2006; Tran et al., 2012; Wang and Peng, 2008). 
· There are an estimated 300,000 species of algae, with a much greater diversity than land plants (Scott et al., 2010). The huge ecological, genetic, and metabolic diversity within microalgae allows cultivation of strains which are adapted to local conditions. The largely untapped genetic resource of algae also provides potential for genetic and metabolic manipulation to optimise production of both high value products and biofuels (Chisti, 2008; Dismukes et al., 2008; Radakovits et al., 2010). 
The numerous advantages of microalgae biofuels are matched by the many challenges in reaching full commercialisation, especially ensuring sustainability. This literature review focuses on the progress and challenges of producing microalgae biofuels, with particular attention to sustainability. The second section provides an overview of the history and progress of algae biotechnology including the recent activities of a number of companies aiming for algal biofuel commercialisation and the future outlook of algal biotechnology. The third section will provide an overview of biofuel production pathways from microalgae. The fourth section reviews the sustainability challenges associated with algal biofuels, with particular attention to net energy balance. The final section highlights how the use of waste organic carbon sources could potentially mitigate important production challenges and outlines poorly understood areas which prompted the research goals of this project.
[bookmark: _Toc462059731][bookmark: _Toc357174663][bookmark: _Toc429054028]Historical progress and future direction of algal biotechnology
Microalgae have been exploited by humans for millennia. Records exist of both ancient Chinese and Aztec civilisations harvesting Nostoc and Arthrospira cyanobacteria from lakes as a food source (Farrar, 1966; Gao, 1998; Spolaore et al., 2006). Analogously, the first modern mass cultivation of algae in the 1950’s was spurred by predictions of a worldwide shortage of protein due to the planet’s growing population (Burlew, 1953). Groups of American, Japanese and German scientists carried out numerous preliminary experiments related to algae biochemistry, photosynthesis and mass cultivation (Burlew, 1953; Spolaore et al., 2006). This early research eventually led to the first commercial production of microalgae (Chlorella) initially in Japan in the 1960’s, then spreading to Taiwan and Malaysia in the 1970’s. Despite being 10 times more expensive to produce as a protein source than soybean protein, large profits were made marketing microalgae as a health food, which ultimately sustained the industry (Tsukada et al., 1977). The Asian industry remained relatively small, producing nearly 12,000 tonnes of microalgae annually by 1980, 2000 tonnes of which was consumed in Japan (Kawaguchi, 1980). 
The next large step in algal research came in response to the 1970’s oil crisis. The United States Department of Energy (DoE) launched the Aquatic Species Programme (ASP) as a small component of a major research initiative aimed at developing all forms of solar energy (Sheehan et al., 1998a). Originally formed to examine the bioenergy potential of a range of aquatic plant species, the ASP quickly narrowed its focus on technologies which could have large scale impact on national energy consumption. This shift ultimately led the research effort to focus exclusively on cultivating oleaginous microalgae for biodiesel production. Over an 18 year period (1978-1996) the programme made considerable advances in algal biotechnology, particularly relating to the isolation and screening of algae strains; manipulation of algal physiology and biochemistry; and molecular biology and genetic engineering (Sheehan et al., 1998a). The timeline of all the major ASP projects is shown in Figure 4. The ASP also funded a number of proof-of-concept engineering projects related to algal wastewater treatment and large-scale mass culture systems (Sheehan et al., 1998a). Despite the many advances made by the ASP, by 1995, optimistic estimates of algal biodiesel production costs were at least double the contemporary price of petroleum diesel (US$20 per barrel in 1995), an estimate which eventually led to the discontinuation of the programme when federal funding decreased (Pienkos and Darzins, 2009). The accomplishments of the ASP highlighted both the need for further fundamental research to maximise algal lipid productivity and the need to find a near-term intermediate technology such as wastewater treatment to launch algal biotechnology industry and research (Sheehan et al., 1998a).
[image: ]Since the pioneering work of the ASP, commercial microalgae production has slowly expanded by exploiting the ability of certain microalgae to produce a number of high-value products (HVP) such as food colourants (β-carotene from Dunaliella and astaxanthin from Haematococcus); fatty acids (Docosahexaenoic acid from Crypthecodinium and Schizochytrium); stable isotope biochemicals; health foods and aquaculture feed (Chlorella, Arthrospira) (Spolaore et al., 2006). The health food market in particular provides the largest number of sales for commercial algae production (Milledge, 2010). Although there was commercial growth in the years following the ASP, niche HVP producers could afford to use well established but energy intensive production methods. Consequently, while these industries continued to grow, research investment to improve production efficiencies stalled, delaying the development of lower value algal products such as biofuel (Pienkos and Darzins, 2009; Scott et al., 2010; Spolaore et al., 2006).Figure 4. Timeline of the major research activities of the ASP (Sheehan et al., 1998)



Current commercial algae production remains dominated by high-value product production, however in the last decade there has been dramatic shift both in terms of research and commercial investment towards algae fuel production (Menetrez, 2012). In 2007 volatile oil prices and a drive to reduce GHG emission prompted a wave of new public funding to stimulate both private and public R&D of algal biofuels (Pienkos and Darzins, 2009). This government support was matched by significant private investment via venture capitalists and strategic partnerships between petrochemical, agricultural processing and wastewater industries (SBI, 2012). With this financial backing hundreds of small companies and subsidiaries formed with the aim of algal biofuel commercialisation (Menetrez, 2012; Pienkos and Darzins, 2009). By 2009, oil prices reached $100 per barrel, raising further concerns about national energy security. This concern drove the decision of the US DoE to award a $48.5 million grant, matched with $19.1 million from private funds, to the specially formed National Alliance for Advanced Biofuels and Bioproducts (NAABB) consortium, a group 39 institutions (national laboratories, universities and industrial partners) to develop low cost algal fuels (NAABB, 2014a). The scope of the NAABB ranged from genetic modification to cultivation testbeds, harvesting, and fuel conversion technologies. Similarly, in 2010 the UK government, through the Carbon Trust, launched an £8 million multidisciplinary algal research fund; unfortunately, this scheme was terminated by the newly elected government in 2011. Furthermore, in 2011 a 4 year €14.6 million EU-wide algae project, EnAlgae was launched focusing on both algal bioenergy and broader biotechnology. Meanwhile in the US, after 4 years the NAABB consortium reported a number of breakthroughs resulting in a cost reduction of algal based biocrude from $250 per gallon to $7.50. Improvements to cultivation systems and harvesting technology led to a 16% and 14% reduction in costs respectively. However, the two major cost reduction components came from development of fuel conversion technology (86%) and biological breakthroughs in strain isolation and genetic manipulation (85%) (NAABB, 2014b). 
These advances highlight the huge developments in the field of algal genomics and genetic modification, which has enabled the development of novel solutions to production barriers and opened up huge possibilities to other areas of algae biotechnology. One area of significant potential is recombinant protein production. Eukaryotic microalgae have advanced protein folding capabilities similar to that found in higher plants. Consequently microalgae can produce complex proteins which are beyond the scope of other microorganisms, such as yeast and bacteria, traditionally used in bio-production systems (Rosenberg et al., 2008; Specht et al., 2010). This ability, coupled with rapid microbial growth rates, gives microalgae huge potential to produce a variety of complex recombinant proteins at a large and cost effective scale (Xu et al., 2012). Many of these proteins are currently produced by expensive and energy intensive processes, therefore coproduction of these high value products with algal biofuels may make the process more economically feasible. a
b

To date most of the progress in algal transformation has been in manipulating the chloroplast genome. Chloroplast transformation occurs via homologous transformation (HR) which allows controlled, site directed recombination of constructs, which in turn results in high expression rates (León-Bañares et al., 2004; Mayfield and Franklin, 2005). A variety of recombinant proteins have been successfully expressed in the chloroplast of green algae including antibodies (Mayfield and Franklin, 2005), oral vaccines (Surzycki et al., 2009) human growth hormones (Rasala et al., 2010), and an anticancer immunotoxin (Tran et al., 2012). Nuclear transformation enables a wider range of possible transgenic protein expression and manipulation of metabolic processes (particularly useful to biofuel production). Until very recently algae transformation was restricted by the lack of an effective method of HR for the nuclear genome. The dominant route for transformation was via non-homologous recombination, which results in the integration of DNA at a random site (León and Fernández, 2007). This random integration made site directed transformation almost impossible and led to very low expression levels (Rosenberg et al., 2008). In 2011 a group of scientists based at the (now defunct) biofuel company Aurora Algae published a protocol for highly efficient HR of the nuclear genome of an oleaginous Nannochloropsis sp (Kilian et al., 2011). Another algal biotechnology company, Solazyme (now called TerraVia), also developed an independent protocol for HR in 2010 (published in 2012) with the heterotrophic species Prototheca moriformis (Franklin et al., 2012). The authors used this method to express a heterogeneous sucrose invertase enzyme with high efficiency. The enzyme is secreted extracellularly to convert sucrose into glucose, which can be utilised by P. moriformis as a carbon and energy source. TerraVia utilises a heterotrophic production pathway (discussion in Section 1.5), consequently this technology is particularly revolutionary for the company as the transgenic alga can substantially lower costs and environmental impact by utilising waste molasses from sugar cane processing (which explains the recent partnership of TerraVia with Bunge who have extensive sugar cane operations in Brazil).
This type of genetic manipulation requires both the understanding of the role of particular active enzymes and the genes that influence them. In the last decade, availability of rapid large scale sequencing technology has enabled the elucidation of the nuclear, chloroplast and mitochondrial genomes of a number of microalgae species (Merchant et al., 2007; Radakovits et al., 2010). Understanding the function of particular genes within the genome (specifically genes involved in lipid metabolism) has been aided by previous research on orthologues of known enzymes found in well studied yeast and plant species (Hu et al., 2008; Merchant et al., 2012). Lipid metabolism associated genes unique to microalgae have been successfully identified using a method called deep transcriptome analysis. This method, although expensive, detects genome wide expression changes in nutrient deficient conditions that trigger lipid accumulation (Miller et al., 2010; Msanne et al., 2012; R. Ramanan et al., 2013). In addition to genomic studies, proteomic analyses of the lipid synthesising organelles have greatly increased our understanding of unique aspects of the algae lipid metabolism (Moellering and Benning, 2010; Nguyen et al., 2011). 
While the algal biotechnology industry has made significant progress since its revival post 2007, no company is commercially producing a biofuel, as opposed to fulfilling development orders (Lane, 2015a). The majority of algal biofuel companies have experienced setbacks in scale-up and reducing production costs. These issues coupled with considerable pressure from venture capitalist investors to produce a near-term profit, and importantly a significant reduction in oil prices in 2014 and 2015, have forced many companies to use their optimised production platforms to diversify into new high-value product markets while continuing research and development into biofuel production. Such markets include skincare products (TerraVia), specialist non-fuel oils and oleochemicals (TerraVia), polyunsaturated fatty acid and protein nutraceuticals (TerraVia, Sapphire Energy, Cellana, Solix), immune system promotors and feed for livestock (Algae Scientific, Triton, Cellena, Sapphire Energy), fertilisers (Heliae), astaxanthin (Heliae, Solix) (Lane, 2015b). This trend was highlighted recently  when a leading algal biofuels company, Algenol, which after 9 years of research and development, was set to produce biofuels commercially in 2015, but was forced by investors, who were themselves driven by the prolonged outlook of low oil prices, to drop all biofuel production plans and shift focus to wastewater treatment and carbon capture (Lane, 2015a). 
Despite the recent commercial shift the future for algae biotechnology as a whole is bright. Momentum driven by commercial interest has dramatically accelerated research and development and opened up exciting new areas such as recombinant protein production. Governmental funding, less susceptible to short-term profit outlooks, continues to invest in long-term algal biofuel development, with the US DoE investing a further $18 million in 2015 to 6 academic algal projects to reduce the price from $7.50 to sub-$5 by 2019 (US DoE, 2015). The current oil price pressure facing the algae biotechnology industry has forced a diversification of research priorities, which ultimately will lead to further innovation. 
[bookmark: _Toc462059732]Microalgal biofuels
One of the many advantages of microalgae as a biofuel production platform is the versatility of the organisms to produce a variety of different biofuel products via multiple production pathways. In recent years the drive to develop an efficient, economically viable, sustainable and high quality biofuel (not just from algal feedstocks) has led to a rapid evolution of production options beyond the conventional fermentation and transesterification pathways. As a point of reference, the typical pathway of algal production is demonstrated in Figure 5. This section will provide a brief overview of the current biofuel production pathways and summarise how they alter research goals from a biological viewpoint. 
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Figure 5.  Typical microalgae biofuel production pathway (adapted from Mata et al., 2010)

[bookmark: _Toc462059733]Bioethanol and other bioalcohols 
Bioethanol accounts for the majority of biomass derived liquid fuel production, mainly from corn and sugarcane feedstocks. Conventionally, bioethanol from algae is produced in three steps. First, algae biomass or lipid-extracted residuals are pre-treated to breakdown cells walls and enzymatically hydrolyse carbohydrates into monomer sugars (saccharification) (Li et al., 2014). Secondly, these sugars are anaerobically fermented by microorganisms (bacteria or yeast) to produce ethanol and CO2. A dilute (15% v/v) ethanol solution is produced, which requires energy intensive distillation and dehydration steps to reach fuel grade (99%) ethanol (Serrano-Ruiz et al., 2012). Microalgae are particularly advantageous for bioethanol production because certain species, such as Chlorella, Dunaliella, and Tetraselmis, can accumulate large concentrations of carbohydrate (>40% dry weight) in their cell walls and as starch granules (Lee et al., 2015). Furthermore, algae contain low levels of lignin and hemicellulose, which are difficult to pre-treat (Harun et al., 2010). In addition, it has been demonstrated that significantly higher ethanol yields (60%) can be produced from lipid extracted residual algae biomass compared to whole biomass, indicating lipid based biofuels (such as biodiesel) can be produced concurrently to increase economic value of the biomass (Harun et al., 2010). 
A second route to bioethanol production is through the use of transgenic cyanobacteria with metabolically engineered pathways to preferentially produce ethanol. Initial efforts transformed Synechococcus sp. with pyruvate decarboxylase (pdc) and alcohol dehydrogenase (adh) genes from the bacterium Zymomonas mobilis (Deng and Coleman, 1999). This transformation allowed the cyanobacterium to convert photosynthetically derived pyruvate into acetaldehyde then ethanol (Deng and Coleman, 1999). The ethanol is secreted into the culture medium, separated by natural evaporation (within a photobioreactor), and then distilled, importantly avoiding the majority of energy intensive downstream processes such as harvesting and extraction (discussed in Section 1.4.3). Over the last decade, two companies Algenol and Joule Unlimited, independently developed this recombinant pathway and surrounding pathways to increase yields 100-fold and develop economical production systems (Dexter et al., 2015; Dühring et al., 2012, 2010; Reppas, 2012). The simplicity of this method of biofuel production can substantially reduce costs. Current scaled up production costs are estimated to be between $0.32-0.35 per litre (Lane, 2015c, 2015d). Although it should be noted that these production costs have not yet been achieved (Dexter et al., 2015).
While bioethanol production from algae is promising, the use of ethanol as a fuel has some major disadvantages. Firstly, due to the higher corrosiveness, ethanol needs to be blended with conventional petrol for use in car engines. Furthermore, this blend is restricted to a concentration up to 15% v/v without vehicle modification. Flexi-fuel vehicles can tolerate concentrations up to 85% v/v, but uptake and availability of these cars is very low (Serrano-Ruiz et al., 2012). This restriction, termed the ‘blend wall’ constrains the amount of bioethanol that can actually be produced and consumed with current infrastructure. Secondly ethanol has a significantly lower energy density compared to conventional petrol (23.4 vs 34.4 MJ L1), consequently use linearly reduces fuel economy and vehicle range (Serrano-Ruiz et al., 2012). Ultimately this means that to be cost competitive with conventional petrol, ethanol needs to be roughly 30% cheaper to produce per litre. Finally, ethanol is highly hygroscopic, consequently ethanol fuel is vulnerable to water contamination, which can ultimately damage vehicle engines. 
These disadvantages have driven the development of alternative alcohol pathways such as isobutanol production. Isobutanol, in particular, has low water solubility, allowing for easy separation (and avoiding energy intensive distillation and water contamination issues) and higher energy density than ethanol (29.2 MJ L1). Atsumi et al., (2009) developed Synechococcus elongatus strain with a recombinant pyruvate to isobutyraldehyde and isobutanol pathway. Extremely high yields of isobutyraldehyde (1200 mg L-1) and isobutanol (450 mg L-1) were achieved. Recent patent filings suggest Algenol is also developing this route (Wang et al., 2014). One drawback with isobutanol and its precursor isobutyraldehyde is high toxicity, requiring constant isolation to maintain productivity, however progress has been made on producing alternative alcohols precursors with lower toxicity and higher productivity (Oliver et al., 2013). It should also be noted that isobutanol production, could be potentially carried out through the traditional biomass fermentation pathway using transformed yeast and bacteria, and by upgrading existing bioethanol infrastructure (Avalos et al., 2013; Dundon et al., 2012). 
[bookmark: _Toc462059734]Biodiesel and other lipid based fuels 
Algal lipids and biosynthesis pathways
One of the major advantages of microalgae as a feedstock for biofuel production is their ability to accumulate substantial quantities of lipid, which can be used to produce lipid-based biofuels such as biodiesel. Lipid is defined as any biological compound which is sparingly soluble in water but soluble in an organic solvent (Kates, 1986). Microalgae produce a variety of lipids with different functions; polar lipids, neutral lipids, wax esters, sterols, hydrocarbons and prenyl derivatives (such as carotenoids, tocopherols, terpenes and quinones), and chlorophylls (Hu et al., 2008). Fatty acids and their derivatives are the main lipid class of interest for biofuel production. Fatty acid molecules consist of a hydrophobic hydrocarbon chain with a hydrophilic carboxylate head group (Figure 6). Fatty acids are denoted by hydrocarbon chain length and number of double bonds (degree of unsaturation) (Figure 6). 
[image: ]Under optimum growth conditions, biosynthesised fatty acids are predominantly esterified into glycerol based glycolipids (monogalactosyldiacylglycerol, MGSG, digalactosyldiacylglycerol, DGSG, sulfoquinovosyldiacylglycerol, SQSG) and polar lipids such as phospholipids (phosphatidylethanolamine, PE, and phosphatidylglycerol, PG), which are used to form membrane systems within the cell. Various environmental stresses limit algal reproduction, but allow continued carbon sequestration via photosynthesis (although reduced over time) and organic carbon assimilation. Under stressed conditions the algal cell carbon metabolism shifts towards the production of neutral lipids, predominantly triacylglycerol (TAG), through de novo biosynthesis and the catabolism of membrane lipids (Hu et al., 2008). Environmental stresses that induce this metabolic shift include nitrogen, phosphorus, sulphur and silicon (in diatoms) deprivation (Basova, 2005; Khozin-Goldberg and Cohen, 2006; Rodolfi et al., 2009), temperature shifts (Roleda et al., 2013), light intensity (Meseck et al., 2005), salinity (Takagi et al., 2006) and pH (Mus et al., 2013); with nitrogen limitation generally causing the largest accumulation (Hu et al., 2008). Growth stage is also known to lead to a shift in lipid metabolism, with polar lipid production dominant in exponential growth, and a shift to neutral lipid accumulation during the stationary phase. However, because of the batch mode of cultivation employed in most experiments, it is difficult to determine whether this trend is due to nutrient starvation or the effect of cell aging (Hu et al., 2008).Figure 6. Fatty acid chain. Left-side: saturated fatty acid (C18:0, stearic acid). Right-side: unsaturated fatty acid (C18:1, oleic acid) (Halim et al., 2012).


Neutral lipids, unlike polar lipids, do not play a structural role in the cell but are thought to be produced mainly as energy and carbon store, allowing cells to quickly respond to more favourable growth conditions (Hu et al., 2008). Biosynthesis of lipid is NADPH intensive and consequently efficiently consumes excess electron flow from continued photosynthesis and carbon uptake, thereby reducing toxic reactive oxygen species production (Hu et al., 2008). In algae, neutral lipids accumulate within lipid bodies (LBs) located in the cytoplasm of the cell (cytosolic LBs) and inter-thylakoid space of the chloroplast (plastoglobules) (Li et al., 2013). In addition to their role as energy stores, proteomic evidence indicates LBs are involved in lipid metabolism, intracellular trafficking, posttranslational modification, and protein turnover (Moellering and Benning, 2010; Nguyen et al., 2011). In algae, lipid bodies are composed primarily of TAG (90%), but also contain free fatty acids, the TAG precursor diacylglycerol (DAG) and sterol esters (Wang et al., 2009). Membrane glycerolipids usually have two fatty acids bonded to the sn-1 and sn-2 position on a glycerol backbone, with a polar head group at position sn-3. In contrast TAG is formed of three fatty acid groups and a glycerol backbone, and therefore does not have a charge (Athenstaedt and Daum, 2006). On average oleaginous green algae contain a lipid content of 25.5% (dry weight) which increases to 45.7% under stressed conditions, with the majority of stress induced lipids consisting of TAG (Hu et al., 2008). The ability of algae to produce large quantities of lipid is very species and strain specific, but not genus specific (Hu et al., 2008).
The biosynthesis of fatty acids and TAG are poorly understood in algae compared to higher plants, consequently much of the current understanding is based on sequence homology and shared genes and enzymes, isolated in both algae and plants, which are known to be involved in lipid production (Li et al., 2013). TAG production starts with the biosynthesis of fatty acids, which occurs primarily within the chloroplast. The first committed step (reaction 1, Figure 7) in fatty acid synthesis is the conversion of acetyl-CoA and HCO3- into malonyl-CoA, catalysed by enzyme complex acetyl-CoA carboxylase, ACCase. First the CO2 (from HCO3-) is transferred to a nitrogen atom of a biotin carboxylase prosthetic group of ACCase, in an ATP-dependent reaction. In the second step this CO2 is transferred to acetyl-CoA to form malonyl-CoA (Ohlrogge and Browse, 1995). The malonyl-CoA is the central carbon donor in further elongation steps.  In the second reaction (Figure 7) malonyl-CoA is transferred to a acyl carrier protein (ACP) to form malonyl-ACP (Li et al., 2013). Subsequently, in reaction 3, the malonyl-ACP is condensed to from 3-ketoacyl-ACP, catalysed by the enzyme 3-ketoacyl-ACP synthase (KAS). The first condensation step is catalysed by KAS III, KAS I catalyses fatty acids within chain lengths of 6-16 carbons, and KASII is involved in formation of C18 from C16 fatty acids (Li et al., 2013). Three further elongation steps involve reduction by 3-ketoacyl ACP reductase (reaction 4), dehydration by hydroxyacyl-ACP dehydratase (reaction 5), and a final reduction by enoyl-ACP reductase (reaction 6). The cycle continues with the addition of malonyl-ACP in reaction 3, with each step adding two carbons (Li et al., 2013). Figure 7. Fatty acid de novo biosynthesis pathway (Hu et al., 2008). See text for the identity of enzymes that catalyse each step.



[image: ]Elongation of saturated fatty acids is terminated by two competing reactions (Figure 8). The first route, termed the prokaryotic pathway enables the synthesis of lipids within the chloroplast. This pathway involved the sequential transfer of 2 elongated acyl group from ACP to the sn-1 or sn-2 position of glycerol-3-phosphate forming first lyso-phosphatidic acid then phosphatidic acid (Figure 8). This transfer is catalysed by glycerol-3-phosphate acyltransferase (GPAT) and lysophosphatidic acid acyltransferase (LPAAT) (Figure 8). Both plastid enzymes have a high substrate specificity  for C16-ACP, consequently glycerolipids produced via this pathway can be identified by C16 fatty acids at the sn-2 position of the glycerol backbone (Li et al., 2013).
[image: ][image: ]The alternative route is termed the eukaryotic pathway. In this pathway the elongated acyl-ACP are hydrolysed by acyl-ACP thioesterase to release free fatty acids (FFAs). Subsequently the FFAs are thought to be either exported to the cytosol, where they are re-esterified to acyl-CoAs (by acyl-CoA synthetases) or transferred to the phosphatidylcholine (PC) within the chloroplast envelope. Acyl-CoAs can be exported to the endoplasmic reticulum (ER), for further elongation, modification and incorporation into lipid molecules (Figure 8). As most FAs are directed via PC, it is thought that the PC acts as a FFAs store to allow rapid formation of lipids, however PC is not present in all algae (including Chlamydomonas reinhardtii) (Chapman and Ohlrogge, 2012; Li et al., 2013). Within the ER the FAs are transferred to the glycerol backbone in the same manner, with a specificity to C18 FAs (Li et al., 2013) (Figure 8). Figure 8. Fatty acid and TAG biosynthesis pathways. Unconfirmed reactions or enzymes are indicated by question marks (Li et al., 2013).


[image: ]In both pathways, the glycerolipid formation is catalysed sequentially by different classes of glycerol-3-P acyltransferases (GPAT) and lysophosphatidic acid acyltransferase (LPAAT) (Figure 9). The product of the reaction, PA, can go on to form glycerolipid or phospholipids. This lipid synthesis pathway, called the Kennedy pathway, is particularly poorly understood in microalgae, with many enzymes remaining uncharacterised. Consequently our understanding is based on higher plant lipid metabolism (Li et al., 2013). The extraplastid LPAAT enzymes in particular have only been characterised in one Micromonas species, it is thought that GPAT may also catalyse the second acylation in most microalgae species  (Li et al., 2013; Merchant et al., 2012). Phosphatidic acid phosphatase dephosphorylates PA to form DAG, which is a precursor to all glycerolipids. In the final step, to form TAG, DAG is acylated to TAG, catalysed by the enzyme diacylglycerol acyltransferase (DGAT). The activity of DGAT is thought to be crucial to the flux of FAs to TAG rather than polar membrane glycerolipids. As highlighted in Figure 8, various alternative pathways to form TAG involve the degradation of membrane glycolipids (catalysed by plastid galactoglycerolipid degradation 1, pgd1 or galactolipid:galactolipid galactosyltransferase), and phospholipids (catalysed by phospholipid:diacylglycerol acyltransferase, PDAT) (Li et al., 2012; Moellering et al., 2010; Yoon et al., 2012).Figure 9. TAG biosynthesis pathways, showing chemical alterations (Hu et al., 2008)


Efforts to genetically engineer the lipid synthesis metabolism of microalgae to increase TAG accumulation have largely been unsuccessful until relatively recently. Initial work, as part of the aforementioned ASP, focused on production of the central carbon donor for FA, malonyl-CoA, via the expression of ACCase (Dunahay et al., 1996). Genetic engineering resulted in a 2- or 3-fold overexpression of ACCase in the diatoms Cyclotella cryptica and Navicula saprophila, however this resulted in no significant increase in lipid production (Dunahay et al., 1996; Sheehan et al., 1998b). Similar efforts to overexpress downstream fatty acid synthase enzymes, such as KASIII, resulted in a reduction of total fatty acid content in spinach (Dehesh et al., 2001). Similarly, overexpression of Kennedy pathway enzymes such as LPAAT or DGAT in Brassicaceae oil crop plants resulted in only moderate increases in TAG (Weselake et al., 2008; Zou et al., 1997). More recently a similar overexpression of three DGAT genes in C. reinhardtii led to no significant increase in TAG (La Russa et al., 2012). Overexpression of endogenous ACP-thioesterase led to a 72% increase in total FA content in the diatom Phaeodactylum tricornutum (although this may hav been an experimental caveat due to sampling at different growth phases) (Gong et al., 2011), but this has not been reproduced in green algae. Addition of recombinant thioesterase (from higher plants) to P. tricornutum did successfully shorten the fatty acid chain length (with the aim of improving biodiesel fuel properties). In contrast, this strategy has not been successfully reproduced in C. reinhardtii  (Blatti et al., 2012). It is likely that due to the complexity of the fatty acid and lipid biosynthesis pathways a single gene up-regulation will not result in any significant increase because of upstream and downstream rate limiting steps. Alternatively a multi-gene manipulation may have more significant effect (Yu et al., 2011). 
More success has been found through a reverse genetic approach, by direct knockdown or isolating mutants (created via random mutagenesis) lacking genes critical in carbon flow surrounding lipid production. In one recent example, the lipid catabolism of the diatom Thalassiosira pseudonana was altered via antisense-expressing knockdown of a multifunctional lipase/phospholipase/actyltransferase enzyme (Trentacoste et al., 2013). This transformation resulted in up to 3.3 - and 4.1 -fold increase in lipid content in exponential and silicon starved cultivation conditions respectively compared to the wild type control. This lipid increase involved both polar and TAG lipids, and catabolism of polar lipid acyls for TAG synthesis was disrupted. The strategy allowed the strain to accumulate more TAG without compromising growth.   Another promising transformation route is the isolation of mutants which lack genes involved in starch synthesis, The sta6 mutant which lacks ADP-glucose pyro-phosphorylase (essential to starch synthesis), was found to have a >10-fold increase in TAG content compared to wild type and complementary strains under nitrogen starved conditions (Li et al., 2010a, 2010c; Wang et al., 2009; Zabawinski et al., 2001). It is important to note that this phenomenon is thought to be strain specific, and starchless strains of C. reinhardtii and higher plants are unable to survive a diurnal cycle, as opposed to continuous light cultivation, and therefore would not be suitable for commercial production (Davey et al., 2014; Lin et al., 1988; Siaut et al., 2011).  Nevertheless, this work and transformation of lipid catabolism indicates that targeting the flow of carbon in and out of the lipid pathways can lead to significant increase in lipid content. However, as the metabolism of algae and particularly the lipid metabolism are highly complex, it is clear that better understanding of the metabolic pathways is needed to maximise the potential of metabolic engineering (Amaro et al., 2011).  
Biodiesel and green diesel
Conventional petroleum derived diesel is composed of a complex mixture of saturated alkanes (n, iso and cyclo) and aromatic hydrocarbons with a carbon chain length typically between 10 to 15, but up to 25 (Marchal et al., 2003). Unprocessed TAG can be used directly in diesel engines, but long-term use leads to engine damage due to high fuel viscosity and incomplete combustion (Pryde, 1982). Typically, TAGs are converted to biodiesel, composed of fatty acid methyl esters (FAMES), through a process called transesterification (Figure 10). In this process, the TAG is reacted with an alcohol (typically methanol) in the presence of a catalyst. Various catalysts can be used ranging from lipases (Nelson et al., 1996; Xiao et al., 2009), acids (Zheng et al., 2006) or alkalis. Alkali catalysts result in a significantly faster reaction speed (4000-fold faster than acid catalysts) at low cost and consequently are overwhelmingly used for commercial transesterification (Fukuda et al., 2001; Gerpen, 2005). Alkali-catalysed transesterification is optimised for TAG transesterification and unsuitable for lipids with high percentages of polar lipids and free fatty acids; which is one of the reasons why research is focused on improving TAG content in algae (Asikainen et al., 2015).  The ease of TAG derivitisation is a driving factor for efforts to divert specialist high value fatty acid such as poly unsaturated fatty acids (PUFAs) from membrane lipids to TAG. Once the reaction is complete the FAMEs are purified to remove the glycerol by-product and recover reactants (Serrano-Ruiz et al., 2012).

[image: ]Catalyst
Triglyceride 
Methanol
              FAMEs
              Glycerol
Figure 10. Transesterification reaction to convert TAG into 3 FAMEs and glycerol. R1-3 are acyl groups.








Biodiesel has many advantages over petroleum diesel in terms of fuel properties. It has a higher flashpoint (safer transport and storage, better lubrication) and a higher cetane number (more complete combustion); consequently biodiesel combustion produces less carbon monoxide, particulate matter, sulphur and aromatic compounds (but slightly more NOx emissions) (EPA, 2002). The energy content of algal biodiesel is significantly higher than bioethanol and similar to petrol, but lower than its equivalent, petroleum diesel in a diesel engine (35.4 vs 36.7-40.3 MJ L-1), resulting in a small mileage penalty (albeit, lower than bioethanol with petroleum)  (Demirbas and Fatih Demirbas, 2011; Serrano-Ruiz et al., 2012). 
One major disadvantage of biodiesel is its poor cold flow properties compared to petroleum diesel, which refers to its higher melting temperature and tendency to form a gel at cold temperature, which causes engine failure. This occurs because FAMEs produced from oil crops and algae are C16 and C18 saturated and unsaturated hydrocarbons, whereas shorter chain lengths present in petroleum diesel allow lower melting points (Ramos et al., 2009). A low level of unsaturation improves the cold point (lowers melting temperature), however high levels of unsaturation, seen in polyunsaturated fatty acids (PUFAs) and polar lipids causes problems of volatility and oxidation. Consequently polar lipids are generally unsuitable for biodiesel without further processing (Halim et al., 2012). As a result of these cold flow problems, in addition to higher corrosion, oxidation degradation (causing long term storage problems), and viscosity, biodiesel is generally blended with petroleum diesel and contains additives to mitigate these negative attributes (Atabani et al., 2012; Broatch et al., 2014; Moser, 2011).
 In recent years there has been a research effort to develop a biofuel conversion process which avoids the disadvantages of biodiesel and create a high energy density fuel more similar to petroleum, removing the need for any expensive and time consuming modifications to existing infrastructure or engines (Serrano-Ruiz et al., 2012). The main chemical goals of these processes are to reduce oxygen content (improve energy density), reduce saturation, and allow production of a versatile fuel. The primary technological advances have been with a process called hydrotreatment. The process uses hydrogen at high pressure in the presence of a metal catalyst to convert TAG or FAMES to a ‘green diesel’ or ‘renewable diesel’ fuel (Figure 11). For TAG conversions; first the double bonds are hydrogenated (increasing saturation); secondly the TAG undergoes hydrogenolysis, breaking the C-O bonds within the glycerol backbone, to create propane and 3 free fatty acids. The fatty acid then undergoes deoxygenation through either hydro-deoxygenation (HDO, cycle of hydrogenation and dehydrations), to create n-alkanes with the same number of carbon atoms as the original FAs, or a process called decarbonylation/decarboxylation (HDC), which reduces the carbon number by one and releases COx but has a lower hydrogen demand (Santillan-Jimenez and Crocker, 2012). These alkanes can then be isomerised into iso-alkanes, cracked into shorter carbon-chain alkanes, and cyclization to produce cycloalkanes (which can be converted to aromatics) (Santillan-Jimenez and Crocker, 2012). While green diesel is commercially available from other feedstocks, this approach has been developed for algae in the NAABB programme with a biofuel processing company UOP (who process Solazyme algal TAGs to form SoladieselRD®) and independently by Neste Oil (process algal TAGs from Cellena) (NAABB, 2014a; Santillan-Jimenez and Crocker, 2012; Westfall and Gardner, 2011). Green diesel is a like-for-like replacement of diesel, and offers the emission advantages of both biodiesel and diesel; in addition, the versatility of the hydrotreament process allows the production of high quality jet fuels. Although there are some hurdles related to catalyst poisoning and hydrogen consumption, the advantages of green diesel over biodiesel indicate that this technology will become the dominant production method (Serrano-Ruiz et al., 2012).


[image: ][image: ]Figure 11. Hydrotreatment reaction pathways to convert TAG to green diesel or jet fuel (Serrano-Ruiz et al., 2012)
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[bookmark: _Toc462059735]Whole cell and lipid extracted algae (LEA) fuel conversion
In recent years an alternative wet biomass fuel production pathway called hydrothermal liquefaction (HTL) has been developed for algae fuel conversion. HTL is a thermochemical process which enables the conversion of wet biomass or lipid extracted biomass into a liquid fuel (bio-crude oil) by applying high temperatures (250-375°C) and pressures (4-22 MPa) (Elliott et al., 2015). In these conditions water catalyses the degradation of macromolecules and polymerisation of small molecules, enabling the conversion of carbohydrates and proteins, in addition to lipids, to an oil fuel (Guo et al., 2015). The main advantages of this technology is the potential avoidance of energy intensive dewatering and extraction stages, the conversion of all carbon biomass to fuel (37% higher yield), and the ease of recovering nutrients from the converted biomass (Elliott et al., 2015; NAABB, 2014a). Although this technique does allow conversion of low lipid algae biomass, significantly higher yields can be achieved processing algae with high lipid (particularly TAG) content, therefore it does not detract from the molecular research to improve lipid yields (Guo et al., 2015). The process can also be used to covert lipid extracted algae biomass into a usable fuel (NAABB, 2014a). The bio-crude produced is similar to petroleum crude, containing a complex mixture of free fatty acids, monoaromatics, polyaromatics, aliphatic compounds (alkenes and alkanes), amides and amines (nitrogen containing) and oxygen containing compounds such as ketones, alcohols and aldehydes. Consequently this fuel requires further fractionation and refining to produce FAMEs or conversion with processes such as hydrotreatment (Guo et al., 2015; NAABB, 2014a). Sapphire Energy is one company which has invested in this processing route to produce green crude (Liu et al., 2013). Currently, the main hurdle in this conversion process is the high levels of impurities causing conversion and fuel quality problems (Guo et al., 2015; NAABB, 2014a). 
An alternative route for whole cell or LEA energy conversion is anaerobic digestion. Although this process can be integrated into the processing of microalgae, because it produces a biogas (CH4) rather than a liquid fuel it will not be discussed in this section. 
[bookmark: _Toc462059736]Challenges to sustainable algal biofuel production
Despite the significant advances made over the last decade, many important questions still loom over the sustainability of algal biofuels. As elucidated in section 1.1, the main driver behind biofuel development is to reduce our dependency on finite fossil fuels and mitigate the environmental impacts that stem from their use. It is therefore vital to ensure that alternative energy solutions such as algal biofuels are not only renewable but sustainable, meaning that they can be produced over a long term without exhausting natural resources or causing severe environmental degradation. 
Like all fuel production pathways, algal biofuel production requires significant input of natural resources. However because algal biofuel technology is still in its infancy, with numerous potential production pathways, estimating the absolute consumption of these resources in a projected scaled up production system is extremely challenging (Sills et al., 2013). Nonetheless it is possible to produce rough estimates using a life cycle assessment (LCA). LCA is a modelling tool used to estimate a range of sustainability indicators (including resource use) at each stage of the supply chain of a particular product (Lam and Lee, 2012). While the tool may not give up-to-date results when based on dated technology, it is particularly useful for identifying unforeseen potentially delimiting problems for the commercialisation of emerging technologies such as algal biofuel (Lardon et al., 2009). LCA is therefore a useful tool for focusing research efforts and guiding policy makers (Lam and Lee, 2012).  Numerous LCA studies have been published relating to microalgae biofuels, covering a variety of different production pathways and environmental impacts. From these studies three key sustainability challenges have been identified: a) water use, b) nutrient use, and c) energy use. The following sections will review these factors in detail. 
[bookmark: _Toc462059737][bookmark: _Toc357174665]Water use
Although humans use only a fraction of the available global renewable freshwater resource, the resource is not evenly distributed in time or space, consequently over 40% of the world population live in water stressed regions (Oki and Kanae, 2006). Climate, population and economic projections point to further water scarcity in the near future, putting increased pressure on regional water resources  (Bates et al., 2008). Considering agriculture already accounts for 90% of global water consumption, emerging biofuels technologies should be carefully developed with water use in mind. 
Water is an essential resource for microalgae production; it provides a physical environment for growth and acts as both a medium for nutrients and a thermal regulator (Murphy and Allen, 2011). The amount of water consumed in the algal biofuel production processes depends of the system size, system losses and whether a system of water recycling is emplaced (Murphy and Allen, 2011).  Recently there have been a number of LCA studies focusing on the water use of algal biofuels at different stages of the system. Like many LCA’s associated with algal biofuels, the immature nature of the technology leads to different assumptions when calculating resource use, ultimately leading to large variance in results. Table 1 provides an overview of estimated freshwater (FW) use from a number of LCA studies and commercial pilot facilities. 
 One of the most important factors affecting FW consumption is reuse of cultivation water after biomass harvest. Yang et al. (2011) estimated that a lack of recycling in FW systems would cause a 6-fold increase in freshwater water consumption (Figure 12). Although most LCA studies assume 100% water recycling, the effectiveness of this approach depends on the efficiency of the harvesting method, the quality of the recycled water and the sensitivity of the algae to impurities, biological contaminants and waste products which accumulate in the  returned water (Guieysse et al., 2013; Murphy and Allen, 2011; Slade and Bauen, 2013). Consequently, it is unlikely that 100% of the water used in cultivation will be recycled, and this returned water may need pre-treatment before reuse (Slade and Bauen, 2013).  Currently there is a lack of research into methods for treating returned water. The most efficient desalination technology, reverse osmosis would consume the equivalent of 10-16% of the algal bioenergy produced (Guieysse et al., 2013). 
Another major factor of water use in open pond systems is evaporative loss. Evaporative losses are governed by local climatic factors and the dimensions of the pond area (Boyd and Gross, 2000). Harto et al. (2010) estimated the lifecycle water use of open pond production at different evaporation rates. A 170% increase in evaporation led to a 3-fold increase in FW use during the cultivation stage of production (Table 1). A similar trend was found by (Wigmosta et al., 2011). Such a large difference in water footprint demonstrates the important influence site location can have on the water footprint of production (Wigmosta et al., 2011; Yang et al., 2011). Productivity of algae also has an important influence on evaporative loss. Because more surface area is needed to produce the same amount of fuel, evaporative losses per unit of biodiesel produced are inversely proportionate to the productivity of the algae. Yang et al. (2011) found such a relationship when comparing the water footprint of different microalgae species based biofuels. 
[image: ]The use of alternative water types such as salt water or wastewater is a common strategy for reducing FW use. Yang et al. (2011) reasoned that the use of alternative water types can remove the need for water recycling, lowering FW consumption by 90% (Yang et al., 2011). Regardless of the type of cultivation water used, evaporation leads to an increase in concentration of total dissolved solids (TDS). In order to keep the TDS at an optimal level a constant freshwater input is needed. Yang et al. estimated that this input in a saltwater or wastewater system (with a 0.27 cm m-2 day-1 evaporation rate) to be around 450 litres per litre of biodiesel produced. Vasudevan et al. (2012) suggested that this FW input could be effectively removed by using brackish water with ~half the TDS of saline water. If saline water is used to replace evaporated water there would be a gradual increase in salinity, limiting production to the use of particularly halotolerant algae species (Borowitzka and Moheimani, 2013). In this scenario saline culture water would eventually need to be partially or entirely disposed of, which would be both an environmental challenge and large economic cost (if the water still contains nutrients) (Borowitzka and Moheimani, 2013). Figure 12. Estimated freshwater footprint of algal production in open ponds using different recycling rates and water types (FW, Freshwater, SW saltwater, WW wastewater) (Yang et al., 2011)

In contrast to open ponds, photobioreactors (PBRs) are closed systems and therefore do not experience the same evaporative losses as open ponds. This attribute can considerably reduce the water footprint of algae cultivation, Harto et al. (2010) estimated the highest life cycle water use for a PBR system to be 63 litres per litre of biodiesel produced, more than 10 times less than the highest evaporation open pond scenario (Table 1).  The advantages of PBR systems can be reversed when using open freshwater water cooling ponds with a PBR, which experience the same evaporative losses as open ponds (Batan et al., 2013). However, unlike growth ponds there is no reason that salt water cannot be used to compensate evaporative loss (Wijffels et al, 2010).
Other losses during the cultivation stage include water leakage. Leakage is influenced by the type of liner and underlying soil of the pond. A typical range for water seepage is around 5-6 mm day-1 (Boyd and Gross, 2000). During the processing stage of production there are also unavoidable losses and freshwater inputs involved in drying biomass and extracting lipids. Both water leakage and processing losses are minor in comparison to evaporative loss (Hunter-Cevera et al., 2012; Pate et al., 2011).  
The significant water use for open pond production is an important bottleneck in the deployment of algal biofuels at a large scale. Wigmosta et al. (2011) estimated that if 48% of US transportation fuel demand were met by open pond cultivated algae, 312 trillion litres of freshwater would be needed, twice the amount of water used for irrigated agriculture in the United States (Hunter-Cevera et al., 2012). Pate et al. (2011) analysed the resources necessary to produce 37.8 billion, 75.7 billion and 189 billion litres of biodiesel in the United States. The authors found that, even with optimistic productivity assumptions, water demand would become a limiting resource at the lowest production level assessed.   
Currently, water recycling, use of alternative water sources and PBR systems are the only technical strategies available to reduce water consumption. Selection of locations with high precipitation or lower evaporation rates can also reduce consumption considerably, however further work is needed to develop models which can accurately predict evaporation at a local scale and factor in the effects of local water scarcity on sustainable water consumption limits (Guieysse et al., 2013). It is vital that more cost effective approaches to reduce evaporative losses and mitigate TDS build-up are developed to ensure feasibility of large scale production (Wigmosta et al., 2011). Table 1. Lifecycle water consumption for the production of 1 litre of biodiesel (30 MJ/L)
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Batan et al. (2013)
High case
PBR with open cooling pond
FW
1.83
0.8
100

-
-
2664












Best case with coproduct allocation
PBR with  open cooling pond
FW
1.83
0.48
100

-
-
-9690.3











Harto et al. (2010)
PBR – High case
PBR
FW
5.5
0
100

0
57
63












Open pond - Base Case
Open pond
FW
5.5
0.25
100

165
50
216












Open pond -High case
Open pond
FW
2.6
0.42
100

575
80
656











Wigmosta et al. (2011)
361  L yr-2 production
Open pond
FW
0.46
0.06
100

438
N/A
438












909  L yr-2 production
Open pond
FW
0.46
0.20
100

1613
N/A
1613











Yang et al., (2011)
100% harvest recycling
Open pond
FW
3.2
0.27
100

450
140
590












No harvest recycling
Open pond
FW
3.2
0.27
0

450
140
3650












SW/WW
No harvesting

Open pond
SW/
WW
3.2
0.27
0

450
2
452











Hunter-Cevera et al. (2012)
Algenol

PBR
SW/
FW
-
-
-

-
-
3.15












Sapphire
Energy
Open pond
FW
-
-
-

-
-
906











Chiu et al.  (2009)

Corn bioethanol
-
-
-
-
-

-
-
142
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Nutrient use
Algae require a sufficient quantity of key nutrients for both growth and metabolic maintenance. Although exact composition of cells varies between species and is affected by the environment and nutrient status of the cell, the average elementary molar stoichiometry of algae cells, known as the Redfield ratio, is C106N16P1 (Borowitzka and Moheimani, 2013; Redfield, 1958). If algal biofuels are to meet a significant fraction of transportation fuel needs, large quantities of nutrients will be required. The potential demand for these resources needs to considered carefully and factored into sustainability and feasibility analysis of algal biofuel production. Fertilizer production is particularly energy intensive and contributes significantly to the upstream energy and GHG footprint of algal biofuels, this aspect of nutrient use will be discussed in Section 1.4.3.3. 
Phosphorus
Phosphorus is an essential component for the synthesis of organic biochemicals such as nucleic acids and energy transfer molecules. Highly productive algal cultures typically require high concentrations of phosphorus, which is normally supplied as an inorganic phosphate salt sourced from phosphate rock. Phosphate rock, like fossil fuels is a finite resource which is being rapidly depleted. According to Steen (1998) commercial phosphate reserves will be exhausted within 50-100 years. In the last decade increasing prices for fertilizer has encouraged expansion of mining operations in regions such as South America and Asia (Jasinski, 2013). This expansion has increased reserve estimates by a factor of 4; however the fertilizer industry acknowledges that quality of the ore is declining and cost of extraction is increasing (Cordell et al., 2009; Jasinski, 2013, 2003). Accordingly, sustainable consumption of phosphorus is extremely important for the long term sustainability of algal biofuel production and to avoid indirect competition with food production.
Based on the Redfield ratio, to produce 1 tonne of algal biomass roughly 5-12 kg of P is required (Borowitzka and Moheimani, 2013; Pate et al., 2011). Assuming a lipid content of 50%, 100% nutrient absorption, and no recycling, Pate et al. (2011) predicted that the lowest production level assessed (37.8 billion litres annually) would require one-fifth of the total U.S consumption of inorganic phosphorus in 2006 (based on 12 kg P per tonne biomass). Such a large demand was deemed unsustainable by the authors (Pate et al., 2011).  
Nitrogen
Nitrogen is a vital nutrient for an array of biochemicals in the algae cell, including essential molecules involved in energy capture, metabolism and cell structure (Hunter-Cevera et al., 2012).  Algae are able to utilise a variety of nitrogen sources including ammonia (NH3), nitrate (NO3-) and urea (CO(NH2)2). Free NH3 is toxic to many algae species therefore NH3 use in algae cultures requires careful management, particularly at high temperatures due to the rapid equilibration between NH3 and ammonium (NH4+) (Azov and Goldman, 1982; Borowitzka and Moheimani, 2013). Almost all inorganic nitrogen fertilizers are artificially synthesised by fixing atmospheric nitrogen gas into ammonium through the Haber-Bosch reaction. The Haber-Bosch reaction requires very high temperatures and pressures and consequently is particularly energy intensive (Peccia et al., 2013). Unlike phosphorus, the source of elemental nitrogen is almost unlimited, however the hydrogen and energy used in the nitrogen fixation reaction is mainly supplied by finite fossil fuels. 
Based on the Redfield ratio to produce 1 tonne of algae biomass, 50-80 kg of N is required (Borowitzka and Moheimani, 2013). (Pate et al., 2011)) study predicted that algae production of 37.8 billion litres of biodiesel would require 44% of the total 2006 US demand for inorganic N fertilizer. Such an increase in demand would inevitability lead to indirect competition with food production and significant increases in fertilizer associated GHG emissions which must be factored in to sustainability analysis (Peccia et al., 2013). 
Carbon dioxide
Autotrophic algae growth is highly dependent on availability of CO2, which provides the main source of elemental carbon for the production of new biomass and energy carrying molecules. CO2 is freely available in the atmosphere but at a very low concentration (0.04%), this low concentration limits diffusive mass transfer of CO2 into algal cultures (Williams and Laurens, 2010). Consequently, algal growth is typically limited by CO2 concentration and requires external sources of concentrated CO2 (in gaseous or bicarbonate form) to reach economically feasible productivity rates (Kumar et al., 2010; Yu et al., 2005). 
Approximately 1.8 kg of CO2 is consumed to produce 1 kg of algae biomass equating to 3.69-9.23 kg of CO2 per litre of algal biodiesel produced (depending on lipid content) (Pate et al., 2011). This estimate is comparable with estimates made by emerging algal biofuel companies. Sapphire Energy’s open pond biodiesel production pathway is estimated to consume 3.14-6.28 kg CO2 per litre of gasoline equivalent. Similarly, the algae bioethanol company Algenol estimated that their PBR production method consumes 2.91 kg of CO2 per litre of gasoline equivalent (Hunter-Cevera et al., 2012). 
Anthropogenic CO2 sources such as waste flue gases from power plants, cement works, steel works, and ammonium production are typically envisaged to meet the demand of large scale microalgae production (Acién Fernández et al., 2012). Flue gases contain approximately 15% CO2, providing a concentrated gaseous source of carbon for microalgae growth (Maeda et al., 1995).  Studies have demonstrated that some species of microalgae are able to tolerate high temperatures and varying concentrations of SOx, NOx and CO impurities which are associated with flue gas (Maeda et al., 1995; Zeiler et al., 1995). Microalgae fixation of CO2 from flue gas can be an effective carbon capture technology; however, because most microalgal species readily decompose or are combusted as a fuel, the carbon captured is released back into the atmosphere, preventing long-term storage (Acién Fernández et al., 2012).  Although microalgae produced from flue gases cannot reduce emissions from power plants, they can reduce emissions from the fossil gasoline and diesel fuels which they replace (Acién Fernández et al., 2012; Benemann, 1997). A major regulatory advance for algae biofuels was the recent inclusion of carbon capture for use in the US’ Clean Power Plan (2015) to reduce GHG emission from industrial sources, which should encourage further adoption of algal technology (Lane, 2015e). 
Despite this regulatory advance, the availability of CO2 is a limitation to large scale algal cultivation. An estimated 140 million metric tons of CO2 would be required to produce the aforementioned 37.8 billion litre target (Pate et al., 2011). This would necessitate the use of half the stationary emission sources in the 19 lower states of the US that were assessed (Pate et al., 2011). A more ambitious production target of 227 billion litres of biodiesel per year would require 0.9-1.5 billion metric tons of CO2, equivalent to 36-56% of total CO2 emissions from all US power plants (Hunter-Cevera et al., 2012). Furthermore, in the US, without an extensive and costly infrastructure of CO2 capture and transportation, only a limited number of these concentrated emission sources are within range of areas suitable for large scale algal cultivation (Pate et al., 2011). Given [image: ]that most nations are planning to reduce the proportion of fossil fuelled power stations in future decades, the availability of flue gas may be a significant bottleneck for future large scale microalgae production.  
Mitigation strategies for nutrient useFigure 13. Pilot photobioreactor supplied with flue gas from Steel production in Scunthorpe (Zandi et al., 2011)

Lipid extracted from biomass should ideally contain no nitrogen or phosphorus, meaning little N or P should be lost in the main product of microalgae biodiesel production. Consequently recycling both the non-lipid fraction of biomass and residual nutrients in spent growth media should recover a considerable proportion of the external nutrients input (Peccia et al., 2013). As previously eluded the non-lipid fraction also contains approximately half the embodied energy of the cell; extraction of the nutrients from this residual biomass can therefore substantially improve both economic and energetic viability of microalgae production (Hunter-Cevera et al., 2012; Peccia et al., 2013). 
Nutrients within the residual biomass are stored as organic molecules which are not readily available for algae growth. Anaerobic digestion (AD) can be utilised to both remineralize the nutrients and extract the remaining embodied energy. AD is a process in which a collection of anaerobic bacteria break down complex organic matter such as carbohydrates, lipids and proteins into smaller molecules. The digestion of algal biomass often causes a build-up in ammonia because the C:N ratio of algal biomass is much lower than the digesting bacteria (Ehimen et al., 2011; Heaven et al., 2011). Removal of this excess nitrogen for reuse in microalgae growth is therefore beneficial to the digestion operation (Peccia et al., 2013). The end products of anaerobic digestion are biogas, liquid effluent and digestate (Ras et al., 2011). The biogas is composed of CH4 (69-75%)  and CO2 (31-25%), the methane can be combusted for bioenergy and the resulting CO2 can be fed back to microalgae production (Sialve et al., 2009). A proportion of the nitrogen and most of the phosphorus is incorporated into the bacteria biomass, this eventually forms digestate. This digestate sludge and liquid effluent can be fed into the algae ponds replacing the lost nutrients (Lardon et al., 2009; Menger-Krug et al., 2012). While this approach may have many technical challenges and is unlikely to led to 100% efficient recycling it does have huge potential for reducing nutrient consumption and improving sustainability. 
HTL, the whole cell fuel conversion technology aforementioned in section 1.3.3, also offers a route for nutrient recycling. The aqueous effluent contains nitrogen, phosphorus and other inorganic elements required for growth (Biller et al., 2012; Elliott et al., 2015; Garcia Alba et al., 2012; Liu et al., 2013). However a significant proportion of the nitrogen is incorporated into the bio-crude (Frank et al., 2013; Liu et al., 2013). A recent study found that a variety of algae species can grow on the HTL effluent (diluted) produced as a by-product of biomass fuel conversion (Biller et al., 2012).
Co-production of algal biofuel and wastewater treatment has been frequently suggested as an effective strategy to reduce fertilizer inputs. Conventional wastewater treatment removes suspended solids (primary treatment) and dissolved and solid biological matter (secondary treatment). The secondary effluent produced is then usually discharged into natural water bodies (de la Noüe et al., 1992). This effluent typically has high levels of inorganic nitrogen and phosphorous, which can lead to major environmental impacts such as eutrophication if the nutrients accumulate in water bodies (Pittman et al., 2011). Physical and chemical tertiary treatment technologies are available for nutrient removal, but these processes are energy intensive and involve the addition of significant quantities of chemicals (Christenson and Sims, 2011). Consequently, conventional tertiary treatment is four times more expensive than primary treatment and is therefore limited to treatment works which discharge into sensitive ecological areas (Oswald, 1988; Rawat et al., 2011). 
The concept of utilising microalgae as a low cost and environmentally beneficial technique for removal of nutrient contaminates has been in development for decades (de la Noüe et al., 1992; Hoffmann, 1998; Oswald et al., 1957). This technique is often labelled as phycoremediation, which is loosely defined as the use of macro and microalgae for the removal or biotransformation of pollutants, such as nutrients and xenobiotics from wastewater and CO2 from waste air (Olguın, 2003; Rawat et al., 2011). Extensive research has demonstrated both efficient (80-99.8%) removal of nitrogen, phosphorus and heavy metals and high biomass productivities in municipal (Kong et al., 2009; Li et al., 2011a,b; Liang et al., 2010), agricultural (Hu et al., 2012; Jiménez-Pérez et al., 2004; Mulbry et al., 2008; Wang et al., 2012) and industrial wastewater (Chinnasamy et al., 2010; Wu et al., 2012). In addition, phycoremediation can complement existing treatment systems by channelling oxygen produced by photosynthesis to the secondary treatment aerobic bacterial degradation processes, reducing the need for high cost mechanical aeration (Rawat et al., 2011).
The co-production strategy has a number of limitations which need to be considered. Firstly, although the capital costs for construction and operation are a fraction of those associated with conventional activated sludge wastewater treatment, the land requirements for algal ponds can be 50 times greater (Park et al., 2011). Given that most wastewater resources are located near urban centres, the availability and economically feasibility of using this land is questionable (Peccia et al., 2013).  
Secondly, the concentration and ratio of nutrients may not be ideal for algae growth. N concentration in municipal wastewater effluent can range from 15-85 mg/L (Peccia et al., 2013; Rawat et al., 2011). At the lower end of the range, addition of N fertilizer or use of N recycling would be needed to maintain high productivity (Peccia et al., 2013). A large proportion of the N in municipal wastewater is in the form of NH4+ , exclusive use of wastewater as the N source would therefore require careful management and pH control of the algal culture (Peccia et al., 2013). The N:P ratio varies at different sections of the wastewater treatment process. The optimal range for algae production is between 6.8-10 (Olguín, 2012).  In a phycoremediation study (Wang et al., 2010) found that primary effluent had a N:P ratio of 4.7, while secondary effluent from activated sludge treatment had a ratio of 53.2 considerably higher than the optimal range. Conversely the N/P ratio of the centrate (liquid extracted from the activated sludge thickening process) was 0.36 (Wang et al., 2010). Growth experiments showed that highest algae productivities were achieved in the centrate, leading to the authors recommending this fraction for co-production (Wang et al., 2010). 
Another challenge for the co-production method is the increased risk of contamination due to the unsterile environment inherent in wastewater treatment systems (J. B. K. Park et al., 2011; Peccia et al., 2013). Wastewater contains a complex community of organisms which includes pathogenic bacteria, native algae species, herbivorous grazers, parasites and viruses. While some contaminating species can be beneficial for algae growth, providing oxygen consumption and vitamin synthesis (Croft et al., 2005; Olguín, 2012), many contaminants have adverse effects which lead to algal population collapse over a time period of days (Craggs et al., 2013). Consequently, it is important to control contamination by application of chemical treatment (such as pH control or hormone mimics for zooplankton contaminates) or sterilization of the wastewater prior to use. Sterilization methods such as chlorination and ozonation are energy intensive, and therefore will impact on the energetics of the whole production system (Craggs et al., 2013). Contamination by native fast growing algae species is a significant challenge, and to date no phycoremediation systems has successfully maintained a monoculture (Christenson & Sims, 2011). Mixed cultures are thought to be more robust and productive than monocultures, and can produce high lipid yields (Peccia et al., 2013; Woertz et al., 2009), however if specific natural or transgenic species are to be used in co-production, methods for maintaining a monoculture need be further researched. 
The final limitation of co-production is the limited availability of wastewater as a resource. Chiu and Wu (2013) assessed the production potential of 17 states in the southern United States based on water availability. The study found that even if all municipal wastewater effluent available was used in algae production only 9 billion litres of bio-oil could be produced, compared to 174 billion litres if water resources are not taken into account (Chiu and Wu, 2013). In light of this, co-production may be an effective strategy for sustainable algal biofuel production, but its scope as a method for large scale production is limited. 
The use of fuel secretion (or milking) rather than biomass harvesting (as discussed in Section 1.3.1) is another strategy to reduce production costs. A LCA study of Algenol’s direct-to-ethanol production route was carried out by (D. Luo et al., 2010). Because the biomass is not harvested or killed (for an extended period of time) only a small amount of nutrients are needed for initial growth and maintenance of the culture. Algenol have developed this approach to achieve production rates of over 100,000 l ha-1 yr-1  (Lane, 2013a; D. Luo et al., 2010). (D. Luo et al., 2010) estimated that at a production rate of 56,000 l ha-1 yr-1, 0.002 kg N and 0.0001 kg of P per litre of gasoline equivalent would be consumed, considerably lower than conventional production pathways.
Overcoming the limitation of CO2 demand remains a significant challenge for the future of the algal biofuel industry. Although, theoretically there should be enough waste CO2 flue gas available for large-scale algae production, the cost of transporting gas from source to production facility is likely to be uneconomical and energy intensive (Pate et al., 2011). Co-locating algae production next to a CO2 rich waste gas stream could mitigate this problem, but given the land requirements of algae production, the feasibility of this option may be limited (Darzins et al., 2010). A comprehensive analysis of the limitations of CO2 supply on microalgae is needed to fully assess the potential of microalgae production (Pate et al., 2011).  
Use of other inorganic carbon resources such as bicarbonate has been suggested, however, if the bicarbonate is mined from fossil sources the carbon emissions from algae biomass combustion will contribute to CO2 accumulation in the atmosphere (Hunter-Cevera et al., 2012).  An alternative strategy could be the use of mixotrophic algae to convert waste organic carbon streams into CO2, which is then assimilated by photosynthesis. Because carbon from organic sources has ultimately been sequestered from the atmosphere by photosynthesis, no fossil carbon is emitted during combustion, and therefore combustion does not contribute to climate change. Biological gas exchange in mixotrophic algae and the economic feasibility of this approach is poorly understood and further research is essential to assess the potential of this production strategy.   
[bookmark: _Toc462059738][bookmark: _Toc357174671]Energy use
Production of algal biofuel requires a considerable energy investment at each stage of the supply chain. Given that the main driving force behind the development of biofuel production is to reduce dependence on fossil energy and emissions of fossil carbon, it is vital that the life-cycle energy use of proposed production pathways are critically assessed and optimised. As previously mentioned, estimating the energy balance of algal biofuel production is extremely challenging due to the infancy of the technology and the large variety of production pathways. Many existing technologies are still in a laboratory or pilot phase of development and extrapolating energetics to an industrial scale can lead to large uncertainties. 
 Despite the challenges, numerous LCA studies have been untaken to assess the energy balance of algal biofuel production. Table 2 shows the estimated NEB from a number of recent studies, and details the different production processes and assumptions made. In this case NEB is defined as;

 			Equation 1

In other words, if the biofuel and co-products embody 20% less energy than consumed in production, the NEB value would be 0.8. Production pathways under 1 are therefore unsustainable and cannot be considered as renewable energy sources.  Ideally the NEB should be higher than the estimated values of current first generation biofuels such as corn ethanol (1.25) and soybean biodiesel (1.93) (Hill et al., 2006).
[image: ] As might be expected the variation between estimated values is huge, ranging from 0.13 to 13.2 (Table 2). While a proportion of the variation can be attributed to the use of different data sources as model inputs, a more significant factor comes from assessment of differences in production pathways and system boundaries (Hunter-Cevera et al., 2012). A meta-analysis study by Liu et al. (2012) normalised the values from 6 different LCA studies by using each study model to assess one production pathway including the same upstream (energy associated with nutrient production) and downstream processes  (energy associated with non-lipid processing) (Liu et al., 2012). As shown in Figure 14, the normalised values have a considerably higher level of agreement, confirming the impact of different production pathways and model assumptions, and demonstrating a generally favourable NEB when normalised (between 1-1.9) (Liu et al., 2012). The disparity between LCA values highlights important areas of production optimisation; the following section provides an overview of the main contributing factors. 

Figure 14. Estimated energy use per 100 L of biodiesel (33-36 GJ) from 6 studies before and after normalisation (Liu et al., 2012)

Table 2. Net energy balance estimates from a selection of recent LCA studies using different production pathways.


Source 
 
Growth system
CO2 and
Nutrient source
Harvesting


Extraction% Processing
AD
Products and
Coproducts
NEB ratio








Batan et al. (2010)
PBR
Flue gas, VN
Centrifuge, filtration
Hexane/
esterification
None
BD, Aquaculture feed, glycerol
1.08








Beal et al. (2012) reference case
ORP
Industrial CO2, VN
Alum floc., grav.,
Homog.
Heptane/ esterification
None
BD, biogas (from HG)
0.42








Beal et al. (2012) CWTABP
ORP
Flue gas, WW
Alum floc.
grav. , Homog.
Heptane/ esterification
LEA
BD, biogas (from HG)
1.44








Brentner et al. (2011)
reference case
ORP
Flue gas, VN
Centrifuge, drying
Hexane/
esterification
None
BD
0.13








Brentner et al. (2011)
best case 
PBR
Flue gas, VN
Chitosan floc.
Supercritical
methanol
LEA
BD, BioE (from AD), 
N (from AD)
0.93








Chowdhury et al. (2012) reference case
ORP
Industrial CO2, VN
Filter press, drying
Hexane/
esterification
None
BD
1.11








Chowdhury et al. (2012)
best case
ORP
Flue gas, VN
Filter press, drying
Hexane/
esterification
LEA
BD,  BioE & N (from AD), N (from AD),  glycerol (heterotrophic algae feedstock)
1.89








Clarens et al. (2010)
ORP
Industrial CO2, VN
Alum floc.
centrifuge
None
None
Algal biomass
1.06








Clarens et al. (2010)
ORP
Industrial CO2, WW
Alum floc.,
centrifuge
None
None
Algal biomass
13.2








Clarens et al. (2011) reference case  
ORP
Industrial CO2, VN
Auto-floc., grav., homog.
Hexane/
esterification
LEA
BD,  BioE  (from AD), 
N (from AD)
0.65








Clarens et al. (2011) 
BD and AD, no WW case
ORP
Flue gas, VN
Auto-floc., grav., homog.
Hexane/
esterification
LEA
BD,  BioE  (from AD), 
N (from AD)
1.11








Clarens et al. (2011) 
[bookmark: OLE_LINK3][bookmark: OLE_LINK4]BD and AD case
ORP
Flue gas, WW, VN
Auto-floc.,grav., homog.
Hexane/
esterification
LEA
BD, BioE  (from AD),  
N (from AD)
1.13








Khoo et al. (2011)
ORP
Industrial CO2, VN
FeCl3floc., centrifuge
Hexane/
esterification
None
BD.
0.23








Liu et al. (2012)
ORP
Industrial CO2
Filter press, drying
Hexane/
esterification
LEA
BD,  BioE  (from AD),  
N (from AD)
1.4








Menger-Krug et al. (2012)
CWTABP case
ORP
Flue gas, WW
None
None
Whole Biomass
BioE ,N
2.4








Resurreccion et al., (2012) 
ORP
Industrial CO2,WW
Auto-floc., thickener, homog.
Hexane/ esterification
LEA
BD,  BioE  (from AD), 
 N (from AD)
1.5








Sander and Murthy (2010)
ORP
Energy demands excluded
Filter press, drying
Hexane/
esterification
None
BD, ethanol production feedstock

3.33








Sills et al. (2013)
ORP
Flue gas, VN
Auto-floc., Filter press
HTL
LEA
BD, BioE (from AD), 
N (from AD)
0.22-0.75








Stephenson et al. (2010)
ORP
Flue gas, VN
Alum floc.,
centrifuge, homog.

Hexane/
esterification
LEA
BD,  BioE  (from AD)
1.60








Liu et al. (2013)
ORP
Industrial CO2 and Flue gas, VN
DAF, centrifuge
HTL
None
BD, N, biogas (from HTL), 
3









ORP= Open raceway pond
PBR= Photobioreactor
WW = wastewater.
BD = biodiesel 
DC = direct combustion of biomass
AD= Anaerobic digestion



Grav- gravity settling 
LEA – lipid extracted algae
DAF – dissolved air floatation 
Floc = Flocculation
HG = Hydrothermal gasification
HTL = Hydrothermal liquefaction


BioE = bioelectricity.
N = nutrients (recycled back into process)
VN=virgin nutrients
CWTABP = Combined advanced wastewater treatment and algal biofuels production.
Homg. - homogenisation





Co-production, nutrient recycling and flue gas use
One of the major conclusions from the LCA studies is the positive energetic impact that arises from combining algal biofuel production with wastewater treatment.  Clarens et al. (2010) estimated that nutrient use accounted for 50% of life cycle energy consumption (study analysed cultivation and extraction only). Co-production with activated sludge effluent reduced life-cycle energy use by 92%, 50-70% of which was due to energy offset from nutrient removal treatment, with the remaining 30-50% due to avoidance of fertilizer use (Table 2). A more comprehensive analysis by Beal et al. (2012) assessed the energy balance of the whole algae production (including biomass processing) and wastewater treatment process. In the combined system the algae were cultivated with primary effluent and CO2 from wastewater biogas combustion. Independent wastewater and algae production processes had negative NEB’s of 0.37 and 0.42 respectively, while co-production increased NEB to 1.44. This positive outcome has been confirmed by many other modelling and experimental studies (Menger-Krug et al., 2012; Resurreccion et al., 2012; Sturm et al., 2012; Sturm and Lamer, 2011). Although co-production can be an effective production pathway when cultivating freshwater algae, Clarens et al. (2011) found that use of wastewater in marine algae systems had a minor effect on NEB. In this scenario wastewater accounted for only 11% of the flow because it was used only to counter evaporation. The study did not account for energy savings from wastewater treatment, which may be because complete co-production is not feasible with the majority of saltwater systems (Clarens et al., 2011). 
It is important to note that the nutrient requirements to meet 5% of US transport fuel demand with algae biofuels equates to 4-5 times the nutrient embodied in the entire US wastewater supply (NAABB, 2014a). This highlights the need to recycle nutrients from the non-lipid fraction of the biomass. Brentner et al. (2011) allocated 0.42 MJ/MJ biodiesel and 0.78 MJ/MJ biodiesel energy credits to the nutrients and energy produced from anaerobic digestion of non-lipid biomass. In the best case scenario use of AD more than doubled the NEB compared to a landfill disposal alternative (0.93 and 0.43 respectively). A more recent LCA, based on Sapphire Energy’s pilot plant, using HTL, came to similar conclusions, highlighting the importance of nutrient recycling (Liu et al., 2013).
In addition to the use of waste nutrient sources, utilising waste CO2 streams has been found to be an important parameter for positive NEB values. Clarens et al. (2011) compared the use of virgin commercial CO2, CO2 sourced from carbon capture of a coal-fired power plant and CO2 sourced from compressed (and transported) flue gas (12.5% CO2). The study found the use of virgin CO2 by far the most energy burdensome (4130 MJ/tonne), compared to carbon captured (530 MJ/tonne) and compressed flue gas (180 MJ/tonne). Such a difference in energy input led to a 70% increase in NEB value for the reference biodiesel pathway (Table 2). The importance of CO2 on energy demand again highlights the need for a comprehensive evaluation of the availability of future CO2 sources and potential limitations on large scale algal biofuel production. 
Harvesting and extraction methods
Because of the small size and low specific gravity of algal cells, separation from culture suspension is inherently difficult. Continuous centrifugation is the established method used in the production of algae-derived high value products, preferred due to its high reliability, speed, and ability to process large volumes (Brentner et al., 2011; Pittman et al., 2011). It is generally agreed that centrifugation is not economically or energetically viable for algal biofuel production, in the Brentner et al. (2011) comparative study the modelled centrifugation step used more than three times the embodied energy of the algae biodiesel produced, leading to very unfavourable NEB values (Table 2). 
Gravity sedimentation is commonly used in wastewater application because of the large volumes processed and the low value of the biomass. This method of harvesting has very low energy requirements, but due to the small size of some microalgae, settling rates are very low and not ideal for frequent algal harvesting (Pittman et al., 2011). Because of the slow settling rate of algae biomass, gravity sediment is often coupled with chemical or biological flocculation (Table 2). Microalgae cells are generally negatively charged, this prevents the natural aggregation of cells which are in suspension. Flocculation is used to reverse or overcome these repellent forces, allowing cells to aggregate, which increases particle size and “settleability” (Brennan and Owende 2010). Brentner et al. (2011) assessed the energy consumption of flocculant assisted gravity sedimentation by aluminium sulphate, pH adjustment (often called autoflocculation) and chitosan (organic cationic polymer derived from crustacean’s exoskeletons).  The authors found all flocculation methods significantly less energy intensive than filtration or centrifugation, with chitosan as the least energy intensive alternative (0.46 MJ/MJ biodiesel).  
Another harvesting technique worth mentioning (although only considered in one of the LCA studies assessed) is flotation. Flotation is a type of gravity separation process in which air microbubbles pass through a cell suspension collide with and adhere to algal cells, then lift them to the liquid surface into a concentrated floating mass (C.-Y. Chen et al., 2011; Uduman et al., 2010; Wang et al., 2008). The process is thought to be a faster and more efficient alternative (in terms of removal) to gravity sedimentation, generating a more highly concentrated solid fraction (Williams and Laurens, 2010). Although more efficient in terms of removal, the energy consumption and capital costs associated with flotation are generally far higher than gravity sedimentation. Despite this, the efficiency of the process has made it an attractive option to algal biofuel companies such as Sapphire Energy, who are known to be developing the technology (Lane, 2013b). Further development of the process has the potential to significantly reduce energy costs. One recent breakthrough has come with the invention of the fluidic oscillator which is able to generate bubbles a tenth of the size of conventional dispersed air flotation bubbles using 2-3 orders of magnitude less energy and a similar reduction in capital cost (Hanotu et al., 2012). Using this technology, Hanotu et al., (2012) were able to reach recovery rates of 95.2-99.2% with varying types of metallic flocculants at a pH of 5 (Figure. 15). Although the actual energy consumption of this technique is not reported, the results suggest a promising alternative to conventional harvesting techniques. 
Further pre-treatment of the harvested algae biomass depends on the method of extraction of lipids from the algae cells. The conventional method, taken from the established soybean production process, involves drying of the algae biomass, using a drill press to lyse the cells following hexane solvent (recycled) lipid extraction (Brentner et al., 2011). For microalgae this method is very energy intensive mainly because of the necessity for drying the biomass before extraction. Consequently, wet extraction pathways, such as HTL or supercritical methanol transesterification, require significant amounts of energy for elevated reaction temperatures and pressures but produce less waste and importantly avoid the necessity for biomass dehydration (Patil et al., 2011). Brentner et al. (2011) found that supercritical methanol wet extraction/esterification pathway used 0.6 MJ MJ-1 biodiesel, considerably less than the hexane extraction and [image: ]esterification steps (3.3 MJ MJ-1  biodiesel). 
Figure 15. Flotation unit at different stages a. Start of process, sludge layer instantly begins to form with the transport of large flocs. b. After 10 minutes the turbidly of the water has decreased forming a thick sludge blanket. c. After 30 minutes, the separation rate slows as small flocs are captured. The sludge layer is compressed and fully formed (Hanotu et al., 2012)











The harvesting step has been highlighted as a major energy expense and consequently is an area of active research.  While wet extraction can avoid dehydration, novel approaches which avoid harvesting steps such as species selection or genetic engineering for lipid milking have the potential to dramatically reduce harvesting costs and the energy expenses associated with them (Radakovits et al., 2010). 
[bookmark: _Toc357174675][bookmark: _Toc429054037]Cultivation
As shown in Table 3, the estimated energy requirements for the cultivation stage of production is large and has a significant degree of uncertainty. Inputs often included in this stage are, mechanical mixing, sparging of air or CO2, pumping of culture to the harvesting operation, pumping, treating and transport of water, transport of CO2 and manufacture and transport of nutrients. One of the most important factors of energy use in cultivation and many other stages of production is biomass and lipid productivity. Biomass productivity is determined by cell density, cell volume and specific growth rate (Borowitzka and Moheimani, 2013), whilst lipid productivity is a determined by the lipid content of the cell and biomass productivity. An increase in productivity can decrease the energy input per unit of biomass in the cultivation stage by reducing residence time in the pond. In batch cultures increased productivity can potentially lower harvesting costs by increasing cell density. Lipid content increases can significantly reduce downstream processing costs by reducing the amount of biomass processed per biodiesel output.
One of the most important factors constraining productivity is reactor design. Conventional open pond designs such as raceway ponds require a relatively low initial capital and material input, the simple design can be operated on a very large scale and requires only slow mechanical mixing to stabilise growth and productivity (Brennan and Owende, 2010). The main disadvantage of open ponds is low productivity. Productivity is limited due to difficulty of temperature and nutrient control (due to evaporation), poor mixing and CO2 utilization and limited light availability (due to low surface area to volume ratio) (Pulz, 2001). This low productivity means that a large land area is required to produce a unit of biomass. In addition the open nature of ponds means they are at high risk of contamination (Mata et al., 2010). The outdoor ASP studies found that maintaining a monoculture of desired algae species over a long-term period was extremely difficult, with native species often becoming dominant (Sheehan et al., 1998a). Contamination from pathogenic and predatory organisms is also high when cultivating in open ponds. Due to this high risk, current open pond systems are forced to use extremophile algae in highly selective environmental conditions (Borowitzka, 1999). The high risk of contamination ultimately reduces productivity due to the down time needed to purge cultures and clean the pond. Table 3. Range of estimated energy requirements for each stage of the algae biodiesel production pathway (including co-products) for open pond systems. Based on sources in Table 2

Production Stage
Energy Requirements 
(MJ /MJ Biodiesel)

Nutrients (fertilizer and CO2)

0.2-1.6
Cultivation
0.04-3.14
Harvesting
0.01-0.26
Extraction 
0.19-0.51
Conversion
0.03-0.22


[image: ][image: ]Closed PBR systems are designed to alleviate many of the problems related to open ponds, enabling precise control of the culture conditions (pH, temperature, mixing, CO2 and O2, light availability) (Singh and Sharma, 2012). PBRs are closed systems, therefore problems related to evaporative loss (on media composition) and contamination can be avoided (Figure 16). The controlled conditions of PBR’s enable enhanced productivities of between 3 and 5 times that achieved in open pond systems (Mata et al., 2010). 
The main disadvantages of PBR systems are the high capital and material (embodied energy and carbon) costs of construction and maintenance, which can be an order of magnitude higher than open pond systems. One comparative study of an open pond and tubular airlift reactor estimated NEB values of 1.6 and 0.15 respectively (Stephenson et al., 2010). Brentner et al.'s (2011) comparative study found similar results with the best case scenarios of annular (NEB = 0.05) and tubular (NEB = 0.02), PBRs inferring extremely high energy losses. Brentner et al. (2011) found that flat-plate PBR systems had much lower aeration costs and a longer life span than the aforementioned alternatives. Due to the lower energy inputs and higher productivity the best case flat-plate PBR system had a more favourable NEB (0.93) compared to the open pond system (0.81) (Brentner et al., 2011).Figure 16. Low cost flat-plate photobioreactors. a) Proviron, Belgium  b) Solix Biofuels, USA (Wijffels and Barbosa, 2010)

Further development of both open ponds and PBRs are likely to lead to moderate improvements in the energy balance, particularly if material and maintenance costs of PBRs can be reduced dramatically. However, the large leap in productivity needed for sustainable algal biofuel production is likely to come from further selection and discovery of productive strains and improved understanding of biological productivity constraints (Amaro et al., 2011; Mutanda et al., 2011; Scott et al., 2010). 
[bookmark: _Toc462059739]Trophic state and influence on biofuel production 
As stated in the previous section, one of the major areas of algal biotechnology research across both biological and cultivation engineering is to improve biomass and lipid productivity. Most conventional algal production systems utilise photoautotrophic (henceforth referred to as autotrophic) cultures. Under autotrophic growth conditions microalgae harvest light energy (either solar or artificial) via photosynthesis and utilise this energy to sequester CO2 as a carbon source. While there are many advantages to autotrophic growth, such as the relatively low cost of carbon and light (if grown outside), and lower risk of contamination from non-photoautotrophic organisms, light availability is a major limiting factor of growth. Due to self-shading, the cell density of an autotrophic culture is inversely proportional to light penetration; consequently it is difficult to achieve high cell densities, and therefore high productivities in autotrophic cultures. As a result of this limitation open ponds are operated with shallow cultures and low cell densities to optimise light penetration. As previously mentioned, PBR cultivation systems can alleviate light limitation by operating with a lower surface area to volume ratio, but at the expense of higher capital costs.  
Some algae species are able to grow heterotrophically by assimilating organic carbon sources, produced by other organisms, as both an energy and carbon source (Perez-Garcia et al., 2011). Heterotrophic growth is independent of light and can therefore reach cell densities 3-4 times the maximum densities found in autotrophic cultures (Lee, 2001). In addition, unlike autotrophs grown with sunlight, cell growth can continue during the night. Consequently, despite typically lower maximum specific growth rates, heterotrophic algae can reach much higher rates of biomass productivity (Lee, 2001). The higher productivity rates and use of relatively established microbe culturing technology (such as stirred tank reactors), in which light availability is not a constraint,  substantially reduces production costs compared with autotrophic growth (Li et al., 2007; Perez-Garcia et al., 2011). As a result a large proportion of the aforementioned Asian algae health food industry, as well as biofuel companies such as Solazyme, produce algae heterotrophically (Lee, 1997; Menetrez, 2012).
Heterotrophic growth has a number of disadvantages which limit commercial potential as a biofuel production pathway. Firstly, the risk of contamination from faster growing heterotrophic microorganisms, such as bacteria, is significantly higher than with autotrophic cultures, consequently routine sterilisation and aseptic conditions must be maintained (Chen, 1996). Secondly, there are a limited number of known heterotrophic species, and even fewer that can survive the high mechanical and hydrodynamic shear stresses required to prevent O2 limitation in high cell density growth vessels (Perez-Garcia et al., 2011). Thirdly heterotrophic cultures do not produce light induced metabolites which can be processed into high value products. Finally, and most importantly from a sustainability focus, because heterotrophic growth does not utilise solar energy directly it is technically a biological pathway for converting another biologically produced feedstock, consequently the energy balance and GHG emissions associated with that feedstock are passed on to the biofuel produced (Hunter-Cevera et al., 2012). Although culture and processing costs are lower, the energetic cost of utilising purposely grown organic carbon sources as a feedstock alone are very high and nearly always leads to a negative NEB (Chang et al., 2014; Kröger and Müller-Langer, 2011; Perez-Garcia et al., 2011).  
An alternative approach for algal cultivation is mixotrophy. Certain microalgae species are capable mixotrophic growth (sometimes referred to as photoheterotrophic growth), where the two metabolic pathways are able to operate simultaneously, i.e. photosynthesising while also assimilating and metabolising organic carbon sources. This mode of growth reduces strict dependency on light penetration enabling higher cell densities than autotrophy while using considerably less organic material per unit of biomass than heterotrophic growth (Boyle and Morgan, 2009). Mixotrophy also enables significantly enhanced productivity, which in turn leads to enhanced lipid productivity (Cheirsilp and Torpee, 2012; Liang et al., 2009; Wan et al., 2011). Energetically, mixotrophic growth should have a more favourable NEB than heterotrophic growth because considerably less organic material is assimilated per unit of biomass produced (Boyle and Morgan, 2009; Yang et al., 2000). However, mixotrophic growth would still require a cheap and sustainable organic carbon source for economic and environmental feasibility (Bhatnagar et al., 2011). Use of waste organic sources, which would otherwise be disposed of at an energetic and carbon cost, could potentially enhance the sustainability of mixotrophic growth (and heterotrophic growth). One possible organic carbon source is glycerol which is produced as a by-product of the transesterification process. A high volume of glycerol is produced due to the boom in biodiesel production, consequently the price has plummeted meaning it is effectively a waste organic with an associated energetic and financial cost of disposal (Chowdhury et al., 2012). Glycerol is produced and degraded by certain algae species due to its ability to act as an osmolyte or compatible solute, with the capacity to raise the osmotic potential of the cytoplasm, enabling cells to maintain osmotic equilibrium when under osmotic stress (such as high salinity) (Ben-Amotz and Avron, 1973). Glycerol can be assimilated from the medium by some species, where it is phosphorylated to glycerophosphate (consuming ATP), then oxidised to glycerol-3-phosphate (Perez-Garcia et al., 2011). Studies have shown that a number of mixotrophic species are able to utilise glycerol as an organic carbon source, although not as efficiency as simpler molecules such as acetate and the ubiquitous glucose (Cerón Garcı́a et al., 2005; Kong et al., 2013). 
Acetate and similar compounds are another promising waste organic carbon source. When in solution, acetate forms acetic acid (a carboxylic acid) which is readily metabolised by numerous mixotrophic microalgae. Acetate is assimilated via a transporter protein, and then converted into acetyl-CoA (consuming ATP). This acetyl-CoA is typically incorporated into cellular carbon via the glyoxylate pathway or directed to the TCA cycle for respiration (Johnson and Alric, 2013). Acetate is found in numerous organic waste streams, some of which are directly involved in microalgal biomass processing (Biller et al., 2012; Turon et al., 2015; Wang et al., 2012). For example, hydrothermal liquefaction (HTL) of algal biomass processes an organic rich effluent alongside biocrude (Biller et al., 2012). This effluent contains the majority of macronutrients required for algal growth, in addition the effluent contains a high concentration of acetate (0.1-0.8 % w/v) (Biller et al., 2012). Biller et al. (2012) found that this acetate was readily consumed by mixotrophic algal species and promoted a higher growth rate than autotrophic controls. 
Anaerobic digestion (AD) is another source of waste acetic acid. The digestate produced by AD is rich in volatile organic acids, such as acetic acid. Numerous studies have investigated the possibility of coupling algae growth with municipal wastewater supplemented with digestate from anaerobic digestion (an established process in wastewater treatment) to sustain mixotrophic growth (Abreu et al., 2012; Rigby and Smith, 2011). Although digestate is nutrient rich, it has a high moisture content (>90%) and therefore it is expensive to store and transport as a conventional fertilizer. The UK government is backing a rapid expansion of AD, beyond wastewater treatment, to utilise a huge resource (>100Mt yr-1) of biodegradable organic waste for biogas production (Rigby and Smith 2011). Consequently further markets are needed to ensure the increasing supply of digestate is utilised optimally (Rigby and Smith 2011). In addition, the aforementioned anaerobic digestion of non-lipid algal biomass will produce a substantial digestate resource, which could be recycled back through the algae production process. Wang et al. (2010) demonstrated that mixotrophic algae (native Chlorella sp.) are able to assimilate these volatile fatty acids (VFAs) (of dairy manure digestate) while removing nutrients with efficiencies of up to 100 and 75% for total nitrogen and phosphorus respectively. Further research is needed to assess the feasibility of using digestate, and other waste sources as a sustainable organic source for mixotrophic growth. 
One aspect of mixotrophy that has received little attention is the re-fixing of CO2 produced from the metabolism of organic carbon. Villarejo et al. (1995) carried out a 14C labelling experiment to track the fate of glucose in a mixotrophic Chlorella vulgaris strain (UTC 101). The study recorded a higher rate of CO2 evolution from glucose oxidation when photosynthesis was inhibited (by the PSII inhibitor DCMU), indicating that CO2 released from glucose oxidation is re-fixed by photosynthesis. Potentially, the CO2 produced endogenously could meet the demand of photosynthetic fixation, thereby avoiding the energetic and availability issues related to providing a concentrated source of CO2. In addition, under mixotrophic growth the photosynthetic production of O2 could meet the O2 demand from elevated heterotrophic respiration. Given the scope of the CO2 availability limitation, further research is needed to investigate the degree to which endogenic production of CO2 and O2 can meet demands and prevent growth limitation under mixotrophic cultivation, and thus potentially reduce energy and capital costs associated with gas supply. 
Due to the augmented growth, lipid productivity in mixotrophic cultures is generally increased (Liang et al., 2009).  However, under nutrient replete conditions the lipid content in mixotrophic cultures does not significantly increase when compared to autotrophic growth. Cheirsilp and Torpee, (2012) found large increases in biomass productivity in mixotrophic freshwater and marine Chlorella sp. and Nannochloropsis sp. compared to autotrophic growth, but no significant increase in lipid content. Liang et al., (2009) reported a similar trend when investigating Chlorella vulgaris; acetate supplemented cultures had significantly higher biomass productivity but a slightly lower lipid content than autotrophic cultures. In contrast, Wan et al. (2011), found a 2-fold increase in lipid content (50% vs 24%) in Chlorella sorokiniana grown with the addition of 10 g l-1 glucose compared to autotrophic cultivation, however the authors were uncertain whether this was due to faster growth in mixotrophic cultures causing nutrient deprivation. It is worth noting, that these studies carried out whole lipid quantification, which does not differentiate between TAG and polar lipids, therefore does not provide information on the relative suitability of the lipids for biofuel production. 
The influence of mixotrophy on lipid accumulation under nutrient stress is also complex. Nutrient-starved conditions, particularly nitrogen-starvation, causes a complex shift in a range of different interrelated metabolic pathways, including carbon metabolism (Johnson and Alric, 2013). Starch is an alternative energy and carbon storage molecule which is produced competitively with neutral lipids such as TAG. Although lipids such as fatty acids are more energy dense, the anabolism and catabolism of starch yields more ATP equivalents (65.3%) than fatty acids (60.7%), and therefore is a more efficient energy storage molecule (Johnson and Alric, 2013). Consequently, it is thought that starch is the dominant store of energy, and is consistently reported to accumulate in preference to lipid immediately after exposure to nutrient stress (Blaby et al., 2013; Davey et al., 2014; Fan et al., 2012a). Based on this trend, and the significantly higher TAG accumulation seen in starchless mutants of C. reinhardtii, Fan et al. (2012) argued that rapid accumulation of TAG only occurs when the supply of carbon exceeds the capacity of starch production.  This conclusion is supported by comparisons of mixotrophic and autotrophic TAG accumulation. Mixotrophic C. reinhardtii cultures have been demonstrated to accumulate significantly more (3-fold) TAG than non-aerated autotrophic cultures, and this accumulation is further augmented by higher concentrations of acetate supplementation (Fan et al., 2012a; R. Ramanan et al., 2013). In addition, when the concentration of acetate was increased the difference between wild-type and starchless mutant strains in TAG accumulation was reduced, indicating a limited starch production capacity (Fan et al., 2012a). Furthermore, when autotrophic cultures are supplied with a constant source of concentrated CO2, TAG content can reach similar levels (and exceed when acetate is depleted) to unaerated batch mixotrophic cultures, although not at the same rate of accumulation (Davey et al., 2014; Merchant et al., 2012). 
The role of photosynthesis in the accumulation of neutral lipids is also complex. Fan et al. (2012) concluded that, due to low TAG accumulation in dark heterotrophic conditions, TAG synthesis requires an active photosynthetic linear electron transport chain. However, under nitrogen starvation, a nitrogen-sparing response is activated, leading to chlorosis which involves the degradation of photosynthetic machinery (particularly cytochrome b6f) (to minimise nitrogen usage), reduction in activity of linear electron chain and shift to higher respiratory activity (Bulté and Wollman, 1992; Johnson and Alric, 2013; Schmollinger et al., 2014). This chlorosis trend is accelerated under mixotrophic conditions, despite the higher levels of TAG accumulation (Schmollinger et al., 2014). Consequently it is uncertain how the role of active photosynthesis can affect lipid accumulation under these conditions of rapid pigment degradation in mixotrophic cultures (Goodenough et al., 2014). 
Investigating the molecular biology associated with the nutrient-starvation metabolic shift has the potential to reveal a great deal more about lipid accumulation and the influence on both organic carbon uptake and photosynthesis. Only recently, since the resurgence in algal biofuel research and development of more advanced molecular techniques, have these pathways been intensely investigated (Merchant et al., 2012). The majority of microalgal lipid metabolism research has focused on the model algal species, Chlamydomonas reinhardtii, due to the availability of genomic information (entire genome sequenced and highly annotated) and established molecular techniques, including transformation (Merchant et al., 2012, 2007). As C. reinhardtii is a mixotrophic species, that is capable of assimilating acetate as an organic carbon source, significantly higher rates of growth and lipid accumulation under mixotrophic conditions have favoured this mode of growth for metabolic studies (Msanne et al., 2012). Consequently, and despite the dominance of autotrophic cultivation, the majority of metabolic studies, including transcriptomics, have utilised mixotrophic growth (Blaby et al., 2013; Boyle et al., 2012; Deng et al., 2012; Fan et al., 2012a, 2011; Goodenough et al., 2014; La Russa et al., 2012; Li et al., 2012; Miller et al., 2010; Moellering and Benning, 2010; Nguyen et al., 2011; Plancke et al., 2014; Schmollinger et al., 2014; Wase et al., 2014; Yoon et al., 2012), with relatively few molecular studies investigating autotrophic growth (Lv et al., 2013; Msanne et al., 2012), and none (to this author’s knowledge) making a direct comparison of autotrophy and mixotrophy. In addition, the majority of studies utilised continuous light rather than a natural light dark photoperiod which would be the dominant cultivation conditions for commercial production. 
In summary, mixotrophic growth, through the supplementation of organic (preferably waste) carbon has the potential to reduce production costs and mitigate challenges of sustainability (for example CO2 supply). Mixotrophic growth can lead to substantial increases in lipid productivity, however, the role of organic carbon in altering carbon metabolism, particularly lipid metabolism, is poorly understood. 
[bookmark: _Toc462059740]Conclusions
The imminent prospect of climate change and fossil fuel depletion has driven a global effort to develop alternative low carbon fossil fuels. Algae have significant potential as a biofuel feedstock; however, numerous life-cycle analysis studies have demonstrated that conventional methods of algae biofuel production are both unsustainable and counter-productive as a source of renewable energy generation. Several sustainability hotspots have been identified in the overall algae production chain: water use and availability, the availability and embodied energy of nutrients, harvesting and downstream energy costs, and energy costs associated with cultivation. Two frequently recommended strategies for overcoming these barriers include biofuel production coupled with wastewater treatment and reuse and recycling of the non-lipid fraction of the algae biomass. Both measures have the potential to substantially reduce production energy costs and resource consumption; however their feasibility remains untested at a large scale. 
The recent boom in commercial development of algae biofuel production and development of large scale production systems provide a long-awaited opportunity to test the feasibility of algal production pathways and provide LCA studies with applied rather than theoretical parameters for more accurate and comprehensive production analyses. Commercial interest in algae biofuels and biotechnology has driven innovation in many aspects of the production process. In particular recent commercially driven developments in genetic and metabolic engineering of microalgae are likely to lead to huge cost reductions in the biofuel production process. However, significant improvements in lipid yield are likely to require further understanding of the lipid metabolic pathways to identify promising transformation targets. 
One aspect of the algae production system that requires considerable optimisation is cultivation and productivity. Strain selection and reactor design are likely to play a major role in improving productivity. Mixotrophic growth systems have the potential to dramatically increase productivity especially if coupled to nutrient recycling strategies. However, the influence of organic carbon supplementation on growth and lipid accumulation remains under researched and poorly understood. Continued research in all aspects of the production process is needed for the huge potential of algal biofuels to be realised.
[bookmark: _Toc462059741]Aims and objectives
The primary aim of this project was to investigate the influence of organic carbon supplementation on the productivity and carbon metabolism of green algae. The development of this project started with the characterisation and identification of a locally isolated mixotrophic green microalga Micractinium inermum. Subsequently the project focussed on the extent of gas change through endogenic production and consumption of CO2 and O2 under mixotrophic cultivation and its influence on growth and carbon metabolism. Second part of the project investigated the influence of organic carbon addition, photoperiod, and photosynthesis on the lipid and carbon metabolism of the model algal species C. reinhardtii under nutrient stress. The objectives of the studies can be summarised as:
· Genomic identification and characterisation of a locally isolated green algal species. 
· Investigate the influence of mixotrophic production of CO2 and O2 on the growth and carbon metabolism of M. inermum
· Determine the influence of organic carbon addition and photoperiod on TAG and starch accumulation, lipid profile, and lipid and carbon metabolism. 
· Probe the role of photosynthetic cyclic and linear electron transport chain activity on TAG and starch accumulation, lipid profile, and lipid and carbon metabolism.
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[bookmark: _Toc462059743]Media
[bookmark: _Toc462059744]3N-BBM + V 
Bold Basal Medium with 3-fold nitrogen and vitamins (3N-BBM + V) was prepared according to CCAP guidelines (CCAP, 2010). For 1000 ml of medium, the following stock solutions were added; 30 ml NaNO3 (2.5 g l-1), 10 ml CaCl2.2H2O (7.5 g l-1), 10 ml MgSO4.7H2O (7.5 g l-1), 10 ml K2HPO4.3H2O (7.5 g l-1), 10 ml KH2PO4 (17.5 g l-1), 10 ml NaCl (2.5 g l-1), 1 ml Vitamin B1 (1.2 g l-1), 1 ml Vitamin B1 (0.01 g l-1), and 6 ml of trace elements (TE). Medium was made up to volume with deionised H20 (dH20). For mixotrophic and heterotrophic cultivation 1.2 g l-1 of sodium acetate (14.6 mM) or D-glucose (6.67 mM) was added, unless otherwise stated. Media were autoclaved (121°C, 15psi, 15 minutes) before use.
Trace Elements were prepared with the addition of 6 trace components in the following sequence; Na2EDTA (0.75 g l-1), FeCl3.6H2O (97 mg l-1), MnCl2.4H2O (41 mg l-1), ZnCl2 (5 mg l-1), CoCl2.6H2O (2 mg l-1), Na2MoO4.2H2O (4 mg l-1). TE was made up to volume with dH20, autoclaved, and stored at 4°C. 
After preliminary experiments demonstrated the need for pH control, 50 ml of 1 M HEPES buffer (238.3 g l-1, pH 6.5) was added per 1000 ml of medium (final concentration = 50 mM). Subsequently pH was adjusted to 6.5 with the addition of 10 M NaOH. 
[bookmark: _Toc462059745]HSM and HSMA
High Salt Medium (HSM) was prepared according to guidelines from the Olson lab, Kansas State University (Olsen, 2011) and Hutner et al. (1950) . Notably this procedure separates the components in conventionally used Beijerink solution to simplify preparation of nitrogen free medium. For 1000 ml of medium the following stock solutions were added; 8 ml PO4 solution (90 g l-1 KH2PO4 and 180 g l-1, K2HPO4), 4 ml NH4Cl solution (125 g l-1 NH4Cl), 4 ml Ca/Mg solution (2.5 g l-1 CaCl2.2H2O, 5 g l-1 MgSO4.7H2O) and 1 ml Hutner’s trace elements. For mixotrophic and heterotrophic cultivation, HSM with acetate (HSMA) was prepared with the addition of 1.96 g l-1  potassium acetate (20 mM). All solutions were made up to volume with deionised H20 (dH20). The pH was adjusted to 7 with the addition of 10 M NaOH or HCl. 
Hutner’s trace elements solution was prepared by first dissolving 39.26 g EDTA into 250 ml dH20 with the addition of 25 g KOH to aid dissolution. Separately the following stock salt solutions were prepared and subsequently mixed together in the following order; ZnSO4.7H2O (22 g 100 ml-1), H2BO3 (11.4 g 200 ml-1), MnCl2.4H2O (5.06 g 50 ml-1), CoCl2.6H2O (1.61 g 50 ml-1), CuSO4.5H2O (1.57 g 50 ml-1), (NH4)6Mo7O24.4H2O ((1.10 g 50 ml-1). Once mixed, FeSO4.7H20 (4.99 g 50 ml-1) was freshly prepared and added to the mixed solutions to avoid oxidation. The mix was immediately heated with a Bunsen burner and brought to boil for 10 minutes. The EDTA mixture was preheated in the microwave for 2 minutes at 700W (maximum power) then slowly added to the boiling mix turning the solution green. The solution was then cooled to 70°C. The pH was adjusted to 6.7 with the slow addition of hot 20% KOH. The solution was cooled to 25°C then brought to 1000 ml volume with the addition of dH20. The solution was bubbled with air (10 cm3 min-1) for 1 week to oxidise the solution. Oxidised solution turned from a green to a deep purple colour with no precipitates. The solution was then separated into 20 x 50 ml aliquots and frozen at -20°C until needed. 
[bookmark: _Toc462059746]Algal strains
Micractinium inermum was isolated from Weston Park pond by a previous PhD student Jasem Almohsen (MBB, University of Sheffield) and grown in 3N-BBM + V medium (detailed in Section 2.1.1). Further information on this species and its characterisation are detailed in Chapter 3. 
Chlamydomonas reinhardtii CC-4349 cw-15 mt- was obtained from the Chlamydomonas Resource Centre, University of Minnesota. The alga was grown in HSM media (detailed in Section 2.1.2). 
[bookmark: _Toc462059747]Freeze drying 
Algal cell samples were freeze dried (lyophilised) in preparation for various biochemical assays. An aliquot of culture was first centrifuged at 2500 g for 5 minutes at 15°C (Z323 K, Hermle). The supernatant was carefully removed and replaced with 1 ml of dH2O. The pellet was resuspended and the centrifugation step was repeated. The supernatant was removed and the cells resuspended again in 1 ml of dH2O. This washing step was carried out to remove excess salts from the cell pellet.
Each sample was transferred to a pre-weighed Eppendorf and frozen at -80°C for at least 4 hours. Once frozen, each tube was fitted with a separate pierced lid and placed in a freeze dryer for 48 hours (CoolSafe 55-15 Pro, ScanVac). Once lyophilised, samples were re-weighed to estimate dry cell weight (DCW). The samples were then stored at -20°C for further analysis.
[bookmark: _Toc462059748]Measurements of pH
The pH was measured using a pH meter (FE-20, Mettler Moledo). A two point calibration was carried out before measurements were taken. For sample analysis 1 ml of sample was transferred to a 15 ml Falcon tube. The probe was placed in the sample and a reading was taken once the meter had stabilised. The probe was cleaned with distilled water before each measurement. 
[bookmark: _Toc462059749]Cell density measurements
[bookmark: _Toc462059750]Spectrophotometer 
Optical density (OD) measurements were made using a using a UV-Vis Unicam Helios α spectrophotometer (Unicam) set to a 1 second integration time. A wavelength of 600 nm was initially used to measure turbidity of M. inermum. In subsequent nitrogen deprivation experiments with C. reinhardtii a wavelength of 750 nm was used to completely avoid absorption peaks of chlorophyll pigments. 
In general a 1 ml aliquot of culture was aseptically transferred to a 1 ml plastic cuvette (634-0675 Polystyrene, VWR). The cuvette was briefly agitated to ensure homogenous dispersal before being placed into the spectrophotometer for OD measurement. The OD of sterile media and dH2O did not differ. Consequently, 1 ml of dH2O was used as a blank to avoid wasting media and potential media contamination. If the optical density of the algae sample was above 0.6 the sample was diluted with dH2O. 
[bookmark: _Toc462059751]Cell count
Cell counting was carried out using a method adapted from Guillard and Sieracki, (2005).  In order to estimate cell density, a phase contrast illumination microscope with an achromatic lens of 40 x (Labophot, Nikon) with a x 10 objective lens was used with a 0.2 mm depth haemocytometer with Thoma ruling (Z30000 Helber Counting Chamber, Hawkley). The counting chamber was cleaned with distilled water and patted dry on paper. A 20 µl sample was transferred from an agitated cuvette (after OD measurement) to the centre of the haemocytometer. The heavy slide cover was carefully placed on top. Cells were allowed to settle for approximately 2 minutes on the slide before counting. A 20 x magnification was used to ensure homogenous distribution of cells on the slide. At least 3 technical repeats of each count were made with at least 400 cells in total counted. Counts were multiplied by the grid area and dilution (if necessary) to give a cell density.  
For calibration with OD, an algae sample at a mid-exponential growth phase was concentrated to an OD of 1.5 and then subsequently sequentially diluted 5 times to an OD of 1, 0.75, 0.5, 0.25 and 0.1. A cell count of each dilution was conducted as outlined above. The OD and cell count were plotted and a linear regression equation (origin forced through zero) was used to calculate the relationship.  
This calibration was carried out for each growth condition used (detailed in Appendix A). The calibration was not used for treatments under nitrogen starvation due to the reported changes in morphology which impact on the cell density and OD relationship (James et al., 2011). Alternatively direct cell counts were made. 
[bookmark: _Toc462059752]Dry cell weight 
Dry cell weight of algal cultures was measured using the following procedure. A 15 ml aliquot of culture at mid-exponential growth phase was transferred aseptically to a 15 ml Falcon tube. The sample was centrifuged at 2500 g for 5 minutes at 15°C and washed as described in Section 2.3. The washed cells were transferred to pre-weighed crucibles and dried at 50°C for 24 hours. The mass of the crucible was measured and used to calculate dry weight. Alternatively, in order to preserve biomass for further analysis, cells were freeze dried as detailed in Section 2.3. No difference in mass was found when using this method. 
The linear relationship between OD and dry weight was calculated using the method detailed in Section 2.5.2. This calibration was carried out for each growth condition used and is detailed in (Appendix A). The calibration was not used for treatments under nitrogen starvation due to the reported changes in morphology (James et al., 2011). Alternatively direct dry weight measurements were made when required.
[bookmark: _Toc462059753]Specific growth rate and productivity 
Specific growth rates (µ) of algal cultures were calculated using the following equation detailed in Wood et al., (2005).
   								Equation 2
where, µ is specific growth rate, Δt is length of time interval, and N0 and Nt are the dry weight (mg l-1) or cell density (cells ml-1) at the start and end of the exponential growth period respectively.
Maximum productivity (Pmax , mg l-1 day-1) was calculated using the following equation detailed in Wood et al., (2005).
 								Equation 3
where, Pmax is maximum productivity, Δt is length of time interval and N0 and Nt are the dry weight (mg l-1) or cell density (cells ml-1) at the start and end of the period with maximum biomass accumulation over the growth period.
[bookmark: _Toc462059754]Bacterial contamination mitigation
Bacterial contamination was assessed for culture maintenance purposes using a variation of Section 2.5.2. The slide was scanned for bacterial cells using a 40 x objective. Contamination was noted qualitatively. If bacteria growth was observed to be above low contamination levels (~100:1, algae:bacteria ratio) the cultures were excluded from experimental results. 
[bookmark: _Toc462059755]Percoll™ differential centrifugation method
If stock sub-cultures reached a contamination level beyond a ratio of 100:1 a differential centrifugation method, adapted from  Sitz and Schmidt (1973), was used as a purification method. Generally for experiments with M. inermum this method was additionally applied to pre-cultures as a precautionary measure to combat contamination in vulnerable mixotrophic and heterotrophic cultures. 
In the procedure 0.6 ml Percoll™ (GE Healthcare) was mixed with 0.4 ml of cold sterile dH2O in a sterile Eppendorf tube to make a 60% dilution standard. This was repeated to make a 50%, 40%, 30%, 20% and 10% dilution (changing the proportions of Percoll™ and dH2O accordingly). The tubes were immediately stored on ice. The contaminated culture was concentrated from as much volume as available (typically 50-100 ml) to 1 ml via centrifugation (2500 g, 15 minutes) and resuspended in 1 ml of cold sterile dH2O. A density gradient was prepared in sterile 15 ml Falcon tubes by carefully transferring 1 ml of 60% Percoll™ following by 1 ml of each standard in order of increasing dilution. In order to avoid mixing the standards the samples were slowly transferred to the wall of Falcon tube, held at a 40° angle. Using the same technique the concentrated contaminated culture was added to the top of the density gradient. Care was taken to orientate the tube upright to avoid mixing of the density gradient. The gradient was then centrifuged at 1500 g for 15 minutes. Immediately after centrifugation the top layer of Percoll™ was carefully pipetted off and the pipette tip was discarded. With a fresh tip, the layer of algae cells were carefully extracted and transferred to 10 ml of sterile dH2O (Figure 17). The algae were centrifuged again at 1500 g for 15 minutes and resuspended in 1 ml of distilled water to remove excess Percoll™. The procedure was repeated at least once and checked for contamination as detailed above. Typically one purification step would result in the loss of 30% of the algal cells. 
Figure 17. Algal layer after Percoll™ gradient centrifugation. 

[bookmark: _Toc462059756]Long term storage on agar
In order to maintain axenic C. reinhardtii cultures, an antibiotic procedure was adapted from Kan and Pan, (2010). In this procedure HSMA was prepared, as detailed in Section 2.1.2, with the addition of 1.5 g l-1 of bacteriological agar. The heat stable fungicide carbendazum was added to the medium at a final concentration of 40 mg l-1. The medium was autoclaved as detailed in Section 2.1.2, and then allowed to cool to pouring temperature. The antibiotics ampicillin and cefotaximine were dissolved in dH2O and syringe filter sterilised (0.2 µm Minisart, Sartorius, Germany) into the medium at a final concentration of 500 and 100 mg l-1 respectively. The agar was poured into Petri dishes and allowed to solidify. C. reinhardtii was streaked onto the Petri dishes with sterile disposable plastic inoculating loops (VWR). The plates were sealed with Parafilm® (Bemis), to prevent evaporation, and stored upside down on a light box (X-ray Accessories Ltd, Hemel Hempstead) providing 11.6 µmol m-2 s-1. Once grown this plated culture was used as a stock culture to inoculate pre-cultures. 
M. inermum cultures did not grow with the same antibiotic mixture. Alternatively axenic cultures were maintained autotrophically on 3N – BBM + V agar plates without antibiotics. The plated M. inermum cultures were used as stock culture to inoculate pre-cultures in experiments in Chapter 5 and 6. 
[bookmark: _Toc462059757]Chlorophyll assay
Chlorophyll (Chl) analysis was carried out as described by Jeffery and Humphrey (1975). In this procedure 90% acetone was prepared with dH2O and 1 mg of MgCO3 (to prevent the formation of pheophytins). Details of the lysis procedure differed with different species and are detailed in Section 4.2.4.1 for M. inermum and Section 5.2.8 for C. reinhardtii.
In dim light conditions, the lysed cells were added to a 15 ml Falcon tube followed by an aliquot of 10 ml of cold 90% acetone. This mixture was centrifuged at 2500 g for 10 minutes. The supernatant was transferred to another 15 ml Falcon tube covered in foil. The step was repeated again until the supernatant was colourless. 
Absorption was measured as detailed in Section 2.3.1 with the absorbance of 1 ml of extract at 647 nm and 664 nm wavelengths. In order to avoid acetone corrosion of the polystyrene cuvette a 1.5 ml quartz cuvette (Sigma Aldrich, UK) was used for readings. To calculate concentration of Chl a and b the following extinction coefficients were used;

  				Equation 4
 				Equation 5

The total Chl per ml was calculated from the sum of Chl a and Chl b. The figure was normalised to account for dilution and dry weight used. 
[bookmark: _Toc462059758]Oxygen evolution analysis
Net photosynthesis and respiration rates were determined daily using a Clark-type oxygen electrode (Hansatech) connected to a DrDaq data logger (Picotech). To prepare the electrode, polishing paste was applied with cotton buds to the silver ring anode to remove tarnish. The electrode was then washed with a wet cotton bud and thoroughly rinsed with dH20. Four 30 µl drops of KCl (2.3 M) were placed in each corner of the anode and 1 drop to the cathode on the electrode dome (Figure 18). A 1.5 cm2 piece of cigarette paper (used to disperse the KCl evenly over the electrode) was carefully placed on the centre of the dome using tweezers. Subsequently a 2.5 cm2 piece of PTFE (membrane allowing oxygen diffusion but not water) was carefully placed on the centre of the dome using tweezers. Using the applicator, the small O-ring was secured around the dome, fixing the membrane and paper in place. Subsequently the larger O-ring was secured around the well (Figure 18). The electrode was then placed into the DW2 electrode chamber maintained at 25°C. 
[image: ] [image: ]Figure 18. Photograph of electrode disc a) placement of KCl (red arrows) drops and b) membrane layers secured with O-rings. 



Calibration of output voltage oxygen concentration was carried out as described in Walker (1990). Once voltage had stabilised (after 25 minutes) roughly 20 mg of Na2S2O4 (sodium dithionite) was added to the DW2 electrode chamber containing 2 ml dH2O. The resulting rapid decomposition to NaHSO4 (sodium bisulphate) and NaHSO3 (sodium bisulphite) rapidly removes dissolved oxygen to near zero concentrations. The average voltage over 5 minutes is then taken as 0 µM. The chamber is then washed 5 times with dH2O and replaced with 2 ml dH2O. The chamber lid is removed allowing the water to equilibrate with the atmosphere. At 25°C oxygen concentrations in water equilibrate to 258 µM, consequently there is 0.518 µmoles O2 in a 2 ml sample. The average voltage is then recorded. Subsequently the following equation was used to record oxygen concentration 
				Equation 6
where, Ve is voltage at equilibrated oxygen concentration, V0 is voltage at zero oxygen concentration and Vs is voltage of the sample at that given time. 
After calibration a 2 ml aliquot of culture of known cell density was transferred to a magnetically stirred and temperature controlled (25°C) electrode chamber.  The net O2 evolution was continuously monitored under illumination (68 µmols photon m-2 s-1) for a 6 minute period followed by 6 minutes in the dark. Rate of O2 evolution and consumption (µmoles per minute) under light and dark conditions equates to rate of net photosynthesis and respiration respectively. The gross photosynthesis rate was calculated from the sum of net photosynthesis and respiration, i.e., assuming that respiration rate was the same in the light and the dark. Rate of O2 evolution was normalised to cell density. 
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[bookmark: _Toc462059760]Introduction
One of the major conclusions of both the ASP programme and the more recent NAABB consortium was the huge potential of the largely untapped genetic diversity of microalgae species for biotechnological applications (NAABB, 2014b; Sheehan et al., 1998b). A recent analysis reported that of the 170,000 (large degree of uncertainty) estimated extant microalgal species, only 44,000 have been described (De Clerck et al., 2013). This estimate highlights the scope of the challenge ahead to discover and characterise new algal species. Identification is an important element of the characterisation process, as unequivocal identification greatly increases the effectiveness of comparative research and aids our understanding of the evolutionary relationship between different algal species.  
The advance of DNA sequencing technology has led to the prominence of DNA taxonomy (or molecular taxonomy) for species delimitation, and DNA barcoding for identification of predetermined species (Tirichine and Bowler, 2011). These technological advances have led to a huge increase in the size of online sequence repositories, but also a decline in the proportion of formally described new algal species (90% to <20% from 2000 to 2010) (De Clerck et al., 2013). This decline has largely been attributed to the ease of sequence generation compared to species description and so called cryptic diversity, which describes disparity between morphological and genomic differences, particularly within algal groups with simple morphologies (De Clerck et al., 2013).
A green spherical microalga, was isolated from a duck pond in Weston Park, Sheffield (53°22'56.8"N 1°29'21.5"W) by Jasem Almohsen, a previous member of the Gilmour laboratory. The alga was not extensively characterised in this work, but a partial sequence of 18S rDNA was used to identify the alga within the Chlorella clade of the Chlorellaceae family (Chlorophyta, Trebouxiophyceae) (Almohsen, 2014). Chlorella was first identified by the Dutch microbiologist Martinus Beijerinck in 1889 (Beijerinck, 1890). Since then, members of the Chlorella genus have been used as model organisms for many pioneering plant physiological and biochemical studies, including the famous ‘lollipop’ experiment which helped determine the Calvin-Benson cycle (Bassham and Calvin, 1960; Kessler, 1953; Warburg and Negelein, 1920; Warburg, 1919). In addition the algae has been used extensively in biotechnological applications, ranging from aquafeed to wastewater treatment and biofuel production (Craggs et al., 2011; Mallick, 2002; Safi et al., 2014). 
The simple spherical morphology of Chlorella led to wide-scale misidentification, with over 100 algae species wrongly identified within the Chlorella genus (Krienitz et al., 2015). Kessler and Soeder (1962) proposed a new method of taxonomic identification based on physiological and biochemical, rather than morphological criteria. Subsequent phenotypic and biochemical analysis used to refine the taxonomy revealed a large degree of variability within the genus (Bock et al., 2011). The emergence of molecular markers, particularly the use of 18S rDNA by Huss et al. (1999), revealed the Chlorella genus spanned across both the Chlorophyceae and Trebouxiophyceae classes, with convergent evolution leading to similar morphologies. This molecular work whittled the Chlorella genus down to four species, C. vulgaris (type species, originally described by Beijerinick), C. lobophora, C. sorokiniana, and C. kessleri (later designated to the Parachorella clade). Since the initial molecular work by Huss et al. (1999), a combination of traditional and modern molecular methods has revealed a complex phenology which has radically changed the understanding of Chlorella taxonomy (Krienitz et al., 2015). In this work green algae with different range of phenotypes (such as bristles or gelatinous colonies) were identified to be closely related, and subsequently grouped within the Chlorella clade. Consequently, the clade now contains the genera: Hegewaldia (spherical cell, colonial, with or without bristles, oogamous reproduction), Meyerella (spherical cell, solitary, with or without bristle), Actinastrum (ellipsoidal cell within star-shaped coenobia colony), Didymogene (ellipsoidial cells, two-celled coenobia, with and without two spines), Micractinium (spherical cell, solitary or colonial, with and without bristles) and Chlorella (spherical cell, solitary, now consists of more than 3 species), within which the precise phylogeny is still contested (Bock et al., 2011; Hoshina, 2011; Hoshina et al., 2005; Hoshina and Fujiwara, 2013; Krienitz et al., 2015; Krienitz and Bock, 2012; Luo et al., 2006; W. Luo et al., 2010; Müller et al., 2005).
This chapter describes the work undertaken to identify the Chlorella sp. isolated by the Gilmour laboratory, and was carried out in parallel with growth and biochemical characterisation described in Chapter 4. Initial efforts focused on optimising DNA extraction techniques for improved DNA quality. Subsequently 18S ribosomal DNA (rDNA) was amplified and sequenced for identification. The 18S rDNA sequences alone proved inadequate for precise species identification within the Chlorella clade and  therefore segments of the internally transcribed spacer (ITS) regions were also sequenced. The combined sequence and secondary structures were used to identify the species and build a phylogenetic tree. In addition microscopy techniques were used to characterise the morphology of the alga.
[bookmark: _Toc462059761]Materials and Methods
[bookmark: _Toc462059762]Growth conditions
The Chlorella-like algal strain was grown in 3N-BBM + V medium with the addition of HEPES buffer (0.05 M) (described in Section 2.1.1). For mixotrophic growth, the base medium was modified with the addition of 1.2 g l-1 (14.6 mM) sodium acetate.  
The Chlorella-like strain was inoculated at 1% (v/v) from a mixotrophic subculture into 250 ml Erlenmeyer flasks containing 100 ml of fresh medium. Inoculum cultures were diluted to a cell density of 5.5 x 105 ml-1. The flasks were placed in a temperature controlled room (25°C ± 2) and agitated daily.  Autotrophic and mixotrophic cultures were grown under continuous illumination with a light intensity of 91 ± 7 µmols photon m-2 s- 1. 
[bookmark: _Toc462059763]Phylogenetic identification
DNA extraction
Two methods for DNA extraction were trialled. All high speed centrifugation was carried out using a microcentrifuge (Spectrafuge 16-M, Labnet Co). For 37.5°C incubations a heater circulator water bath (Multitemp III, Pharmacia Biotech) was used. For 65°C incubations an unstirred water bath (OLS 200, Grant Instruments) was used. DNA extraction was carried out on both autotrophic and mixotrophic cultures. Samples were taken at exponential phase and concentrated or diluted to a variety of OD600 values as outlined in the results section. 
A KeyPrep nucleic acid extraction kit (Anachem, UK, product discontinued) was initially used for DNA extraction. Firstly 1 ml of algal culture was transferred to a 1.5 ml microcentrifuge tube and centrifuged at 6000 g for 2 minutes. The pellet was resuspended in 100 µl of Buffer R1 and 10 µl of lysozyme. The solution was vortexed (Whirlimix, Fisher Scientific, UK) for 5 seconds then incubated in a water bath at 37°C for 20 minutes. After incubation the cell lysate was centrifuged for 3 minutes at 10,000 g. The supernatant was decanted completely. For protein denaturisation the pellet was resuspended in 180 µl of Buffer R2 and 20 µl of proteinase K. The solution was incubated at 65°C for 20 minutes and vortexed for 5 seconds every 5 minutes.  To remove RNA, 20 µl of RNAase A was added to the solution. The solution was vortexed for 5 seconds then incubated in a water bath at 37°C for 20 minutes. After incubation, 400 µl of Buffer BG was added for the homogenisation step. The solution was mixed by inverting the tube several times. The solution was then incubated for 10 mins in water bath at 65°C. After incubation 200 µl of absolute ethanol was added to the same and then immediately vortexed for 10 seconds. The sample was transferred to a spin cartridge tube and centrifuged at for 1 minute at 10,000 g. The orientation of the cartridge tube in the collection column is fixed during each centrifugation step to improve yield. The flow through was discarded and the column was washed with 750 µl of Wash Buffer. The column was centrifuged at 10,000 g for 1 minute in a microcentrifuge. The flow through was discarded, and the column was centrifuged again at 10,000 g for 1 minute to remove residual ethanol. The column was placed in a clean tube, then 75 µl of preheated (65°C) Elution buffer was added to the column membrane and left to stand for 2 minutes. The column was then finally centrifuged at 10,000 g for 1 minute to elute the DNA. The column membrane was removed and the DNA extract was stored in a -80°C freezer. 
An alternative extraction procedure was adapted from Chen et al. (2001). In this procedure 5 ml samples were centrifuged for 10 minutes at 1500 g. In order to rupture cell walls, the supernatant was first discarded then each pellet was resuspended in 500 µl of CTAB solution (5.49 mM cetyltrimethylammonium bromide, 25.6 mM B-mercaptoethanol, 0.1 M Tris-HCl (pH 8), 1.4 M NaCl, 20 mM EDTA) and transferred to a 2 ml microcentrifuge tube. The sample was sonicated for 30 seconds at 10 kHz while held in ice. The lysed cells were then incubated for 60 minutes in a water bath at 65°C. After incubation 500 µl of phenol-chloroform isoamylalcohol (25:24:1) was added to the lysate. After vortexing for 5 seconds the sample was centrifuged for 5 minutes at 14,000 g. The top layer of the sample was carefully pipetted off and transferred into fresh 1 ml microcentrifuge tube. A 500 µl aliquot of chloroform (100%) was added to the sample, vortexed for 5 seconds then centrifuged for 5 minutes at 14,000 g. The top DNA containing layer of each sample was carefully pipetted off and transferred into fresh 1 ml microcentrifuge tube. A 10th of the total sample volume of 3 M sodium acetate (pH 5.2) was added to the DNA extract followed by the addition of 2.5 times the total sample volume of pre-chilled (4°C) 100% ethanol. Subsequently the sample was incubated at -20°C for 10 minutes. After incubation the samples were centrifuged at 13,000 g for 15 minutes. The supernatant was pipetted off immediately. A volume of 1 ml of 70% ethanol was gently washed over the DNA pellet. The samples were centrifuged again for 5 minutes at 14,000 g. The ethanol supernatant was carefully pipetted off. The centrifugation step was repeated and the remaining supernatant was carefully pipetted off. The samples were air dried for 5 minutes then resuspended in 30 µl Tris EDTA (TE) buffer (10 mM Trizma® base, 1 mM EDTA-Na2, pH 7.5).
Agarose gel electrophoresis 
Agarose gel electrophoresis was used analyse DNA quality and size after DNA extraction (Section 3.2.2.1) and polymer chain reaction amplification (PCR, Section 3.2.2.3). To prepare a 1% gel a 1.4 ml aliquot of 50x TAE buffer (2 M Trizma® base, 50 mM EDTA-Na2, 1 M glacial acetic acid, pH 8.5) was added to a flask containing 70 ml of distilled water. Subsequently 0.7 g of agarose (electrophoresis grade) was added to the flask. The mixture was heated in a microwave until all agarose power dissolved. The flask was stirred with a magnetic stirrer until cooled to pouring temperature. Whilst cooling, a 7 µl aliquot of ethidium bromide was added to the flask to achieve a 1% agarose, 0.005% ethidium bromide gel solution. Once cooled the solution was poured and set in a gel tank (Mini-Sub® Cell, Bio-Rad, USA) with a 20 lane comb and gel moulds embedded. One litre of 1 x TAE was prepared by diluting 20 ml 50 x TAE. Once the gel had set the comb and moulds was carefully removed and 1 x TAE was poured into the gel tank, submerging the gel up to the fill mark
To load the gel 10 µl of blue DNA loading dye (Fermentas Life Science, USA) was mixed with 10 µl of DNA digest on a strip of Parafilm®. Subsequently 10 µl of 1 kb ladder (GeneRuler, Thermo Scientific) was added to the first and last lane of the gel to aid band visualisation. The DNA digest/dye mixture was added to the lanes between the ladders. The gel tank was connected to a powerpack (Power PAC 300, Bio-Rad) and run with a voltage of 60 V for 60 minutes. 
Once the run had finished the gel was transferred to a U-V visualisation box (UVIdoc, UVITEC Cambridge). The image was optimised with exposure, zoom and aperture and then printed. Visualisation of a single DNA band confirmed DNA extraction and quality.
Polymer Chain Reaction (PCR) amplification of small subunit (SSU) rDNA
After assessing the quality of DNA extract, a PCR method was used to amplify small subunit (SSU) ribosomal RNA genes 18 S and 5.8 S, and the non-coding internal transcribed spacer (ITS) region ITS1 and ITS2. Primers for each region are described in Table 4 and were produced by Eurofins Genomics.
	Table 4. Primers used for phylogenetic identification

	Gene of interest
	Forward (5’ – 3’), (annealing site)
	Reverse (5’ – 3’), (annealing site)
	Reference

	
	
	
	

	18S rDNA

	WACCTGGTTGATCCTGCCAGT (1-21, 18S rDNA)
	GATCCTTCYGCAGGTTCACCTAC (1774-1798, 18S rDNA)
	F and R - Huss et al. (1999)

	
ITS1 sDNA

	
TACCTGGTTGATCCTGCCAG
(1-20, 18S rDNA)
	
AACTAAGAACGGCCATGCAC
(1618-1599, 18S rDNA)
	
F - Nakayama et al. (1996), 
R - Hoshina et al. (2005).

	
5.8S rDNA

	
GTCAGAGGTGAAATTCTTGG
(896-915, 18S rDNA)
	
CAATGATCCTTCCGCAGGTT
(3271-3252, 18S rDNA) 
	
F - Nakayama et al. (1996), 
R - Hoshina et al. (2005).

	
ITS2 sDNA

	
TGGTGAAGTGTTCGGATTGG
(2661-2642, 18S rDNA)
	
TCCCAAACAACCCGACTCT
(28S 5’ end)
	
F - (Hoshina et al. (2004), 
R - Hoshina et al. (2005).4



Once thawed, 5 µl of DNA was transferred to a 0.2 ml PCR tube (Thermo Scientific) with 17 µl dH2O, 20 µl Phusion Flash PCR Master Mix (Thermo Scientific), and 4 µl of the forward and reverse primers (all diluted to 12.5 pmol µl-1). The final reaction volume was 50 µl.
The PCR mix was transferred to a MyCyler thermocycler (Bio-Rad, USA). For the 18S rDNA amplification an initial denaturation step of 94°C for 3 minutes was followed with 30 cycles of a 1 minute denaturation step at 94°C, a 1 minute annealing step at 55°C and a 2 minute extension step at 72°C. Following the cycles, the run was ended with a final extension at 72°C for 5 minutes. For ITS1, 5.8S and ITS2 genes a protocol outlined in Hoshina et al. (2004) was used. In this method, the initial denaturation step was extended to 5 minutes at 94°C. The denaturation, annealing and extension steps were reduced to 30 seconds, 30 seconds and 1 minute respectively. The final extension step was not altered. 
PCR product purification and quantification
After the PCR, amplified PCR product was visualised on an agarose gel using the protocol outlined in Section (3.2.2.2). Visualisation demonstrated the quality and size of the amplified regions. 
The PCR product was purified using a PCR product purification kit (Keyprep, Anachem, UK) to remove excess primers. Initially the remaining 40 µl was transferred to microcentrifuge tube and mixed with 160 µl Buffer GB. The mixture was transferred to a Keyprep spin column and centrifuged at 10,000 g for 1 minute to bind the DNA to the column filter. The orientation of the spin cartridge tube in column was fixed in following centrifugation steps to improve yield. The flow through was carefully removed and 750 µl Wash Buffer was transferred to the spin column. The centrifugation step was repeated and flow-through discarded. The centrifugation step was repeated once again to dry the membrane. Finally the spin cartridge was transferred to a new microcentrifuge tube with the addition of 30 µl TE buffer (pH 7.5). The tube was incubated for 5 minutes at room temperature followed by a final centrifugation step. 
The purified DNA was quantified using a nanospectrophotometer (Jenway Genova Nano, Bibby Scientific). A 2 µl aliquot of TE buffer was used to blank the instrument at wavelengths of 260 nm, 280 nm and 320 nm. 
The TE buffer was wiped away from the read head with a lint free cloth. The TE buffer was replaced with 2 µl PCR product and the absorbance was read giving a calculated double stranded nucleic acid concentration in ng µl-1 using the following formula;
 		Equation 7
where A260 is proportional to DNA concentration, A280 corrects for contamination compounds, A320 corrects for turbidity of sample, and 0.02 corrects concentrations for a 0.2 mm light path length. 
The purity of the DNA was assessed by the ratio of A260 and A280:
  						Equation 8
If the ratio was above 1.8, the DNA was deemed to be pure and was used for subsequent sequencing.  Following quantification, the DNA was stored at -20°C.
DNA sequencing 
The PCR product was diluted to the required volume and concentrations (15 µl, 10 ng µl-1). In addition, the primers used to amplify the genes of interest were diluted to 15 µl at a concentration of 10 pmol µl-1. The dilutions were then sent to Eurofins Genomics for sequencing. The DNA samples were sequenced in forward and reverse directions using cycle sequencing technology (modified Sanger sequencing) on an ABI 3730XL sequencing machine.
Phylogenetic analysis
Individual gene sequences were searched using the Basic Local Alignment Search Tool (BLAST) on the National Centre for Biotechnology Information (NCBI) website (Johnson et al., 2008). SSU sequences were aligned into a DNA contig using SeqMan Pro software (12.0.0222, DNASTAR, USA) and compared again with existing sequences using BLAST. The assembled sequence was aligned with other sequences identified in the Chlorella clade using the software Molecular Evolutionary Genetics Analysis (MEGA, version 6), using MUSCLE alignment and the neighbour joining method to produce a phylogenetic tree (Tamura et al., 2011). ITS2 sequences and structures were aligned and modelled using the ITS2 website (Ankenbrand et al., 2015). Structures and compensatory base changes of the aligned sequences were analysed further using 4SALE (Version 1.7, Seibel et al. 2008).
[bookmark: _Toc462059764]Microscopy
[bookmark: _Toc429054022]The scanning electron microscope (SEM) imaging method was carried out in conjunction with MBioSci student Stephen Marshall and PhD student Krys Bangert (who prepared the microscope slides). Initially a standard glass coverslip was cut into 5 mm2 squares using a glass pen to allow easier sample manipulation in the SEM machine table. The coverslip was soaked in 0.1% poly-lysine solution overnight. An axenic culture was diluted to OD600 of 0.8, 1 ml of which was transferred to an autoclaved 1.5 ml Eppendorf tube and centrifuged at 14,000 g for 3 minutes. The supernatant was discarded and the pellet was gently resuspended with 200 µl of 3N-BBM + V media to allow cell recovery. After 4 hours, 40 μl of 2% osmium tetroxide was added to the sample. The tube was sealed and left to incubate at ambient temperature for 30 minutes. The poly-lysine coated coverslip was washed with autoclaved dH20 and dried at 40°C in an oven. A 40 µl aliquot of sample was pipetted onto the centre of the dried coated slide and left to settle for 10 minutes until partially dry. The coverslip was blotted dry with lab tissue. The samples were washed by adding 60 μl of 50% ethanol solution on top of the sample. The ethanol was allowed to dry for 10 minutes then blotted dry. The step was repeated with 75% ethanol. The sample was washed again with 60 μl of 95% then 100% ethanol and completely air dried in a fume cupboard. The slide was sputter coated with 2 nm thick layer of gold (Edwards S150B splutter coater, UK) and analysed with a SEM (Phillips XL-20 SEM, France) with an accelerating voltage of 20 kV at a 1000-10000 magnification.
Bright-field microscopy was carried out using a Nikon Eclipse E400 Microscope fitted with a Nikon DXM1200 Digital camera. Slides were prepared as detailed in Section 2.5.2. All images were taken using the 100 x Oil immersion lens with a x 10 objective lens and processed using the software Lucia G (Version 2.1). Cell size was determined using ImageG (Version 5.1)
[bookmark: _Toc462059765]Results
[bookmark: _Toc462059766]Morphology
Microscopic examination indicates that the Chlorella sp. was spherical to ellipsoidal in shape. The cells lack flagella, and are consequently non-motile. The size of cells ranged from 2.59-3.2 x 2.12-2.61 µm when under mixotrophic or autotrophic conditions (Figure19A-B). Subsequent observations under heterotrophic conditions revealed that cell size was reduced noticeably, although this was not quantified. The cells contained a cup shaped chloroplast with noticeable pyrenoids (Figure 19C). No extracellular appendages, such as bristles, spines or extracellular polymeric substances (EPS), were observed under the monoculture growing conditions used in this project. Figure 19B shows cells in the final stages of cell division.5 µm
A
B
C
Figure 19. Cell morphology of Chlorella sp. SEM (A and B) and Brightfield (C) of strain. Figure 19B shows cells in final cytokinesis phase of mitosis. Red arrow indicates cup shaped chloroplast. Blue arrows indicates pyrenoids within chloroplast. 


[bookmark: _Toc462059767]DNA extraction and 18S amplification 
The efficacy of two nucleic acid extraction methods were investigated using Chlorella sp. As shown in Figure 20A, the CTAB method was superior in comparison to the KeyPrep kit. Given the success of the KeyPrep methodology with cell wall-less species, such as Dunaliella salina (Bangert, 2013), it is likely that the lysis stage was not vigorous enough to degrade the Chlorella sp. thick cell walls.
While the CTAB method extracted a larger amount of DNA, the band was still very faint. Consequently, the influence of cell density on quantity of extracted DNA was investigated. The CTAB method was repeated using samples with cell densities corresponding to an OD600 of 1, 2 and 3. As shown in Figure 20B, a sample OD600 of 2 produced significantly more DNA than other treatments. Subsequently this cell density was used in further extractions when necessary.
Figure 20: Genomic DNA extract from Chlorella sp. A) Lane 1, 2, and 4 were DNA elution from the KeyPrep extraction kit. Lane 3 contains DNA elution from the CTAB method.  Lane 5 contains the DNA ladder. B) CTAB extraction.  Lane 2, 3, and 4 were DNA elution samples with an OD600 of 1.0, 2.0, 3.0 respectively. Lane 5 contains the DNA ladder.
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After extraction, the 18S rRNA gene of gDNA was amplified by PCR. As shown in Figure 21, this amplification was successful, producing an amplicon with approximately 1500 BP. In order to improve the quantity of 18S PCR product, this unpurified amplicon was amplified in a second PCR, and compared against a purified PCR product and gDNA. The unpurified PCR product produced the sharpest band, and was subsequently used for sequencing (Figure 22). 
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Figure 21: 18S rDNA PCR product from Chlorella sp. Lane 2 contained PCR product amplified from DNA digest.  Lanes 1 and 3 are DNA ladders
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Figure 22: 18S rDNA PCR product from Chlorella sp. Lane 3, 4, and 5 were amplified from previous PCR product, previous purified PCR product, and DNA digest respectively.  Lanes 1 and 2 are DNA ladders



[bookmark: _Toc462059768]Phylogenetic analysis with 18S Sequence 
Sequencing of the 18S PCR product produced a partial forward and reverse sequence of 368 BP and 611 BP respectively (Appendix C). BLAST analysis of this sequence produced over 100 different highly matched (95%) sequences. As shown in Table 5, the top 8 matches were varied but all within the Chlorella clade. 
DNA extraction, 18S amplification and sequencing were repeated producing a forward and reverse sequence of 393 BP and 936 BP respectively (Appendix D). Despite the larger sequence, the BLAST analysis produced similar ambiguous results (Table 6). Subsequently analysis of the rRNA including SSU and ITS region was carried out. 
	Table 5. Significant alignments with initial 18S Forward sequence. (611 BP) 

	Sequence name
	Query match 
(Total score)
	Accession number

	
	
	

	Chlorella sp. MII8
	100 % (1131)
	KF879600

	Micractinium inermum NLP-F014
	100 % (1131)
	KF597304

	Chlorella vulgaris CCAP 211/79
	100 % (1131)
	FR865683

	Chlorella sp. NMX37N
	100 % (1131)
	JF767012

	Chlorella sp. EO5-4C
	100 % (1131)
	FJ946889

	Chlorella sp. VPL9-6
	100 % (1131)
	FJ946888

	Chlorella sp. WO10-1
	100 % (1131)
	FJ946886

	Hindakia fallax CCAP 222/29
	99 % (1125)
	GQ487223



	Table 6. Significant alignments with initial 18S Forward sequence (936 BP). 

	Sequence name
	Query match 
(Total score)
	Accession number

	
	
	

	Chlorella sp. MII8
	99 % (1679)
	KF879600

	Micractinium inermum NLP-F014
	99 % (1679)
	KF597304

	Chlorella vulgaris CCAP 211/79
	99 % (1679)
	FR865683

	Chlorella sp. NMX37N
	99 % (1679))
	JF767012

	Chlorella sp. EO5-4C
	99 % (1679)
	FJ946889

	Chlorella sp. VPL9-6
	99 % (1679)
	FJ946888

	Chlorella sp. WO10-1
	99 % (1679)
	FJ946886

	Hindakia fallax CCAP 222/29
	99 % (1668)
	GQ487223

	Heynigia sp, KMMCC 1451
	99 % (1657)
	JQ315541


[bookmark: _Toc462059769]ITS region amplification and phylogenetic analysis
Following another DNA extraction, the ITS1, 5.8S rRNA gene and ITS2 regions of the rDNA, collectively known as the ITS region, were amplified via PCR, producing PCR products between 1000 and 1500 BP (Figure 23). In addition, another 18S rDNA amplification was carried out. The products were sequenced in forward and reverse directions producing 8 sequences; 18S forward (963 BP), 18S reverse (979 BP), ITS1 forward (1007 BP), ITS1 reverse (567 BP), 5.8S forward (847 BP), 5.8S reverse (864 BP), ITS2 forward (965 BP) and ITS2 reverse (954 BP) (Appendix E). The aligned contig sequence, shown below, composed of all sequences was analysed by the BLAST tool. As shown in Table 7, the resulting matches had a significantly higher total score and the matches with the most similarity (99%) were all the same species, M. inermum, with the exception of the Chlorella vulgaris 211/79 strain. The contig sequence was submitted to the NCBI Genbank database under the under the accession number KM114868 (Appendix B).
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Figure 23.  SSU rDNA PCR product from Chlorella sp. Lane 2 and 3 are ITS2 bands. Lane 4 is ITS1, Lane 5 is a 5.8S band. Lane 1 contains the DNA ladder





	Table 7. Significant alignments with sequence contig produced from all SSU forward and reverse sequence components (2604 BP).

	Sequence name
	Query match 
(Total score)
	Accession number

	
	
	

	Micractinium inermum NLP-F014
	99 % (4765)
	KF597304

	Micractinium sp NIES 2171
	99 % (4630)
	JX889641

	Chlorella vulgaris CCAP 211/79
	99 % (4617)
	FR865683

	Micractinium inermum NIES 2171
	99 % (4575)
	AB731604

	Chlorella luleoviridis CCAP 211/5B
	95 % (4119)
	FR865678

	Micractinium sp. Ehime
	95 % (3964)
	JX889639

	Chlorella sp. CCCryo297
	94 % (3916)
	JX889639



[bookmark: _Toc462059770]Phylogenetic tree and ITS2 secondary structure 
In order to further confirm the identification of the Chlorella sp. isolate as the species M. inermum rather than Chlorella vulgaris, a maximum likelihood phylogenetic tree was constructed. As shown in Figure 24, the isolate is grouped within the Micractinium genus, and the M. inermum species. The closely matching Chlorella vulgaris CCAP 211/79 strain is shown to be closely related to the M. inermum rather than the true (Beijerinck isolated) Chlorella vulgaris SAG 211-11b type species. 
To further assess the phylogeny of the isolate and to support the conclusion that the isolate species is not Chlorella vulgaris, the ITS2 secondary structure was also analysed. This analysis, demonstrated in Figure 25 and detailed in Table 8, revealed the number of compensatory base changes on the ITS2 structure. No differences were found between the ITS2 structure from this study and other M. inermum structures. There was, however, a difference of two Complementary Base Changes (CBCs) between this study’s structure and the Chlorella vulgaris CCAP 11/79 and 3 differences between the structure and 3 other Chlorella vulgaris strains (including SAG 211-11b). As discussed below CBC’s are changes in two nucleotides in the ITS2 sequence which when forming a secondary structure will pair to form part of a double stranded helix.


[image: ]
Figure 24. Maximum likelihood (ML) tree constructed from SSU and ITS region of rDNA. The evolutionary history (-2769.16) was inferred using the Maximum Likelihood method based on the Hasegawa-Kishino-Yano model (Hasegawa et al., 1985) and calculated using GTR+I+G; 500 replicates. Values on branches are bootstrap values inferred from ML. The tree is drawn to scale, with branch lengths measured in the number of substitutions per site. 



[image: ] Figure 25. ITS2 secondary structure and consensus structures. A) ITS2 secondary structure of Chlorella sp. isolate from this study. B) Consensus structure of                      M. inermum (Accession number: AB731604). B) Consensus structure of Chlorella vulgaris CCAP 211-79 (FR865683). C) Consensus structure of Chlorella vulgaris 211-11b (FM205832). Green to red scale indicates decreasing homogeny. Yellow dots indicate sites of CBCs. Micractinium genus C-G pairing signature on Helix III highlighted in black.  Structures are shown in Olsen layout, not including gaps. 
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	Table 8. ITS2 comparison between Chlorella sp., related species, and reference Chlorella vulgaris and Chlorella vulgaris 211/79 and reference Chlorella vulgaris (denoted with *)

	Sequence name
	CBC
	Similarity (Gaps) / Length
	Accession number

	
	
	
	

	Micractinium inermum NLP-F014
	0
	248  (1)  /249
	KF597304

	Micractinium sp NIES 2171
	0
	248  (1)  /249
	JX889641

	Micractinium inermum NIES 2171
	0
	248  (1)  /249
	AB731604

	Chlorella vulgaris CCAP 211/79
	2
	237  (23)  /260
	FR865683

	Chlorella vulgaris SAG 211-11b
	3
	175 (29) /274
	FM205832

	Chlorella vulgaris CCAP 211-11b*
	3*
	175 (6) /252*
	FM205832



[bookmark: _Toc462059771]Discussion
The observed morphological and cytological characteristics of the Chlorella sp. isolate matched the criteria for the Chlorella genus; a spherical or ellipsoidal cell shape with no flagella, and a chloroplast with a pyrenoid (Hoshina et al., 2010). However, as discovered by early phylogenetic studies, due to the extreme simplicity of Chlorella-like morphology, these characteristics alone are insufficient for accurate species identification (Huss et al., 1999). 
[image: ][image: ]Nuclear rDNA, has been used extensively for phylogenetic analysis. Eukaryotic rDNA is organised in tandem, with up to 5000 copy numbers. Each repeat is composed of a small subunit (SSU) (containing the 18S gene) and large subunit (LSU) separated with a ITS region containing two internally transcribed spacers (ITS1 and ITS2) surrounding the 5.8S gene (Figure 26) (Leliaert et al., 2012). 
Figure 26. Diagram demonstrating the repeating cistron of rDNA in eukaryotes and their RNA transcript (Coleman 2003)



The SSU region is highly conserved because mutations often result in detrimental effects to vital protein folding function of the encoded ribosome (Hwang and Kim, 1999). The high conservation of the 18S gene and high copy number led to its extensive use for inference the phylogenetic relationship between different microalgae taxa at multiple taxonomic levels (Huss and Sogin, 1990; Huss et al., 1999; Olmos et al., 2000). However, for complex and diverse families such as Chlorellaceae, as rediscovered in this study (Table 5 and 6), 18S rDNA sequencing alone is unable to effectively and accurately resolve the identification of the isolate beyond generic identification. Hoshina et al. (2004) reached the same conclusion more than a decade ago, and found that sequencing the SSU rDNA and the more rapidly evolving ITS region, lead to significantly better phylogenetic resolution within the Chlorella clade, enabling species level identification and delimitation. 
The internal transcribed spacers within the ITS region are non-coding and therefore have a much higher rate of evolution than the SSU. ITS region was initially not deemed suitable as a phylogenetic tool because of concerns about variation between the multiple copies within the genome (Coleman 2003). However, significant variation was only found in either diploid or polyploids of disparate parents, alternatively, concerted evolution homogenises all copies of ITSs, enabling its treatment as a single rather than multigene (Coleman 2003). Since this discovery, in the last decade the ITS region, and ITS2 segment sequence in particular, has been increasingly used for species level identification of closely related species where 18S genes display near-identical sequences (Caisová et al., 2011; Hoshina et al., 2010).  Typically intra-species ITS2 diversity is less than 2%, whereas inter-species diversity is  more than 10% (Hoshina and Fujiwara, 2013). This high variation makes ITS2 sequence data very useful for species and genera level identification, but less useful for higher taxonomic classification. However, the secondary (or folding) structure of ITS2 has been found to be a useful tool for both species delimitation and higher level phylogeny  (Schultz and Wolf, 2009). The folding structure of the ITS2 is crucial to its function to aid rDNA translation. Despite the high rate of evolution in ITS2, the secondary structure as a whole is largely conserved because mutations generally occur in pairs, for example and A-U(T) nucleotide pair is replaced by G-C, retaining the structure (Coleman 2003). The conservation of structure enables all eukaryotes to have a typically four helix structure as demonstrated in Figure 25. The pairwise comparison of these ITS2 structure changes, called compensatory base changes (CBC), have also been found to be extremely sensitive to speciation to such an extent that the occurrence of just one CBC, within the highly conserved Helix 2 and 3, infers the taxa are unable to intercross and two species are present (with a probability of 93%) (Caisová et al., 2011; Coleman, 2003, 2000; Müller et al., 2007; Wolf et al., 2013). There are various caveats with this approach. Firstly, it is important to note that the trend is a correlation not a causation of speciation. Secondly, a species, in this case, is defined as a zygote clade (Z-clade), with ability to interbreed to form zygotes which may or may not produce a fertile F1 generation. Thirdly, while the presence of a CBC indicates speciation, the absence of CBC has a lower probability (76.6%) of indicating organisms belonging to the same species, consequently two organisms with no comparative CBCs could still be unable to cross-breed (Coleman, 2000; Müller et al., 2007). Finally, the species definition is ambiguous for asexual species (such as those within the Chlorella clade) (W. Luo et al., 2010; Marin et al., 2003).
Following the success of previous studies, overlapping elements of the SSU and ITS regions were amplified, assembled into a sequence contig, and analysed against the NCBI database. This larger sequence greatly increased the specificity and power of the search: the highest matches were all within the same species Micractinium inermum, with the exception of Chlorella vulgaris CCAP 211/79. This trend was supported by evolutionary lineage analysis through the construction of a phylogenetic tree, based on SSU and ITS region sequences, which indicated that the isolate was highly likely to be within the M. inermum species (Figure 24). The phylogenetic analysis inferred the C. vulgaris CCAP 211/79 was within the Micractinium genus but not within the same species. The tree compares well with a more extensive analysis carried out by Hoshina and Fijiwara (2013) (Figure 27), with the exception of the Chlorella sorokiniana species being grouped within the Micractinium genus and the rooting the of the Chlorella genus. Further analysis of ITS2 secondary structure indicates that no CBCs were present when comparing the isolated species with available M. inermum species (Table 8). The sequence and ITS2 structure evidence combined provide very strong support for the conclusion that the isolate is Micractinium inermum. Indeed recent analysis of using the ITS2 sequence produced in this thesis by Heeg and Wolf (2015) also grouped the isolate within the Micractinium genus and M. inermum species. 
Additional comparison with the closely related C. vulgaris CCAP 211/79 strain revealed two CBCs. However, both these CBCs are within the less conserved helix IV and therefore do not necessarily indicate speciation. However CBCs between CCAP 211/79 and the type species Chlorella vulgaris SAG 211-11b occur in Helix 2 and 3 (in the same position as shown in the consensus between the isolate and SAG 211-11b in Figure 25C), indicating speciation between CCAP 211/79 and the type species C. vulgaris. Furthermore, like the M. inermum isolate (Figure 25A), the CCAP 211/79 strain has conservation of the C-G NHS within Helix III ITS2 secondary structure (Figure 25C), which has been shown to be homologous to the Micractinium genus (Hoshina and Fujiwara, 2013; W. Luo et al., 2010). This NHS conservation, the high number of CBCs (Table 8), and large ITS2 structural differences between CCAP 211/79 and C. vulgaris SAG 211-11b (Figure 25), indicates that the closely related CCAP 211/79 is within the Micractinium genus, and is likely to be Micractinium inermum or a very closely related unidentified species within the Micractinium genus.  
The genus Micractinium was first described in 1858 (before Chlorella), and later grouped within the family Micractiniaceae (Fresenius, 1858; Smith, 1950). The genus contained multiple species characterised by spherical or ovoid cells with bristles surrounding the cell wall. More recent SSU characterisation, revealed the close evolutionary relationship of the type species M. pusillum (CCAP 248/5) with the Chlorella genus, and subsequently reduced and revised the genus to fall within the Chlorellaceae family (Krienitz et al., 2004; Luo et al., 2006). The species cannot be separated with SSU analysis alone, and differ morphologically only through the potential development of bristles and colony formation (Luo et al., 2006). Luo et al. (2006) established that bristle formation in M. pusillum CCAP 248/5 and other Micractinium pusillum strains is a flexible grazing protection trait that is inducible through the presence of the rotifer Brachionus calyciflorus, and is lost through monoculture cultivation. Other species grouped within Micractinium do not have this phenotypic plasticity, including the strain CCAP 211/92 and M. reisseni (CCAP211/83), which were isolated from a Seychelles soil sample and within the endosymbiont ciliate Paramecium respectively, and therefore may not experience grazing pressure. Recently, M. inermum (NIES 2171), formerly Chlorella vulgaris, was revised by Hoshina and Fujiwara (2013). Although the authors did not conduct a biotest, the lack of spines led to the naming inermum, meaning defenceless. Further biotesting with the species may reveal a phenotypic plasticity, which could potentially force a renaming. 
Figure 27. ML tree constructed from SSU and ITS region of rDNA sequences from Hoshina and Fujiwara (2013). Values on branches are bootstrap values calculated by ML (left) and neighbour joining (right). Only >50% values are given. NIES-2171 = Micractinium inermum and NIES-2173 = Chlorella sorokiniana.




















The growth characteristics and potential of species of the Micractinium genus as biofuel feedstocks have not been extensively researched. Recent investigations have reported that Micractinium inermum can be successfully cultivated in various wastewaters and can accumulate significant levels of lipid (39.1%) under nutrient stress (Park et al., 2015). Furthermore an unidentified Micractinium species was reported to grow mixotrophically on acetate and glycerol, greatly increasing biomass and lipid productively compared to autotrophic controls (Park et al., 2011). These studies indicate that the M. inermum strain isolated in this study is a good candidate for the investigation of the influence of organic carbon assimilation on growth and carbon metabolism. 
[bookmark: _Toc462059772]Conclusion
In summary, a Chlorella-like organism isolated from Weston Park Pond was identified using genomic data. Morphological observations, while useful for characterisation, did not aid the identification process due to the polyphyletic nature of the extremely simple “Chlorella” morphology. Similarly SSU (18S) rDNA sequence data did not provide the phylogenetic resolution required to achieve an accurate identification, but did confirm the isolated organism was within the currently defined Chlorella clade of the Chlorellaceae family. 
Combined sequence data of the ITS region and SSU rDNA provided higher confidence matches, indicating the organism was Micractinium inermum, but also produced a close match to C. vulgaris CCAP 211/79 strain. Further evolutionary lineage analysis and analysis of ITS2 structure, supported the identification of the organism as M. inermum. Additionally the analysis indicated that the CCAP 211/79 is more closely related to M. inermum than the type species Chlorella vulgaris SAG 211-11b, and likely to belong in the Micractinium genus if not M. inermum species. 
Although the Micractinium genus and particularly the M. inermum species is poorly characterised, initial research indicated a potential for mixotrophic growth and justified the concurrent mixotrophic characterisation of M. inermum described in the following chapter.
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[bookmark: _Toc462059774]Introduction
The production of biofuels derived from microalgal biomass is a promising technology with the potential to replace a significant proportion of the global transport fuel demand, which is currently reliant on finite fossil fuels. One of the many challenges that face sustainable microalgae production is achieving a high enough productivity in order to reduce harvesting, processing and land requirement costs and associated energy demands. As mentioned in Section 1.5, mixotrophic cultivation can significantly augment biomass and lipid productivity (Liang et al., 2009). Mixotrophic algae are able to simultaneously photosynthesise and uptake/metabolise organic carbon. The dual source of energy and carbon allows more flexible growth, mitigating the disadvantages of light and carbon limitation associated with conventional autotrophic growth, while using considerably less organic material per unit of biomass than dark heterotrophic growth (Boyle and Morgan, 2009). These advantages provide mixotrophic cultivation with the potential to significantly reduce production costs, particularly when paired with the use of organic carbon rich waste sources such as wastewater, anaerobic digestion effluent, or HTL effluent (Bhatnagar et al., 2011; Biller et al., 2012; Moon et al., 2013; L Wang et al., 2010). 
A recent study reported that the alga M. inermum can be successfully cultivated in untreated domestic and swine wastewater, resulting in effective phycoremediation and accumulation of large lipid droplets (S. Park et al., 2015). Although a species within the Micractinium genus has been reported to uptake multiple organic carbon sources (K. C. Park et al., 2011), the influence of different trophic conditions on the growth and biochemical composition of M. inermum has not be researched. 
A frequently overlooked challenge for large-scale microalgal biofuel production is CO2 supply. The conventional mode of growth, autotrophic cultivation, is dependent on the availability of CO2, which provides the only exogenous source of elemental carbon for the production of new biomass. Due to the low atmospheric CO2 concentration, in order to prevent carbon limitation commercial autotrophic cultivation requires supplementing the media with concentrated sources of CO2. As outlined in Section 1.4, the source of CO2 utilised can greatly impact the cultivation stage energy use and associated greenhouse gas emissions. The availability of waste CO2 gas streams in areas suitable for large scale algal biomass production is limited, and the infrastructure required for CO2 capture and transportation would be prohibitively expensive (Pate et al., 2011). 
Mixotrophic growth could mitigate this CO2 availability bottleneck by providing an endogenic source of CO2 through the respiration of organic carbon (Lee, 2004). A pioneering experiment investigating the effect of trophic mode in the green alga, Chlorella regularis (subsequently re-assigned to Coelastrum microporum), concluded that the photosynthetic and heterotrophic metabolic pathways can act non-competitively under mixotrophic growth (Endo et al., 1977). As a result, the specific growth rate of algae grown under mixotrophic condition was found to equate to the sum of autotrophic and heterotrophic growth. This can be expressed as a specific growth rate ratio (Equation 9);

  									Equation 9

where µM, µA, µH, equate to mixotrophic, autotrophic and heterotrophic specific growth rates respectively. Successive studies have reported a similar relationship in other mixotrophic green algae (a polyphyletic group), Chlorella vulgaris, Haematococcus pluvialis, Chlamydomonas humicola, but not in Scenedesmus acutus (Kobayashi et al., 1992; Lalibertè and de la Noüie, 1993; Martinez and Orus, 1991; Ogawa and Aiba, 1981). The occurrence of  non-competitive mixotrophic growth appears to be species-specific, and largely influenced by both the degree to which organic carbon assimilation inhibits the production of chlorophyll and the degree to which illumination inhibits or augments the production or activity of organic carbon uptake enzymes (Lee, 2004; Ogawa and Aiba, 1981). 
The specific growth rate ratio is also influenced by the aeration conditions of cultivation. An investigation of mixotrophic C. vulgaris reported that, under aeration with 2% CO2-air, the growth ratio was recorded as 1.00, in line with earlier aerated studies (Martinez and Orus, 1991). In contrast, under air-aerated (0.04% CO2) or non-aerated conditions, this ratio was reported to increase to 1.10 and 1.28 respectively, that is to say the mixotrophic specific growth rate was higher than the sum of autotrophic and heterotrophic growth. It is possible that this phenomenon occurs under non-aerated conditions, due to CO2 and O2 limitation in autotrophic and heterotrophic cultures respectively. Under mixotrophic cultivation, the activity of both metabolic pathways could promote synergistic rather than non-competitive growth; the assimilation and metabolism of organic carbon providing a heterotrophic endogenic source of CO2, which in turn drives a higher rate of photosynthetic carbon sequestration and O2 evolution. This oxygen is then subsequently consumed by cellular respiration. Accordingly, this synergistic effect may mitigate gaseous growth limitations and therefore enhance growth.  Conversely, the assimilation of photosynthetically derived O2 by augmented cellular respiration could prevent oxygen accumulation, which is particularly problematic in closed PBRs. 
The aim of this chapter was to understand the influence of mixotrophy on growth, biochemical composition, and metabolic gas exchange in M. inermum cultures. Initially the growth characteristics and biochemical composition of M. inermum under non-aerated autotrophic, mixotrophic and heterotrophic conditions was determined. In order to investigate the hypothesis of mixotrophic synergistic gas exchange, the degree of CO2 and O2 limitation on M. inermum growth under autotrophic and heterotrophic cultivation was first investigated. Subsequently, by tracking dissolved gas concentrations and the rates of photosynthesis and respiration, the existence and influence of synergistic gas exchange under mixotrophic conditions was determined.  The results of this chapter were published in (Smith et al., 2015).
[bookmark: _Toc462059775]Materials and Methods
[bookmark: _Toc462059776]Organism
A strain of M. inermum, from the Gilmour lab, was utilised in this investigation. The identification and phylogeny of this species was described in Chapter 3. The alga was grown in 3N-BBM + V media, with alterations detailed below. 

[bookmark: _Toc462059777]Growth conditions
Growth rate experiments
Autotrophic, heterotrophic and mixotrophic M. inermum cultures were grown in the conditions described in Section 3.2.1. For heterotrophic cultivation, flasks containing organic carbon supplemented media were wrapped in foil, with the bungs left exposed for gas exchange. The foil wrapped flasks were placed in a ventilated box within the same growth room as other treatments, to ensure homogenous temperature conditions. Mixotrophic and heterotrophic cultures were grown with the addition of sodium acetate (14.6 mM) or D-glucose (6.67 mM) as described in Section 2.1.1. M. inermum was also grown under mixotrophic conditions in a range of different concentrations of sodium acetate (2.5, 5, 10, 20, 30, 40, and 50 mM) in order to investigate optimum growth conditions and lag period.  All treatments were not aerated but agitated daily by hand. All treatments were carried out in quintuplicate. 
Aerated experiments
For aerated experiments, cultures were grown in specially designed 130 ml tubular air loop miniature bioreactors fitted with ceramic diffusers. Further information about the reactor design is provided in Section 4.2.3. A 1% v/v inoculation was used, resulting in a starting 100 ml culture with an initial cell density of approximately 5.5 x 105 cells ml-1. The cultures were grown in a temperature controlled room (25°C ± 2). Autotrophic cultures were aerated under two treatments of aseptic filtered (0.22 µm) 5% CO2 (balance air) and atmospheric air (0.04% CO2) with a flow rate of 5 cm3 min-1. Heterotrophic cultures were aerated under two treatments of aseptic filtered (0.22 µm) 100% N2 (0% O2) and atmospheric air (21% O2) with a flow rate of 10 cm3 min-1. In addition, air was pumped through a perforated silicone tube ring at the base of reactors for 1 minute every 3 hours at a flow rate of 120 cm3 min-1 in order to resuspend cells accumulated in dead zones of the reactor (Figure 28).  Cultures under autotrophic treatment conditions were grown under continuous illumination with a light intensity of 77 ± 9 µmols photon m-2 s-1. Alternatively, heterotrophic cultures were grown in the dark by wrapping the bioreactors in a black plastic film and covering the rig with cardboard screens. Aerated experiments were carried out in a fed-batch approach in order to maintain the liquid volume in the bioreactor (1 ml daily replacement). Aerated experiments were carried out in quadruplicate.
Gas exchange experiments
Experiments investigating dissolved oxygen and inorganic carbon concentrations were cultivated in the same growth conditions as described in Section 4.2.2.1. The experiments were carried out using a fed-batch approach, replacing the extracted culture volume with fresh medium (5 ml). All flask experiments were carried out in quintuplicate. 
[bookmark: _Toc462059778]Reactor design and set up 
The bioreactors used in aeration experiments were designed by Krys Bangert (Bangert, 2013) a former PhD student of the Gilmour Lab. The bioreactor was initially designed for cultivation of Dunaliella salina, a halophilic and motile green alga. M. inermum is a non-motile freshwater green alga and therefore certain measures were taken to reduce the risk of bacterial contamination and sedimentation in dead zones. The reactors were retrofitted with a GL453 3 port screw cap (Duran). The first port was used as pressure equalising output port fitted with a 0.20 µm membrane filter (Part 1137799, Duran). The same pressure equalising cap was used with the second port, but 1 mm ID silicon tubing was connected inside to feed a silicon ring placed at the bottom of the reactor (Figure 28). This input tube was used to resuspend algae which accumulated in the dead zones of the reactor. The final port was used for sampling. In addition, a thermo-tolerant (<250°C) food grade silicon sealant was moulded around the top of the sparger to create a water tight seal and prevent cell accumulation around the base of the reactor (Figure 29). 
CO2 (air balanced) and N2 were provided by gas cylinders (BOC). Air was provided from pressurized air fitted air taps. The gas source was connected to a pneumatic pressure regulator (R72g-2GK-RMN, Norgren) fitted with a pressure gauge (8587702, WIKA) using an 8 mm ID reinforced PVC hose (440-054, RS). The pressure was regulated to 1 bar pressure. The feed was passed through a 0.3 µm air filter (6723-500, HEPE-Vent) and an electronic control valve (2/2 way solenoid valve, Burket). The valve was used as a safety control and as a method to time air flow for cell resuspension (using a socket timer). The feed was then split 4 ways using 8 mm silicon tubing (11522573, ThermoFisher Scientific) and HDPE Y connectors (12324598, ThermoFisher Scientific). The individual gas feeds were connected to needle valve flowmeters (two brands used Roxspur and FTI, with various ranges). The flowmeters were connected to the bioreactors with 5 mm silicon tubing (11592563, ThermoFisher Scientific). The flow rate was set by attaching a 0-100 cm2 min-1 digital flow meter (32908-59, Cole-Palmer) to the output port and regulating the flow with the needle valve. All connections were secured with safety hose clamps (UNEX). The aeration set up is demonstrated in Figure 30. 
Perforated silicon tube ring attached to input port
Draft tube
Sparger
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Schott GL45 threaded tube section

Input port - GL14 Pressure Equalisation set
Sample port - GL14 Screw cap
Schott Duran GL45 3 port Screw cap
Output port - GL14 Pressure Equalisation set
Figure 28. Tubular air loop miniature bioreactors (Bangert, 2013). A) Annotated photograph of mini-reactor setup, B and C) Technical drawings of bioreactor vessel and sparger. 




















The bioreactors were placed in a specially designed stand to maintain uniform illumination from the fluorescent tube light sources (Figure 31). In this design each tube was suspended from a hole (32.4 mm ID) cut from a 1 mm thick white PVC sheet (Century Plastic, UK). On the underside each reactor was enclosed by a plastic surround, with the side facing the light source remaining open. The stand was slotted into a modular steel frame which supported the fluorescent tubes.  














Bioreactor stand
Bioreactors – 2x rows of 4
5 mm ID tubing
8 mm ID tubing
Flowmeter
8 mm reinforced tubing
Pressure regulator (1 bar)
Air 
 CO2 
 or N2
Output port with air filter 
Air filter
Y connector
1.5 mm ID tubing
Electric control valve
Figure 30.  Diagram of aeration experiment setup.  
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Figure 29. A) Cell accumulation at the sides of the sparger.  B) Silicon seal around sparger 
Autotrophic (Light), Heterotrophic (Dark – NaOAc) and control conditions (Dark – no NaOAc addition). Bars represent standard deviation.
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Figure 31 A) bottom view and B) side view of mini-bioreactor stand. 
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[bookmark: _Toc462059779]Biochemical analysis
The biochemical composition of M. inermum was analysed under different trophic conditions and growth phases. Autotrophic, heterotrophic and mixotrophic cultures were cultivated as described in Section 4.2.2.1. Three parallel experiments were conducted with harvesting at mid log phase, start of stationary phase, and end of stationary phase. The timing of the sampling for each treatment is outlined in Table 9.  Due to slow growth, autotrophic cultures did not reach their stationary phase and continued to grow linearly after 70 days of cultivation; however, results are included for comparison. The entire 100 ml culture was harvested, split into 30 ml aliquots and freeze dried as outlined in Section 2.3. In addition the chlorophyll contents of log-phase mixotrophic and heterotrophic glucose fed cultures were also analysed.  All treatments were carried out in triplicate. 
	Table 9. Timing of sampling for biochemical analysis

	Treatment
	Organic Carbon
	Exponential phase
	Start of stationary phase
	End of stationary phase

	
	
	
	
	

	Autotrophic

	-
	21 days
	28 days
	70 days

	
Mixotrophic
	Sodium acetate
	
2 days
	
4 days
	
49 days

	
Heterotrophic
	Sodium acetate
	3 days
	8 days
	49 days

	
Mixotrophic
	Glucose
	
2 days
	-
	
-

	
Heterotrophic
	Glucose
	2 days
	-
	-


Chlorophyll assay
For chlorophyll extraction a known weight (at least 0.8 mg) of lyophilised biomass was resuspended in 1 ml dH2O and sonicated for 30 seconds (10 kHz) under ice and in dim light. Chlorophyll extraction was then carried out as detailed in Section 2.7. All analyses were carried out in biological triplicate.
Carbohydrate assay
Total carbohydrate determination was carried out using the method described in Moheimani et al. (2013). In this method, lyophilised biomass of a known weight (at least 0.8 mg) was transferred to a 15 ml acid resistant Falcon tube. An aliquot (0.5 ml) of 1 M H2SO4 was added to the tube and vortexed in order homogenise the sample. Following the addition of a further 4.5 ml of H2SO4 the tube was incubated in a water bath for 60 minutes at 99°C. The tube was cooled at room temperature for 30 minutes then centrifuged at 2000 g for 10 minutes. In a fume hood, 2 ml of the supernatant was transferred to a fresh 15 ml tube followed by 1 ml of phenol solution (P4557, Sigma-Aldrich). The mixture was immediately vortexed followed by the rapid addition of 5 ml of 18.4 M H2SO4 (98%). The tube was sealed, vortexed for 30 seconds, and allowed to cool for 30 minutes. Samples were vortexed again before transferring 1 ml to a glass cuvette (Z801216, Sigma-Aldrich). The absorbance was read at 485 nm. In parallel a glucose standard series (0, 10, 20, 40, 80, 120, 160, and 200 µg ml-1) was prepared with the same phenol-sulphuric acid treatment. A linear regression equation was calculated and the resulting slope was used to calculate sample carbohydrate concentration (Equation 10). 
    					Equation 10
where AS is the absorbance of the sample, 2.5 is the dilution and mg DCW is the mass (mg) of the biomass used for the sample. 
NMR Lipid assay
Lipid quantification was carried out using proton nuclear magnetic resonance (H – NMR) spectroscopy using a protocol adapted from Derome (1987). NMR analysis was performed by Professor Mike Williamson, University of Sheffield. For lipid extraction lyophilised biomass of a known weight (at least 0.8 mg) was transferred to a 1.5 ml microcentrifuge tube with 400 µl CDCl3 (deuterated chloroform) and 100 µl CD3OD (deuterated methanol). The sample was vortexed for 10 seconds and transferred to a 5 mm NMR tube (Norell, Sigma-Alrich, UK). An aliquot of 5 µl of CHCl3 (non-deuterated chloroform) was added to each sample as an internal standard. The NMR tubes were individually transferred to an Avance III 600 Cryo NMR Spectrometer (Bruker, USA). Data was processed and normalised by Fourier transformation using Bruker Topspin software (v1.3, Bruker, USA). 
The total lipid content was estimated based on the total CH2 group signal, with the assumption that all fatty acids were unsaturated C18:1 (oleic acid), containing 13 CH2 groups (unaffected by neighbouring methylated carbon or saturated bonds).  The concentration of internal standard of CHCl3 was 124 mM. Using the following equation the concentration of C18:1 was calculated:
   						Equation 11
where, AreaCH2 is the integrated area of the CH2 group signal, AreaCHCL3 is the integrated area of the chloroform internal standard signal, 1 is number of protons (proton signal) in CHCl3 and 26 is the proton signal of C18:1. This concentration was converted to µg TAG mg-1 DCW using the Equation 12 
   				 Equation 12
where, 3 converts to concentration of TAG, 0.5 converts to µmol in sample (0.5 ml), 852.1 is the average molecular weight of TAG for Chlorella vulgaris (Griffths and Harrison, 2009)  and mg DCW is the mass (mg) of biomass of each sample. A caveat of this calculation is the assumption that all fatty acids are associated with TAG. Because the proportion of fatty acid associated with TAG as opposed to other lipids is unknown, this measure should be interpreted as TAG equivalent measurement of lipids, not an absolute measure of TAG. 
[bookmark: _Toc462059780]Dissolved inorganic carbon
Dissolved inorganic carbon (DIC) was measured using an acid stripping protocol adapted from Hodson et al. (2010). A 5 ml aliquot of culture was filtered through a Whatman™ 1.2 µm glass microfiber filter to remove algae cells. The supernatant was transferred to a closed, CO2 purged, acidifying system (hand-built via a 3-Gang Luer™ Stopcock Manifold connecting 4 syringes). Within the manifold a 15 ml aliquot of air was passed through a CO2 scrubber (60 ml syringe containing 35 ml of soda lime granules) and transferred to a syringe containing 2 ml of 3 M HCl. The mixture was then drawn into the sample and immediately sealed. The sample syringe was agitated for 1 minute and subsequently left to stand for 2 minutes. The 15 ml headspace was transferred to a dry 20 ml syringe then injected into a PP Systems EGM4 IR CO2 gas analyser. A stable reading was taken. The DIC was calculated from a calibration curve using five Na2CO3 solution standards (0, 0.125, 0.25, 0.5 and 1 mM C). A detailed description of the procedure with the manifold is given in Appendix F for future reference.
[bookmark: _Toc462059781]Dissolved oxygen measurements
Dissolved oxygen (DO) was measured using an Orion 3-Star Plus™ Dissolved Oxygen probe (Thermo Scientific). A 5 ml aliquot of culture was transferred to a magnetically stirred (20 rpm) 10 ml flask. The probe was inserted and a stable reading was taken at 20°C ± 1.
[bookmark: _Toc462059782] Oxygen evolution measurements
In order to assess the influence of dissolved gas concentrations in the culture on photosynthesis and respiration rates, samples were taken directly from the culture of known cell density rather than resuspending in fresh medium to the same cell density. Oxygen evolution measurements were then taken as described in Section 2.8. 
[bookmark: _Toc462059783]Statistical analysis 
All results are expressed as mean values (± standard deviation, SD). The effect of growth conditions on measured observations (inter-treatment variation) were analysed using one-way analysis of variances (ANOVAs) following a linear model. The effects of time on measured observations within a growth condition (intra-treatment variation) were analysed using repeated measures nested ANOVA following a linear mixed effects model (nlme package). Data that did not meet the assumptions of parametric analysis were log transformed before analysis.  If analysis indicated a significant effect, the significance of differences between growth conditions (inter-treatment) and time points within a treatment (intra-treatment) were measured using Tukey Honestly Significant Differences (HSD) or Tukey Multiple Comparison using General Linear Hypothesis function (multicomp package) respectively. In addition, linear regression was used to analyse significance of trends in measured observations over time. All analyses were carried out with the statistical software R (v.3.1.2, R).
[bookmark: _Toc462059784]Results
[bookmark: _Toc462059785]Influence of organic carbon supplementation on the growth of M. inermum 
The influence of organic carbon addition on the growth of M. inermum was investigated in a non–aerated batch culture experiment. The specific growth rate (µ) and maximum biomass productivity (Prmax) of M. inermum under autotrophic, mixotrophic and heterotrophic conditions are compared and summarised in Table 10. The growth rate was significantly increased by the supplementation of both acetate and glucose as organic carbon sources (p < 0.001, Figure 32). Microalgae under autotrophic cultivation, grown in minimal media, grew at slow linear rate; the specific growth rate was calculated to be 0.38 d-1 ± 0.04, while the average Prmax was 10.55 mg l-1 d-1 ± 0.55. In contrast, under dark heterotrophic cultivation, M. inermum grew at an exponential rate, achieving a µ of 0.87 d-1 ± 0.07 and 1.40 d-1 ± 0.09 with acetate and glucose supplementation respectively. Similarly, maximum productivity was increased 3 fold compared to cultures grown under autotrophic conditions (Table 10).  The growth rate of M. inermum under mixotrophic cultivation was significantly higher than both autotrophic and heterotrophic growth. Mixotrophic cultures achieved a 5.7 fold increase in specific growth rate and 35 fold increase in Prmax compared to autotrophic cultures (Table 10). Furthermore, mixotrophic specific growth rate was 2.5 and 1.75 fold higher than comparative acetate and glucose supplemented heterotrophic cultures (Table 10). Importantly, in this study, mixotrophic growth was higher than the summation of heterotrophic and autotrophic cultures. Accordingly, the specific growth rate ratio (Equation 9) was 1.74 and 1.34 for acetate and glucose supplementation respectively (Table 10). 
The concentration of acetate used in initial experiments was chosen following guidelines of a similar mixotrophic freshwater media, HSMA. To investigate the optimum acetate concentration, a concentration gradient experiment was carried out (10-50 mM). The major observation of this experiment was an increasing lag period with increasing acetate concentration (Figure 33). There was no significant effect of acetate concentration on specific growth rate (p> 0.05), the lowest concentration, 10 mM, had the highest µ (1.67 d-1 ± 0.55), but the second highest rate was recorded in 50 mM treatment (1.53 d-1 ± 0.52). The peak cell density reached at the end of the log phase increased with increasing acetate concentration, with the exception of 50 mM, indicating acetate is a limiting factor for growth. Despite the use of 50 mM HEPES pH buffer, there was a significant pH rise with increasing acetate concentration (Figure 34). This rise is linked to sodium hydrolysis following acetate assimilation (Endo et al., 1977). Both treatments with 40 mM and 50 mM sodium acetate started a transition into the stationary phase after surpassing a pH of 9. This trend indicates that in these treatments pH may have been a limiting factor of growth. Given the higher specific growth rate found in 14 mM (Table 10), the short lag period, and relatively stable pH (data not shown), this concentration was utilised in subsequent studies.  Figure 32. Growth curve of M. inermum under autotrophic, heterotrophic (1.2 g/l sodium acetate or glucose) and mixotrophic (1.2 g/l sodium acetate or glucose) conditions. Experiment carried out in batch flask cultures. Bars represent standard deviation.

[image: ][image: ][image: ]Table 10. Comparsion of the effect of light and organic carbon on specific growth rate (μ) of mixotrophic species

  
Figure 34. pH of M. inermum cultures with different concentrations of sodium acetate supplementation. Experiment carried out in batch flask cultures. Bars represent standard error.
Figure 33. Growth curve of M. inermum under with different concentrations of sodium acetate supplementation. Experiment carried out in batch flask cultures. Bars represent standard error.

[bookmark: _Toc462059786]Influence of organic carbon supplementation on the biochemical composition of M. inermum 
The effect of different trophic conditions on the chlorophyll content of M. inermum was analysed during the log phase (Table 11). Organic carbon addition caused a significant decrease in chlorophyll content compared to the autotrophic control treatment. This effect was exacerbated in both glucose supplemented cultures; mixotrophic and heterotrophic cultures had 89% and 97% less chlorophyll (mg g-1) respectively than the autotrophic control. For this reason, in order to minimise limitation of photosynthesis, acetate supplemented cultures were utilised for future experiments. Additionally, from a commercial production standpoint, acetate from waste sources is a more economically viable source of organic carbon than glucose. The chlorophyll content of acetate supplemented and autotrophic control cultures were monitored further over the start and end of the stationary phase. Autotrophic cultures grew at an extremely slow rate, and continued to grow linearly after 70 days of cultivation; consequently, the culture did not reach a stationary phase however results are included for comparison. While there was no significant change in autotrophic and heterotrophic cultures, chlorophyll content of mixotrophic algae initially decreased from the log to stationary phase (although not statistically significantly), then during the stationary phase increased significantly (p < 0.05) to a content statistically indifferent from the 70 day old autotrophic cultures (Table 11).
	
Table 11. Chlorophyll analysis of M. inermum under different trophic conditions

	
	Total chlorophyll content (% Dry Cell Weight)

	Culture conditions
	Log1
	Initial Stationary2
	End Stationary3

	
	
	
	

	Autotrophic

	2.53 ± 0.17a
	2.44 ± 0.15a
	2.29 ± 0.06ab

	Mixotrophic (Sodium acetate)

	1.89 ± 0.01cd
	1.65 ± 0.07c
	2.03 ± 0.04bd

	Heterotrophic (Sodium acetate)

	0.73 ± 0.01e
	0.78 ± 0.01e
	0.77 ± 0.06e

	Mixotrophic (Glucose)

	0.28± 0.02f
	ND
	ND

	Heterotrophic (Glucose)

	0.064 ± 0.01g
	ND
	ND

	1. Log phase –2 days (mixotrophic and heterotrophic glucose), 3 days (heterotrophic acetate) and 21 days (autotrophic). 2. Initial stationary phase –4 days (mixotrophic), 8 days (heterotrophic), 28 days (autotrophic). Mixotrophic and heterotrophic growth was limited by availability of acetate but autotrophic cultures continued to grow (and unlikely to be nutrient limited).  3. End stationary phase –49 days (mixotrophy and heterotrophy), 70 days (autotrophy, still growing). Values denoted by a different letter at each data point differ significantly at p <0.05, analysis performed using one-way ANOVA, followed by Tukey analysis. ND represents data not determined. 


The carbohydrate and lipid content of different treatments were measured at the same time points as the chlorophyll analysis. Carbohydrate concentration in autotrophic and mixotrophic (acetate supplemented) cultures did not significantly differ from each other or during the growth phase, averaging at about 9.3% DCW ± 0.95 (Figure 35), In contrast carbohydrate content in heterotrophic (acetate supplemented) cultures was significantly higher than other treatments during the log phase (16% DCW ± 1.25), and increased further at the start of the stationary phase (21.5% DCW ± 3.2). However, during the stationary phase, in which acetate (the only available carbon source) was presumed to be depleted, the carbohydrate content dropped to concentrations similar to those recorded in other treatments. In contrast to the expected increase in lipid accumulation during the stationary phase, the general trend in all treatments was a decline over time (Figure 36). Furthermore, the highest measured lipid content, in log phase mixotrophic cultures, was only 7% DCW (70 µg TAG eqv. mg-1 DCW). Given, the high lipid accumulation reported in other members of the Micractinium and the incongruent trend of lipid depletion, it was suspected that the results were affected by a methodology problem (too much biomass used per reaction in stationary phase conditions).Figure 35. Carbohydrate concent of autotrophic, mixotrophic and heterotrophic cultures at different growth phases. Autotrophic culures did not reach stationary phase during experiment but are included for comparison. Values denoted by a different letter at each data point differ significantly at p <0.05, analysis performed by one-way ANOVA followed by Tukey analysis. Error bars indicate standard error. 

Figure 36. Lipid concent of autotrophic, mixotrophic and heterotrophic cultures at different growth phases. Autotrophic culures did not reach stationary phase during experiment but are included for comparison. Values denoted by a different letter at each data point differ significantly at p <0.05, analysis performed by one-way ANOVA followed by Tukey analysis. Error bars indicate standard error. 


[bookmark: _Toc462059787]Gaseous limitation under autotrophic and heterotrophic growth 
As discussed in Section 4.1, the growth enhancing effects of mixotrophic gas exchange only appear to be apparent if autotrophic and heterotrophic growth rates are limited by CO2 and O2 availability, as is assumed to be the case under non-aerated conditions.  To investigate the degree of this gaseous limitation on the growth of M. inermum, cultures were grown under aerated conditions. The experiment was carried out using miniature bioreactors with different gas concentrations. In the autotrophic cultivation treatment, cultures were aerated with air (0.04% CO2) and 5% CO2 (balance air). In contrast, acetate supplemented heterotrophic cultures were aerated with N2 (0% O2) and air (21% O2). Nitrogen aeration was chosen as a control treatment in heterotrophic cultures, as opposed to no aeration, to avoid oxygenation of the culture while mirroring the mixing effect of aeration used in the air-aerated treatment. 
In this experiment, the growth rate of autotrophic cultures was significantly augmented by both air (µ =1.38 d-1 ± 0.02, Prmax = 80.97 mg l-1 d-1 ± 23.10) and 5% CO2 aeration (µ =2.39 d-1 ± 0.04, Prmax = 841.20 mg l-1 d-1 ± 86.64), as demonstrated in Figure 37. Autotrophic cultures aerated with CO2 had a 6.3 fold increase in µ and 80 fold increase in productivity compared to the non-aerated autotrophic flask cultures discussed in Section 4.3.1 (Table 10). Furthermore, aeration with a higher CO2 concentration led to a significantly higher µ (p < 0.001) and Prmax (p < 0.001)Figure 37. Growth curve of autotrophic M. inermum cultures under 0.04% (atmospheric air) and 5% CO2 (air balanced) aeration. Cultures were grown in miniature bioreactors (100 ml). Error bars indicate standard error. 

Similarly, O2 aeration (21% O2) of heterotrophic cultures led to significantly higher µ (49%, p < 0.001) and Prmax (91%, p < 0.001) compared to N2 aeration (0% O2) (Figure 38).  The cell density of cultures grown under air-aeration peaked at 249 mg l-1 after 168 hours growth, a similar cell density to that reached by the non-aerated flask cultures (240 mg l-1), after 192 hours in the previous experiment (Figure 32). The cell density of N2 sparged heterotrophic cultures did not peak during the time period of the experiment, reaching 191 mg l-1 after 240 hours growth. Although the peak productivity of air-aerated cultures (grown in bioreactor) was 97% higher than non-aerated flask culture (p < 0.001), the specific growth rate of air-aerated cultures (0.74 d-1 ± 0.01) was significantly lower than the rate recorded in heterotrophic flask cultures (0.87 d-1 ± 0.07, p < 0.001. Table 10). Potential explainations for this longer lag period observed in the heterotrophic bioreactor experiments are discussed in the next [image: ][image: ]section. Figure 38. Growth curve of heterotrophic M. inermum cultures under 20% (atmospheric air) and 0% O2 (N2) aeration. Cultures were grown in miniature bioreactors (100 ml). Error bars indicate standard error. 

[bookmark: _Toc462059788]Effect of trophic mode on dissolved gas concentration, photosynthesis, and respiration of M. inermum 
In order to investigate the existence of mixotrophic synergistic gas exchange, and elucidate its potential impact on growth rate, the DIC concentration, DO concentration, photosynthetic rate and respiration rate of cultures grown under different trophic conditions were analysed daily over 7 days. As a control, the DO and DIC concentration of non-inoculated sterile medium, was measured over the same time period, and subject to the same temperatures, to account for any abiotic changes. This control was deemed to be air-equilibrated. Two experiments were carried out in parallel to avoid depleting the culture volume from sampling. In experiment (A) DIC was measured, while in experiment (B), DO and oxygen evolution measurements were taken. Cultures were grown in exactly the same conditions, which resulted in very similar growth curves, as shown in Figure 39. The similarity of both experiment growth curves justified a direct comparison between the results of the two experiments. Figure 39. Growth curve of M. inermum under different trophic conditions in a fed-batch flask culture experiment for dissolved DIC, experiment a, and for DO and oxygen evolution analysis, experiment b. Error bars indicate standard error



Justification of DIC measurement over dissolved CO2 requires some discussion of the theory. CO2 is partially soluble in water and reversibly converts to carbonic acid (H2CO3), however the majority of CO2 remains as free molecules. Free CO2 is in constant equilibrium with the deprotonated forms of carbonic acid i.e. bicarbonate (HCO3-) and carbonate (CO32-) (Equation 13). 
			Equation 13
Consequently, when free CO2 is removed from the medium by photosynthesis, some of the HCO3- will form CO2 and OH- to maintain the equilibrium. To replace the lost HCO3-, some of the CO32- will protonate by reacting with H2O to form HCO3- and OH- (Uusitalo, 1996). The release of two hydroxide molecules subsequently raises the pH. The relative concentration of carbonic species is very dependent on pH as shown by the Bjerrum plot [image: ]in Figure 40. 





Figure 40. Bjerrum plot showing pH dependency of carbonic species equilibrium (Zosel et al., 2011).


Most microalgae species possess CO2 concentrating mechanisms (CCMs) which actively transport inorganic carbon species and convert them to CO2 for use in the Calvin cycle (Colman et al., 2002; Giordano et al., 2005). M. inermum used in this project is unlikely to lack such mechanisms because of its ability to growth at pH values above 8.2 (Raven et al., 2012). Equally, CCMs are unlikely to be limited by nutrient availability due to the nutrient rich 3N-BBM medium used (Beardall et al., 1998). Measuring purely the dissolved CO2 will not give an accurate assessment of the available inorganic carbonic species in the solution, especially if the pH is increased by acetate uptake. Consequently, at the pH range of 6.5-7.5 measured during cultivation, dissolved inorganic carbon (DIC) analysis provided a reliable measurement of the dissolved inorganic carbon species available for photosynthetic assimilation including dissolved CO2 and bicarbonate
During the time course of the experiment the DIC concentration of autotrophic cultures declined, dropping below the DIC concentration in the air-equilibrated control within the first 24 hours of growth (8 µM C ± 1). Beyond 24 hours the DIC concentration remained relatively stable (Figure 41). Correspondingly, the O2 concentration significantly increased over the first 24 hours, exceeding the concentration measured in the control (Figure 42). Similarly, beyond this point, the O2 level remained stable, and did not differ significantly from the control (Figure 42). Measurements of O2 evolution indicate rates of photosynthesis were relatively low, and did not significantly change over the experimental time period (Figure 42)
In contrast, the DIC concentration measured in heterotrophic treatments increased progressively over the growth period as cell density increased. At the end of the experiment the DIC concentration reached 0.74 mM C ± 0.01, compared to 0.04 mM C 0.01 in the control treatment (Figure 41). Accordingly, the DO in heterotrophic cultures gradually declined over time, dropping below the air-equilibrated control. At the end of the growth period DO declined to 0.06 mM O2 ± 0.008, compared to 0.27 mM ± 0.001 in the control (Figure 42). After an initial increase in the rate of respiration during the log phase of growth there was a weak decline, which was only statistically significant after 144 hours (Figure 43). The photosynthesis rate significantly increased (by 60%) over the first 48 hours and then remained relatively stable, despite the increased availability of CO2 (culture sample exposed to light during oxygen evolution analysis). 
The concentration of DIC, DO and oxygen evolution was highly variable under mixotrophic conditions. After the first 48 hours of growth, both the DIC and DO concentration increased significantly (Figure 41 and 42).  At this point, DIC concentration in mixotrophic cultures was 4.9 and 32.7 fold higher than the control and autotrophic treatments respectively. Similarly, the dissolved oxygen concentration was 1.6 and 2.4 fold higher than the control and heterotrophic treatments respectively. The increase in dissolved gas concentration was synchronous with a significant increase in both the rate of photosynthesis. At the 48 hour time point, the rate of respiration and photosynthesis was 2.7 and 3.9 times higher than the heterotrophic and autotrophic treatments respectively (Figure 43). By 72 hours, the concentration of dissolved gases in mixotrophic cultures increased further (Figure 41 and 42). However, this increase was synchronous with a decline in both the rate of respiration (5.7 fold reduction) and photosynthesis (2.27 fold reduction) (Figure 43). The decline in carbon flux was matched by the transition into the stationary phase of growth in mixotrophic cultures (Figure 39).  During the stationary period there was a further decline in the concentration of both dissolved gases to similar levels observed in the air-equilibrated control (Figure 41 and 42). This trend was coupled with a gradual decline in both the respiratory and photosynthetic activity (Figure 43).  Figure 44 shows the % change in DIC and DO concentration in the supernantant normalised to dry cell weight. The data indicates on a per mg biomass basis mixotrophic cultures have more stable levels of DIC and DO. This is discussed further below. 
[image: ]Figure 41. DIC concentration (mM C) of M. inermum cultures under different trophic conditions. Values denoted by a different letter at each data point differ significantly at p < 0.05. Uppercase letters correspond to significance between treatments within time points, analysis was performed by one-way ANOVA followed by Tukey analysis, Lowercase letters correspond to significance between time points within treatments, analysis was performed by repeated measures nested ANOVA and Tukey analysis. Data was log transformed for intra-treatment statistical analysis. Error bars indicate standard error. 





[image: ]	Figure 42. DO concentration (mM O2) of M. inermum cultures under different trophic conditions. Values denoted by a different letter at each data point differ significantly at p < 0.05. Uppercase letters correspond to significance between treatments within time points, analysis was performed by one-way ANOVA followed by Tukey analysis, Lowercase letters correspond to significance between time points within treatments, analysis was performed by repeated measures nested ANOVA and Tukey analysis. Data was log transformed for intra-treatment statistical analysis. Error bars indicate standard error. 
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Figure 43. Photosynthesis and respiration (fmol O2 min-1 cell-1) of M. inermum under autotrophic, heterotrophic, and mixotrophic growth conditions. Values denoted by a different letter at each data point differ significantly at p < 0.05. Uppercase letters correspond to significance between treatments within time points, analysis was performed by one-way ANOVA followed by Tukey analysis, Lowercase letters correspond to significance between time points within treatments, analysis was performed by repeated measures nested ANOVA and Tukey analysis. Mixotrophic intra-treatment data was log transformed to meet the assumptions of statistical analysis. Error bars indicate standard error. 














Figure 44. Change (%) per mg DCW in DIC and DO concentration (from 0 hour values) of M. inermum cultures under different trophic conditions. Bars represent standard error.    
















[bookmark: _Toc462059789]Discussion 
The commercialisation of large scale microalgae production for low-value products such as biofuel is not currently economically viable. Among the many challenges are high cultivation costs and the availability of concentrated sources of CO2 (Chisti, 2013).  Mixotrophic cultivation, using waste organic carbon sources, has potential to increase productivity and reduce production costs (Cheirsilp and Torpee, 2012). Previous studies have reported that under non-aerated conditions, the specific growth rate of mixotrophic culture exceeds the summation of autotrophic and heterotrophic growth (Table 10). However, results reported by Martinez and Orus (1991) indicate that this surplus is reduced or does not occur when cultures are aerated. In this investigation, under non-aerated conditions, M. inermum, demonstrated a similar growth trend, with mixotrophic specific growth rate exceeding the sum of autotrophic and heterotrophic growth when supplemented with either acetate (74% higher) or glucose (34% higher) (Figure 32, Table 10)
Glucose supplemented cultures had a faster growth rate in both mixotrophic and heterotrophic cultivation (Table 10). This trend is consistent with previous studies and is attributed to the higher energy content of glucose (2.8 kJ mol-1, 0.0173 kJ 1.2g-1) compared to acetate (0.8 kJ mol-1, 0.0116 kJ 1.2g-1) (Perez-Garcia et al., 2011). Glucose supplemented heterotrophic cultures had a growth rate 63% higher than equivalent acetate fed cultures, which corresponds well with the 50% higher energy embodied in the available organic carbon. In contrast, the growth rate of glucose-fed mixotrophic cultures was only 12% higher than equivalent acetate-fed cultures. Glucose supplemented cultures also had significantly reduced levels of chlorophyll content compared to the autotrophic control and acetate supplemented cultures (Table 10). Stadnichuk et al. (1998) discovered that glucose assimilation by the red alga Galdieria sulfuraria induces limitation of chlorophyll a production. This limitation is thought to occur through inhibiting the transformation of a precursor molecule coproporphyrin III. Under mixotrophic conditions this inhibition was reduced due to light stimulating the production of coproporphyrin III (Stadnichuk et al., 1998). It is unknown whether this exact biochemical inhibition occurs in other algae species, many studies have reported a reduction in chlorophyll content in glucose supplemented cultures, however the degree of inhibition seems to be species or growth condition specific (Abreu et al., 2012; Cheirsilp and Torpee, 2012; Ogawa and Aiba, 1981; Stadnichuk et al., 1998). Nevertheless, the reduction in chlorophyll content in glucose supplemented M. inermum cultures is highly likely to have caused a reduction in photosynthetic capacity. The reduction provides a reasonable explanation for the lower than expected growth rate in glucose-fed mixotrophic cultures and the reduced specific growth rate ratio compared to acetate supplemented growth. This point also highlights the large variability in physiological changes caused by supplementation of different organic carbon sources. 
In contrast to previous studies, mixotrophic cultivation of M. inermum did not increase the carbohydrate content relative to autotrophic control cultures (Figure 35, Lalibertè and de la Noüie, 1993; Liang et al., 2009). The carbohydrate content of heterotrophic cultures, although higher, decreased over time. Similarly, in contrast to the expected impact of nutrient deprivation, the lipid content of all treatments reduced through time and during the stationary phase (Figure 36). It is likely that the very high nutrient content of 3N-BBM + V media prevented nutrient depletion, even after extended periods of time. In this case organic carbon deprivation was the cause of the stationary phase in mixotrophic and heterotrophic cultures, which consequently led to the depletion of cellular carbon stores. In contrast, without organic carbon deprivation, autotrophic cultures continued to grow linearly. 
Despite the reduced chlorophyll content, both glucose and acetate supplemented growth had specific growth rate ratios above 1. It was hypothesised that the augmented specific growth rate under mixotrophic cultivation was due to synchronous activity of the respiratory and photosynthetic metabolic components. Potentially these components could act synergistically, providing a source of endogenic CO2 and O2. Under non-aerated conditions, the endogenic production could then reduce growth limitation and thus enhance growth. The growth parameters of M. inermum have not been characterised, therefore an experiment was carried out in order to confirm that growth is limited by the availability of CO2 and O2 for autotrophic and heterotrophic cultures respectively (Figure 37 and 38). CO2 and air-aeration under autotrophic conditions led to significant increases in the growth rate, which clearly demonstrates that availability of DIC is a key limiting factor for growth in autotrophic M. inermum culture (Figure 37). This limitation has been researched extensively and is consistent with previous work investigating the effect of DIC concentration on growth of other algae species (Chiu et al., 2008; Yang and Gao, 2003).
Previous research has demonstrated that oxygen supply is a key limiting factor in heterotrophic microalgae cultivation, in which cellular respiration is the dominant metabolic process (Perez-Garcia et al., 2011; Schmidt et al., 2005). In this study, air aeration led to significantly higher specific growth rates compared to N2 sparged control cultures. The peak cell density and subsequent decline is likely to have been driven by acetate availability, a similar trend was observed in non-aerated flask cultures grown with acetate and glucose (Figure 32 and 38). Surprisingly N2 cultures reached a comparably high cell density, despite the expected O2 stripping effect of N2 aeration. However, DO measurements of aerated cultures demonstrate that N2 aeration did not remove all of the oxygen, instead N2 cultures experienced a slow decline in DO similar to that observed in later flask experiments (Figure 32). The inadequacy of N2 aeration is likely to be due to a combination of low flow rate (10 cm3 min-1) and the intermittent high flux of air used to resuspend cells accumulated in the dead zones of the reactor. Despite this experimental caveat, the slow reduction in DO more closely mirrors the conditions of non-aerated flask cultures compared to the intended extreme oxygen stripping. Despite this similarity, both aerated treatments had a lower specific growth rate than acetate supplemented non-aerated flask cultures. Both aerated cultures had a more pronounced lag period in the early log phase, which was used to calculate specific growth rate. It’s unknown whether this extended lag period was due to different inocula or the different culture condition (constant versus no mixing), or due to the fed-batch experiment (1/20th dilution daily) or a combination of all factors. The difference in lag period makes it difficult to draw any strong conclusion from the specific growth rate. Enhanced productivity during the mid-log phase does indicate that growth is limited to a degree by oxygen availability. However, this data indicates that, comparative to the CO2 limitation in autotrophic cultivation, oxygen limitation is small, which is expected due to higher ambient concentrations. Consequently, any effect of a mixotrophic gas exchange was expected to enhance photosynthesis more than respiration, especially at low cell densities.  
The final experiment was carried out to test the hypothesis of synergistic gas exchange within mixotrophic cultures. In this experiment, the DIC and DO concentration and the rates of photosynthesis and respiration were monitored in autotrophic, heterotrophic and mixotrophic cultures. Previous experiments indicated that in autotrophic cultures the DIC would decrease overtime, while the opposite would occur in heterotrophic cultures. Similarly, the DO was expected to increase in autotrophs, while declining in heterotrophic cultures. In contrast, due to the expected high activity of both photosynthesis and respiration in mixotrophic cultures, it was hypothesised that the DIC and DO would remain relatively stable over the time period. 
The results demonstrate that autotrophic and heterotrophic cultures largely followed the hypothesised trend. The metabolism of acetate in heterotrophic cultures led to significant accumulation of DIC and steady decline in DO (Figure 41 and 42). There was an initial significant increase in respiration, followed by a slight but not significant (except after 144 hours) decline (Figure 43). This slight decline in respiration rate does support the hypothesis of oxygen limitation. However, given the disparately pronounced decline in DO, no strong conclusions can be made of the importance, at least at low cell densities, of oxygen limitation on respiration. Despite the significant increase in DIC, photosynthesis did not increase after the first 48 hours. This is likely to be due to a combination of low photosynthetic capacity and the short period of photosynthetic induction during the measurement (cultures exposed to light for 6 minutes during oxygen evolution measurements) (MacIntyre et al., 2002; Vernotte et al., 1992).  
DIC in autotrophic cultures was rapidly depleted, and remained stable at a low concentration (Figure 41). Either the mass transfer of CO2 into the media met the demand for DIC, or the sensitivity of the DIC protocol at very low concentrations was inadequate to measure any further decline. The depletion of DIC was matched with a low level of photosynthesis and no significant accumulation in DO concentration (Figure 42 and 43). These data strongly supports the conclusions of the previous section, that photosynthesis in non-aerated autotrophic M. inermum is significantly limited by the availability of inorganic carbon. 
In contrast to the hypothesised stability, DIC and DO concentration in mixotrophic cultures was very variable (Figure 41 and 42). The variation in dissolved gases aligned to rapid log phase growth, an abrupt transition into the stationary phase, assumed to be due to acetate depletion, followed by gradual acclimation to autotrophic conditions. This growth trend is supported by the gradual increase in chlorophyll content during the stationary phase in mixotrophic cultures (Table 11). Significant increases of both dissolved gases during the first 48 hours was synchronised with significantly increases in the rate of both respiration and photosynthesis (Figure 43). This correlation supports the hypothesis that endogenic production of CO2 and O2 occurs in mixotrophic cultures, and this production enables enhanced metabolic activity. The gas exchange is therefore likely to be synergistic. The variation and potential influence of dissolved gases on metabolic activity is complex and requires in depth discussion. 
Despite to the weak trends found in heterotrophic cultures, this mixotrophic data indicates that respiration is increased by higher concentrations of DO. Alternately it is possible that the availability of light stimulates the metabolism of acetate. Previous studies with Chlorella regularis and Chorella vulgaris demonstrated that CMU and DCMU addition (PSII inhibitors) had no impact on the rate of respiration, and reduced the rate of growth to levels comparable with heterotrophic cultures (Endo et al., 1977; Martinez and Orus, 1991). However, because of the difficulty of separating rates of active photosynthesis and respiration under illumination in oxygen electrode experiments, these studies do not give any indication on the impact of photosynthesis or illumination on the efficiency of acetate assimilation and metabolism. Additionally, as highlighted in Chapter 3, the identification of Chlorella species was erroneous in early studies, for example Chlorella regularis has been re-identified as Coelastrum microporum, a species in the class Chlorophyceae (Chlorella is within the class Trebouxiophycea). Consequently the relevancy of this data to M. inermum is uncertain; therefore further research is needed to clarify whether the enhanced respiration is due to oxygen concentration or the effect of light. 
The increase of both DO and DIC is paradoxical as one would expect a dominance of one metabolic pathway causing the accumulation of DIC and reduction of DO or vice versa. If the data is displayed as % change in concentration per unit of biomass, as demonstrated in Figure 44, the apparent synchronous accumulation of both gases can be partially explained by a shifting dominance of metabolic pathway during the log phase. In the first 24 hours, in mixotrophic cultures there is a decline in DIC and increase in DO, indicating net autotrophic growth. After 24 hours DIC, DO and oxygen evolution measurements indicate a rapid increase in rates of respiration, with a decline in the rate of oxygen accumulation per unit of biomass and a rapid increase in DIC concentration (Figure 44). The initial dominance of photosynthesis is consistent with a lag phase, as was discovered in the acetate concentration experiment (Figure 33). This acetate induced lag phase has also been found in C. sorokiniana (Qiao et al., 2012). Despite the increase in DIC, mixotrophic cultures remained net autotrophic, with photosynthesis as the dominant metabolic pathway. Continued DIC accumulation during net autotrophic growth could have potentially occurred due to endogenic production exceeding the rate of sequestration via the Calvin-Benson cycle, leading to diffusion into the media (Dietz and Heber, 1984). It would be interesting to monitor the impact of endogenic CO2 production on the gene expression of enzymes involved in CCM to support this theory. The dynamics of this gas exchange deserves more in depth research before any strong conclusions can be made. 
After 72 hours the coupling of dissolved gas concentrations and metabolic rate breaks down. Despite an increase in DIC, between 48 and 72 hours respiration was reduced by a factor of 5.7 (Figure 42). It is likely that this trend is due to limitiations of the measurement methods; oxygen evolution measurements give a snapshot of the metabolic activity, while, in contrast, dissolve gas concentrations are a result of cumulative effects of the metabolic activity. Consequently, it is likely that acetate was depleted before 72 hours, which matches the shift in growth rate. Depletion would cause the respiration rate to decline rapidly, but the DIC would take longer to decline due to gradual photosynthetic consumption and mass transfer losses. It is possible that the high DIC inhibited respiration as has been previously reported in Chlorella protothecoides and Nannochloropsis salina (Sforza et al., 2012), however, given the elevated respiratory rate and DIC at 48 hours this is an unlikely explanation in M. inermum. Similarly, despite the high DIC, the rate of photosynthesis also declined significantly after 72 hours, although still remaining 2.27 fold higher than autotrophic cultures (Figure 43). Due to the significant increase in cell density (4 fold over 24 hours), it is likely that light limitation caused this decline in photosynthetic rate (Richmond, 2013).  
The variability of dissolved gas concentrations was inconsistent with the hypothesised stability. However, when analysed as a % change per mg DCW, i.e. normalising for the effect of higher cell density (Figure 44), the variability is relatively small. On this basis mixotrophic cultures had a 5 fold lower increase in DIC than heterotrophic cultures. Similarly, the change in DO concentration in mixotrophic cultures was only 25% higher than autotrophic cultures, despite the fact that photosynthesis in autotrophs was significantly limited. Consequently, the stabilising effect of mixotrophic metabolic activity could provide the additional benefit of preventing photorespiration and photoinhibition caused by oxygen hyper-accumlation in dense autotrophic cultures (Mouget et al., 1995; Torzillo et al., 1998).
[bookmark: _Toc462059790]Conclusion
In summary, under non-aerated mixotrophic condition, acetate-fed M. inermum had a specific growth rate 1.74 fold higher than the sum of autotrophic and heterotrophic growth. The concentration of DIC, DO, and rates of photosynthesis and respiration were monitored over a 7-day growth period. Mixotrophic cultures experienced significantly enhanced metabolic activity, coupled with comparatively stable levels of dissolved gases. This outcome supports the hypothesis of synergistic gas exchange between respiratory and photosynthetic metabolic activity in M. inermum cultures. Endogenic production of CO2 significantly reduced the inorganic carbon limitation of photosynthesis. The data provides some evidence of increased respiration through endogenic production of oxygen, however further research is needed to support this conclusion and understand the influence of light on acetate metabolism. The production of CO2 through metabolism of organic carbon could mitigate the costs of aeration in large scale cultivation systems and reduce the reliance on limited sources of concentrated CO2. Furthermore, the consumption of O2 by enhanced respiration could reduce the costs and design complexity of oxygen stripping required in high density autotrophic PBR systems. Finally, this work has demonstrated how the benefits of mixotrophy are highly dependent on physiological effects of the organic carbon used. Sustainable mixotrophic growth requires the use of waste organics, consequently further research is required to investigate whether the benefits of synergistic gas exchange can be realised with other organic carbon sources typically found in waste streams that are suitable for algal growth. 

























































[bookmark: _Toc462059791]                                                                            I______________________________ The influence of exogenous organic carbon assimilation and photoperiod on the carbon and lipid metabolism of Chlamydomonas reinhardtii 

















[bookmark: _Toc462059792]Introduction
Nitrogen deprivation elicits a stress response in microalgae resulting in a rapid and global metabolic shift which, typically, leads to the accumulation of carbon storage molecules such as the biofuel feedstock triacylglycerol (TAG) (Schmollinger et al., 2014). The unicellular green alga Chlamydomonas reinhardtii has historically been utilised as a model organism for studying the effects of nitrogen (N) deficiency on photosynthesis, starch biosynthesis, and gametogenesis (Bulté and Wollman, 1992; Martin and Goodenough, 1975; Plumley and Schmidt, 1989). While it is known that N deprivation causes a TAG accumulation response in the majority of algal species, the specific metabolic changes involved in this shift are relatively poorly understood; thus limiting the potential of metabolic engineering to improve TAG productivity (Merchant et al., 2012). In recent years, the development of a highly annotated genome (Lopez et al., 2011; Merchant et al., 2007) and specific molecular biology tools have enabled C. reinhardtii to emerge as an important reference species for improving the understanding of lipid accumulation. Furthermore, technological advances and reduced costs have enabled high-throughput genome-wide transcriptomic (González-Ballester et al., 2010; Miller et al., 2010), proteomic (Longworth et al., 2012; Moellering and Benning, 2010b) and metabolomic (Lee et al., 2012) investigations, providing a more comprehensive outlook of metabolic change. 
These recent metabolic studies have focused almost exclusively on C. reinhardtii under idealised laboratory conditions of both mixotrophy and continuous light (Blaby et al., 2013; Boyle et al., 2012; Goodenough et al., 2014; Juergens et al., 2015; Longworth et al., 2012; Miller et al., 2010; J.-J. Park et al., 2015; Schmollinger et al., 2014; Wase et al., 2014). Under these conditions, upon N deprivation, genes for nitrogen transporters are immediately upregulated, quickly followed by (< 1 hour) a metabolic shift to a N ‘reuse and recycle’ phase. This phase results in a cessation of growth and the degradation of high abundance N-rich molecules such as the ribosomes (particularly plastid ribosomal proteins), RuBisCo, and photosynthesis related proteins, accompanied by a phase of significant chlorosis (Juergens et al., 2015; J.-J. Park et al., 2015; Plumley and Schmidt, 1989; Schmollinger et al., 2014). This photosynthetic degradation is matched with a shift towards less N intensive mitochondrial respiratory energy generation (Longworth et al., 2012; Schmollinger et al., 2014; Wase et al., 2014). Concurrently, cells begin to upregulate starch and TAG synthesis pathways leading to a redirection of carbon away from protein synthesis towards energy dense carbon storage molecule accumulation (Goodenough et al., 2014). 
Carbon availability has been shown to be a vital component to lipid accumulation under nitrogen stress. (Fan et al., 2012a; Ramanan et al., 2013) demonstrated that increasing the concentration of exogenous acetate causes a linear increase in TAG (up to 50 mM acetate). (Fan et al., 2012a) also observed that starch accumulation did not follow this trend, becoming saturated at a lower acetate concentration, thus indicating that surplus carbon is directed to TAG accumulation once the capacity of starch storage is met. This observation is supported by the significantly elevated levels of TAG accumulation recorded in starchless mutants of C. reinhardtii, in which carbon destined for starch storage is shunted back through glycolysis towards fatty acid and TAG synthesis (Goodenough et al., 2014; Li et al., 2010b, 2010c; Wang et al., 2009). Another potentially important observation made by the Fan et al. (2012) study, was the requirement of light (or more specifically linear photosynthetic electron transport, as concluded in the study) for high lipid accumulation, with heterotrophic cultures accumulating negligible levels of TAG after 2 days of N deprivation. 
Despite the advantages of mixotrophy highlighted in Chapter 4, large scale microalgae cultivation for production of sustainable biofuels is typically envisaged to be carried out under autotrophic conditions using natural sunlight (Chisti, 2007; Hu et al., 2008; Wijffels and Barbosa, 2010). Given the apparent importance of both carbon availability and light for lipid accumulation, it is important to establish how the metabolic response to nitrogen deprivation under autotrophic conditions and a diurnal light cycle differs from the idealised conditions used in previous studies. Therefore, the research presented in this chapter was undertaken to elucidate the metabolic response of C. reinhardtii to N deprivation under autotrophic conditions and a diurnal light period. Due to resource limitations, a targeted high temporal resolution approach was taken utilising quantitative-reverse transcription PCR (q-RTPCR) with physiological assays, rather than a more holistic transcriptomic experiment. This study focused on 8 key genes involved in carbon input into TAG synthesis and the surrounding carbon metabolism which have been highlighted by previous transcriptomic studies as being particularly responsive to N deprivation and lipid accumulation (Figure 45, Blaby et al., 2013; Goodenough et al., 2014; Schmollinger et al., 2014).  Briefly, the genes include rbsc2, ogd1, icl1, which encode for critical enzymes involved in the Calvin cycle, tricarboxylic acid (TCA) cycle and glyoxylate cycles respectively, representing the main routes of carbon input into the cell (Figure 45). Analysis of expression of the gene gld2 was also undertaken, to monitor activity of the main alternative route of NADPH production (primarily produced via photosynthesis) via the pentose phosphate pathway, required for TAG and starch synthesis (Figure 45). Expression of acx1, gpd2 and pgd1 was also analysed, encoding enzymes involved in the initial fatty acid synthesis step, glycerol-3-phosphase (TAG backbone) synthesis, and a membrane lipase respectively, representing critical enzymes involved in routing of carbon into TAG molecules (Figure 45). Finally, the gene sta2, encoding a key enzyme involved in starch synthesis was also analysed to elucidate activity of carbon flux into starch (Figure 45). The role and justification for these genes are detailed further in the results section of this chapter. 
The transcriptomic and physiological response of C. reinhardtii to N deprivation is strain specific and influenced by culture conditions (Blaby et al., 2013; Goodenough et al., 2014; Schmollinger et al., 2014). Consequently, to facilitate cross-literature comparison, the experimental design of this study closely matched that used in the recently published mixotrophic transcriptomic experiment reported by Goodenough et al. (2014). 

(Andre et al., 2007; Johnson and Alric, 2013; Li et al., 2012, 2013; Li-Beisson et al., 2015; Plancke et al., 2014; Yoon et al., 2012)

[image: ]Figure 45. Simplified diagram of the central carbon metabolism in Chlamydomonas reinhardtii. Pathways with redox cofactor inputs (ATP, NADH, and NADPH) are highlighted with a blue arrow, while outputs are highlighted with green arrows. Pathways for exogenous acetate derived acetyl-CoA metabolism are highlighted in red. The targeted genes and the reactions associated with the enzymes they encode are highlighted in orange. The asterisk (*) symbol indicates that that gene of interest is one of multiple variants of the gene or encode one subunit of the enzyme involved in the reaction). Βeta-oxidation and the compartmentalisation of the glyoxylate pathway within the peroxisome (or microbody) are unconfirmed in C. reinhardtii and may occur in part or entirely within the cytosol. Refer to the Abbreviations page for full gene and metabolite names. Pathways based on  Andre et al. (2007); Johnson and Alric (2013); Li-Beisson et al. (2015); Li. X. et al. (2012), Li. Y. et al. (2013); Plancke et al. (2014); and Yoon et al. (2012)
 







[bookmark: _Toc462059793]Materials and Methods
[bookmark: _Toc462059794]Organism
Chlamydomonas reinhardtii cc-4349 (cw-15, mt-) was obtained from the Chlamydomonas Resource Centre (University of Minnesota, USA). The strain lacks a cell wall or flagella, but otherwise is essentially a wild type strain. The strain originated from the Goodenough laboratory (University of Washington, USA) and was documented as subclone of the cc-4324/cc-4568 strain (Ball laboratory, University of Lille, France), which itself is the parental strain of the sta6 starchless mutant strain (cc-4333). The sta6 mutant accumulates significantly higher concentrations of TAG; consequently there has been extensive transcriptomic research with cc-4349 as a control strain (Blaby et al., 2013; Goodenough et al., 2014; Schmollinger et al., 2014).  Subsequent genomic sequencing revealed cc-4349 to be a mt- mating type unlike the original Ball lab cc-4324 strain, and therefore could not be a parental clone of the sta6 strain (Blaby et al., 2013). Nevertheless, due to the extensive transcriptomic data available for comparison, the cc-4349 strain was used in this study to investigate the influence of photoperiod and organic carbon addition on the lipid and carbon metabolism during nitrogen stress. C. reinhardtii cc-4349 was maintained on an antibiotic HSMA agar plate as described in Section 2.6.2.
[bookmark: _Toc462059795]Growth conditions
Chlamydomonas reinhardtii cc-4349 was grown in HSM medium (described in Section 2.1.2). For mixotrophic growth treatments, the base medium was modified with the addition of 20 mM potassium acetate (described in Section 2.1.2). Cultures were grown in 1000 ml Erlenmeyer flasks containing 500 ml of medium. Cultures were inoculated at 1% (v/v) to an initial cell density of approximately 1.89 x 105 cells ml-1. Pre-cultures were grown autotrophically under continuous light and inoculated from antibiotic agar plates to reduce bacteria contamination (Section 2.6.2). Cultures were grown under 100 ± 5 µmols photon m-2 s- 1 illumination and shaken continuously at 125 rpm (SSL1 Orbital Shaker, Stuart, UK) in a temperature controlled room (25°C ± 1). Cultures were grown under either a 12 hour light, 12 hour dark photoperiod (12 L) or a 24 hour light continuous photoperiod (24 L). In total, five treatments were cultivated (Table 12); autotrophic under 24 L (A-24-NF), autotrophic under 12 L (A-12-NF), mixotrophic under 24 L (M-24-NF), mixotrophic under 12 L (M-12-NF) and a control mixotrophic culture grown under 24 L (M-24-C) Treatments were grown in separate experiments due to space and processing time limitations. 
An outline of the experiment design is provided in Figure 46. For nitrogen starvation experiments, cultures were grown to approximately 4 x 106 cells ml-1 at exponential phase before harvesting by centrifugation (1250 g for 3 mins at 15°C). Supernatant was carefully removed and cells were resuspended in 500 ml of HSM or HSMA media lacking NH4Cl (nitrogen free, NF). Transfer to nitrogen free media was carried out without a washing step to avoid cell loss (as in Goodenough et al., 2014). The control treatment was resuspended in nitrogen replete medium. Cultures treated with a 12L photoperiod were synchronised with several light/dark cycles before harvesting. Resuspension took place at the end of the dark period, placing cultures back into illumination for 12 hours after resuspension (Figure 46).   Table 12 Treatment conditions
Treatment
Acetate
Light period (hours)
Nitrogen 

M-24-C

+

24

+
M-24-NF

+
24

-
M-12-NF
+
12

-
A-24-NF
-
24

-
A-12-NF
-
12

-



For RNA expression analysis, a 10 ml sample was taken immediately before resuspension into NF media (LOG), immediately after resuspension (0 hours), followed by sampling at 2 hours, 12 hours, 14 hours, 24 hours, and 48 hours. For 12L and control cultures, an additional sample was taken at 36 hours in order to sample 2 points (12 and 36 hours) after 12 hours illumination (Figure 46). Sampling immediately after resuspension was intended to allow distinction of RNA change associated with cell handling rather than nitrogen stress (Boyle et al., 2012).  Biochemical analysis samples were taken at LOG, and 12, 24, 48, 96 and 144 hours after resuspension in NF media. Cell counts were taken with every sampling point as described in Section 2.5.2.  In order to avoid contamination all sampling and resuspension was carried out in a laminar flow cabinet. Treatments were carried out in triplicate.
Figure 46. Experimental scheme for sampling. The symbols * indicates RNA sampling time points (sample was not taken at 36H for 24L treatments). The symbol ~ indicates biochemical sampling (including chlorophyll, TAG, starch, and acetate assays). The symbol + indicates sampling for FAME quantification and fluorescence microscopy. Yellow boxes indicate time periods of illumination. Grey boxes indicate dark periods.   Red arrow indicates beginning of the experiment with all cells resuspended in the appropriate medium/conditions.
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[bookmark: _Toc462059796]Triglyceride assay
A novel enzymatic method for TAG quantification was developed by Taylor Weiss, Goodenough lab, University of Washington (Weiss and Goodenough, In preparation) and adapted for this investigation. The protocol utilises a commercial enzymatic triglyceride reagent (Infinity Triglyceride Regent, ThermoScientific) designed to measure TAG in blood. The reagent produces a red dye proportional to TAG concentration through a series of chemical reactions. First, triglycerides are broken down with a lipase enzyme (9001-62-1) to glycerol and free fatty acids (Equation 14). The glycerol is phosphorylated with ATP with the enzyme glycerol kinase (GK) to produce glycerol-3-phosphate (G3P) and ADP (Equation 15). G3P is then oxidised to dihydroxyacetone phosphate (DAP) with glycerolphosphate oxidase (GPO) producing hydrogen peroxide (H2O2) (Equation 16). The hydrogen peroxide reacts with 4-aminoantipyrine (4-AAP) and 3,5-dichloro-2-hydroxybenzene sulphonate (DHBS), catalysed by peroxidase (POD), to form a red coloured quinoneimine dye, proportional to TAG concentration (Equation 17). 
      			Equation 14
	   			Equation 15
  				Equation 16
  			Equation 17
The lipase used in this analysis preferentially targets TAG molecules, then DAG and MAGs, leading to the release of glycerol. Consequently glycerolipid precursors DAG and MAG will also be quantified (Mendes et al., 2012). However, these precursor lipids are negligible compared to TAG concentration, particularly when under N stress (Li-Beisson et al., 2015). Glycerol is used as a standard for this quantification because oil standards cannot be solubilised effectively in the reagent, and therefore will not be efficiently broken down by the lipase (Wiess, personal communication 2015).  
In this protocol, a 4 ml aliquot of culture of known cell density was aseptically transferred to a 15 ml Falcon tube and centrifuged at 2500 g for 5 minutes at 15°C. The time points for sampling are indicated in Figure 46. The pellet was resuspended in 0.4 ml of dH20 and frozen at -20°C for storage. For processing, the sample was defrosted and lysed as described in Section 5.2.8. The sample was checked via microscopy (as described in Section 2.5.2) to ensure ~100% of the cells were lysed. Samples were kept on ice before and after the lysing procedure. 
For the sample blank, working quickly, a 20 µl sample of lysed cells and 380 µl of cold (4°C) triglyceride regent were added to a 1.5 ml microcentrifuge tube on ice. For the standard blank the lysed cells were replaced with 20 µl dH20. The tubes were inverted slowly 10 times to mix, and then centrifuged at 16000 g for 1 minute at 4°C. Avoiding the pellet, 300 µl sample supernatant was immediately transferred to a plastic cuvette with 700 µl cold (4°C) dH2O. The cuvettes were wiped to remove condensation and the absorbance at 520 nm (blanked with dH2O) was recorded. The cold temperature and rapid processing time inhibits the lipase enzyme, but not other reagent enzymes. Consequently the cold run gives a measure for free glycerol concentration, which is subtracted from the following hot run to give TAG concentration. 
For the lipase active hot run the procedure is repeated, the sample reaction was prepared with 20 µl lysed cells and 380 µl reagent (at room temperature). The standard reaction was prepared by the addition of 4 µl of glycerol (2.82 mM), 16 µl dH20, and 380 µl reagent. The concentration of glycerol standard is the equivalent to the concentration released from 2.5 mg ml-1 triolein. The tubes were inverted 10 times then incubated at 37°C for 10 minutes in a hot plate (Grant Instruments, Cambridge). After incubation the samples were centrifuged at 16000 g for 1 minute at 15°C. Avoiding the pellet, 300 µl sample supernatant was transferred to a plastic cuvette with 700 µl dH2O and the absorbance was recorded. For expected moderate and low TAG samples (for example log phase samples), all elements of the reaction of both samples and standards were multiplied by 2 and 4 respectively (for example 60 µl sample and 1140 µl regent for low TAG levels) and the final dilution step was reduced or removed to make up 1 ml. This alteration improved precision (needed for low levels) at the expense of using more reagents. All samples were analysed in technical triplicate.
To calculate TAG (triolein) concentration the following equation was used:
  				Equation 18 
where, Abs is absorbance reading, 2.5 is the equivalent triolein concentration of the standard and 5 the dilution factor of the standard. 
The concentration per cell is then calculated by dividing by cell density. 
 					Equation 19
The rate of TAG accumulation was calculated using the following equation:
 						Equation 20
where  represents difference in TAG concentration between two time points, and  represents difference in time between time points of interest. 
[bookmark: _Toc462059797]Fatty acid profile and quantification
Transesterification and hexane extraction
The fatty acid profile of total lipids in algal samples was analysed based on an in-situ direct transesterification gas chromatography (GC) method adapted from Van Wychen and Laurens (2013) and Laurens et al. (2012). In this procedure whole biomass lipids (including phospholipids and galactoglycerolipids) are transesterified via an acid catalysed reaction to fatty acid methyl esters (FAME). 
Samples were taken from cultures at the end of the nitrogen deprivation experiment (144 hours, Figure 46). A 100 ml aliquot of sample was centrifuged at 2500 g for 5 minutes at 15°C. The pellet was washed and lyophilised as described in Section 2.3. Once freeze dried, samples were sealed in microcentrifuge tubes and wrapped in Parafilm® (to avoid hydration) and stored in -80°C.
A 5-10 mg aliquot of freeze dried biomass was weighed in a 1.5 ml GC vial (9301-1388, Agilent) for each sample. To each vial 300 µl of 0.6 M HCl: methanol was added using a plastic pipette tip. This was followed by the addition of 200 µl of chloroform: methanol (2:1 v/v) and 20 µl of tridecanoic acid methyl ester (C13:ME, 10 mg ml-1) using gas-tight syringes (100 µl and 20 µl, Hamilton). The vials were immediately sealed with PTFE/silicone/PFTE septa crimp caps (5181-1211, Agilent). C13:ME was added as a recovery standard to correct for variability of FAME extraction and solvent evaporation between samples.  Using a free fatty acid (FA) as a recovery standard could also correct for transesterification efficiency, however as other non FA lipid compounds are also transesterified, the inferred efficiency may not represent all lipids. During the development of the method, the transesterification efficiency of various pure lipid compounds was close to 100%, therefore using a methyl ester standard was deemed appropriate (Laurens, personal communication, 2015). 
Sealed vials were immediately placed in a pre-heated hot plate at 85°C for 60 minutes to enable the transesterification reaction to occur. After incubation the samples were removed from the hot plate and cooled at room temperature for at least 15 minutes. In order to extract FAME from the mixture, 1 ml of HPLC grade hexane was added to each vial using a gas tight syringe (1 ml polypropylene syringe, BD Plastipak) and hollow core needles (25 mm, BD Microlance) without removing the cap. This was achieved by piecing the cap with a second needle to equalise internal pressure (directed away from first needle). The vial was vortexed for 10 seconds then left to separate for 60 minutes at room temperature. 
To prepare for GC analysis, samples were diluted depending on estimated FAME concentration. High lipid samples (nitrogen starved treatment) were diluted by transferring 50 µl of the upper phase of the sample to a 1.5 ml GC vial with 450 µl of HPLC hexane. Alternatively for low lipid samples (nitrogen replete control) a 1:4 ratio was used. The same technique was used to avoid removing sample cap when transferring the upper phase, however, a 100 µl glass gas-tight syringe (Hamilton) was used in place of the plastic syringe, washing with hexane 3 times between samples. Once the dilution was prepared the vials were immediately capped. The remainder of two phase samples were recapped and stored at -20°C.
A 200 µl aliquot of each diluted sample was transferred to 300 µl GC vials (9301-1388, Agilent) with the addition of 5 µl of pentadecane (1 mg ml-1). The new vials were capped immediately. Pentadecane was used as an internal standard to correct for instrument variability and solvent evaporation during FAME analysis. 
FAME standard preparation
Separately, FAME standards were prepared by creating a dilution series from 10 mg ml-1 C4:0 – C24:0 FAME mix (18919-AMP, 37 Component Mix, Supelco) and HPLC grade hexane (500:500, 250:750, 100:900, 30:970, 10:990 µl, respectively). In addition, a calibration verification standard was created with 90 µl FAME mix and 910 µl hexane. The standards were prepared and mixed with the internal standard using the same method as the samples (described in Section 5.2.4.1). Vials were stored upright at         -20°C until required.
GC-MS analysis
Samples were analysed by gas chromatography mass spectrometry (GC-MS) using an AutoSystem XL Gas Chromatograph (CHM-100-790, Perkin Elmer) coupled with a TurboMass Mass Spectrometer (13657, Perkin Elmer). The GC was fitted with a Zebron™ ZB-5ms, 30m x 0.25 mm ID x 0.25 µm FT (7HG-G010-11, Phenomenex) GC capillary column. Samples were injected (5 µl volume) via an auto-sampler onto the column and eluted at an injection temperature of 250°C with a 100:1 split ratio and a He constant carrier flow (1 ml min-1). A temperature programme (FAME_FINAL) was optimised for peak separation of C18:1 fatty acid isomers. The optimised temperature programme was set to 120°C (hold for 1 minute) to 140°C (hold for 2 minutes) at 5°C min-1, followed by ramp up to 170°C (hold for 2 minutes) at 2°C min-1, and finally ramp up to 250°C at 1°C min-1. The mass spectrometer was operated in electron ionisation (EI+) mode. Start mass was set to 50 and end mass to 600. Scan time was 90 minutes. 
FAME quantification
Sample peaks identification and relative quantification was carried out using Turbomass software (Ver 5.2.4, Perkin Elmer) and the National Institute of Standard Technology (NIST) spectral database. Automatic and manual peak integration and base line separation was performed in the quantification tool of the software. Using the FAME standard dilution series, a response was calculated for each dilution point of each FAME component of interest. The response was calculated by the software using the following formula, 
 						Equation 21
where, AreaFAME is the peak area (height and width) of a FAME component, AreaIS is the peak area of the internal standard (pentadecane), and ConcIS is the known concentration of internal standard (set to relative quantity of 1 for each sample). 
A linear regression was then performed with the response and relative FAME component concentration. The resultant slope equated to the response factor used to convert area to relative concentration. Due to the number of components within the samples the standard concentrations were set to relative concentrations of 500, 250, 100, 30 and 10. These relative concentrations represent the fractions of the original 10 mg ml-1 FAME standard (Section 5.2.5.2) multiplied by 1000 to increase resolution (software rounds to 2 decimal places). All linear regression had a R2 of >0.99. Subsequently the Turbomass software calculated the relative concentration (relative to FAME standard) of each FAME component within the sample extract using the following equation. 
 							Equation 22
where, Concrel is relative concentration, and RF is the response factor calculated by linear regression of FAME standard response. 
FAME compounds within the sample which were not present in the FAME standard were calculated using recommended similar isomers (for example C16:2 concentration within the sample was calculated using C18:2n6 response factor) described in the NREL methodology (Van Wychen and Laurens (2013). 
Relative concentrations were converted to normalised absolute values using a series of steps using Excel (Ver 14.0.7153.500, Microsoft). First, the relative concentration was converted to a fraction of the 10 mg ml-1 FAME standard by dividing by 1000. The same concentrations were relative to the standard concentration; therefore, a sample with a given concentration of exactly 500 was the same concentration as the 500 standard, which is half (0.5) the concentration of the original 10 mg ml-1 FAME standard (Section 5.2.5.2). The fraction is then multiplied by the absolute concentration (µg ml-1) of that FAME component within the FAME standard. For example, C16:0 made up 5.98% of the FAME mix, therefore was present at 598 µg ml-1 within the 10 mg ml-1 FAME standard. Following equation was used for this step;
 							Equation 23
where, Concabs is absolute concentration (µg ml-1), Concrel is the relative concentration produced by the Turbomass software, and ConcFS is the standard concentration of the relevant FAME component. 
This absolute concentration is then normalised for the quantity of the recovery standard and the dilution factor used in preparation step (Section 5.2.51). This step is described in Equation 24;
  				Equation 24
where, Concnorm is the normalised absolute concentration of FAME component (µg ml-1), the Concabs-C13 is the calculated absolute concentration of C13:0 within the sample, ConcC13 is the known added concentration of C13:0 (after dilution), and DF is the dilution factor. 
To convert to total FAME per unit of dry cell weight (mg), the sum of all FAME components was divided by the DCW (mg) used for each sample:
 					  		Equation 25
Finally, the percentage of each component of the total FAME (fame profile) was calculated using the following equation: 
 					Equation 26
[bookmark: _Toc462059798]Fluorescence microscopy
For qualitative analysis of neutral lipid accumulation, Nile red fluorescence microscopy was carried out based on a method developed by former lab member Krys Bangert (2013) and (W. Chen et al., 2011). A 10 ml sample of culture was taken 144 hours after resuspension into nitrogen free (or replete for control treatment) medium. The sample was transferred to a 15 ml Falcon tube and centrifuged at 2500 g for 5 mins at 15°C. The pellet was resuspended in 960 μl of dH2O and transferred to a 1.5 ml microcentrifuge tube. An aliquot of 20 μl of Nile Red (100 μg ml-1, in DMSO) and 20 μl DMSO (100%) were added to each sample, followed by 10 inversions to mix the solution. The tubes were wrapped in foil and left to incubate for 10 minutes. A 10 μl aliquot of sample was transferred to a clean microscope slide and covered carefully with a cover slip. The cover slip was sealed with nail varnish to prevent evaporation and reduce fluid movement.  Once dried (1-2 minutes), the slide was loaded onto a fluorescence microscope (Eclipse E400, Nikon) fitted with a Digital camera (DXM1200, Nikon). The camera was connected to an imaging software LUCIA G (Ver3.1), with the following capture settings; red 48, blue 68, green 31, gain 25, gamma 0.4, offset 23, exposure 72 ms. A drop of immersion oil was placed on the slide and observations were made with a 100x oil immersion lens (Nikon). Once in focus an image was captured. White light was turned off and an excitation light was then provided by a Super High Pressure Mercury Lamp (Nikon) and filtered with a 450-490 nm monochromatic optical filter. At this excitation wavelength Nile Red dye bonded to neutral lipids (mainly TAG) fluoresces at 580 nm, highlighting the lipid bodies in a yellow colour. 
[bookmark: _Toc462059799]Starch assay
Starch content was determined using a commercial amyloglucosidase/α-amylase enzymatic starch kit (K-TSTA, Megazyme) following a procedure outlined in Laurens et al. (2014, 2012a). In this protocol a 4 ml aliquot of culture, of known cell density, was 
aseptically transferred to a 15 ml Falcon tube and centrifuged at 2500 g for 5 minutes at 15°C. The time points for sampling are indicated in Figure 46. The pellet was resuspended in 0.4 ml of dH20 and frozen at -20°C for storage. For processing, the frozen samples were freeze-dried as described in Section 2.3. Biomass weight ranged from 0.3 - 3 mg. 
A 50 μl aliquot of 80% v/v ethanol was added to a 1.5 ml microcentrifuge tube containing the freeze-dried sample. The solubilised sample was transferred to a 15 ml Falcon tube, followed by the addition of 500 μl DMSO (100%). The tube was vortexed for 30 seconds and transferred to a boiling water bath (Grant Instruments, OLS200) and left to incubate for 5 minutes. Following the incubation period, 0.75 ml MOPS buffer (50 mM 3-(N-morpholino)-propanesulphonic acid, 5 mM CaCl2, and 3.08 mM NaN3, pH 7) and 25 μl thermostable α-amylase (3000 U ml-1) were added to the sample. The tubes were vortexed again for 30 seconds and placed back into the water bath for 12 minutes, vortexing samples for 10 seconds every 2 minutes to ensure complete homogeneity of the sample. These initial steps degraded the resistant starch to form maltodextrins. 
The tubes were transferred to a 50°C water bath (Pharmacia Biotech Multi-Temp III), followed by the addition of 1 ml sodium acetate buffer (200 mM sodium acetate, pH 4.5) and 25 μl amyloglucosidase (3000 U ml-1). The tubes were vortexed for 30 seconds then incubated for 30 minutes. This step converted maltodextrin to D-glucose. 
Following the second incubation, the samples were made up to a volume of 2.5 ml with dH20 and centrifuged for 5 minutes at 1000 g at 15°C. From the supernatant, duplicate aliquots of 200 μl were transferred to fresh 1.5 ml microcentrifuge tubes followed by the addition of 1 ml GOPOD reagent (containing: p-hydroxybenzoic acid, sodium azide, glucose oxidase, peroxidase, and 4-aminoantipyrine, at unknown concentrations). The tubes were transferred to the 50°C water bath and incubated for 20 minutes. In parallel glucose standard and reagent blank were prepared by mixing a 200 μl glucose standard (0.2 mg ml-1) and 200 μl dH20 respectively, with 1 ml GOPOD reagent and incubating for 20 minutes at 50°C. The samples and standard were subsequently transferred to a plastic cuvette and the absorbance was recorded at 510 nm against the reagent blank. In this reaction the D-Glucose is oxidised to D-gluconate and hydrogen peroxide, catalysed by glucose oxidase (GO) (Equation 27). Similarly, to the final step of the TAG assay, hydrogen peroxide reacts with p-hydroxybenzoic acid (PHBA) and 4-aminoantipyrine (4-AAP), catalysed by peroxidase to form quinoneimine dye (Equation 28). 
  					Equation 27
   			Equation 28
To calculate the starch content of each sample the following equation was used:
  		Equation 29
whereis the mean absorbance of technical replicate, 40 μg D-glucose is the amount of glucose in the standard, As is the absorbance of the standard (converting absorbance to μg), 2.5 ml is the total assay volume, 0.2 is the sample volume analysed, DCW is the mass used for analysis (mg),  coverts to μg per mg DCW, and 0.9 is a coefficient to convert D-glucose to anhydro D-glucose (present in starch). 
[bookmark: _Toc462059800]Acetate assay
Supernatant acetate concentration was determined using a commercial acetic acid assay kit (K-ACETRM 07/12, Megazyme). The kit uses a series of enzymatic reactions to consume NADH, which causes a proportional reduction in absorbance at 340 nm. First acetic acid and ATP is converted to acetyl-phosphate and ADP, catalysed by acetate kinase (AK) (Equation 30). The rate of this reaction is significantly increased by the rapid conversion to acetyl-CoA in the presence of CoA, catalysed by phosophotransacetylase (PTA) (Equation 31)
  			             (Equation 30)
  			             (Equation 31)
The ADP is phosphorylated back to ATP by phosphoenolpyruvate (PEP), catalysed by pyruvate kinase (PK) to form pyruvate (Equation 32)
  					             (Equation 32)
Finally the pyruvate is converted into lactic acid with concomitant conversion of NADH with NAD+, catalysed by D-lactate dehydrogenase (D-LDH (Equation 33)). 
  			             (Equation 33)
In preparation of sample analysis, 1 ml of supernatant produced by previous sample centrifugation (Section 5.2.8) was transferred to a 1.5 ml microcentrifuge tube and frozen at -20°C for storage. The time points for sampling are indicated in Figure 46. For processing, the samples were thawed for analysis and vortexed for 10 seconds. The sample was diluted by transferring a 200 μl of sample to a fresh microcentrifuge tube with 800 μl dH20. A standard series was prepared with potassium acetate at 0.2 mg (acetate) ml-1, 0.15 mg (acetate) ml-1 and 0.1 mg (acetate) ml-1. 
A 96-well microplate (3591 Costar, Corning) was used as vessel for the reaction and absorbance readings. To each well a 10 μl aliquot of sample, 200 μl dH20, 50 μl NADH/ATP/PEP/PVP/buffer (concentrations unknown), 2 μl CoA (concentration unknown), and 2 μl D-LDH/PTA/PK (concentrations unknown) were added. For the standard and blank reactions, an acetate standard and dH20 respectively replaced the sample volume. Each sample, standard and blank was repeated in quadruplicate. 
Once loaded the plate was transferred to a plate reader (Wallac Victor 2, Multi-label Plate Reader, Perkin Elmer) fitted with a 340 nm absorbance filter. The plate was shaken (orbital, low speed) for 2 minutes at 25°C. After the shaking period the absorbance at 340 nm was analysed and recorded as the pre-reaction absorbance value (A1). 
Once absorbance readings were taken, a 2 μl aliquot of AK solution (concentration unknown) was quickly added to well using an 8 channel-multipipette (G9908-0020 StarPet, StarLabs) initiating the enzymatic reaction series (Equation 30-33). The plate was placed back into the machine and shaken (using previous settings) for 20 minutes before reading the absorbance at 340 nm (post reaction absorbance A2). 
The mean absorbance difference between the pre- and post-reaction mix was calculated using the following equation;
	 				  Equation 34
where,  is mean absorbance difference,   are mean difference of the pre- and post-reaction absorbance values of the technical replicates of samples and standards, and are the mean difference of pre- and post-reaction absorbance of the blank technical replicates. 
A calibration curve of standard and known concentrations (mg acetate ml-1) was plotted with a linear regression to calculate a conversion coefficient (C). This coefficient was used in the following formula to calculate acetate concentration; 
  					 Equation 35
where, 5 is the dilution factor, and  is used to covert mg acetate ml-1 to mM.
The rate of acetate consumption was calculated using the following equation;  				              Equation 36
where the ΔAC is the difference in acetate concentration in the medium between two time points, Δt is difference in time between the time points of interest. This rate of consumption assumes any reduction in acetate concentration is due to cellular consumption. 
[bookmark: _Toc462059801]Chlorophyll assay
For C. reinhardtii a simpler lysis method (compared to M. inermum) was carried out because the strain used was a cell wall-less mutant. A 3 ml aliquot of culture of known cell density was aseptically transferred from the culture vessel to a 15 ml Falcon tube. The sample was centrifuged at 2500 g at 15°C for 5 minutes and washed as described in Section 2.3. The pellet was resuspended in 0.3 ml of dH2O and frozen at -20°C. For processing, cells were defrosted and transferred to a BeadBug™ 2 ml silica glass bead tube (Benchmark Scientific, USA). The cells were then homogenised using a BeadBug™ Microtube homogenizer (Benchmark Scientific, USA) at 2700 rpm for 1 minute in the dark. Tubes were then stored in an ice box in the dark for up to 1 hour (while all samples were homogenised) before absorbance readings were made, as detailed in Section 2.7. All analyses were carried out in biological triplicate. A maximum of 18 samples were processed at one time. 


[bookmark: _Toc462059802]Maximum quantum efficiency of PSII (Fv/Fm)
The maximum quantum efficiency (Fv/Fm) of C. reinhardtii was measured under different treatment conditions to elucidate the impact of nitrogen starvation on integrity of photosynthetic apparatus. In brief, light energy absorbed by chlorophyll molecules is either used in photochemistry, dissipated as heat, or re-emitted as chlorophyll a fluorescence. The three routes act competitively; therefore, if the efficiency of one process is reduced (or increased) the yield of the other processes will increase (or reduce). When photosynthetic material is transferred from the dark to the light, an electron from the PSII primary donor (P680) is passed to the primary quinone acceptor (Qa). The Qa is unable to receive another electron until the first is transferred to the secondary quinone acceptor (Qb). In this brief period the reactor centre is termed as closed, which leads to a reduction in photochemistry efficiency and an increase in chlorophyll fluorescence (the Kautsky effect, Kautsky and Hirsch, 1931). After a few minutes, the rate of electron transfer is increased due to activation of downstream enzymes (photochemical quenching). In addition, the efficiency of heat transfer also increased (non-photochemical quenching). By exposing dark-acclimated leaves to a short flash of high intensity light, all reaction centres are closed, leading to a spike in chlorophyll a fluorescence (Bradbury and Baker, 1981). This maximum fluorescence, Fm, represents the chlorophyll fluorescence yield achieved when photochemical quenching is absent. Immediately before the flash in the absence of actinic light all the reaction centres are fully oxidised and open, and therefore chlorophyll fluorescence is its minimum. Difference in fluorescence at this point (Fo) and Fm gives the value Fv. The ratio of (Fv/Fm) gives a measure of the intrinsic maximum efficiency of PSII. Differences in the effect of nitrogen stress on Fv/Fm between treatments may reveal information about differing nitrogen-sparing strategies in relation to photosynthesis. In this experiment pulse amplitude modulated (PAM) fluorometry was utilised to measure chlorophyll a fluorescence. PAM fluorimeters apply pulses (µseconds) of weak measuring light (ML <0.1 µmols photon m-2 s- 1) that induce fluorescence but not photosynthesis, therefore enabling dark acclimated Fo measurement. 
In this protocol, a parallel series of cultures were grown using the treatments and growth conditions described in Section 5.2.2. Samples were taken immediately before resuspension (LOG), followed by 24, 48, 96 and 144 hours after resuspension. A sample of 2.2 x 108 cells was needed for two technical replicates, to achieve the minimum steady state fluorescence signal needed (150 mV). Cell density at these time points was measured (as described in Section 2.5.2) and appropriate quantity of sample was aseptically taken from each culture and transferred to 50 ml Falcon tubes. The tubes were centrifuged (1250 g, 5 minutes, 15°C) and supernatant was poured into a fresh 50 ml Falcon tube. The cell pellet was resuspended to a volume of 4 ml at a cell density of 5.67 x 107 cells using the separated supernatant. The 4 ml concentrate was separated into 2 x 2 ml aliquots, which were transferred to 2 wells of a 6 well plate (Costar®, Corning®). After transferring 3 biological replicates, the plate was placed in a Maxi IMAGING-PAM chlorophyll fluorimeter, fitted with an IMAG-MAX/LR measuring head (Heinz Waltz GmBh). The plate was covered with a dense thread black cloth and the fluorimeter hood was closed. The algae were left to acclimate to the dark for 30 minutes. Once dark acclimated the cloth was removed and the measuring light was turned on. A saturation pulse was initiated and the Fo and Fm were recorded using ImagingWinGigE software. The equipment settings used for analysis were; Special Saturation Pulse (SP) routine settings, ML 3, Gain 20, Frequency 2, Damping 2. 
[bookmark: _Toc462059803]  RNA extraction
The method of RNA extraction was adapted from Goodenough et al. (2014) using a commercial RNA extraction kit (Purlink™ RNA Mini, Ambion®, Life Technologies) coupled with TRIzol® reagent (Ambion®, Life Technologies). In order to avoid RNase contamination all consumables used were RNAase free; equipment, work surfaces and gloves were treated with RNaseZap® (ThermoFisher Scientific). In this protocol, a 10 ml aliquot of culture was transferred, at the time points indicated in Figure 46, to a 15 ml Falcon tube and centrifuged at 2500 g for 5 minutes at 15°C. The supernatant was immediately removed and the pellets were snap frozen in liquid N2 and stored at -80°C. No more than 3 samples were processed at any one time. 
For RNA extraction, the samples were thawed at room temperature for 5 minutes. An 800 µl aliquot of TRIzol® reagent was added to the 15 ml Falcon tube, following complete homogenisation of the pellet by gentle pipette trituration. The sample was left to incubate for 5 minutes at room temperature to allow for complete dissociation of nucleoprotein complexes. Following incubation, the sample was centrifuged at 600 g for 2 minutes at 15°C to remove starch. Two 400 μl aliquots of the sample supernatant were transferred separately to 2 x 1.5 ml Phase Lock Gel Heavy tubes (5-Prime) followed by 80 μl of chloroform. The sample was separated due to the limited capacity of the tubes. The tubes were vigorously shaken by hand for 15 seconds to mix the chloroform and TRIzol® layers (vortexing can lead to DNA contamination). The tubes were left to incubate at room temperature for 5 minutes then centrifuged at 12,000 g for 15 minutes at 4°C. 
For RNA purification, following centrifugation, 175 µl of the clear upper phase (containing RNA) from each of the sample tubes was combined into a fresh 1.5 ml microcentrifuge tube. This was followed by the addition of 350 µl of freshly prepared (with RNase-Free dH20, GEO Dharmacon) 70% ethanol to obtain a final concentration of 35% ethanol. The 700 µl mixture was subsequently transferred to a spin cartridge (Purelink™ kit) and centrifuged at 12,000 g 15 seconds at 15°C to bind the RNA onto the spin column. The flow-through was discarded by pipetting rather than decanting to reduce phenol contamination. A 350 µl aliquot of Wash Buffer I (Purelink™ kit) was added to the spin cartridge. The tube was inverted slowly 10 times and left to incubate for 2 minutes before being centrifuged again at 12,000 g 15 seconds at 15°C. Following centrifugation, the spin cartridge was placed in a new collection tube (Purelink™ kit) and 80 µl Purelink DNase solution (freshly prepared, 8 µl 10 x DNAse I Reaction buffer, 10 µl DNase, 62 µl RNase-free dH20) was carefully pipetted onto the centre of spin cartridge filter surface and incubated for 15 minutes at room temperature to degrade any DNA present in the sample. After the incubation period 620 µl Wash Buffer I was added to the tube. The tube was inverted slowly 10 times, left to incubate for 2 minutes, and centrifuged again at 12,000 g 15 seconds at 15°C.
For the final wash step the spin cartridge was then inserted into new collection tube. A 500 µl aliquot of Wash Buffer II (with ethanol) was added to the tube. The tube was inverted slowly 10 times and left to incubate for 2 minutes before being centrifuged again at 12,000 g 15 seconds at 15°C. The flow-through was discarded (via pipetting) and the wash step was repeated once. The empty spin cartridge was centrifuged again at 12,000 g 1 minute at 15°C to remove excess ethanol. The spin cartridge was placed in a recovery tube (Purelink™ kit) and left to incubate for 2 minutes with the lid open to allow any excess ethanol to evaporate. The RNA was then eluted by adding 30 µl of TE buffer (freshly prepared with RNase free dH20 and RNase free TE buffer x 100, pH 8, Invitrogen™). The elution buffer was left to incubate for 5 minutes before being centrifuged at 12,000 g 2 minutes at 15°C. 
[bookmark: _Toc462059804]  RNA quantification and purity determination
RNA quality was assessed using a nanospectrophotometer (Jenway Genova Nano, Bibby Scientific) with the same protocol as described in Section 3.2.2.4. In this protocol RNA quantification was selected from the instrument menu and absorbances at 260, 280, 230 and 320 nm were determined. RNA concentration was calculated using the following equation:
				   	 Equation 37
where, 40 converts absorbance to ng µl1 ( = 1 = 40 ), and 0.02 corrects for the 0.2 mm light path used. 
RNA purity was assessed using A260/A280 (Equation 38), to measure contamination from phenol and aromatic proteins, and A260/A230 (Equation 39), to determine contamination from sugars, salts or organic solvents. 
 						 Equation 38
  						 Equation 39
If the ratios were below 2.0 the samples were further purified as described in Section 5.2.12. Pure RNA was diluted to a concentration of 20 with TE Buffer, split into 6 aliquots, and frozen at -80°C.
[bookmark: _Toc462059805]  Further RNA purification
A further purification protocol was used for RNA samples with an A260/A230 below 2.0 (no samples had A260/A280 ratios <2.0). This protocol was based on an ethanol precipitation method (Zumbo, 2012) from the Mason Laboratory (Weill Cornell Medical College, USA). In this protocol an RNA sample was made up to 450 µl with RNase free dH20. An aliquot of 50 µl sodium acetate (3 M, pH 5.2, with RNase free dH20) was added to make a final concentration of 0.3 M sodium acetate. A 500 µl aliquot of isopropanol, pre-warmed to 25°C, was added to the sample with 10 µg of glycogen (carrier to aid RNA precipitation). 
The sample was inverted slowly 10 times and left to incubate for 20 minutes. The sample was centrifuged at 12,000 g for 30 minutes at 4°C. The supernatant was carefully discarded, avoiding the RNA pellet. The RNA was resuspended in 500 µl 75% ethanol (freshly prepared, with RNase free dH20) before being centrifuged again at 12,000 g for 15 minutes at 4°C. The sample was incubated for a further 15 minutes at room temperature then centrifuged again at 12,000 g for 15 minutes at 4°C. The supernatant was discarded without disturbing the pellet and the ethanol wash was repeated once more. The RNA pellet was left to air dry with the lid open for 10 minutes at room temperature. The pellet was resuspended in 30 µl TE Buffer. The RNA concentration and purity was assessed as described in Section 5.2.11. 
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RNA quality was assessed via an 0.8% ethidium bromide stained agarose gel prepared as described in Section 3.2.2.2, altering components accordingly. A 10 µl aliquot of RNA loading dye (NEB) was mixed with the RNA at a 1:1 ratio before being loaded into the well. The gel was run at 60 V for 60 minutes. The gel was visualised as described in Section 3.2.2.2. Two clear 28S and 18S RNA bands indicated low RNA degradation. The 18S band was sometimes seen as a triplet due to the smaller prokaryotic (16S) nature of chloroplast and mitochondrial RNA (Figure 47)
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Figure 47. 1% agarose gel, 60V 30 minutes (non-denaturing). Intact RNA of test samples is shown in lanes 2-4 and 7. Triplical bands from top to bottom are 28S, 18S and 16S.  Lane 6 shows a smeared band indicating some degradation. Lane 1 is a DNA ladder. 

[bookmark: _Toc462059807]  Quantitative Reverse Transcription PCR (qRT-PCR)
Primer design
Primers for 8 genes of interest (described in Section 5.1, Figure 45) and 5 reference genes were designed through a series of steps following MIQE guidelines for qRT-PCR experiments (Bustin et al., 2010; Thornton and Basu, 2011). The five reference genes targeted for initial stability assessment were; ubiquitin-like protein (ubq2, Cre09.g396400), receptor of activated protein kinase C (rck1, Cre06.g278222, previously annotated as Chlamydomonas beta subunit-like polypeptide, cblp, Cre13.g599400), histone 2 (h2b, Cre06.g273850), glyceraldehyde-3-phosphate dehydrogenase (gapdh, Cre08.g380250), and eukaryotic translation initiation factor (eif1a, Cre02.g103550). These reference genes have been utilised for qRT-PCR normalisation in previous studies (Allen et al., 2007; Blaby et al., 2013; Mou et al., 2014), but new primers were designed in addition, and comparative stability was assessed. 
The first step in the primer design process involved searching for the gene sequences using the online Plant Comparative Genomics portal Phytozome (Ver. 10.3, Joint Genome Institute). The search tool provided the genomic and transcriptomic sequence of each gene, highlighting exon and intron sequences.
Primer pairs were designed using a combination of the online software QuantPrime (Arvidsson et al., 2008) and the standalone software Beacon Designer™ (Ver. 8.10, Premier Biosoft). The software utilised the sequence data to find primer pairs which met the following criteria: crossed an exon-exon boundary (where possible, in order to prevent contaminating gDNA amplification), had a amplicon size between 50 - 150 bp (to achieve high amplification efficiency), had similar melting temperatures (Tm, ± 2°C), primer length between 18 and 30 bp (to achieve Tm of 60-64°C), 40-60% GC content (increase stability and efficiency), and finally cDNA specificity (to avoid amplification of other genes). 
Primers which met these conditions were then analysed for secondary structures, which are formed when complementary bases within the primers cause annealing and amplification. These secondary structures include self-dimers (dimers between two of the same primers), cross dimers (dimers between the forward and reverse primers) and hairpins loops (internal complementary bases). The analysis was carried out in silico using the online software Beacon Designer Free Edition (Premier Biosoft, 2010), with the setting at 3 mM Mg2+, 269.09 mM Na+, and 0.25 nM nucleic acid. Primer pairs assessed to have secondary structures with a Gibbs Free Energy (ΔG, measure of spontaneity of reaction) less than -4.0 ΔG were not accepted. Subsequently the secondary structures of the amplicon were analysed using UnaFold software (Markham and Zuker, 2008) using the settings 50°C, 3 mM Mg2+. Primer pairs with amplicon secondary structures Tm above the annealing temperature (55°C) were not accepted. 
Finally the amplicons were screened for cDNA specificity again using the BLAST search tool (Johnson et al., 2008). A total of 34 primer pairs (out of over 150 designed) were manufactured by Eurofins Genomics after passing the in silico quality assessment steps.  
qRT-PCR method
Complementary (c)DNA synthesis and amplification was carried out using a one-step Brilliant III Ultra-Fast SYBR® Green QRT-PCR Master Mix kit (Agilent). The kit contained a Moloney Murine Leukaemia Virus (MMLV) based reverse transcriptase (RT) with RNase block and a Taq43 mutant DNA polymerase. The RT reagent used gene specific primers (Table 13) for cDNA synthesis. Each reaction contained: 10 µL 2× SYBR Green QRT-PCR master mix (5 [2.5 final] mM MgCl2), 0.2 µL DTT (100 mM), 0.3 µL ROX dye (diluted 1:500), 1.5 µL RNase free dH20, 1 µL forward primer (6 µM, final concentration 300 nM), 1 µL reverse primer (6 µM, final concentration 300 nM), 1 µL RT and 5 µL of RNA (4 - 20 ng µl-1). All components of the reaction, except the RNA were mixed together in one batch, to reduce sample-to-sample variability. Mixed reagents were aliquoted to a row of 8 wells in a polypropylene 96-well plate (410088, Agilent). An aliquot of 15 µl from each tube was then transferred to a new 96-well plate using a digital 8 channel-multipipette. Subsequently 5 µl RNA was transferred to each tube. The plate was sealed using Optical Strip Caps (401425, Agilent). This method reduced pipetting error and reduced sample-to-sample variability. 
Once sealed plates were inverted, to mix reaction components, and placed in a plate centrifuge for 20 seconds (handmade with off-the-shelf salad mixer) to remove bubbles. The thermocycling was performed using a Mx3005P instrument (Agilent) with SYBR®Green (492 - 516 nm) and ROX (585 - 610 nm) filters and the following hot start fast reaction conditions; 50°C for 10 minutes (cDNA synthesis), 95°C for 3 minutes (Taq activation), followed by 40 cycles of 95°C for 20 seconds and 55°C for 20 seconds. Fluorescence was measured after each 55°C cycle. The cycle threshold (Ct) value, defined as the fractional cycle number at which sample fluorescence passes a threshold which is significantly higher than background fluorescence, was calculated automatically by the instrument.  A disassociation curve analysis was performed after amplification cycling to assess the presence of a single amplicon product. With each run and primer pair a no-template control (NPC, RNA replaced with RNase-free dH20) and no-reverse transcriptase control (NRTC, RT replaced with RNase-free dH20) was also analysed. 
Primer efficiency
Each primer pair was analysed by qRT-PCR using the method described in Section 5.2.14.1. A 5 µL aliquot of RNA diluted to 20 ng µl-1 (100 ng per reaction) was used. RNA was mixed from autotrophic and mixotrophic cultures grown under continuous light. The disassociate curve of each primer pair sample and control was analysed, primers that produced multiple peaks, or any peak in controls (primer dimers) were not used for further analysis. No suitable primer pair was found for the H2B gene. 
The efficiency of each primer was analysed by a two-step protocol as recommended by Gallup and Ackermann (2006). First in order to find a dilution range for a log-linear relationship between the quantification value (Cq, the cycle in which fluorescence is first detected above baseline variation) and log dilution factor, a RNA mix (from autotrophic and mixotrophic cultures) was serially diluted by 2:5 until 11 dilutions were prepared (20 ng µl-1, 8 ng µl-1, 3.2 ng µl-1, 1.28 ng µl-1, 0.512 ng µl-1, 0.205 ng µl-1, 0.081 ng µl-1, 0.033 ng µl-1, 0.013 ng µl-1, 0.005 ng µl-1, 0.002 ng µl-1). A qRT-PCR reaction was carried out in triplicate with the 11 point dilution for each primer pair. The slope across each possible range of dilution points was calculated (i.e. 20 - 0.512 ng µl-1, 8 - 0.205 ng µl-1, etc.) using the following least squares best equation (LINEST function in Excel):
 								Equation 40
where, m is the slope, x is the Cq values, y is the log2 RNA concentration (ng µl-1). This slope is then used in the following equation to calculate primer pair efficiency (E) over the range of concentrations used to calculate the slope:
 							Equation   41
The range of dilutions with efficiency nearest 100% was chosen as the best dynamic range to use for subsequent efficiency calculations. The primers with the highest efficiency were then used for subsequent standard curve efficiency experiments. A 5 point 1:2 serial dilution within the dynamic range of each primer (e.g. 8 ng µl-1, 4 ng µl-1, 2 ng µl-1, 1 ng µl-1, 0.5 ng µl-1) was prepared and amplified as described above. The efficiency of that range was then calculated using Equation 40 and 41. Each dilution was carried out in triplicate and the mean efficiency was calculated (Table 13).
	Table 13. Primers pairs used in qRT-PCR experiments

	Gene
	Transcript identifier
	Primer Pair: Forward (5’ – 3’)
                      Reverse (5’ – 3’)
	Efficiency (%)
	Source

	eif1a
	Cre02.g103550
	CATTGTGGAGCCGCCATTTC GGCTGCTTGCATTTGCTTCC

	104.03
	Blaby et al., 2013

	rck1
	Cre06.g278222
	TCAACATCACCAGCAAGAAGG
CTGGGCATTTACAGGGAGTG

	83.27
	This study

	gaphd
	Cre08.g380250
	CTACGAGGATTAAGCAGC
AACCACCTAGTTGTCCTT

	94.28
	This study

	ubq2
	Cre09.g396400
	AAGCAGATGAACGATGACAAG
CAGAGCCAGCACCAGATG

	84.51
	This study

	ogd1
	Cre12.g537200
	CACATCGGCTACGAGTACAT
GCTTCTGCTGCTTGGTGAAC

	99.80

	This study

	icl1
	Cre06.g282800
	GTGGTTTCCCGCATCAACAACG
TCAGCTCGTATGCGTTCAGGTTG

	98.27
	This study

	gld2
	Cre08.g378150
	ATCCATCTCGCAAACCAA
CAAGTCATACGCCTCCTC

	88.64
	This study

	rbsc2
	Cre02.g120150
	CGGTGGATGGAAGATACTGCTCTC
AAGACTGATCAGCACGAAACGG

	87.94
	This study

	acx2
	Cre12.g519100
	CACCACGACGCTTGAGTTTG
TGTAAGTCTCCTTCCGCAGC

	108.31
	This study

	gpd2

	Cre01.g053000
	CGTGAGTAATCTCGTATGTG
GCAACCAACAGTTCATCA

	88.65
	This study

	pgd1
	Cre03.g193500
	AGCTATATGAGCCAGCTATTGTC
CTCACGCAGGACCTGGTC

	102.50 
	This study

	sta2
	Cre17.g721500  

	TCGGACGGCTATGCCAAGGTTTAC
AATGCCACCCTTCAGCCAGTTG
	102.22
	This study


Stability of reference genes
The stability of the selected reference genes were assessed by comparing gene expression across the treatments. Four treatments were cultivated as described in section 5.2.2, autotrophic nitrogen replete and deplete conditions under 12 L and mixotrophic nitrogen replete and deplete conditions under continuous light (24 L). Experiments were carried out in triplicate. RNA sampling was taken 48 hours after resuspension. A qRT-PCR experiment was carried out on RNA extracts. Cq values were corrected for primer efficiency and converted to relative quantities (RQ) using the following equation:
									Equation 42
where, E is efficiency.
Subsequently, the data was processed using the NormFinder Excel Add-in (Ver. 2, Department of Molecular Medicine, Aarhus University Hospital). The NormFinder tool applies an algorithm to rank the expression stability of the reference genes under different treatment conditions (Andersen et al., 2004). The tool ranked gaphd, eif1a and rck1 to be the best combination of reference genes for stability. Subsequent experiments used these genes for normalisation. 
qRT-PCR experiment
Due to the large number of genes analysed per sample, RNA was prepared in advance for quick qRT-PCR plate set up. RNA for each sample was diluted to a concentration of 4 ng µl-1 (within the dynamic range of all primers), 4 x 50 µl aliquots of the dilution were divided into 4 x 48 well plates (96 plate cut in two) in a logical order that was later used in the qRT-PCR plate set up (demonstrated in Figure 48). The plates were sealed and frozen at -80°C. Each RNA plate provided RNA for 3 PCR plates (3 reactions with 2 technical replicates), which were analysed during the same day (stored at 4°C during preparation). This methodology avoided repeated freeze thaw steps which may have degraded the RNA. 
The sample maximisation setup was utilised for this study, where genes were analysed on the minimum number of plates as much as possible. Due to the large number of samples, genes (samples with the same gene expression analysed) were spread over 7 plates and therefore were vulnerable to run-to-run variation, which can be significant (Hellemans et al., 2007). To correct for this variation 6 inter-run calibrators (IRC, 3 biological, 2 technical) were analysed with each plate. The inter-run calibrators were identical samples with the same RNA samples and primers pairs which were added to every plate run (Hellemans et al., 2007, Figure 48). Before any gene expression analysis was carried out a NRTC was carried out for each RNA sample with a primer pair which did not cross exon-exon boundaries to check for amplification of gDNA in samples. In addition, a NTC was carried out with each plate to check for primer dimers and reagent contamination. The qRT-PCR was carried out as described in Section 5.2.14.2. An example of the plate layout is demonstrated in Figure 48. In total 43 plates were analysed. 





Figure  48. Plate set up for qRT-PCR experiment. G is gene or primer pair, T is treatment, Y is sample time, B is biological replicate. The colour range indicates one treatment block. For RNA dilution the technical repeats were not included reducing the plate to 48 wells. Two aliquots of 5 µl of RNA were transferred to each plate following the addition of the reagent mixture.
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Normalisation methodology
The model used to convert Cq values into normalised relative quantities was adapted from the model described in Hellemans et al. (2007), used in the qBase qRT-PCR analysis software (Biogazelle). In this method, as opposed to simpler models such as the Pfaffl model (Pfaffl, 2001), multiple reference genes and IRCs can be used to normalise data. The basic principle of delta-Cq normalisation models is that the difference between the Cq value of a sample and a calibrator (delta-Cq) is converted from the logarithmic Cq to a linear relative quantity (i.e. fold change) by using delta-Cq as an exponential function and the efficiency of the primer pair as a base. Any sample can be used as the calibrator, as the relative difference between different samples does not change. In order to reduce error associated with the efficiency of the calibrator, the best strategy is to use the arithmetic average of all Cq values across all samples. Using this strategy all samples are compared against the sample average gene expression across all samples, treatments and time points. 
One major alteration was made to the Helleman model, which related to the order of normalisation. In the Helleman model relative quantities are first normalised by reference genes (for initial RNA concentration variability correction) and then normalised by inter-run calibrators (for run-to-run variability correction). However, because the samples in this experiment ran over multiple plates, the arithmetic average of Cq values was significantly affected by inter-run variability, including the reference genes. Using the normalisation order of the Helleman model the variability was corrected after the delta-Cq equation, consequently the relative quantities were skewed. To correct for this the inter-run normalisation was adapted to be carried out first, before the calculation of delta-CQ. The model used is described in the following steps. 
The symbols used in the following formulae are; n, number of technical replicates; i, s, number of samples; k, g, number of genes; j, f, number of reference genes; p, c, r, number of runs; l, c, number of IRCs; m, and b, number of biological replicates v. Cq is threshold cycle, RQ is relative quantity, CCq is calibrated Cq, CRQ is calibrated RQ, NCRQ Is normalised CRQ. E is primer pair efficiency. 
Step 1. Calculate the mean Cq value for all technical repeats of the same gene sample combination across all runs, including reference genes and IRCs (Equation 43). In addition, calculate the standard error for the technical replicate means (Equation 44) 
 								Equation 43
  				Equation 44
Step 2. Calculate the mean  for all same samples of each IRC across different all runs (i.e. the mean of all IPC 1, technical means, Figure 48). This average of each IRC across all runs acts as a calibrator to compare inter-run variation. 
 								Equation 45
Step 3. Calculate the delta-Cq (Equation 46), and convert to RQ with the gene specific efficiency value for the IRC used (Equation 47). This RQ indicates the difference of IRC gene expression compared to the IRC average. The standard error for this RQ conversion is calculated with Equation 48.
							Equation 46
 								Equation 47
 	Equation 48
Step 4. Calculate the calibration factor (CF) by finding the geometric mean of all the IRCs RQ for that run (Equation 49). Calculate the standard error for this CF (Equation 50). This CF factor gives an indication of how much Cq values of each run are over- or under-estimated compared to the average based on linear relative quantity. 
 								Equation 49
 						Equation 50
Step 5. The CF is used to correct inter-run variation by first converting sample  values to RQ values (Equation 51). In linear form the RQ values are corrected for inter-run variation (Equation 52). For further processing the calibrated RQ (CRQ) are converted back to calibration values using a logarithmic equation (Equation 53)
 								Equation 51
								Equation 52
 							Equation 53
Step 6. The  values are then used to calculate a calibrator (mean of all samples) (Equation 54). This calibrator is used to calculate delta-Cq (Equation 55). Subsequently, this delta-Cq is converted to linear CRQ (Equation 56) and CRQ SE (Equation 57) in the same sequence as the IRC RQ values. 
 							Equation 54
 							Equation 55
 								Equation 56
	 Equation 57
Step 7. The next step of normalisation corrects for initial RNA concentration variability using the gene expression of a stably expressed reference gene (i.e. changes in reference gene expression is due to initial RNA concentration). First the normalisation factor (NF) is calculated from the geometric mean of reference gene CRQ for each sample Equation 58. The standard error of this factor is calculated using Equation 59. 
							Equation 58
 					Equation 59
Step 8. The NF is then used to normalise sample CRQ values to NCRQ values in order to correct for initial RNA concentration variability (Equation 60). All elements of NCRQ components standard error are propagated using Equation 61.
 								Equation 60
 	Equation 61
Step 9. Finally, to average biological repeats of each sample, the arithmetic mean was calculated from log transformed values and then back-transformed (Equation 62). The standard error for the arithmetic mean of the NCRQ values is calculated (Equation 63). Secondly, the error of each NCRQ is propagated (Equation 64). Finally, these two errors are propagated (Equation 65).
 							Equation 62
 		Equation 63
 						Equation 64
 		Equation 65
[bookmark: _Toc462059808]Statistics
All results are presented as mean values. The effect of growth conditions on measured observations (inter-treatment variation) were statistically analysed using two-sample t-test, assuming unequal variance. The statistical significance of differences between measurements taken at different time points within the same treatment (intra-treatment variation) was analysed using a paired two tailed t-test. All analyses were carried out with the statistical software R (v.3.1.2, R).
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Previous studies investigating the metabolic response of C. reinhardtii to N deprivation have focused almost exclusively on mixotrophic growth under continuous light conditions, with no studies (to this authors knowledge) directly comparing both light period and organic carbon supplementation. Accordingly, in order to determine the influence of these factors on the carbon metabolism of C. reinhardtii under nitrogen deprivation, autotrophic (HSM ambient CO2) and mixotrophic cultures (HSMA ambient CO2) cultivated under continuous (24 hour light) or diurnal (12 hour light/12 hour dark) light periods were grown to mid logarithmic phase, centrifuged, and resuspended in fresh N deplete media (NF). As a control, mixotrophic cultures grown under continuous light conditions were resuspended in N replete media (C). Treatment names are outlined in Table 12. The experimental design of the experiment was similar to that used in Goodenough et al. (2014), with the exception of using higher light intensity (100 µmols photon m-2 s- 1 vs 25 µmols), a requirement for moderate autotrophic growth.
[bookmark: _Toc462059810]Cell growth and photosynthetic degradation
Upon nitrogen deprivation cells in all treatments continued to divide for 24 hours before the cessation of growth (Figure 49), but at the expense of chlorophyll content (Figure 50). Cell density in both mixotrophic treatments doubled (2.1 fold increase for M-24-NF, 2.0 fold increase for M-12-NF), while chlorophyll content dropped by 58-61% (p<0.01). Consequently this drop indicates cessation of chlorophyll synthesis as cell divide (leading to chlorophyll content splitting between cells). Unlike the trend reported in Schmollinger et al. (2014), chlorophyll content continued to fall beyond the cessation of cell growth (post-24 hours), indicating chlorophyll degradation. On the sixth day of N deprivation chlorophyll content had been reduced by 91% (11.2 fold) and 88% (8.4 fold) for M-24-NF and M-12-NF respectively (p<0.001); the effect of the daily dark period on this degradation appears to be negligible for mixotrophic cultures (p>0.05). As expected the cell growth of autotrophic treatments was comparatively modest, increasing by approximately 30% in both A-24-NF and A-12-NF (29% and 33%, respectively) in 24 hours. This growth was mirrored by a drop in chlorophyll content by 32% and 26% (not significantly different, p> 0.05), beyond this point chlorophyll was degraded further reaching a 69% (3.25 fold) and 67% (3.1 fold) reduction by 6 days for A-24-NF and A-12-NF respectively, with no significant difference (p>0.05) between autotrophic treatments. Interestingly, beyond the initial growth period (post-24h NF), autotrophic treatments had a 2 fold higher rate of chlorophyll degradation (pg cell-1 d-1) compared to mixotrophic treatments, but retained more chlorophyll content after 6 days due to higher initial concentrations. Conversely, control cultures grown under N replete mixotrophic conditions continued log growth, reaching stationary phase between 48 and 96 hours, beyond which the chlorophyll content increased significantly (p<0.05) by 37%, perhaps due to the exhaustion of acetate and a shift towards autotrophy (Smith et al., 2015).
In order to determine the integrity of photosynthetic machinery (particularly PSII) the maximum quantum efficiency of PSII (Fv/Fm) was tracked before and after cell resuspension in N deplete conditions (Figure 51). In support of the trend of chlorosis, Fv/Fm measurements indicated a more rapid decline of photosynthetic capacity in mixotrophic treatments compared to autotrophic treatments, while the maximum quantum efficiency of the control treatment did not significantly alter over the 144 hour time period (p>0.05). Again, the effect of photoperiod was minor until the last 48 hours, when the Fv/Fm of M-12-NF continued to decline, while M-24-NF stabilised. The final fold reduction in mean Fv/Fm ratio was 1.8 fold in M-24-NF, 3.2 fold in M-12-NF, 1.3 fold in A-24-NF and 1.4 in A-12-NF over 144 hours.
[image: ]  [image: ] Figure 50. Chlorophyll concentration (pg cell-1) before (LOG) and after cell resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3). 
Figure  49. Growth curve of C. reinhardtii after cell resuspension into nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars indicate standard error (SE, n=3). 

Figure  51. Maximum quantum yield of PSII (Fv/Fm) before (LOG) and after cell resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3). 

[bookmark: _Toc462059811]Central carbon metabolism
Significant degradation of photosynthetic apparatus has been shown to be concurrent with a shift in the central carbon metabolism towards dominance of catabolic fuelled respiratory energy generation. The degree of photosynthetic degradation and availability of light may alter this shift and impact on the accumulation of carbon storage molecules. qRT-PCR was performed to quantify gene expression throughout the experiment. The degradation of photosynthetic machinery was mirrored by a significant (p<0.01) downregulation of the rbsc2 gene (Cre03.g120150) in all N deprived treatments (Figure 53). The results are presented as fold change in expression relative to the average expression across all treatments and timepoints (Helleman et al. 2007). The gene rbsc2 encodes for the small subunit 2 of ribulose1,5-biphosphate carboxylase/oxygenase (RuBisCO), a highly abundant enzyme responsible for the carboxylation of ribulose-1,5-biphophate (RuBP), the first major step of CO2 sequestration within the Calvin cycle (Figure 45). Downregulation of rbsc2 is correlated with an increase in RuBP and other Calvin cycle metabolites, indicating a reduced Calvin cycle flux (Schmollinger et al., 2014). As expected the degree and rate of rbsc2 downregulation was significantly increased under mixotrophic conditions; after 12 hours in N free medium rbsc2 transcript abundance dropped 5 fold in M-24-NF between 0-12 hours, compared to a 1.7 fold drop in A-24-NF. Cultures grown under a light/dark cycle had a similar fold reduction over the 48 hour period measured compared to respective continuous light cultures, however, the downregulation was delayed until 12 hours post deprivation (7.5 fold and 4.5 fold drop between 2-12 hours, p< 0.05). rbsc2 expression remained depressed until the beginning of the second light period at 24 hours, when transcript abundance significantly increased (p< 0.05) in both 12L treatments. This subsequent increase, and repeated fluctuations at 36 and 48 hours, strongly indicates a diurnal influence with lower Calvin cycle activity during the dark period. rbsc2 expression in the control treatment remained relatively stable although did experienced a comparatively moderate (37%) but statistically significant (p < 0.05) decline in expression between 24 and 48 hours.
Expression of ogd1 was measured to determine regulation of the tricarboxylic acid (TCA) cycle and cellular respiration after N deprivation. The ogd1 gene encodes the 2-oxoglutarate dehydrogenase E1 subunit of the α-ketoglutarate dehydrogenase enzyme complex, a key catalyst in the TCA cycle involved in the decarboxylation of α-ketoglutarate releasing reductive NADH which goes on to drive mitochondrial oxidative phosphorylation (ATP synthesis, Figure 54). In agreement with  Blaby et al. (2013) and Goodenough et al. (2014), ogd1 expression in M-24-NF, declined slowly between LOG-48 hours NF (2.5 fold decline, p< 0.001, Figure 54). In contrast A-24-NF cultures experienced a moderate but significant increase in ogd1 expression over the experiment (1.85 fold, p< 0,05), but from a significantly lower initial transcript abundance (3 fold lower, p<0.01) compared to M-24-NF. Expression of ogd1 in the nitrogen replete control culture, M-24-C, also dropped (1.6 fold, p<0.01) over the first 2 hours but then remained relatively stable. 

As expected the diurnal trend observed in ogd1 expression was inverse to the pattern measured in rbsc2, with expression dropping immediately after resuspension (and illumination) between LOG-0 hours in both M-12-NF (4.7 fold drop, p<0.01) and A-12-NF (3 fold drop, p<0.05). Expression was then upregulated immediately before (12 hours) and after (14 hours) darkness: 3.45 fold and 4.3 fold (p<0.001) increase in M-12-NF and A-12-NF, respectively, between 2-14 hours. The trend was repeated again between 24-48 hours in A-12-NF, but not M-12-NF. Figure 53. Fold change (relative to the average expression of all samples across all timepoints and treatments) of rbsc2 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent standard error (n=3), * symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark. Referencing genes used for normalisation in this and all subsequent qRT-PCR were gaphd, eif1a and rck1.
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The icl1 gene (Cre06.g282800) encodes for isocitrate lysase, a key enzyme specific to the glyoxylate cycle presumed to be located within the peroxisome (Figure 45). The sequential action of isocitrate lysase and malate synthase is critical to the formation C4 acids from 2 acetyl-CoA units (C2), bypassing two oxidative and CO2 evolving steps in the TCA cycle, enabling growth on C2 compounds (Plancke et al., 2014). These C4 molecules can then feed into the gluconeogenesis and other biosynthesis pathways or be used to replenish intermediates in the TCA cycle (Figure 45, Dunn et al., 2009; Plancke et al., 2014). This pathway is thought to play a predominant role in the assimilation of acetyl-CoA derived from acetate and fatty acids (via peroxisome localised β-oxidation FA degradation) in C. reinhardtii (Harris, 2009; Plancke et al., 2014). Consequently icl1 expression provides an indication of the assimilation pathway of acetate and activity of FA degradation. In the control treatment, M-24-C, following an initial dip immediately after resuspension, icl1 expression remains relatively steady (although with large variance, Figure 55). After 36 hours there is a significant downregulation of icl1 which correlates with rapid exhaustion of acetate (Figure 56). In contrast, icl1 expression in M-24-NF is suppressed after 2 hours (3 fold decline, LOG-2 hours, p< 0.05) and continues to decline reaching a 33.4 fold drop by 48 hours (LOG-48 hours, p<0.001), despite high acetate availability and continued acetate consumption (Figure 55 and 56). Unsurprisingly, A-24-NF treatments, with no acetate supplementation, had very low initial expression rates, which did not significantly alter throughout the experiment (p> 0.05). *          * *
      * *    
Figure 54. Fold change (relative to the average expression of all samples across all timepoints and treatments) of ogd1 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3),* symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
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Figure 55. Fold change (relative to the average expression of all samples across all timepoints and treatments) of icl1 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3), * symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
Figure 3. The carbon debt and repayment period (years) of different biofuels (Fargione et al., 2008). 




Figure 3. The carbon debt and repayment period (years) of different biofuels (Fargione et al., 2008). 
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Unlike M-24-NF, icl1 expression in M-12-NF dropped immediately after resuspension, reaching a 110 fold drop after 2 hours (LOG-2 hours, p<0.001). Furthermore, 2 hours into the first NF dark period icl1 expression ramped back up to pre-deprivation levels (115 fold increase, 2-14 hours, p<0.001), then dropped immediately before (24 hours) and further after (36 hours) illumination. This diurnal pattern was also evident in the A-12-NF treatment, despite no acetate supplementation. Transcript abundance increased 41 fold (p<0.05) between 12-14 hours, and continuing to increase to 24 hours (113 fold increase 12-24 hours, p<0.01). Similarly expression plummeted during illumination (218 fold drop, 24-36 hours, p<0.001) and increased over the second dark period darkness (187 fold, 36-48 hours, p<0.01). Despite the higher icl1 expression at night, the rate of acetate consumption in M-12-NF dropped by 57% compared to consumption between 0-12 hours (rate calculated as difference in acetate consumption between two time points divided by period of time), while M-24-NF consumption remained constant (Figure 56). The overall rate of acetate uptake (between 0-48 hours) was 350 µmols hr-1 for M-24-C, 181 µmols hr-1 for M-24-NF and 112 µmols hr-1 for M-12-NF, which is comparative to the rate observed in Goodenough et al. (2014) (193 µmols hr-1 for similar cell density M-24-NF treatment).Figure 56.  Concentration of acetate in supernatant (mM) of mixotrophic treatments. Error bars represent SE (n=3)


The oxidative phase of the pentose-phosphate pathway (OPPP) acts as an alternative route to upper stage of glycolysis, oxidising glucose-6-phosphate to the intermediate Ribose-5-phosphate, producing 2 NADPH molecules (and 1 CO2). NADPH is a reducing agent required for anabolic reactions, particularly fatty acid synthesis (14 NADPH per C16 FA, 62 NADPH per C16 if acetyl-CoA production included) (Johnson and Alric, 2013). The major alternative pathway for NADPH production is the last stage (PSI) of the photosynthetic linear electron transport, consequently a degradation of the photosynthetic machinery is likely to lead to a simultaneous upregulation of the OPPP pathway, particularly if NADPH demand is maintained through lipid synthesis. The gld2 gene (Cre08.g378150), encodes for the enzyme glucose-6-phosphate dehydrogenase. This enzyme is involved in the first step in the PP pathway, the conversion of glucose-6-phosphate into 6-phosphogluconolactonase (producing 1 NADPH, Figure 45). Goodenough et al. (2014) demonstrated that nitrogen stress induced an upregulation of gld2 and downstream OPPP genes in mixotrophic C. reinhardtii under continuous light (similar to M-24-NF); however the impact of different light and carbon regimes on the activity of glucose-6-phosphate breakdown through the OPPP is not known. As expected gld2 expression in M-24-NF was upregulated rapidly, increasing 3 fold after 2 hours in NF medium (LOG-2 hours, p>0.05) (Figure 57). Expression remained stable, with the exception of a spike at 24 hours (1.8 fold increase between 14-24 hours, p<0.001). The expression trend was very similar in M-12-NF, increasing 3.3 fold after 2 hours (LOG-2 hours, p<0.01) and remaining stable, with the exception of a small drop (1.64 fold, p<0.05) after 36 hours. The gene gld2 was also upregulated in autotrophic treatments although at a more gradual rate, increasing 3.1 fold (p<0.01) over 48 hours for A-24-NF. However, the peak expression was 3.2 fold lower than M-24-NF. Expression of gld2 in A-12-NF increased at a similar rate to A-24-NF, however expression dropped at 24 hours (3.5 fold drop, p<0.05) and 48 hours (5.9 fold drop, p<0.05), and is assumed to be downregulated gradually (or post 14 hours) during the dark period. 
Figure 57. Fold change (relative to the average expression of all samples across timepoints and treatments) of gld2 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3) *symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
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[bookmark: _Toc462059812]Starch accumulation under nitrogen deprivation
Starch accumulation was assessed via an amyloglucosidase/α-amylase starch assay and by tracking the expression of sta2 (Cre17.g721500). Sta2 has been highlighted as a key and highly responsive gene that encodes the granule-bound starch synthase (GBSS1) enzyme, involved in the biosynthesis of amylose (and structure of amylopectin) components of starch (Figure 45, Delrue et al., 1992; Maddelein et al., 1994; Wattebled et al., 2002). N deprivation led to an increase in cellular starch concentration in all treatments between 0 and 6 days (p>0.001); however the degree and trend of accumulation and the expression of sta2 were influenced by both photoperiod and organic carbon supplementation (Figure 58 and 59). 
There was clearly a diurnal response to starch accumulation in both 12L treatments. Expression of sta2 was tightly correlated to photoperiod, decreasing immediately before and during the dark period, and increasing at the onset of the light period. Log-phase samples (taken at the end of the dark period) had higher sta2 expression, particularly in M-12-NF cultures (25.4 fold higher expression than M-24-NF, p < 0.001). The starch concentration in 12L treatments, at this first LOG phase time point, was significantly higher relative to corresponding continuous light treatments, 2.6 fold higher (p < 0.001) in M-12-NF and 4.3 fold higher (p < 0.001) in A-12-NF. After resuspension in NF media and exposure to light, sta2 expression in both 12L treatments was immediately upregulated (3.57 and 3.02 fold for M-12-NF and A-12-NF, respectively, p>0.01). In contrast, the response of 24L treatments was slower, with sta2 expression increasing (and peaking in M-24-NF) after 2 hours of N stress. At the 12 hour time point, immediately before the onset of the dark period, sta2 expression significantly decreased (34.7 and 16.3 fold reduction between 2 – 12 hours for M-12-NF and A-12-NF respectively, p<0.001). This diurnal trend repeated, with a substantial increase in sta2 expression at 24 and 48 hours, and a large drop at 36 hours. Comparatively, in M-24-NF and A-24-NF cultures, sta2 expression peaked within the first 12 hours then subsequently declined linearly, a trend that was reported (for M-24-NF treatments) in Goodenough et al. (2014)Figure 58. Starch content (µg starch mg-1 DCW) before (LOG) and after cell resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3). 




Figure 59. Fold change (relative to the average expression of all samples across timepoints and treatments) in sta2 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12 Error bars represent SE (n=3), *symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
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Organic carbon supplementation also influenced starch accumulation and sta2 expression trends.  As may be expected, the rate of starch accumulation in mixotrophic treatments was significantly higher (7 fold and 2.5 fold for M-24-NF and M-12-NF relative to autotrophic equivalents, p<0.01) in the first 12 hours of N deprivation (Figure 59). This higher accumulation rate correlates to an earlier peak in sta2 expression in mixotrophic cultures. Organic carbon availability also impacted levels of starch catabolism during dark periods in 12L treatments. During the first dark period (12-24 hours) starch in the A-12-NF cultures dropped to a concentration significantly below than the initial log-phase concentration (p< 0.01). Although no further measurements were taken at 12 hour periods (i.e. at the end of the light period), it is likely that this diurnal drop repeated, leading to a reduced final concentration compared to A-24-NF (134.3 vs 253.5 µg starch mg-1 DCW, Figure 59). In contrast, in mixotrophic cultures, although starch accumulation in M-12-NF did abate during the first dark period, the reduction was similar to the M-24-NF treatment. Beyond the 48 hour time point, unlike M-24-NF, M-12-NF cultures continued to accumulate starch for a further 48 hours.
[bookmark: _Toc462059813]TAG accumulation under nitrogen deprivation
Accumulation of TAG was monitored using a commercial glycerol assay, and analysis of total fatty acid composition was carried out. Furthermore the expression of genes related to TAG accumulation; acx2 (Cre12.g519100) gpd2 (Cre01.g05300) and pgd1 (Cre03.g193500) were measured. Figure 60 presents the concentration of TAG per cell for all treatments, before and after resuspension into N deplete or N replete medium. As expected TAG concentration increases in all –N treatments, the highest increase was measured in M-24-NF cultures (62.5 fold over 6 days) and lowest in A-12-NF cultures (7 fold over 6 days). The influence of photoperiod was more apparent in mixotrophic treatments, where initial TAG accumulation rates over the first 12 hours were almost identical (0.674 and 0.671 pg cell-1 hr-1 for M-24-NF and M-12-NF respectively), with no significant difference (p =0.49). However, between 12 and 24 hours the accumulation rate continued to rise under continuous illumination, but fell during the dark period of M-12-NF treatments. Repetition of this trend is likely to have led to a reduced overall accumulation rate, and a 61% lower final TAG concentration in M-12-NF cultures (Figure 60A, 60B, and 61). 



Figure  60. TAG content (pg cell-1) before (LOG) and after cell resuspension in nitrogen free (NF) or replete (C) medium. A) LOG-48H-NF B) LOG to 144H-NF. Treatment conditions outlined in Table 12.  Error bars represent SE (n=3).
 
A
B


The TAG accumulation response of autotrophic treatments was delayed in comparison in mixotrophic cultures. Initially, the TAG concentration in both autotrophic treatments fell slightly (although not significantly, p > 0.05), and then increased at a low rate in A-24-NF, but decreased further during the dark period (12 to 24 hours) for A-12-NF (Figure 60A). As demonstrated in Figure 60B, the final mean TAG concentration of A-12-NF (2.76 pg cell-1) was lower (p > 0.05) to A-24-NF (4.44 pg cell-1), most likely due to catabolism during the dark period. 
Alterations in fatty acid composition towards low saturated FAs such as C16:0 and C18:1 Δ9 and away from more highly unsaturated, membrane lipid predominant FAs such as C16:4 and C18:3 Δ9,12,15, provides an indication of the change from membrane-dominated to TAG-dominated cellular lipid content (James et al., 2011; Li et al., 2012). As demonstrated in Figure 62, all N deprived cultures had significantly higher proportions of palmitic acid (C16:0) than the N replete control (p<0.001). Interestingly both autotrophic treatments had significantly higher proportion of palmitic acid (p<0.05) compared to respectively mixotrophic treatment (13% higher in 24L, 20% higher in 12L), while proportionally more oleic acid was found in the mixotrophic treatments (2.3 fold more in both 24L and 12L). This may indicate a preference for the prokaryotic pathway of TAG synthesis in autotrophic cultures, although determination of sn-position is needed to back up this interpretation. The proportion of C16:4 and C18:3 Δ9,12,15, found predominantly in MGDG and DGDG (diagalacterosyldiacylglycerol) (Nguyen et al., 2011) is highest in the control N replete treatment (11% C16:4 and 25% C18:3 Δ9,12,15). Comparatively, in both autotrophic treatments this level is reduced moderately (4% C16:4 and 17-18% C18:3 Δ9,12,15) but more significantly in mixotrophic treatments (1% C16:4 and 10-11% C18:3 Δ9,12,15). This trend gives an indication of the shift to TAG dominant lipid profiles, although doesn’t provide evidence of membrane degradation as unsaturated membrane lipid FAs are typically recycled for TAG synthesis directly. There was no clear influence of photoperiod on the FA profile (Figure 62). FAMEs are presented in absolute quantify (μg per mg DCW in Appendix G)
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Figure 61. Fluorescence microscopy of cells 144 hrs after resuspension in N deplete or replete (control) medium: Images in the right (left) column were taken under 450-490 nm (white) light. A and B: M-24-C. C and D: M-24-NF. E and F: M-12-NF. G and H: A-24-NF. I and J: A-12-NF. Red colour is chlorophyll autofluoresecnce, yellow colour is fluorescence of Nile Red bound to neutral lipid bodies. 

[image: ]acx2, encodes the α-carboxyltransferase subunit of the plastid multimeric acetyl-CoA carboxylase enzyme, responsible for catalysing the first committal step in the FA synthesis pathway, resulting in carboxylation of acetyl-CoA to malonyl-CoA (Figure 45, Merchant et al., 2007). Figure 63 shows the change in acx2 expression over the experiment time course. N deprivation prompted a significant upregulation of acx2 after 2 hours in all treatments (p < 0.05), in contrast to the initial downregulation reported for M-24-NF cultures in Goodenough et al. (2014). Similarly to sta2 expression, for 12 hour light treatments there was a dark period downregulation in acx2 (17.1 and 3.3 fold drop from 12-14 hours for M-12-NF and A-12-NF respectively), however, unlike sta2, a significant decline (p< 0.05) was not recorded until after the start of the dark period (although they may have been an unrecorded peak between 2 and 12 hours). A similar trend of acx2 upregulation was recorded in both mixotrophic and autotrophic continuous light treatments from LOG-14 hours, however after a dip in expression at 24 hours, M-24-NF expression increased further, peaking at 3.85 fold above average sample expression, an increase of 9.5 fold from LOG expression, while the increase in A-24-NF was more moderate (2.4 fold above average sample expression). Figure  62. Fatty acid composition (% of total FA µg mg DCW-1) 144 hrs after resuspension in N deplete or N replete (control) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3). 
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Figure 63. Fold change (relative to the average expression of all samples across timepoints and treatments) of acx2 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3), *symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.





The gpd2 is one of five isomers in C. reinhardtii which encode plastid targeted NADH-dependent glycerol-3-phosphate dehydrogenase (GPDH). GPDH enables the conversion of dihydroxyacetone phosphate (DHAP) to glycerol-3-phosphate (G3P), the backbone of glycerides such as TAG (Klöck and Kreuzberg, 1989). DHAP is a sugar produced from the Calvin cycle and gluconeogenesis/glycolysis; consequently the GPDH enzyme provides a major link between the carbohydrate and lipid metabolism (Figure 45). The gene gpd2, in particular, has been found to be highly sensitive to N deprivation in the cc-4349 strain of C. reinhardtii, and therefore is thought to play a major role in the TAG accumulation response (Goodenough et al., 2014). The gene gpd2 was upregulated in all -N treatments (Figure 64). Expression of gpd2 also increased moderately in the nutrient replete control, although the increase in expression was comparatively small compared to N stressed treatments. There was a more pronounced influence of organic carbon addition on gpd2 expression than acx2, with both mixotrophic treatments demonstrating both a higher initial upregulation and peak expression than corresponding autotrophic treatments, with the highest mean expression found in M-24-NF after 48 hours (6 fold above average sample expression), following a similar trend to that found in Goodenough et al. (2014). Organic carbon availability also altered the gpd2 expression response to dark periods. In M-12-NF cultures at 14 hours (2 hours into dark period), gld2 expression remained stable (relative to 12 hours), compared to continued upregulation in M-24-NF. In M-12-NF cultures, immediately before the start of the light period (24 hours), the expression had increased (1.6 fold, relative to 14 hours). In contrast, there was a drop in expression at 14 hours in A-12-NF which continued to 24 hours (2.4 fold drop from 12 hours, p< 0.05). This pattern repeated over the next 24 hours for the A-12-NF culture (Figure 64). 
Figure  64. Fold change (relative to the average expression of all samples across timepoints and treatments) of gpd2 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3), *symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
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The gene pgd1 (plastid galactoglycerolipid degradation 1), encodes a lipase enzyme which deacylates the predominant thylakoid membrane lipid monogalactosyldiacylglycerol (MGDG), freeing FAs which are directed to TAG synthesis. Goodenough et al. (2014) highlighted pgd1 encoded enzyme as a vital lipase for the conversion of pre-existing membrane lipids. Consequently, pgd1 expression was intended in this study to provide insight into the degree of membrane degradation. However, upon writing this chapter, it was discovered that a forward genetics study by  Li et al. (2012) provided evidence that pgd1 preferentially deacylates less saturated MGDG bound FAs, and does not alter the more saturated 18:3 and 18:4 FAs found in mature MGDG (Figure 45). Therefore, the authors inferred that MGDG acts a transient FA pool for de novo-synthesised FAs, which may aid the transfer of 18:1Δ9 (oleic acid) through the plastid membrane to cytosolic TAG lipid bodies. Based on this study, pgd1 may not have a direct role in pre-existing membrane lipid degradation, in hindsight a more appropriate gene for this function would be the less highly expressed pdat gene (Cre02.g106400) encoding a membrane lipase. However, pgd1 encodes a vital enzyme to the formation of TAG in C. reinhardtii, indeed gene deletion leads to a 50% reduction in TAG (Li et al., 2012). Consequently, the pgd1 expression data presented in this section provides a novel insight into potential differences in TAG biosynthesis pathways induced by different growth conditions. 
As demonstrated in Figure 65, there was robust influence of organic carbon addition on the expression of pgd1 in response to N deprivation. Transcript abundance in both mixotrophic treatments was significantly increased after 2 hours (p<0.01) and continued to increase throughout the experiment, reaching 13.8 and 12.5 fold higher expression (from LOG values) by 48 hours for M-24-NF and M-12-NF respectively. In contrast, although A-24-NF experienced a transient 2.3 fold increase at 12 hours (compared to log expression), the peak transcript abundance as not significantly different from the control treatment (p>0.05). Photoperiod had contrasting influence on mixotrophic and autotrophic cultures, M-12-NF cultures experienced a 5.3 fold drop in expression 2 hours into the dark period, which recovered at the start of the light period. Conversely, in A-12-NF treatments, the dark period correlated with a transient 2.6 fold increase (p<0.01), which continued to 24 hours before dropping to basal levels. 



Figure  65. Fold change (relative to the average expression of all samples across timepoints and treatments) of pgd1 gene expression before (L) and after resuspension in nitrogen free (NF) or replete (C) medium. Treatment conditions outlined in Table 12. Error bars represent SE (n=3), *symbols indicate significant difference from L time point values (t-test, p<0.05). For M-12-NF and A-12-NF, L(=LOG) sample taken in dark period before resuspension, then 0 to 12 hours light; 12 to 24 hours dark; 24 to 36 hours light; 36 to 48 hours dark.
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[bookmark: _Toc462059814]Discussion 
[bookmark: _Toc462059815]Route to starch and TAG accumulation under optimal conditions
The primary aim of this study was to investigate the response of C. reinhardtii to N deprivation under different, and more commercially relevant, trophic and light cycle conditions. Under the optimal lipid accumulation treatment of acetate supplementation and continuous light availability (M-24-NF), C. reinhardtii followed a pathway of carbon storage accumulation similar to that reported in previous studies (Blaby et al., 2013; Goodenough et al., 2014; Miller et al., 2010). Within the first 12 hours of N deprivation, genes involved in starch metabolism are significantly upregulated (Blaby et al., 2013; Goodenough et al., 2014), including sta2 in this study, which had a 38 fold increase in transcript abundance over 2 hours (Figure 59). Subsequently, carbon is diverted to starch synthesis, leading to rapid accumulation of starch, increasing 5 fold over 12 hours (Figure 58). Beyond this point sta2 is strongly downregulated and starch synthesis is slowed. In agreement with previous studies, genes related to TAG synthesis, particularly gpd2 and pgd1, have a relatively delayed response, with upregulation starting after 2 hours, and unlike sta2, expression continue to gradually increase over 48 hours, a trend which is reflected in the continued increase of TAG. 
Concurrently, after 24 hours, C. reinhardtii cells suspend growth and enter an autophagy programme in which N-rich molecules mainly involved in photosynthesis and the Calvin cycle are degraded and recycled, with carbon skeletons directed to the TCA cycle or carbon storage accumulation  (Longworth et al., 2012; Schmollinger et al., 2014; Wase et al., 2014, Figure 49, 50 and 51). This degradation of photosynthetic machinery leads to a greater reliance on the respiratory metabolism, as evidenced in this study by the rapid downregulation of rbsc2 (Calvin cycle) and relative stability of ogd1 (TCA cycle). As noted in Goodenough et al. (2014) and supported here, the degradation of photosynthetic apparatus and assumed decline in photosynthetically derived NADPH is correlated with an increase in the activity of the NADPH producing oxidative pentose  phosphate pathway (gld2 upregulation). Alternative pathways for NAPDH production, such as malate decarboxylation by NADP+ dependent malic enzyme, encoded by MME genes (MME2, MME3, MME4, MM5, MM6), have been reported to be stable or downregulated after N deprivation (Schmollinger et al., 2014). Consequently it is likely that the oxidative phase of the PP pathway is likely to meet the increasing NADPH demand of TAG synthesis after cell chlorosis.
In agreement with Goodenough et al. (2014) and Schmollinger et al. (2014), icl1 (a key enzyme in the glyoxylate cycle) decreased significantly after 2 hours and continued to decline (Figure 55), despite continued uptake of acetate (Figure 56). In a reverse genetics study, Plancke et al. (2014) reported that a icl1 mutant, lacking a functional icl1 gene, accumulated 3 fold higher levels of neutral lipid compared to WT cells, and lower starch concentrations. A decline in β-oxidation proteins, but stable levels fatty acid synthases led the authors to conclude that icl1 deletion resulted in TAG accumulation because of reduced lipid catabolism rather than diversion of acetyl-CoA towards FA synthesis (Plancke et al., 2014). However, in this study (Figure 60 and 63), studies of the hyper-oleaginous sta6 starchless mutant (Blaby et al., 2013; Goodenough et al., 2014), and efforts to overexpress FA synthase genes (Radakovits et al., 2010), have demonstrated that the gene expression or protein abundance of FA synthases does not necessarily correlate to higher FA synthesis. Alternatively the decline in icl1 expression during continued acetate consumption and rapid TAG accumulation does point to the diversion of acetate derived acetyl-CoA away from starch synthesis (via the glyoxylate cycle) towards FA synthesis. This hypothesis could be confirmed using a carbon isotope experiment. 
The response of M-24-NF cultures to N deprivation provides an important reference point for comparison with other studies and for further discussion on how the response changes when availability of carbon and light are altered.  
[bookmark: _Toc462059816]Effect of organic carbon source
The availability of acetate has been shown to strongly influence the rate of starch and TAG accumulation of C. reinhardtii under N deprivation (Fan et al., 2012; Ramanan et al., 2013). This trend is supported by this study, in which M-24-NF cultures showed significant increases in the rates of starch and TAG accumulation over the first 24 hours, compared to A-24-NF cultures (Figure 60A). Despite the higher initial rate of accumulation, the peak concentration of starch was only 1.2 fold higher in M-24-NF conditions compared to A-24-NF, whereas peak TAG concentration was 6.3 fold higher. This trend supports the conclusion of Fan et al (2012), outlined in Section 5.1, that increasing carbon availability can increase TAG accumulation, once the capacity of the dominant carbon storage compound, starch, is met. In this case acetate supplemented M-24-NF cultures rapidly peaked in starch accumulation, reaching maximum cell capacity and then diverted carbon towards TAG. In contrast starch remained the dominant carbon store for the carbon limited A-24-NF cultures. Davey et al., (2012) reported a similar trend, in which autotrophic C. reinhardtii, supplied with constant CO2 aeration reached the capacity for starch accumulation after 4-6 days, concurrent with an increased rate of TAG accumulation. TAG was reported to continue to increase over 10 days reaching a concentration 2 fold higher than the mixotrophic treatment (supplied with a finite acetate supplement 17.5 mM), highlighting the importance of exogenous carbon supply for TAG accumulation (Davey et al., 2012). 
The disparity of TAG accumulation in this study is reflected in the TAG related gene expression. As previously mentioned the trend of acx2 expression, involved in the first step of FA synthesis, was similar between M-24-NF and A-24-NF treatments (with the exception of the last 48 hours). A similar result was reported for the related gene acx1 (or bcx1, β-carboxyltransferase subunit of plastidic multimeric ACCase) after 2 days N deprivation (Ramanan et al., 2013). A starker contrast was found in the expression of gpd2 and pgd1, related to TAG rather than FA synthesis. The higher expression of plastid targeted gpd2 in M-24-NF, indicates an increased activity of G3P production from DHAP, increasing the availability of substrate for glycerolipid synthesis (Figure 45). The strong correlation of gpd2 expression to TAG accumulation, unlike acx2, indicates the availability of G3P may be an important bottleneck for TAG synthesis and a potential target for metabolic engineering. Finally, sustained upregulation of pgd1 was observed in acetate supplemented cultures only. Furthermore this upregulation was matched by a 2.3 fold increase in C18:1Δ9. This trend strongly indicates that the activity of pgd1, and the associated acylation of C18:1Δ9  to TAG (Li et al., 2012), is reliant on carbon availability. Moreover, Lohman et al. (2014) reported that increasing inorganic carbon availability had a limited impact on C18:1 accumulation, indicating the observed upregulation of pgd1 in this study is related to organic carbon availability. As pgd1 deletion results in a 50% drop in TAG accumulation (Li et al., 2012), the activity of this gene, and the routing of C18:1Δ9 through MGDG, is likely to be an important element of the higher TAG accumulation in mixotrophic conditions. Further work is needed to confirm the influence of carbon availability (inorganic and organic) on pgd1 regulation. Again the correlation of this gene to TAG accumulation makes it a candidate target for metabolic engineering. 
As previously reported upon N deprivation, C. reinhardtii experienced a clear reduction in photosynthetic capacity under both mixotrophic and autotrophic cultivation (Bulté and Wollman, 1992; Li et al., 2010c; Martin and Goodenough, 1975; Msanne et al., 2012). Although autotrophic treatments had a greater rate of chlorophyll degradation over the 144 hours, the slower initial reduction of chlorophyll per cell over the first 24 hours compared to mixotrophic cultures led to a slower degradation of photosynthetic capacity (Figure 51) and shift towards a respiratory metabolism. This is supported by the comparatively slower downregulation of rbsc2 and upregulation of gld2 and ogd1 expression. The greater reliance on photosynthesis is also evident in the FAME profile of autotrophic treatments, with more highly saturated FA (C16:4 and C18:4), typically located in the thylakoid membrane, retained after 6 days. This maintenance of photosynthetic integrity enabled autotrophic cultures to continue to channel carbon sequestered in the Calvin cycle to TAG synthesis, without compromising starch stores. In contrast the rapid photosynthetic degradation observed in mixotrophic cultures likely led to a near total reliance on acetate derived carbon for TAG synthesis.
[bookmark: _Toc462059817]Effect of diurnal light and dark cycles
Circadian rhythms driven by diurnal light and dark cycles enable photosynthetic organisms to anticipate changes in energy availability in order to optimise metabolic processes and  thus maximise growth (Niwa et al., 2013; Noordally and Millar, 2015). In C. reinhardtii a number of physiological cycles are under diurnal control, including cell growth and division (Cross and Umen, 2015; Mittag et al., 2005). The major impact of light and dark cycles on cell physiology and metabolism is demonstrated at multiple levels including the transcriptome. Zones et al., (2015) reported that 80% of mRNAs have significant periodic expression, including many of the genes associated with carbon metabolism.  One such group of transcripts are starch related genes. Starch plays an important multifunctional role in microalgae; providing a sink for photosynthetically derived NADPH and ATP, a source of carbon for Calvin cycle intermediates,  and a storage molecule to meet energy and carbon needs in the dark (Krishnan et al., 2015; Li et al., 2010c). The importance of starch in C. reinhardtii under a diurnal light cycle is highlighted in this study by elevated expression of sta2 and starch content at the initial N replete LOG time point, after cells had emerged from 12 hours of darkness (LOG, Figure 58 and 59). In contrast, cultures grown under continuous light had negligible levels of starch in N replete conditions.
In N replete autotrophic conditions, starch is accumulated during the day when photosynthesis is active. Throughout the dark period and initial light period, in the absence of an exogenous energy and carbon source, starch is degraded and divided (during cell division)  (Thyssen et al., 2001). This is reflected at a transcriptome level, where starch biosynthesis genes are downregulated 3-2 hours before the start of the dark period, then slowly upregulated during the night (Zones et al., 2015). Under N stress; A-12-NF initially continued this diurnal cycle for at least the first light dark cycle with a simultaneous fall in both sta2 expression and starch content. The diurnal trend in gene expression continued into the second day and starch content (sampled after dark period at 48, 96 and 144 hours) while increasing, did not surpass peak levels sampled at 12 hours (after light period). The transition to a respiratory dominated metabolism during the dark period was supported by a transient decrease in rbsc2 and increases in ogd1 and gld2. The strong diurnal increase in icl1, despite the absence of acetate indicates the metabolism of acetyl-CoA is derived from lipid catabolism (Figure 45). This was correlated with a decline in lipid content and downregulation of acx2 and gpd2. Unlike starch, the downregulation of genes associated with lipid did not occur until after the transition to dark. This indicates this trend is responsive and not part of a circadian rhythm. This conclusion could be tested further by carrying out a Zietgeber entrainment experiment. The evidence of catabolism at night is supported by a significantly reduced overall lipid accumulation compared to A-24-NF cultures. The reduction in TAG induced by dark periods (-36%) is a lower reduction than that observed for starch (-47%), which indicates the latter is the dominant carbon store utilised for cell maintenance in dark periods in autotrophic cells.   
Interestingly in contrast to the other lipid related genes measured, the dark period induced a significant increase in pgd1, although it is important to note that this increase was small relative to the sustained upregulation observed in mixotrophic treatments. Transcript data reported in the supplementary data of Zones et al., (2015) also showed a significant (8 fold) upregulation of pgd1 during the dark period of autotrophic cells in N replete conditions. It’s possible that the dark period induces a change in the flux of fatty acids in the MGDG pool, with more fatty acid directed to TAG synthesis rather than desaturation into mature MGDG destined for integration into the thylakoid. While this hypothesis is supported by higher photosynthetic degradation in the final days of N stress (Figure 51), there is no significant evidence of reduced highly unsaturated FA in the A-12-NF treatment. Clearly the function of the important pgd1 gene and encoded enzyme deserves further characterisation. 
Acetate supplementation led to a very different trend of carbon accumulation under N stress. Previous studies have reported that under N replete conditions acetate supplementation extends the phase of starch accumulation, peaking 3 hours into the dark period (rather on the onset as in autotrophs) followed by a period of degradation (and cell division) (Ral et al., 2006; Willamme et al., 2015). Ral et al. (2006) reported that after transfer to N free medium mixotrophic C. reinhardtii continue the same diurnal pattern for the first 24 hours, after which cell division is suspended and the rhythm is diminished leading to a relatively stable concentration.  In contrast, in this study, despite a continued circadian rhythm in sta2 expression, the starch in M-12-NF cultures continued to accumulate over the dark period. Although the accumulation rate was reduced compared to the previous 12 hour light period, the 12-24 hour accumulation was similar to that observed in M-24-NF conditions.  Furthermore, unlike the continuous light treatment, starch continued to increase beyond 48 hours, with a final concentration 49% higher than M-24-NF. Conversely, the rate of TAG accumulation (and lipid gene expression) was substantially reduced (but not halted) in M-12-NF conditions relative to M-24-NF during the dark period. This trend was correlated with a spike in icl1 and ogd1, despite reduced acetate uptake. Collectively this indicates that the loss of photosynthetically derived carbon and energy during the dark period induces a switch in acetyl-CoA utilisation, away from fatty acid synthesis towards the TCA cycle and gluconeogenesis. Ultimately this response culminated in an opposite trend to that observed in autotrophic conditions, with the diurnal light period causing a substantially higher final starch content but lower TAG content.  
The reasoning behind this disparity is likely to be related to the fact that starch is the dominant carbon store. In autotrophic cells, starch is accumulated and degraded in preference to TAG, while in mixotrophic cells dark periods lead to a diversion of carbon away from TAG synthesis to conserve starch accumulation. The preference of starch in cells experiencing a diurnal change in energy and carbon availability is likely to be due to the higher energy return on investment. Starch synthesis consumes approximately 49 ATP equivalents (eq), while degradation generates 32 ATP eq (65.3%). In comparison fatty acid synthesis (palmitic acid) consumes 171 ATP eq and produces 108 ATP eq through degradation (60.5%) Johnson and Alric, 2013). This higher efficiency makes starch a more suitable energy store for diurnal cycling and is a possible reason for the initial preference of starch accumulation in all treatments. As a result, in N stressed conditions C. reinhardtii cells under diurnal circadian rythmn have a metabolic preference for starch storage. Conversely while TAG is a less efficient storage compound, it is considerably more energy dense (2.45 fold) than starch (Subramanian et al., 2013), and consequently is preferential for longer term storage once the cellular capacity for starch is met. 
[bookmark: _Toc462059818]Conclusion
In conclusion this study demonstrates that both carbon availability and photoperiod have a strong influence on the metabolic response of C. reinhardtii to N deprivation. Acetate supplementation leads to faster photosynthetic degradation and a rapid shift towards a respiratory dominant metabolism. Once the capacity of starch storage is met, acetate is funnelled towards the synthesis of TAG, leading to significantly higher lipid accumulation. Of particular note, is the apparent reliance of acetate availability on the upregulation of pgd1, correlated with an increase in oleic acid in the FA profile; a phenomenon which requires further investigation. Diurnal dark periods resulted in a rapid reduction in carbon accumulation in both mixotrophic and autotrophic conditions. Without acetate supplementation both starch and lipid is catabolised at night, while in mixotrophic cultures lipid synthesis is suspended in preference to continued starch accumulation. Ultimately both trends are informative for both commercial production and metabolic targeting. The significant impact of both photoperiod and carbon availability on the central carbon metabolism is likely to impact the efficacy of metabolic engineering. Therefore, the impact of genetic modifications should be investigated under both mixotrophic and autotrophic conditions, and particularly under both continuous and more commercially relevant photoperiod conditions. 



































[bookmark: _Toc462059819]                                                 _____________________________________________The role of photosynthesis on lipid metabolism of the green algae Chlamydomonas reinhardtii and Micractinium inermum.  














[bookmark: _Toc462059820]Introduction
Microalgae have the ability to accumulate large amounts of TAG when subject to environmental stress such as nutrient deprivation. While considerable progress has been made on elucidating the biosynthetic pathway of lipid accumulation; the precise mechanisms which drive TAG accumulation are still poorly understood. An important observation made by Fan et al. (2012) linked the availability of exogenous organic carbon (acetate) with the extent of TAG accumulation in the model alga Chlamydomonas reinhardtii. Subsequent studies (including Chapter 5 of this thesis) indicate that, upon N deprivation, acetate derived acetyl-CoA is funnelled away from the central carbon metabolism directly to fatty acid synthesis, enabling rapid TAG accumulation. 
Fan et al. (2012) also reported that TAG accumulation is dependent on active photosynthesis. In this study, mixotrophic cells were transferred to N free medium and cultivated in the dark (heterotrophic conditions) or light (mixotrophic control). The heterotrophic treatment accumulated negligible levels of TAG and significantly lower levels of starch (~5 fold lower) relative to the control. Furthermore, an additional treatment was analysed, in which the PSII inhibitor DCMU (10 μM) was added to log phase mixotrophic cultures, resuspended in N free media. DCMU addition resulted in even lower levels of starch and TAG accumulation to those observed in dark heterotrophic treatments. Based on this result the authors concluded that the light reactions (assumed to mean photosynthetic linear electron transport, given the use of DCMU, see below), are the major source of energy and reductant for the synthesis of starch and TAG in Chlamydomonas. Together this evidence indicated that TAG and starch accumulation is reliant on both active photosynthetic electron transport and exogenous carbon for accumulation of TAG. 
Despite the evidence presented by Fan et al. (2012), the role of photosynthesis as a major source of energy and reductants for TAG synthesis is contested (Johnson and Alric, 2013). Firstly, under nitrogen deprivation, mixotrophic C. reinhardtii cells undergo significant chlorosis and degradation of photosynthetic machinery. This degradation occurs rapidly within the first 48 hours of deprivation, while the rate of TAG accumulation increases beyond this point (Figure 51 and 60B). Furthermore TAG accumulation in autotrophic cultures is significantly reduced in comparison to cultures supplemented with acetate, indicating the contribution of sequestered CO2 is limited (Figure 60B, (Fan et al., 2012b). Consequently many studies (Goodenough et al., 2014; Goodson et al., 2011; Johnson and Alric, 2013; Miller et al., 2010) have concluded that TAG accumulation in mixotrophic C. reinhardtii is driven by acetate assimilation. In this context, direct reliance of TAG accumulation on active photosynthetic linear electron flow is paradoxical. 
The confounding second element is the role of photosynthesis on acetate uptake. Photosynthetic electron transport can function in two different modes in plants and algae, linear (or non-cyclic) electron flow (LEF) or cyclic electron flow (CEF). Under the dominant mode, LEF, two photochemical reaction centres, photosystem II (PSII) and photosystem I (PSI) act in series (Nelson and Ben-Shem, 2004). The photosystems have different absorption characteristics, PSI has broad absorption peaks, in the blue, red and far red regions, while PSII has absorption peaks in blue and red wavelengths only (Minagawa, 2011).  Photons are initially captured by chlorophyll molecules within the light harvesting complexes of PSII and PSI. For PSII, the resonance energy from excited electrons within the light harvesting complex (LHCII) is shuttled towards the primary electron donor, a specialised chlorophyll reaction centre within the core of PSII called P680 (which has a maximum absorbance at 680 nm) (Masojídek et al., 2013). This energy excites a pair of electrons within the P680, inducing the transfer of one electron across the membrane, which results in the reduction of the primary acceptor pheophytin (Qa) and oxidation of P680 (to form P680+, the most oxidising species known to biology) (Wydrzynski, 2008). Oxidation of P680, induces photolysis, spitting 2H2O into 4 protons, an O2 molecule and 4 electrons, which are subsequently funnelled towards P680+ (Nelson and Ben-Shem, 2004). The excited electron leaving PSII is shuttled down the electron transport chain through plastoquinone (PQ), and the cytochrome b6/f complex, eventually reaching plastocyanin (Figure 66). The action of this transport allows the transfer of protons from the chloroplast stroma to the thylakoid space, creating a proton gradient (Masojídek et al., 2013, Figure 66). A photon captured at the light harvesting complex of PSI (LHCI), causes the excitation and oxidation of the PSI primary electron donor, P700 (which has a maximum absorbance at 700 nm), which then accepts an electron from plastocyanin (Nelson and Ben-Shem, 2004). The excited electron from P700 is passed to the electron acceptor, ferrodoxin which is then transferred to the enzyme ferrodoxin NADP+ oxidoreductase (FNR) (Nelson and Ben-Shem, 2004). Finally this enzyme enables the reduction of NADP+ to produce the reductant NADPH, the final electron acceptor in LEF (Figure 66). The proton gradient created by transit of electrons through the electron transport chain (ETC) is used to drive the ATP synthase complex. [image: ]Proton binding to the base of the ATP synthase (CFo) causes rotation of the ring and the attached central stalk. Complete rotation enables the phosphorylation of three ADP molecules to (x3) ATP, the energy storage molecule (Figure 66).
Figure 66. A simplified diagram of linear (or non-cyclic) and cyclic electron flow. Activity of both electron flows enables the 3:2 ATP:NADPH stoichiometry, required for CO2 sequestration, to be met. Abbreviations; cyt, cytochrome; e-, electron; Fd, ferrodoxin; Pi, inorganic phosphate; PQ, plastoqunione; PC, plastocyanin. Adapted from Allen, (2003).














In contrast to LEF, cyclic electron flow (CEF) only involves PSI. In this mode PSI excitation generates a reduced ferrodoxin or NADPH (via NADPH dehydrogenase-like complex, NDH) (Johnson and Alric, 2012; Shikanai, 2014, 2007). However, unlike LEF, the excited electron is subsequently transferred to plastoquinone and then flows back through the ETC. This action, like in LEF, creates a proton gradient and consequently enables the production of ATP. However, unlike LEF, there is no final electron donor (no oxygen production) or acceptor; therefore CEF results in no net accumulation of NADPH reductant (Figure 66). 
The physiological importance of CEF to photosynthesis has only been demonstrated relatively recently. Munekage et al., (2004) discovered that mutants of Arabidopsis thaliana with impaired CEF had in reduced LEF activity (even at low light intensity) and consequently compromised growth and development. The significance of CEF is hypothesised to be due to the stoichiometry of ATP and NADPH synthesis.  One full rotation of the plastid CFo within the ATP synthase requires 14 protons to produce 3 ATP molecules, rather than the previously presumed 12 protons (based on E.coli ATPase) (Seelert et al., 2000). Consequently, LEF cannot meet the stoichiometric requirement of the Calvin cycle (3 ATP: 2 NADPH), instead producing a ratio of 9:7, i.e. an excess of NADPH (Allen, 2003). While extra-plastid processes could theoretically convert NADPH to ATP, these processes are thought to occur too slowly to compensate for the rapid activity of LEF (Allen, 2003). Alternatively, activity of CEF leading to ATP production can meet the stoichiometric requirements of the Calvin cycle and the many other chloroplast ATP requirements, without leading to reductant over-accumulation (Allen, 2003, Figure 66). 
Acetate assimilation occurs through the activity of acetyl-CoA synthase (ACS) or a two-step reversible reaction using acetate kinase (AK) and phosphate acetyltransferase (PAT) (Johnson and Alric, 2013). Both of these reactions are ATP dependent. Early research on an obligate photoheterotrophic alga Pyrobotrys stellata (formerly Chlamydobotrys stellate) within the same order as C. reinhardtii, demonstrated that acetate uptake is significantly more efficient when cells are subject to wavelengths of light above 680 nm, strongly absorbed by PSI but not PSII (Wiessner, 1965). Furthermore, Wiessner (1965) also reported that DCMU addition (5 μM) had no impact on acetate uptake, a phenomenon reported previously (Wiessner and Gaffron, 1964). DCMU blocks electron transfer from Qa to the PQ pool (Figure 66), and therefore inhibits LEF but not CEF. Consequently, together, this evidence indicates that acetate photoassimulation relies on activity of cyclic electron flow through PSI to meet the additional ATP demand rather than linear flow (Johnson and Alric, 2013). Furthermore Gibbs et al., (1986) demonstrated that under anaerobic conditions, C. reinhardtii cells are able to uptake acetate in the light but not the dark. Under anaerobic conditions, mitochondrial respiration and chlororespiration are inhibited (all photolysis derived O2 is rapidly scavenged by mitochondria), resulting in a relative increase in NADPH and NADH (Alric, 2010; Harris and Heber, 1993; Takahashi et al., 2013). This leads to a reduced PQ pool, which retards PSII activity and results in a shift (or ‘state change’) to CEF dominant photosynthesis (Alric, 2010; Takahashi et al., 2013). As a result, observations made by Gibbs et al. (1986) indicate CEF activity also meets the ATP demand for acetate uptake in C. reinhardtii (Johnson and Alric, 2013). Aeration and activation of cellular respiration increases this uptake by approximately 50% indicating mitochondrial activity is also able to meet a significant fraction of the ATP demand of acetate uptake, which allows C. reinhardtii cells to grow in the dark. 
Revisiting the aforementioned Fan et al. (2012) study. The authors reported that in the dark, additional acetate (17 mM to 60 mM) led to an approximate ten-fold increase in TAG, clearly indicating TAG accumulation is limited by acetate availability in the dark Therefore it is possible that the requirement of light for significant TAG and starch accumulation in C. reinhardtii is due to enhanced acetate assimilation due to ATP production by CEF. Based on the understanding that DCMU addition should not impact CEF or the rate of acetate uptake (per cell), the DCMU treatment should have resulted in higher acetate uptake relative to the heterotrophic culture, which alone should have resulted in higher cellular TAG concentrations. This discrepancy with the Fan et al. (2012) study indicates confounding factors may have also been involved; possibly long term DCMU treatment may cause inhibitions beyond disruption of linear electron flow. The experimental design may have also had an impact on the response of C. reinhardtii to N deprivation. Fan et al. (2012), measured the TAG and starch accumulation after transferring mixotrophic cultures to N free media in the dark or with DCMU. Consequently there was no acclimation time, and the metabolic response observed may have been the result of a sharp change in both nutrient and light availability. 
The purpose of the work described in this chapter was to unfold the impact of photosynthesis and acetate photoassimulation on the accumulation of TAG and starch under nitrogen deprivation. To avoid potential acclimation caveats, a methodology was followed wherein cultures were grown to mid log phase under treatment conditions before resuspending into N free media, to induce lipid accumulation. Therefore a large portion of this work involved developing an effective method to exclusively stimulate PSI and CEF over a long growth period. Taking advantage of the methods developed in the previous chapter, the impact of LEF and CEF on carbon storage metabolism, under mixotrophic, heterotrophic and active CEF conditions was assessed through a series of biochemical measurements and gene expression analysis of key genes within the carbon metabolism pathways (as outlined in Chapter 5). Furthermore, the experiment was also repeated with the green alga M. inermum (Chapters 3 and 4), to determine the existence of photoassimilation of acetate in this species and the influence of this assimilation on TAG accumulation.  
[bookmark: _Toc460524712][bookmark: _Toc462059821]Materials and Methods
[bookmark: _Toc460524713][bookmark: _Toc462059822]Organisms and growth conditions
In this investigation C. reinhardtii cc-4349 (described in Section 5.2.1) was used as the primary experimental organism, in order to compare with similar C. reinhardtii studies and to correlate biochemical changes with gene expression. In addition, M. inermum (described in Chapter 3) was used to assess whether the impact of treatments were species specific. 
For all treatments, C. reinhardtii was grown in HSMA medium containing 20 mM potassium acetate (described in Section 2.1.2). Preliminary growth analysis experiments were carried out using 250 ml Erlenmeyer flasks containing 100 ml of medium. In subsequent nitrogen starvation experiments, involving biochemical and gene expression analysis, cultures were grown in 1000 ml Erlenmeyer flasks containing 500 ml of medium. All cultures were inoculated at 1% (v/v) to an initial cell density of approximately 1.89 x 105 cells ml-1. 
For a LEF active control treatment, C. reinhardtii was grown mixotrophically (as described in Section 5.2.2), under constant photosynthetically active radiation (400-700 nm, PAR Light). Because the experimental work described in this chapter and the previous chapter were carried out concomitantly, the data reported here as the mixotrophic control is the same as the M-24-NF treatment in Chapter 5. Heterotrophic control cultures were grown under the same conditions, however, light was excluded by wrapping the culture flasks in foil. Sponge bungs were loosely wrapped to allow gas exchange. 
Two alternative methods were used to selectively inhibit PSII but not PSI, and therefore encourage ATP production via CEF. In order to test the effectiveness of DCMU concentrations on PSII inhibition over time, cultures were grown in a range (3, 5, 10 µM) of DCMU concentrations. DCMU medium was prepared by adding a 100 mM aliquot of DCMU (in ethanol) into sterile medium. DCMU cultures were grown under the same temperature, light and agitation conditions as mixotrophic cultures.  
As an alternative PSII inhibition treatment, cultures were grown in a specially designed, far-red (FR) illuminated growth chamber (Figure 67). The chamber consisted of a foil lined cardboard box fitted with 3 x 730 nm centred LED arrays (Far-red GreenPower LED flowering lamp, Phillips). At each LED mounting point a 50 mm2 715 nm long-pass filter (Knight Optical) was integrated into the box, shifting the centre wavelength to 736 nm (Figure 68). The box was kept at ambient temperature using 2 x mounted 12 V, 70 mm cooling fans (Xinyujie) fitted with cardboard light excluders. Light intensity was measured with a QSRED (550 nm - 750 nm) Quantum Sensor (Hansatech) at the centre point of 500 ml flask position. In the first trial design the LEDs were mounted to the top of the chamber and were covered by a frosted lens. This configuration only produced a light intensity of 62 ± 7 µmol m-2 s-1. In order to increase light intensity the frosted lens was removed and LEDs were mounted to the side of the chamber. This increased the light intensity to 234 ± 5 µmol m-2 s-1. The FR chamber was attached to an orbital shaker and agitated at the same speed (125 rpm) as other treatments. In addition the cultures were grown in the same 25°C temperature controlled room; temperature within the box was monitored throughout the experiment and did not differ from ambient conditions.
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Figure 67. Diagram of fer-red (FR) chamber: A) external side view, B) top view and C) internal side view. 
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Figure 68. Emission spectrum of LED array (Far-red GreenPower) with and without a 715 nm long pass colour glass filter (Knight Optics).  Centre wavelength with and without filter is 728 nm and 736 nm respectively. Spectrum was measured using a module USB spectrometer (USB 2000+, Ocean Optics). 













For nitrogen starvation experiments, the same protocols for re-suspension and sampling were used as the methods described in Section 5.2.2. Unlike previous work, sampling points for RNA expression were not taken at 14 hours or 36 hours (Figure 69). Biochemical sampling was taken at the same time points. Three treatments were used in this experiment; mixotrophic (run in parallel with previous work described in Chapter 5), heterotrophic and FR. Due to the possible sensitivity of RNA expression, re-suspension of heterotrophic and FR treatments was carried out in dimly lit conditions.  FR light treatments were individually sampled and immediately returned to the FR light chamber. 
The nitrogen starvation experiment was repeated with M. inermum, grown in heterotrophic and FR light conditions (as described above). Cultures of M. inermum were grown in 3N-BBM + V medium (described in Section 2.1.1) with the addition of 20 mM of sodium acetate. Cultures were inoculated at 1% v/v, in 250 ml Erlenmeyer flasks containing 100 ml of media to an initial cell density of 1 x 106 cells ml-1. Cells were resuspended in N deplete medium at a mid-log phase to a cell density of 8 x 105 cells ml-1. Samples for TAG analysis were taken after 144 hours NF (Figure 69)
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Figure 69. Scheme for sampling during N starvation experiments for C. reinhardtii and M. inermum. The symbol * indicates RNA sampling time points. The symbol ~ indicates biochemical sampling (including chlorophyll, TAG, starch, and acetate assays). The symbol + indicates sampling for FAME quantification and fluorescence microscopy. Yellow boxes indicate time periods of illumination. Grey boxes indicate dark periods. Red boxes indicate FR illumination. 
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[bookmark: _Toc460524714][bookmark: _Toc462059823]Oxygen evolution measurements
Oxygen evolution measurements were carried out as described in Section 2.8, to assess the efficacy of LEF inhibition during the preliminary experiments. Culture cell density was first normalised to 0.3 OD750 by pelleting cells and resuspending in supernatant. For FR light oxygen evolution, the default halogen bulb  of the oxygen electrode instrument was replaced with the same 730 nm centred LED array and 715 nm filter as used in the FR light chamber (described in Section 6.2.1). Unfortunately due to constraints of the QSRED light sensor, the FR light intensity in the chamber could not be determined accurately, however the intensity measured at the end of the light tube (attaching the light source to the electrode chamber) was 31 µmol m-2 s-1. 
[bookmark: _Toc460524715][bookmark: _Toc462059824]Biochemical analysis
TAG was analysed quantitatively using an enzymatic assay (as described in Section 5.2.3). Samples for FAME analysis were taken after 6 days of nitrogen stress. Total lipid extraction and methylation was carried out and the resulting FAMEs were quantified by GC-MS (as described in Section 5.2.4). Neutral lipid accumulation was also analysed qualitatively using Nile red fluorescence microscopy (as described in Section 5.2.5). Starch content was determined following the procedure outlined in Section 5.2.6. Supernatant acetate concentration (acetate consumption) was determined using the method described in Section 5.2.7. Chlorophyll analysis was carried out using the method described in Section 5.2.8. 
[bookmark: _Toc460524716][bookmark: _Toc462059825]RNA extraction and qRT-PCR
RNA extraction and analysis was carried out using the methods described in Sections 5.2.10 to 5.2.13. Gene expression analysis was carried out using the qRT-PCR methodology described in Section 5.2.14. The same key carbon and lipid metabolism genes were analysed in this study. 
[bookmark: _Toc460524717][bookmark: _Toc462059826]Statistical analysis
Statistical analysis was carried out using the method described in Sections 5.2.15.
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[bookmark: _Toc460524719][bookmark: _Toc462059828]Preliminary experiments using C. reinhardtii
DCMU
DCMU is typically used for LEF inhibition in short term photosynthetic experiments (Alric, 2010). However, to this author’s knowledge, there have been no studies on the long term effectiveness and potential toxicity of DCMU treatment on C. reinhardtii. LEF inhibition over a growth period was required in this investigation to allow acclimation before lipid accumulation, a potential caveat of previous studies. Consequently a growth experiment was carried in which C. reinhardtii was cultivated under mixotrophic conditions (HSMA medium, light) with the addition of DCMU at a range of different concentrations (3, 5, 10 μM). Toxicity was assessed by comparing growth with a heterotrophic control (HSMA medium, dark). The efficacy of each DCMU treatment on LEF was assessed by measuring oxygen evolution after 168 hours. As shown in Figure 70, addition of 10 μM DCMU resulted in 59% drop in specific growth rate compared to the heterotrophic control. This growth inhibition was reduced in lower DCMU concentration treatments, with (18% and 29% reduction in μ for 3 and 5 μM DCMU treatment, over 5 days). The growth rate of cultures with 3 μM DCMU increased 1.95 fold after 120 hours (p<0.05). A similar trend was found in 5 μM DCMU treated cultures after 144 hours. Oxygen evolution measurements taken at 168 hours indicated LEF was not fully inhibited in either 3 or 5 μM DCMU treatment (Figure 71), which may account for the late increase in growth rate. In contrast there was no significant oxygen evolution in 10 μM DCMU cultures (p>0.05). 
[image: ] Figure 70. Growth curves of C. reinhardtii cells grown in the light with DCMU or heterotrophically (dark) as a control. Error bars indicate standard error (n=3) 
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Figure 71. Photosynthesis and respiration rates (fmol O2 min-1 cell-1) of C. reinhardtii cultivated for 7 days with different concentrations of DCMU.

Far-red light
An alternative strategy for LEF inhibition and CEF activation, is through far-red illumination (>700nm). Efficiency of PSII and LEF declines rapidly at wavelengths above 680 nm, a phenomenon referred to as ‘red drop’ (Arnon et al., 1967). In contrast, far-red (FR) light (>700 nm) is preferentially absorbed by PSI, which contains more long-wavelength chlorophyll (Karapetyan et al., 2006). Consequently, illumination at wavelengths above 700 nm has been used extensively to exclusively stimulate PSI turnover and CEF (Alric, 2010; Arnon et al., 1967; Heber et al., 1992; Johnson, 2011; Munekage et al., 2004; Ogasawara and Miyachi, 1970). Although light absorption at long wavelengths is significantly reduced beyond 700 nm, PSI-induced photochemistry remains active with excitation light measured up to 840 nm in cyanobacteria and 780 nm in spinach leaf (Spinacia oleracea) (Mokvist et al., 2014; Schlodder et al., 2014).  The PSI of C. reinhardtii has relatively weak far-red absorption properties (Tapie et al., 1984), consequently some researchers have reported difficulty in utilising FR light for CEF stimulation (Alric, 2010). Despite this, >715 nm illumination has been successfully utilised previously to study CEF in C. reinhardtii (Ravenel et al., 1994). Therefore, as an alternative to DCMU, a method for FR illumination was developed and tested.  
The design of the FR light chamber is outlined in Section 6.2.1. The first design resulted in a relatively weak light intensity. A comparative growth experiment of C. reinhardtii cultivated in weak FR light showed no significant effect compared to the heterotrophic control (0.46 day-1 vs 0.47 day-1, Appendix H). Subsequent improvements in the design increased light intensity nearly 4 fold (Section 6.2.1). As demonstrated in Figure 72, a repeated growth experiment revealed a significant 34% increase in µ (0.58 day-1 vs 0.44 day-1, p<0.05).  Oxygen evolution measurements, indicated that the FR light treatment had a slightly higher rate of respiration (23% increase) compared to dark cultures, however there was large variation between biological replicates and therefore the increase was not statistically significant (p>0.05, Figure 73). The low FR light intensity used for the oxygen electrode measurements did not accurately reproduce the conditions used in the light chamber and may not have stimulated CEF to the same extent. Consequently, the efficacy of CEF stimulation was determined from the growth data alone. 
  Figure 72. Growth cur\ve of C. reinhardtii grown under intense FR light (>715 nm, second FR light chamber design) or in the dark (heterotrophic) as a control. Error bars indicate standard error (n=3)  



Figure 73.  Respiration rates (fmol O2 min-1 cell-1) of C. reinhardtii cultivated for 4 days under heterotrophic (dark) or FR light (CEF active) conditions. Respiration was measured under FR light for the FR treated cultures.  Error bards indicate standard error (n=3)

[bookmark: _Toc460524720][bookmark: _Toc462059829]Nitrogen deprivation experiments using C. reinhardtii
The preliminary data indicated that FR light was the most suitable method of exclusively stimulating CEF. Therefore this treatment was utilised to investigate the effect of photosynthesis and acetate photoassimilation on the accumulation of TAG and starch under nitrogen deprivation. In this experiment, in order to allow for a period of acclimation, C. reinhardtii was grown to mid log phase (~4 x 106 cells ml-1) under mixotrophic (both LEF and CEF active), heterotrophic (dark, LEF and CEF inactive), or FR light (CEF active) conditions. Using the same methodology as described in Chapter 5, cells were then centrifuged and resuspended in fresh N deplete media. 
Cell growth and chlorophyll degradation
During the initial growth phase, the specific growth rate of C. reinhardtii cells under heterotrophic and FR light was similar to the preliminary experiment (0.44 and 0.57 μ). In comparison, active LEF (and CEF) in mixotrophic cultures enabled a significantly higher specific growth rate (1.28 μ, Figure 74A). Chlorophyll content of cells, sampled at the log phase of growth before resuspension into N free media, was also significantly affected by treatment. Cells cultivated in darkness had 84% less chlorophyll than the mixotrophic control (Figure 75). Conversely, FR light stimulated chlorophyll production, but to a lesser extent than the control, grown under PAR light (1.77 vs 3.42 pg cell-1). 
As noted in the previous chapter, upon transfer to N deplete medium, mixotrophic cell growth first slowed and then stopped after 24 hours with a 2 fold increase in cell density. After 24 hours, cell density in mixotrophic cultures gradually declined. In the previous chapter growth also stopped in autotrophic cells after 24 hours (~30% increase in cell density). Conversely, while cell growth also slowed, in both FR light and heterotrophic treatments, cells continued to divide beyond 24 hours with cell density increasing 2 fold by 96 hours (Figure 74B). After 96 hours, cell density in cultures under FR light decreased, while heterotrophic cultures continued to grow. Relative levels of chlorophyll content under heterotrophic and FR light followed a similar pattern of reduction under N stress to the mixotrophic control, falling approximately 50% after 24 hours and a further 30% by 96 hours. However, given the rate of cell division was slower in FR light and heterotrophic treatments, the rate of degradation (rather than chlorophyll dilution via division) over the first 48 hours may have been faster (Figure 75). 
Figure 74. Cell density of C. reinhardtii in N replete condition (A) and after resuspension in N deplete medium (B) under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3)

A
B

























Figure 75. Chlorophyll concentration (pg cell-1) before (0 hours) and after cell resuspension in nitrogen free medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3). 


 












Acetate consumption and central carbon metabolism upon nitrogen deprivation 
As demonstrated in Figure 76, FR light augmented acetate consumption relative to the heterotrophic control, particularly over the first 48 hours of N deprivation (0.14 mM h-1 vs 0.08 mM h-1, p<0.001), further supporting the conclusion that FR light stimulates CEF. However, the rate of acetate consumption was not as high as the mixotrophic control, under PAR light (0.18 mM h-1 over 48 hours). When normalised to cell density, as shown in Figure 77, a clear lag phase is seen in the heterotrophic control between 0-12 hours post-resuspension. This lag phase was avoided in both the mixotrophic and FR light treatment, both of which had significantly higher consumption (5.5 and 4.25 fold higher respectively, p<0.001). FR light continued to enable higher consumption after heterotrophic cells recovered (28% higher between 12-24 hours). However beyond 48 hours this advantage declined and was not significant (p>0.05), perhaps due to PSI chlorophyll degradation.  In parallel, the difference in acetate uptake between mixotrophic and heterotrophic cultures also declined over time. By 144 hours, there was no significant difference in consumption between treatments (one-way ANOVA, p>0.001). 
 Figure 76. Concentration of acetate in supernatant (mM) after resuspension in N free medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3). 



As discussed in the previous chapter, ogd1 and icl1 gene expression provide an indication of the route of assimilation of carbon derived from acetate. Acetate derived acetyl-CoA can be catabolised by respiration via the TCA cycle respiration or assimilated, either through the isocitrate pathway or via fatty acid synthesis. Mixotrophic cultures experienced an immediate and sharp decline in icl1 expression despite continued acetate consumption, indicating rerouting of acetyl-CoA to fatty acid synthesis (Figure 78). Sustained darkness experienced by the heterotrophic cultures altered this expression response. Over the first 12 hours, both ogd1 and icl1  expression gradually increased, synchronous to the lag phase observed in acetate consumption (Figure 77, 78, 79). Beyond, 12 hours transcripts of both genes fell significantly (2.4 and 4.9 fold decline 12 to 48 hours, p<0.05). FR illumination led to a similar trend in icl1 expression, however expression was higher (2.0 fold higher peak expression) and increased more rapidly (peaking at 2 hours) comparative to the heterotrophic culture, reflecting the higher availability of acetate (Figure 78). In contrast to both mixotrophic and heterotrophic treatments, ogd1 expression under FR light was high and did not decline significantly over the course of the experiment (Figure 79). Figure 77. Acetate consumption, normalised to cell density (nmols h-1 106 cells-1) after cell resuspension in nitrogen free medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).




Figure 80 shows the change in expression of gld2 across treatments under nitrogen deprivation. As discussed in the previous chapter, gld2 encodes for the enzyme responsible for the first step in the oxidative pentose phosphate pathway, the major alternative source of the reductant NADPH (other than LEF) which is required for lipid and starch synthesis. Similarly to other N stress responsive genes, expression increases in all treatments, but significant increase in expression occurred earlier in mixotrophic and FR light treatments compared to heterotrophic cultures. 
Figure 78. Fold change (relative to the average expression of all samples across timepoints and treatments) of icl1 gene expression, before (L) and after resuspension in nitrogen free medium, under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3). 




Figure 79. Fold change (relative to the average expression of all samples across timepoints and treatments) of odg1 gene expression, before (L) and after resuspension in nitrogen free medium, under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3). 
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Figure 80. Fold change (relative to the average expression of all samples across timepoints and treatments) of gld2 gene expression, before (L) and after resuspension in nitrogen free medium, under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3). 





Influence of photosynthesis on starch accumulation under nitrogen deprivation

To determine the role of photosynthesis on starch accumulation under N stress, the starch content of cells under different light regimes was monitored over 144 hours of N deprivation. Interestingly, the heterotrophic cultures, acclimated in dark conditions, had significantly higher (2.4 fold) initial cellular starch content (in log phase) than the mixotrophic control (Figure 81). Activation of CEF under FR light induced an even higher log phase accumulation of starch (2 fold higher than heterotrophic culture). This elevated starch content was matched with higher initial sta2 expression in heterotrophic (8.2 fold higher) and FR light (18.0 fold higher) conditions relative to the mixotrophic control (p>0.001, Figure 82). Upon N deprivation, mixotrophic cultures experienced a rapid starch accumulation response over the first 12 hours, matched with a transient peak in sta2 expression (52 fold increase, p<0.05). Despite a peak in sta2 transcript abundance in both heterotrophic and FR light conditions immediately after resuspension (3.9 and 5.7 fold respectively, p<0.05), starch content did not significantly alter until after 12 hours.  A similar transcript response occurred in 12L treatments in the previous chapter (Figure 59) and may be due to unintended exposure to light during sampling. Disregarding the initial spike in expression, sta2 expression matched the accumulation response, with expression dropping from the second peak first in FR light cultures (between 12 and 24 hours), after which accumulation slowed, reaching a similar maximum to mixotrophic cultures. Heterotrophic cultures, which reached maximum starch content after 96 hours, had a relatively delayed drop in expression (24-48 hours). 
Figure 81. Starch concentration (µg starch mg-1 DCW) before (LOG) and after cell resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  
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Figure 82. Fold change (relative to the average expression of all samples across timepoints and treatments) in sta2 gene expression before (L) and after resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  

Influence of photosynthesis on lipid accumulation under nitrogen deprivation

Characterisation of the lipid accumulation response of C. reinhardtii under different illumination conditions was determined through monitoring of TAG content, final fatty acid composition, and the expression of key enzymes involved in the lipid accumulation response. 
As previously mentioned, upon nitrogen deprivation mixotrophic cultures, with active LEF and CEF, experienced a rapid lipid accumulation response (Figure 83), particularly after starch accumulation plateaued at 12-24 hours. By 144 hours post resuspension, TAG content had increased 62.5 fold (Figure 83). In contrast, in the absence of active photosynthesis, heterotrophic cultures experienced a relatively minor increase in TAG content over the first 48 hours, 6.7 fg TAG cell-1 hr-1 (compared to a 105.5 fg TAG cell-1  hr-1 in mixotrophic cells). Beyond, 48 hours and concurrent to the plateau of starch accumulation, the rate of TAG accumulation in heterotrophic cultures increased to 20 fg TAG cell-1 hr-1 (48-144 hours), reaching a content of 2.4 pg TAG cell-1 by 144 hours (8.9 fold less TAG than mixotrophic cultures) (Figure 83). 
Activation of CEF significantly increased the rate of TAG accumulation (p<0.01), but did not restore accumulation to the rate observed in the mixotrophic control. Similarly to the heterotrophic treatment, cells grown under FR light had a delayed accumulation response, with relatively low accumulation over the first 24 hours. Beyond 24 to 48 hours, again concurrent to a plateau in starch accumulation, TAG accumulation increased from 15.9 fg TAG cell-1 hr-1 (0-24 hours), to 26.9 fg TAG cell-1 hr-1 (24-48 hours) and 103 fg TAG cell-1 hr-1 (48-96 hours). TAG content peaked at 96 hours (6.3 pg TAG cell-1), before declining slightly (-6%) in the final 48 hours. At the 96 hours peak TAG content was 2.4 fold lower than mixotrophic cultures (p>0.05) but 5.3 fold higher than heterotrophic cultures (Figure 83). Fluorescence microscopy imaging supported the observed variation in TAG content between treatments (Figure 84).Figure 83. TAG content (pg cell-1) before (LOG) and after cell resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  

 



Figure  84. Fluorescence microscopy of C. reinhardtii 144 hrs after resuspension in N deplete medium: (A) mixotrophic cells (B) heterotrophic cells (C) cells under FR light. Red colour is chlorophyll auto-fluorescence, yellow colour is fluorescence of Nile Red bound to neutral lipid bodies. 

Stimulation of photosystems also led to differences in the expression response of genes involved in lipid synthesis. Peculiarly, under heterotrophic conditions, acx2, encoding the enzyme responsible for the first committal fatty acid synthesis step, was elevated at log phase (4.7 fold higher than log phase mixotrophic cells, p<0.01, Figure 85). acx2 expression under FR light was also elevated relative to the mixotrophic control (2.4 fold higher than log phase mixotrophic cells, p<0.01). However, in darkness, upon N deprivation acx2 expression declined by 71% (3.4 fold lower, p<0.001) after 12 hours. Beyond 12 hours, transcript abundance increased back to log phase levels (Figure 85). In contrast, N stress prompted acx2 transcript abundance increase immediately in mixotrophic and FR light cultures. gpd2 expression, encoding an enzyme responsible for glycerol-3-phosphate synthesis, is similar under all conditions, but increases significantly in FR light treatments at an earlier time (2 hours rather than 12 hours) (Figure 86). 

Figure 86. Fold change (relative to the average expression of all samples across timepoints and treatments) in gpd2 gene expression before (L) and after resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  
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Figure 85. Fold change (relative to the average expression of all samples across timepoints and treatments) in acx2 gene expression before (L) and after resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  
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Finally, Figure 87 shows transcript abundance of pgd1, which encodes an important enzyme involved in transport of de novo C18:1Δ9 from glycolipid pools to cytosolic TAG (Li et al., 2012). Expression of pgd1 in both mixotrophic cells and cells grown under FR light increased significantly over the first 12 hours of N stress (6.6 and 11.3 fold increase from log to 12 hours NF). Expression under mixotrophic conditions continued to increase, beyond the level of expression in FR cells, reaching a peak at 48 hours (1.6 fold higher than cells grown in FR light at 48 hours NF). In contrast expression in heterotrophic cells did not increase until 24 hours (6.6 fold increase from 12 to 24 hours NF, p<0.05).  The differences in pgd1 expression are demonstrated in the final FAME profiles (Figure 88 and Appendix I), with both mixotrophic and FR light cells accumulating significantly more 18:1Δ9 than heterotrophic cells as a proportion of total FAMEs (1.45 and 1.36 fold higher respectively). However, heterotrophic cells did have higher C18:1Δ9 accumulation compared to both autotrophic treatments discussed in the previous chapter, in which pgd1 expression was repressed. This data supports the conclusion that carbon availability is required for activit]y of pgd1 and significant C18:1Δ9 accumulation in TAG.                     
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Figure 87. Fold change (relative to the average expression of all samples across timepoints and treatments) in pgd1 gene expression before (L) and after resuspension in nitrogen free (NF) medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  

Figure  88. Fatty acid (FAMEs) composition (% of total FA ug mg DCW-1) of C. reinhardtii 144 hrs    after resuspension in N deplete medium under mixotrophic (PAR light), heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  


[bookmark: _Toc460524721][bookmark: _Toc462059830]Influence of cyclic electron flow (CEF) on growth and lipid accumulation in M. inermum
The development of the CEF light chamber was utilised in order to determine the degree of photoassimilation of acetate in M. inermum. Growth rate was monitored during the initial growth stage in N replete medium and after resuspension in N deplete medium. Figure 89 demonstrates that illumination with FR light led to a significantly higher growth rate (1.34 fold, p<0.05), indicating acetate consumption was higher. After resuspension in N deplete medium growth continued at a similar rate in both treatments, plateauing after 96 hours in FR light (Figure 90). Final cell density at 144 hours did not significantly differ (p<0.05). However, TAG measurements (shown in Figure 91) demonstrate that activity of CEF led to significantly higher TAG accumulation (1.45 fold higher, p<0.05) relative to the heterotrophic treatments, supporting the result seen in C. reinhardtii (Section 6.3.2.4). 
Figure  90. Growth curve of M. inermum grown in nitrogen free (NF) medium under heterotrophic (dark) or under FR light conditions. Error bars indicate standard error (n=3). 

Figure  89. Growth curve of M. inermum grown in N replete medium under heterotrophic (dark) or under FR light conditions. Error bars indicate standard error (n=3). 

Figur  91. TAG content (pg cell-1) 144 hours after cell resuspension in nitrogen free (NF) medium under heterotrophic (dark) or FR light treatments. Error bars represent standard error (n=3).  


[bookmark: _Toc460524722][bookmark: _Toc462059831]Discussion
Previous studies have demonstrated that both light and acetate are required for substantial TAG and starch accumulation in C. reinhardtii (Fan et al., 2012b, 2011). However, the specific role of photosynthesis in the accumulation response, during a period of rapid chlorophyll degradation and reduction of photosynthetic capacity remains poorly understood (Johnson and Alric, 2013; Schmollinger et al., 2014). The work outlined in this chapter indicates, through the development of a methodology for long term CEF stimulation, that photoassimilation of acetate explains a portion, but not necessarily the entirety, of the role of light on TAG and starch accumulation. The following section will discuss the three main elements of this study. 
[bookmark: _Toc460524723][bookmark: _Toc462059832]DCMU as a tool for long term LEF inhibition
Prolonged periods of darkness can lead to significant and rapid changes in the transcriptome and physiology of microalgae including C. reinhardtii (Chauton et al., 2013; Zones et al., 2015, Section 5). Accordingly, in order to identify unique responses to N stress a period of acclimation is required, thus a method which could inhibit LEF and stimulate CEF over a growth period was also required for this investigation. While DCMU is commonly used as an inhibitor of PSII and LEF for short term photosynthetic studies (Alric et al., 2010; Finazzi, 2002), to this author’s knowledge, the PSII inhibitor has not been used in long term growth experiments (with typical levels of inoculation)  with C. reinhardtii. 
The experiments undertaken as part of this investigation indicated that cell growth was significantly lower with the addition of 10 μM DCMU treatment compared to the heterotrophic control (Figure 70), therefore indicating, in C. reinhardtii cc-4349 at least, DCMU PSII inhibition results in further inhibition in cell metabolism. Furthermore, it was found that lower concentrations of DCMU treatment (3 and 5 μM) were ineffective at inhibiting PSII driven oxygen evolution after 7 days, perhaps due to degradation. One possible reason for the growth inhibition observed could be due to oxidative stress (Rutherford and Krieger-Liszkay, 2001). Excited electrons from the light harvesting chlorophyll molecules which are not funnelled through the ETC can result in the formation of singlet oxygen (1O2), which can go on to cause oxidative damage (Fufezan et al., 2002; Keren et al., 1997). As mentioned in Chapter 4, (pg 137), DCMU has been used for long term growth experiments in Chlorella and Coelastrum (Endo et al., 1977; Martinez and Orus, 1991), it’s possible that more effective photo-protective mechanisms or thick cell walls could have limited the effect of DCMU. The mechanism in which 10 μM DCMU prevented growth in C. reinhardtii requires further characterisation. In any case, the apparent toxic effect of DCMU on C. reinhardtii could explain the significant reduction in starch and TAG accumulation observed in DCMU treated C. reinhardtii in the aforementioned Fan et al. (2012) study, and calls into question the conclusion made on this data related to the importance of PSII activity on carbon storage accumulation.  
[bookmark: _Toc460524724][bookmark: _Toc462059833]CEF activity promotes starch and TAG accumulation
The use of FR light had a clear impact on the physiology and transcriptome of C. reinhardtii when compared to the heterotrophic control. The consistently faster growth rate in N replete conditions (Figure 72, 74A), lack of oxygen evolution (Figure 73), and higher acetate uptake in N deplete conditions (Figure 76) indicated that FR light increased acetate assimilation by stimulating CEF. Previous studies have demonstrated through two independent measurements that the PSI in C. reinhardtii is stimulated by FR light and PSII is not (Ravenel et al., 1994). However, more recently researchers have found difficulties in reproducing this phenomenon (Alric et al., 2010). Furthermore, a recent paper (Juergens et al., In press), published during the preparation of this thesis, reported higher acetate consumption in heterotrophic C. reinhardtii compared to cell grown in high light intensity (140 μmol s-1 m-2), although heterotrophic cells in this study still had lower aceate consumption than low light intensities (5-15 μmol s-1 m-2). Consequently the effectiveness of the FR light used in the present study, and the impact on acetate should be more extensively investigated in future work, through measurements of the redox state of the P700 reaction centre and acetate consumption measurements in N replete conditions.  
Nevertheless there is a clearly a different physiological N deprivation response of C. reinhardtii cells under FR light compared to heterotrophic conditions, which is consistent with an initially higher rate of acetate consumption. Under FR light icl1 and sta2 expression peaked earlier (within 2 hours) than under dark conditions (at 12 hours), indicating an immediate funnelling of acetate to starch biosynthesis (Figure 78 and 82). Accordingly, starch content reached capacity 48 hours earlier in FR light (albeit from a higher initial level) compared to heterotrophically grown cells. Similarly genes closely linked to TAG synthesis (acx2, gpd2, pgd1) were upregulated earlier under FR light (Figure 85-87). This upregulation was correlated with a significantly higher rate of TAG accumulation over the first 96 hours compared to heterotrophic growth (Figure 83). The degradation of TAG between 96-144 hours, and drop in acetate uptake in FR light cultures is likely to be linked to the degradation of chlorophyll and lysis of cells. Juergens et al. (2015) reported an 2 fold upregulation of transcripts and proteins in the Proton Gradient Regulation5 (PGR5)-mediated pathway and Proton Gradient Regulation-Like1B (PGRL1B), which aid the transfer of electrons from reduced ferrodoxin to plastoquinol (Figure 66). Furthermore type 2 NADPH dehydrogenase (which aids the alternative route of CEF through reduction of NADP) is initially upregulated. Together this indicates CEF is upregulated initially after N stress. Beyond 24 hours, these transcripts are reduced and peripheral proteins and LHCI antenna proteins associated with PSI are significantly degraded (Juergens et al., 2015; Schmollinger et al., 2014). Indeed P700 absorbance measurements indicate CEF activity falls by 50% over 48 hours (Juergens et al., 2015). Consequently, it is likely that the efficiency of PSI and availability of ATP for acetate synthesis increased initially and then declined, which is supported by the data in this study (Figure 77). 
Development of a method for CEF stimulation provided a means to test the degree of photoheterotrophy in M. inermum, previously studied in Chapters 3 and 4. It had been provisionally concluded based on studies with related species that acetate uptake was not sensitive to light (Section 4.4). However, the evidence for this in M. inermum was weak. The results from the experiment described in Section 6.3.3 indicated that CEF activity through FR illumination significantly increased both growth rate in N replete conditions and TAG accumulation under N stress. While this work supports the theory that CEF activity can induce higher TAG accumulation, it also indicates that acetate consumption in M. inermum is stimulated by light. This provides a simpler explanation for the higher cellular respiration rates observed in mixotrophic treatments (Figure 43). The implications of this are discussed in Chapter 7. 
[bookmark: _Toc460524725][bookmark: _Toc462059834]Role of CEF and LEF activity in starch and TAG accumulation
Although FR illumination of C. reinhardtii increased the rate of acetate uptake and starch and TAG biosynthesis compared to heterotrophic conditions, the rate of carbon accumulation was still significantly lower than under mixotrophic conditions. It is possible that under normal PAR light (<715 nm) PSI turnover and CEF activity were higher allowing higher acetate uptake. While the acetate consumption data supports this theory, the disproportionately lower rates of starch or TAG accumulation in the FR treatment indicate that this reason is unlikely to be the major cause of the disparity. Alternatively, it is likely that, despite the rapid photosynthetic degradation, LEF does in fact play an important role in the response to N stress.  
One frequently cited hypothesis links TAG synthesis to overreduction of the photosynthetic electron transport system under N stress. Under N replete conditions the majority of NADPH is utilised to assimilate inorganic carbon, nitrogen and sulphur used for cell growth and division (Li et al., 2013). However, under N stress, without a source of N for many of the final products of reduction, photosynthetic-generated electrons are thought to be produced in excess, which can lead to the formation of reactive oxygen species (ROS) via the Mehler reaction. In this reaction excess electrons are donated  from PSI to oxygen forming O2-1, which is then converted into ROS (Du and Benning, 2016; Roessler, 1990). Consequently TAG synthesis may be increased in order to act as electron sink (via NADPH) to avoid photooxidative damage (Klok et al., 2013). Unlike mixotrophic cells, C. reinhardtii under FR light and heterotrophic conditions do not have a photosynthetic source of electrons (from oxygen evolution) to cause overcapacity. The aforementioned pgd1 study by Li et al., (2012), provides some support for this overreduction theory. In this study, the TAG-deficient (50% reduced) pgd1 mutant strain produces ROS after 7 days of N stress, which was synchronous with chlorosis of the cells. Addition of DMCU (2 μM) blocked the Mehler reaction, which reduced ROS formation and prevented chlorosis (Li et al., 2012). Another possible line of evidence is the acetate boost phenomenon described in Goodson et al., (2011) and Goodenough et al., (2014). In these studies the authors reported that when an additional supplement of acetate is spiked into N stressed cultures of the sta6 starchless mutant of C. reinhardtii, cells hyper-accumulate TAG to such an extreme that the cells float. Despite in-depth transcriptomic studies, the authors did not find a clear explanation for this phenomenon. One possible explanation is tight photosynthetic regulation of the ATP/NAPDH ratio. Qiao et al., (2012) reported that in Chlorella sorokiniana the addition of acetate led to an immediate drop in PSII and increase in CEF. This response was attributed to an imbalance of NADPH and ATP, due to ATP consumption through acetate uptake. Consequently it is possible that the acetate boost response is initiated by excess NADPH, which is fully directed to TAG synthesis in the absence of starch. Finally a third line of evidence supporting the overreduction theory relates to the TAG accumulating response under saturating light. Recently, Goold et al. (2016) reported higher TAG accumulation in C. reinhardtii cells under oversaturating light (SL) intensity and N replete conditions. The authors found that TAG accumulated under SL was of plastidial origin (chloroplastic location of LB). Interestingly the only other reported occurrence of chloroplastic LB synthesis is in the sta6 mutant under N stress. (Fan et al., 2011; Goodenough et al., 2014; Goodson et al., 2011). Conversely WT cells under N stress (and moderate light) produce cytoplasmic LBs (Goodson et al., 2011). In this study acetate supplementation was closely associated with pgd1 expression and synthesis of C18:1Δ9, which is directed to TAG via the ER. Consequently it is possible that FA synthesis due to overreduction is synthesised in the plastid, at the site of oxidative stress, while additional carbon supplementation is directed to longer chain and possibly slower ER biosynthesis. Further research is needed to confirm this hypothesis. 
While there are multiple sources of evidence to support the overreduction theory, data from the current study and the recently published Juergens et al. (2016) indicate that surplus energy is unlikely to be the sole driver of TAG and starch accumulation in wild type (or parental) cells. The first line of evidence for this rebuttal is linked to the response of heterotrophic cells to N deprivation. If the primary cause of TAG accumulation is to divert excess NADPH to carbon synthesis in order to prevent photooxidative stress, TAG and starch accumulation should be limited in heterotrophic cells. However, in the current study and Juergens et al. (In press), heterotrophic cultures had a faster rate initial of starch biosynthesis (3.2 vs 1.9 µg mg DCW-1 hr-1, 0-48 hours), and a similar rate of TAG biosynthesis (6.7 vs 7.7 pg cell-1 hr-1, 0-48 hours) compared to autotrophic cells (continuous light). While this doesn’t exclude oxidative stress as a factor in carbon accumulation, it indicates that it is not the sole cause. 
Secondly, in all treatments analysed in this chapter and the previous chapter, starch is the dominant storage molecule, accumulating almost immediately after N deprivation, when photosynthetic capacity (Figure 51) is at its highest. Synthesis of an 18 carbon starch molecular requires 24 NADPH molecules, while synthesis of oleic acid (C18:1) requires 70 (Alric, 2010). Consequently, if overreduction is the major driver of carbon molecule synthesis, during the period of peak photosynthetic capacity (Figure 50 and 51) one would expect TAG synthesis to be the dominant sink of NADPH. On the other hand, as discussed in the previous chapter, it may be that starch is the preferred storage molecule because of the higher efficiency of turnover. 
Thirdly, Juergens et al. (In press) found that the non-photochemical quenching, NPQ, a measurement which estimates the dissipating of excess absorbed light (mainly as heat), did not significantly increase after N deprivation, indicating light energy is not absorbed in excess. Furthermore the majority of ROS scavenging genes are steady or downregulated in both WT and sta6 strains under N stress and the acetate boost, with the exception of a gene encoding the scavenger receptor cysteine rich (SRCR) protein (Goodenough et al., 2014). Additionally, upregulation of oxidative PP pathway by all treatments (Figure 57 and 86 gld2 Chapter 5 and 6, Goodenough et al. 2014), indicates the demand for NADPH increases rather than is in excess. Finally it is interesting to note that the increase in ROS measured in the TAG deficient mutant described in Li et al. (2012) did not appear until after 7 days, at which point photosynthetic capacity is significantly reduced in C. reinhardtii (Figure 51) (Juergens et al., In press, 2015; Schmollinger et al., 2014). While it is possible that more NADPH was directed to starch and membrane lipids in the pgd1 mutant before 7 days, it may be possible that the phenomenon of overreduction does not occur immediately under normal (starch producing, and moderate light conditions), but requires a period of time before the normal sinks of NADPH are limited. Further research is required to track the photosynthetic production and consumption of NADPH and the consequences of TAG and starch deficiency before the role of overreduction can be conclusively quantified. 
Another possible explanation for the disparity between mixotrophic and FR light relates to the partitioning of assimilated carbon. As previously mentioned, both transcriptomic data (drop in icl1) and the timing of TAG accumulation after significant chlorophyll degradation indicated that the majority of acetate is funnelled to FA synthesis in N deplete conditions. However, (Fan et al., 2012b) demonstrated that TAG accumulation significantly increases after the capacity of starch accumulation is met, which is supported by the timing of starch accumulation observed in this study (Figure 81 and 83). Juergens et al. (In press) carried out 13C labelling to track the sink of acetate after N deprivation. After 40 hours of labelling and N stress, 75% of the carbon used for de novo FA synthesis was derived from acetate. In contrast 80% of the carbon in starch molecules was 12C labelled, indicating CO2 fixation and/or biomass turnover was the dominant source of carbon for starch synthesis (Juergens et al., In press). Unlike TAG, the majority of starch accumulation occurs while photosynthetic capacity is still high; consequently the detrimental impact of N deprivation on CO2 fixation does not limit starch biosynthesis. Furthermore, as mixotrophic cells have a endogenic source of CO2 the rate of fixation at the start of N deprivation is likely to be higher than autotrophic cells, which experience limited starch accumulation (Juergens et al., In press; Smith et al., 2015). Unlike mixotrophic cultures, heterotrophic or FR light treatment cultures cannot direct carbon from the CO2 fixation, consequently acetate must make up the shortfall until cellular capacity is reached. This trend is supported by the initial peak and subsequent decline of icl1 expression. Consequently, the accumulation and extent of TAG accumulation is limited in heterotrophic treatments relative to mixotrophy. 
A final potential factor contributing to limited TAG accumulation in FR light and heterotrophic cultures relates to the C:N ratio of cells. Both FR light and heterotrophic cultures had considerably lower levels of chlorophyll content in N replete conditions. Indeed, under N replete conditions heterotrophic cells have a C:N ratio roughly double that of mixotrophically grown cells (Juergens et al., In press) . Consequently, the impact of N depletion on heterotrophic cells may not induce the same level of stress. This is supported by the fact that both FR light and heterotrophic cells continue to divide for 24 hours after N was depleted (Figure 74B). Moreover this cell division further diverts assimilated carbon away from starch and TAG biosynthesis. The reduced extent of stress may also explain the delayed transcriptomic response of both FR light and heterotrophically grown cultures in comparison to mixotrophic cultures. This theory could be further tested by investigating the transcription of N scavenging and autophagy genes. 
[bookmark: _Toc460524726][bookmark: _Toc462059835]Conclusion 
In summary, exclusive stimulation of CEF led to both higher acetate consumption and higher rates of starch and TAG accumulation in C. reinhardtii cells under N stress. However, this increase fell significantly short in restoring the synthesis of TAG and starch to rates observed under mixotrophic growth, despite the rapid rate of photosynthetic degradation. Consequently, the mechanism in which photosynthesis impacts TAG and starch synthesis is likely to be multifaceted. Despite strong evidence supporting the theory of photosynthetic oxidative stress as a trigger of TAG synthesis, the significant accumulation of TAG and starch under dark conditions, suggests that this is at least not the dominant factor. Alternatively, diversion of photosynthetically fixed CO2 towards starch synthesis during the first 24 hours of N deprivation, before significant photosynthetic degradation, allows mixotrophic cells to reach cellular starch capacity early and efficiently funnel assimilated acetate towards FA synthesis. In contrast under heterotrophic conditions, acetate is utilised primarily for the synthesis of the dominant carbon storage molecule starch in preference to TAG accumulation. Further research is needed to further characterise both the oxidative stress induced by N deprivation and the partitioning of carbon under heterotrophic conditions.  
Another discovery made in the current study related to the expression of the recently characterised gene pgd1. Despite the limited carbon availability and limited TAG synthesis in heterotrophically grown cells, pgd1 was significantly upregulated, apparently leading to an increase in the oleic acid pool. The absence of this response in autotrophic conditions, leads to the conclusion that the pathway of TAG synthesis through MGDG and possibly the ER is stimulated by organic carbon uptake. Again more research is needed to explore this hypothesis. 
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[bookmark: _Toc460524728][bookmark: _Toc462059837]Introduction
In typical autotrophic conditions photosynthesis and CO2 fixation provide the only source of energy and carbon for algal growth. Consequently, algal photosynthesis is tightly regulated in order to meet the demands of all cellular metabolic reactions. Some photosynthetic algal species have the ability to uptake and metabolise organic carbon molecules for use as both an energy and carbon source, a phenomenon called mixotrophy. While many studies have investigated the impact of mixotrophy on growth, the influence of this additional flux of carbon and energy on algal metabolism is not fully understood. As outlined in Chapter 1, there is significant potential to improve the economic and environmental sustainability of algae biofuels (and bioproducts) through improving our understanding of the metabolism of microalgae. Equally mixotrophy was highlighted as a strategy to potentially improve the sustainability of microalgae production. Accordingly, the underlying aim of this research project was to investigate the interaction of organic carbon uptake with photosynthesis and growth, and in the context of biofuel generation, the impact of organic carbon on the TAG accumulation response of algae to N stress. 
[bookmark: _Toc460524729][bookmark: _Toc462059838]Characterisation and identification of Micractinium inermum 
[bookmark: _Toc460524730][bookmark: _Toc462059839]Research presented
Initial work, outlined in Chapter 3, involved the morphological and molecular characterisation of a locally isolated species, indentified as Micractinium inermum. This work highlighted the difficultly of characterising spherical and featureless alga from morphology alone. Furthermore, 18S rDNA characterisation, typically used for eukaryotic identification did not allow for accurate identification for a species in the very closely related Chlorella clade. Expanded work aligning the small subunit of rDNA (18S) and the less conserved region of internally transcribed spacers (ITS) provided a more precise identification. Moreover, modelling of the ITS2 secondary structure, highly conserved among species, supported the identification of the species of interest as M. inermum. 
Previous work on this genus suggested that M. inermum may grow mixotrophically, which justified initial growth characterisation and expanded work on the various effects of organic uptake on alga metabolism
[bookmark: _Toc460524731][bookmark: _Toc462059840]Further work
Additional molecular data work could involve barcode gap analysis, in which the % difference of sequences between closely related species is compared against a threshold of intra and interspecies variation (Meyer and Paulay, 2005). While the methodology used in this study is generally considered to be robust, there has been some discussion on drawbacks of using ITS sequences alone for phylogeny (due to lack on conservation, introgression and biparental inheritance) (Álvarez and Wendel, 2003; Hadi et al., 2016). Further phylogenetic characterisation could be conducted utilising a two-step DNA bar coding approach, using ITS regions in addition to a protein coding sequence such as rbcL (Ribulose Bisphosphate Carboxylase Large subunit gene) (Hadi et al., 2016). Only a few rbcL sequences for the Micractinium genus have been characterised to date, therefore sequencing would need to be done on numerous species for meaningful analysis.   
An interesting feature of the Micractinium genus is phenotypic plasticity which allows the organism to grow bristles surrounding the cell wall in response to predation. M. inermum (meaning defenceless) was named thus due to a lack of bristles, however the alga’s response to predation in unknown. Consequently in future work it would be interesting to carry out a biotest on this species, which may ultimately led to consideration of species renaming. 
[bookmark: _Toc460524732][bookmark: _Toc462059841]Investigation of synergy between photosynthesis and metabolism organic carbon in Micractinium inermum
[bookmark: _Toc460524733][bookmark: _Toc462059842]Research presented
Within Chapter 4 an investigation was carried which built on earlier studies on the impact of organic carbon uptake on growth, specifically interaction of the heterotrophic and autotrophic metabolic components. Initial growth characterisation demonstrated the ability M. inermum to grow on both acetate and glucose carbon sources in the light (mixotrophic) and in the dark (heterotrophic). Surprisingly, the specific growth rate of M. inermum under mixotrophic conditions was significantly higher than the summation of autotrophic and heterotrophic growth, indicating a synergistic mechanism. It was hypothesised that the enhanced growth was due to ‘synergistic gas exchange’, in which CO2 produced by organic carbon consumption fed in to the otherwise CO2 limited Calvin cycle, while photosynthetically generated O2 is consumed by cellular respiration of acetate derived metabolites. To test this hypothesis, preliminary experiments were carried out, in which photoautotrophic cultures were aerated with different concentrations of CO2. This experiment indicated that autotrophic growth was significantly limited by CO2 availability, with 5% CO2 aeration leading to a 6 fold increase in specific growth rate and 80 fold increase in productivity compared to flask cultures. In contrast, a parallel experiment with aerated heterotrophic cultures revealed the degree of O2 limitation on heterotrophic growth was relatively minor. Subsequently the dissolved inorganic carbon (DIC) and oxygen (DO), and rate of photosynthesis and respiration was monitored during the growth of M. inermum under autotrophic, heterotrophic and mixotrophic. Importantly the rates of photosynthesis and respiration were analysed without prior cell normalisation in order to prevent altering the medium dissolve gas concentration. The results demonstrated that mixotrophic cultures produced an endogenic source of both CO2 and O2 (which both significantly accumulated in the culture medium) during the log phase of growth (in which acetate is available). This increase in DIC and DO in mixotrophic cultures was concurrent with a 3.9 fold and 2.7 fold increase in the rate of photosynthesis and respiration relative to autotrophic and heterotrophic cultures respectively. Based on this result it was concluded that both endogenic CO2 and O2 production enhanced metabolic activity, however the evidence linking higher O2 concentration with respiration was limited. 
Photoassimulation was not considered as a mechanism for higher respiration in mixotrophic conditions because earlier research demonstrated photoassimulation did not occur in closely related species. However, a subsequent experiment presented in Chapter 6, indicated M. inermum uptakes acetate at a faster rate when CEF is active. Consequently the higher respiration rate observed in Chapter 4 is likely to be due to photoassimulation, with CEF providing additional ATP for acetate uptake. Despite this revelation the conclusions of the work still stand; mixotrophic growth enables synergy between the metabolism of acetate and photosynthesis, with light providing energy for enhanced acetate uptake and respiration producing a higher CO2 concentration to enable a higher rate of photosynthetic carbon fixation. 
It is very important to note, that this experiment was carried out in non-aerated conditions with daily agitation. Consequently the CO2 limitation on the autotrophic treatment analysed in the experiment would have been higher than aerated conditions in which algae are typically grown for commercial production. Under conditions in which CO2 is not limited the rate of photosynthesis would likely be higher in autotrophic cultures compared to mixotrophic growth due to higher chlorophyll content. On the other hand endogenic production of CO2 may allow faster rates of fixation than cells reliant on exogenic CO2 sources.  Nevertheless the data presented here demonstrates that mixotrophic conditions can be used as a tool to reduce the substantial costs and limiting factors associated with aeration (at the expense of an organic carbon source).
[bookmark: _Toc460524734][bookmark: _Toc462059843]Further work
Further investigation into the synergistic element of mixotrophic growth can be separated into two elements. Firstly, in order to address the commercial relevance of this work, experiments could be carried out to compare the rate of photosynthesis, respiration and growth of both autotrophic and mixotrophic cultures under different levels of aeration. This work may elucidate the aeration threshold in which endogenous CO2 production is no longer beneficial to photosynthetic growth. Beyond this, a potential avenue of research would be to carry out a cost-benefit analysis and life cycle assessment to assess and guide economical and sustainable use of mixotrophic growth for production of algae biomass (for either biofuels or other products). 
Secondly, in order to investigate further into the metabolic impact of endogenic CO2 production and photoassimilation in M. inermum it would be it would be informative to carry out a high temporal resolution carbon isotope experiment (acetate-13C2) to track the fate of carbon derived from acetate in both the medium and in vivo. Furthermore the impact of light on acetate assimilation could be investigated more extensively, by carrying out a short-term DCMU experiment, measuring respiration rate and acetate uptake on mixotrophic M. inermum cells. This work could be expanded to assess photoassimulation in other closely related Chlorella species, in which photoassimulation has not been reported.  
[bookmark: _Toc460524735][bookmark: _Toc462059844]Influence of organic carbon and photoperiod on metabolic response to N stress in Chlamydomonas reinhardtii
[bookmark: _Toc460524736][bookmark: _Toc462059845]Research presented
In Chapter 5 an experiment was conducted to investigate the influence of organic carbon and photoperiod on the nitrogen stress response of the model alga species C. reinhardtii. Again this research was carried out with commercial production in mind, as previous studies had almost exclusively focused on the nitrogen stress response of C. reinhardtii in mixotrophic conditions under continuous light. Conventional microalgae production uses neither of these conditions, therefore a comparison of the N stress response of microalgae with different trophic modes and photoperiods would be enlightening. A variety of parameters were analysed, including expression of key genes involved in the central carbon metabolism, with aim of elucidating the metabolic route of carbon assimilation and storage under different conditions. 
Results of this study indicated that both organic carbon availability and photoperiod have a significant impact on the metabolic response of C. reinhardtii to N stress. Acetate assimilation was correlated with rapid accumulation of starch within the first 12 hours, followed by a gradual increase in TAG content. In contrast photoautotrophic cultures, which were likely to be carbon limited, slowly accumulated starch over the experimental time course, reaching a similar concentration to that observed in mixotrophic cultures. Additionally, TAG synthesis was limited in photoautotrophic cultures, increasing after only after 48 hours and reaching just 20% of the peak cellular TAG content measured in mixotrophic cultures. In addition, mixotrophic cultures experienced a faster rate of chlorophyll degradation, fall in rbsc2 expression and Fv/Fm, indicating a shift towards a heterotrophic dominant metabolism. A recently published study by Juergens et al., (In press), indicated that the initial starch synthesis in mixotrophic cells is largely fed through carbon shunted from the Calvin cycle. This fits well with both the rapid drop in icl1 expression observed in mixotrophs, indicating an immediate shift of acetyl-CoA towards fatty acid synthesis and the drop in photosynthetic capacity after the major phase of starch synthesis. The significantly higher rate of starch synthesis in mixotrophic cultures compared to autotrophic cultures may therefore be due to a higher rate of CO2 assimilation due to high endogenous production, as discussed in the previous chapter. 
C. reinhardtii response to N stress under a diurnal photoperiod was more complex. The data suggested starch was particularly important component in N replete conditions, providing an efficient short term carbon and energy sink for catabolism during the dark period. N stress did not significantly alter the circadian rhythm of starch anabolism in the light and catabolism in the dark (which has been reported previously, Ral et al. 2006). TAG synthesis was interrupted, and icl1 expression in autotrophic indicated lipids was catabolised during the dark period in the autotrophic treatment. Ultimately, as may be expected, photoperiod led to a reduction in TAG biosynthesis, and a shift to further starch accumulation in mixotrophic cultures, but had no impact on the degradation of photosynthetic capacity. 
[bookmark: _Toc460524737][bookmark: _Toc462059846]Further work
One of the major limitations of this study was the limited scope of gene expression analysis. Given the range of treatments analysed and high frequency of sampling, an analysis of the entire transcriptome was not feasible with the limited resources available for the project. Analysis of selected genes did provided a good indication of the key differences in metabolic responses, however many more questions regarding the source of reductant power, response of glycolysis, starch and lipid catabolism and synthesis and ROS production could have been explored with RNA sequencing (RNA seq), and may have increase the impact of this research. Additionally the work involved in preparing and analysing gene expression of all treatments and time points through qPCR was extremely time intensive, ultimately reducing time available for other avenues of research. Consequently, for future work in this area RNA seq, perhaps using a similar experiment would be advantageous. Furthermore a full ‘omic’ analysis of the proteome and metabolome would determine whether specific changes in expression changes led to changes in the activity of corresponding pathways. 
Another potential avenue for future research would be to carry out the experiment with specific nitrogen replete control treatments for each trophic mode and photoperiod. Given the already broad scope of the experiment a mixotrophic continuous light control was chosen as a single control to represent the response of C. reinhardtii under stable N replete conditions. However, the use of a batch experiment meant the conditions were not stable as cell density and light limitation increased and acetate concentration decreased over the experiment time course. Furthermore, the circadian rhythm of cultures under a 12 hour photoperiod in N replete conditions was not determined. Consequently previous literature (albeit with more extensive RNA seq data) was relied upon for comparison with N deplete conditions (Zones et al. 2015). Ultimately this may have limited interpretation of the data, and therefore examination of these controls may be revealing. 
In order to elucidate if the mixotrophic specific responses to N stress are due to organic carbon supplementation or addition total carbon availability it would be informative to have an additional autotrophic treatment with CO2 aeration. It would be useful to also have a mixotrophic treatment with a similar total carbon input (constant supply of organic carbon with or without CO2 areation). Given that photosynthetic capacity is degraded rapidly under N stress, it would be expected that this experiment would produce similar trends as documented in Chapter 5.  
Finally, as with the previous chapter, a carbon isotope experiment with both acetate-13C2 and Carbon-13C-dioxide would provide a more powerful tool for determining carbon flow in all treatments. It addition to confirming the results reported by Juergens et al., (In press), analysis would also useful for determining the flow of carbon in autotrophic cultures and determining catabolism of carbon stores during the dark period of cultures grown under diurnal light. 
[bookmark: _Toc460524738][bookmark: _Toc462059847]Investigating the role of photosynthesis on lipid metabolism of the green algae
[bookmark: _Toc460524739][bookmark: _Toc462059848]Research presented
Work presented in Chapter 6 outlines an investigation on the influence of photosynthesis on TAG accumulation in C. reinhardtii (and M. inermum) supplemented with organic carbon. Previous literature, particularly (Fan et al., 2012a), had found that under N deplete conditions C. reinhardtii cells require light for significant accumulation of TAG. As work in Chapter 6 and previous literature has shown, the majority of TAG is accumulated after a period of rapid photosynthetic degradation. An alternative hypothesis, investigated in Chapter 6, is that activity of CEF enables significantly higher acetate uptake, which is funnelled towards fatty acid synthesis. In order to stimulate CEF but not LEF a far-red light (FR light) illumination chamber was designed and tested. The same methodology of biochemical and gene expression analysis was used as in Chapter 5. The major discovery from this work was that FR light (and assumed CEF activity) increased acetate uptake and the speed of the response of acetate metabolism, starch and lipid biosynthesis genes compared to a dark heterotrophic control. This expression response was concomitant with higher starch and TAG accumulation. However, FR illumination did not restore the rate of TAG and starch synthesis to levels observed in the mixotrophic PAR light illuminated control. The TAG accumulation response of dark cultures indicates photosynthetic overreduction is unlikely to be the sole stimulant of TAG accumulation in the light. An alternative explanation is provided through the recent aforementioned work of Juergens et al., (In press), in which photosynthetically fixated carbon is primarily directed to starch synthesis, which occurs rapidly in mixotrophic cells, before significant photosynthetic degradation. Without carbon fixation, a significanty proportion of acetate derived carbon in heterotrophic cultures is funnelled towards starch storage in preference to TAG. Illumination with FR light cannot replace the photosynthetically derived carbon but does increase the rate of acetate uptake, allowing faster accumulation of starch and lipid. 
[bookmark: _Toc460524740][bookmark: _Toc462059849]Further work
There are many potential avenues for further work related to the research presented in this chapter. Foremost among these, considering the opposing data reported in Juergens et al., (In press), is a reconfirmation of influence of FR light on acetate uptake. Multiple experiments could be carried out to further support the conclusions of this study, firstly acetate consumption of C. reinhardtii cells in FR light and heterotrophic conditions could be measured in replete conditions using two methods of analysis (enzymatic, NMR, or HPLC). Furthermore, the expression of acetate permease genes and acetyl-CoA synthase could be compared under FR illumination and heterotrophic conditions. Secondly, oxygen evolution could be measured using an improved configuration of the oxygen electrode to enable higher FR light intensity. DCMU could be used in this short term experiment to determine is the higher respiration rate is due to CEF activity alone. Alternatively the DIC and DO of a batch or continuous culture could be monitored to estimate respiration rates. Finally the redox state of the P700 reaction centre could be determined using a similar FR light intensity and spectrum, to ensure FR light induces CEF activity. 
Secondly it would be interesting to further investigate the link between photoprotection, ATP/NADHP balance and TAG and starch accumulation. The ROS accumulation reported in a TAG deficient mutant presented in Li et al. (2012) indicates that there is some role of TAG biosynthesis on reducing ROS production, however the timing and mechanisms are poorly understood. Further investigation using a TAG and starch deficient mutant may augment the phenomenon by Li et al. (2013). Furthermore use of these mutants with a combination of conditions which induce photooxidative stress, such as high light and nitrogen deprivation, in conjunction with analysis of genes which participate in ROS scavenging and cytoplasmic LB production may provide a better understanding of the photoprotective role of TAG biosynthesis. Additionally, the hypothesis of an ATP/NADPH balance trigger of TAG hyperaccumulation in the sta6 mutant after an ‘acetate boost’ could be investigated by analysing cellular concentrations of NADPH and ATP. 
[bookmark: _Toc460524741][bookmark: _Toc462059850]The case of pgd1
[bookmark: _Toc460524742][bookmark: _Toc462059851]Research presented
The gene pgd1 was recently characterised to encode a galactoglycerolipid lipase involved in the flux of plastid fatty acids to TAG synthesis via the ER (Li et al. 2012). Data presented in both Chapter 5 and 6 indicated that pgd1 expression is significantly increased with the availability of organic carbon or during the dark period of a diurnal light cycle. The expression analysis was correlated with an increase in 18:1n9 in the total lipid profile in cultures with an organic carbon source. Although previous research has indicated the organic carbon availability increases the rate of TAG accumulation, to date there has been no research on the effect of organic carbon on the diversion of FA around the lipid synthesis pathway.  
[bookmark: _Toc460524743][bookmark: _Toc462059852]Further work
Further investigation is needed to determine whether pgd1 expression under N stress is due to organic carbon availability or total carbon availability. High expression measured in carbon limited heterotrophic cultures suggests that the availability of organic carbon is a trigger for expression. A simple experiment N stress experiment using different CO2 aeration condition could be carried out in order to test this hypothesis. Furthermore it would be useful to analyse the expression of an array of other genes involved in the lipid synthesis pathway, including both ER and plastid specific Kennedy pathway genes to investigate the impact of organic carbon on the specific synthesis pathway of TAG in C. reinhardtii. 
[bookmark: _Toc460524744][bookmark: _Toc462059853][bookmark: _GoBack]Concluding remarks
Mixotrophic growth, through the uptake of organic carbon, can significantly alter the metabolism of green algae relative to both autotrophic and heterotrophic conditions. The research presented in this thesis demonstrated that the catabolism of organic carbon provided an enriched source of CO2, which enabled a higher rate of photosynthesis relative to cultures grown in carbon limited autotrophic conditions. This relationship was shown to be syngergistic, as exclusive activation of CEF enhanced growth, presumably due to higher ATP availability enabling higher acetate uptake. This mechanism is hypothesised to drive the significantly higher log phase respiration rates in mixotrophic conditions relative to heterotrophic cultures. 
Mixotrophy was also demonstrated to have a significant influence on the response of C. reinhardtii to nitrogen stress. Organic carbon supplementation led to both faster photosynthetic degradation and upregulation of genes involved in carbon storage, a response which was unchanged in cells grown under a diurnal light period. This fast response and the channelling of acetate derived carbon to faty acid biosynthesis led to a 5 fold increase in TAG concentration relative to autotrophic cultures. Organic carbon supplementation alone, with no illumination resulted in stunted TAG accumulation. While CEF activity was shown to contribute to the higher TAG accumulation in mixotrophic conditions, it is likely that the dominant factor driving higher TAG accumulation is mixotrophic cultures is the additional carbon from photosynthetic fixation in the early phase of N stress enables rapid accumulation of the dominant carbon store, starch, with subsequent carbon intake redirected to TAG synthesis. Alternatively, TAG may play a role in photoprotection following N stress. 
Mixotrophy, using a waste organic carbon, is an effective strategy for improving biomass and lipid yields while reducing the costs associated with CO2 aeration and light limitation. Analysis of the metabolic influence of organic carbon supplementation indicates that the direction of carbon flow is instrumental for improving TAG yield. Equally starch plays a vital role during dark periods. Consequently, future metabolic engineering should focus on inducible knock-down or overexpression of gene targets which can significantly alter the route of carbon flux towards fatty acid synthesis without limiting cell growth. Furthermore, this approach is valid for any potential biofuel or bioproduct with a significant carbon sink. 
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Appendix A.

Table A1. Relationship between optical density (600nm), cell density and dry cell weight of Micractinium inermum in different trophic and carbon source conditions
	Conditions
	Organic carbon source
	OD600 and cell density (cells ml-1)
	R2
	OD600 and dry cell weight (mg l-1) 
	R2

	
	
	
	
	
	

	Autotrophic
	None
	
	0.9698
	
	0.9952

	Mixotrophic 
	Sodium acetate 
	
	0.9840
	
	0.9964

	Heterotrophic 
	Sodium acetate
	
	0.9812
	
	0.9951

	Mixotrophic 
	Glucose
	
	0.9999
	
	0.9956

	Heterotrophic 
	Glucose
	
	0.9972
	
	0.9968



Table A2. Relationship between optical density (750nm), cell density and dry cell weight of C. reinhardtii cc-4349 in different trophic conditions in N replete conditions. 
	Conditions
	Organic carbon source
	OD600 and cell density (cells ml-1)
	R2
	OD600 and dry cell weight (g l-1) 
	R2

	
	
	
	
	
	

	Autotrophic
	None
	
	0.9992
	
	0.9952

	Mixotrophic 
	Potasium acetate 
	
	0.9957
	
	0.9964

	Heterotrophic 
	Potasium acetate
	
	0.9967
	
	0.9951

	
	
	
	
	
	

	
	
	
	
	
	










Appendix B.
Sequence Contig:  KM114868
AGCCATGCATGTCTAGTATAAACTGCTTTATACTGTGAAACTGCGAATGGCTCATTAAATCAGTTATAGTTTATTTGATGGTACCTACTACTCGGATACCCGTAGTAAATCTAGAGCTAATACGTGCGTAAATCCCGACTTCTGGAAGGGACGTATTTATTAGATAAAAGGCCGACCGGGCTCTGCCCGACTCGCGGTGAATCATGATAACTTCACGAATCGCATGGCCTTGTGCCGGCGATGTTTCATTCAAATTTCTGCCCTATCAACTTTCGATGGTAGGATAGAGGCCTACCATGGTGGTAACGGGTGACGGAGGATTAGGGTTCGATTCCGGAGAGGGAGCCTGAGAAACGGCTACCACATCCAAGGAAGGCAGCAGGCGCGCAAATTACCCAATCCTGACACAGGGAGGTAGTGACAATAAATAACAATACTGGGCCTTTTCAGGTCTGGTAATTGGAATGAGTACAATCTAAACCCCTTAACGAGGATCAATTGGAGGGCAAGTCTGGTGCCAGCAGCCGCGGTAATTCCAGCTCCAATAGCGTATATTTAAGTTGCTGCAGTTAAAAAGCTCGTAGTTGGATTTCGGGTGGGGCCTGCCGGTCCGCCGTTTCGGTGTGCACTGGCAGGGCCCACCTTGTTGTCGGGGACGGGCTCCTGGGCTTCACTGTCCGGGACTCGGAGTCGACGCTGTTACTTTGAGTAAATTAGAGTGTTCAAAGCAGGCCTACGCTCTGAATACATTAGCATGGAATAACACGATAGGACTCTGGCCTATCCTGTTGGTCTGTAGGACCGGAGTAATGATTAAGAGGGACAGTCGGGGGCATTCGTATTTCATTGTCAGAGGTGAAATTCTTGGATTTATGAAAGACGAACTACTGCGAAAGCATTTGCCAAGGATGTTTTCATTAATCAAGAACGAAAGTTGGGGGCTCGAAGACGATTAGATACCGTCCTAGTCTCAACCATAAACGATGCCGACTAGGGATCGGCGGATGTTTCTTCGATGACTCCGCCGGCACCTTATGAGAAATCAAAGTTTTTGGGTTCCGGGGGGAGTATGGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGCGTGGAGCCTGCGGCTTAATTTGACTCAACACGGGAAAACTTACCAGGTCCAGACATAGTGAGGATTGACAGATTGAGAGCTCTTTCTTGATTCTATGGGTGGTGGTGCATGGCCGTTCTTAGTTGGTGGGTTGCCTTGTCAGGTTGATTCCGGTAACGAACGAGACCTCAGCCTGCTAAATAGTCACGATTGGCTCGCCAGTCGGCGGACTTCTTAGAGGGACTATTGGCGACTAGCCAATGGAAGCATGAGGCAATAACAGGTCTGTGATGCCCTTAGATGTTCTGGGCCGCACGCGCGCTACACTGATGCATTCAACGAGCTTAGCCTTGGCCGAGAGGCCCGGGTAATCTTTGAAACTGCATCGTGATGGGGATAGATTATTGCAATTATTAATCTTCAACGAGGAATGCCTAGTAAGCGCAAGTCATCAGCTTGCGTTGATTACGTCCCTGCCCTTTGTACACACCGCCCGTCGCTCCTACCGATTGGGTGTGCTGGTGAAGTGTTCGGATTGGCGACTGGGGGCGGTCTCCGCTCTCAGCCGCCGAAAGTTCATTAAACCCTCCCACCTAGAGGAAGGAGAAGTCGTAACAAGGTTTCCGTAGGTGAACCTGCGGAAGGATCATTGAATCGATCGAATCCACTCTGGTAACCAACCGTCCCCTCGCCCTGGTGCGAGCGTCGGTCCCCTGTCTGGGGTCTTCTGACCGCAGTTCAGGTCCGGCGGGCCTTACCCCCACGGGTGTCCCCTCGGGGCCCCCTGGGCTGTAGGGTCGGTAATTATATTCAACTCAACCCACCCCAAACCTAAACTTAAACTAAAGCTGTCTAGTGTGTGCATCTCGGTGCCCCACTCTAACCAAAGACAACTCTCAACAACGGATATCTTGGCTCCCGTATCGATGAAGAACGCAGCGAAATGCGATACGTAGTGTGAATTGCAGAATTCCGTGAACCATCGAATCTTTGAACGCAAATTGCGCCCGAGGCTTCGGCCGAGGGCATGTCTGCCTCAGCGTCGGCTTACACCCTCGCTCTCCCTCTCCTTTGGAGTGGATAGAACGGACCTGGCCTTCCCGGCTCCTCTTCGATTCATCGATGAGTCCGGGTCGGCTGAAGTGTAGAGGCTTGAGCATGGACCCCGTTTGCAGGGCAATGACTTGGTAGGTAGCATCGCTACACAGCCTGTCGTTGTCCGAGGGGACTTTGCTGGCGGCCTAGCAGGAATTTCGGGGTGGTTCTGCCACCCCGAATGTCTCACACTTTCGACCTGAGCTCAGGCAAGACTACCCGCTGAACTTAAGCATATCAATAAGCGGAGGAAAAGAAACTAACTAGGATGCCCTTAGTAACGGCGAGCGAACCGGGCAAAGCCCAACTTGAAAATCTCCAGCCTCCGGCTGGCGAATTGTAGTCTATAGAAGTGCTCTCTGCCTCAGTCCGGCCCAAGTCCCCTGGAAAGGGGCGTCAGAGAGGGTGAG
















Appendix C
Forward 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 368 bp
TATAACTGCTTTATACTGTGAAACTGCGAATGGCTCATTAAATCAGTTATAGTTTATTTGATGGTACCTACTACTCGGATACCCGTAGTAAATCTAGAGCTAATACGTGCGTAAATCCCGACTTCTGGAAGGGACGTATTTATTAGATAAAAGGCCGACCGGGCTCTGCCCGACTCGCGGTGAATCATGATAACTTCACGAATCGCATGGCCTTGTGCCGGCGATGTTTCATTCAAATTTCTGCCCTATCAACTTTCGATGGTAGGATAGAGGCCTACCATGGTGGTAACGGGTGACGGAGGATTAGGGTTCGATTCCGGAGAGGGAGCCTGAGAAACGGCTACCACATCCAAGGAAGGCAGCAGGGG
Reverse 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 611 bp
CTGAGAGCGGAGACCGCCCCCAGTCGCCAATCCGAACACTTCACCAGCACACCCAATCGGTAGGAGCGACGGGCGGTGTGTACAAAGGGCAGGGACGTAATCAACGCAAGCTGATGACTTGCGCTTACTAGGCATTCCTCGTTGAAGATTAATAATTGCAATAATCTATCCCCATCACGATGCAGTTTCAAAGATTACCCGGGCCTCTCGGCCAAGGCTAAGCTCGTTGAATGCATCAGTGTAGCGCGCGTGCGGCCCAGAACATCTAAGGGCATCACAGACCTGTTATTGCCTCATGCTTCCATTGGCTAGTCGCCAATAGTCCCTCTAAGAAGTCCGCCGACTGGCGAGCCAATCGTGACTATTTAGCAGGCTGAGGTCTCGTTCGTTACCGGAATCAACCTGACAAGGCAACCCACCAACTAAGAACGGCCATGCACCACCACCCATAGAATCAAGAAAGAGCTCTCAATCTGTCAATCCTCACTATGTCTGGACCTGGTAAGTTTTCCCGTGTTGAGTCAAATTAAGCCGCAGGCTCCACGCCTGGTGGTGCCCTTCCGTCAATTCCTTTAAGTTTCAGCCTTGCGACCATACTCCCCCCGGAACCCA









Appendix D
Forward 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 370 bp
AGCCATGCATGTCTAGTATAAACTGCTTTATACTGTGAAACTGCGAATGGCTCATTAAAT
CAGTTATAGTTTATTTGATGGTACCTACTACTCGGATACCCGTAGTAAATCTAGAGCTAA
TACGTGCGTAAATCCCGACTTCTGGAAGGGACGTATTTATTAGATAAAAGGCCGACCGGG
CTCTGCCCGACTCGCGGTGAATCATGATAACTTCACGAATCGCATGGCCTTGTGCCGGCG
ATGTTTCATTCAAATTTCTGCCCTATCAACTTTCGATGGTAGGATAGAGGCCTACCATGG
TGGTAACGGGTGACGGAGGATTAGGGTTCGATTCCGGAGAGGGAGCCTGAGAAACGGCTA
CCACATCCAAG
Reverse 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 915 bp
CATTCTCTAGGTGGGAGGGTTTAATGAACTTTTCGGCGGCTGAGAGCGGAGACCGCCCCC
AGTCGCCAATCCGAACACTTCACCAGCACACCCAATCGGTAGGAGCGACGGGCGGTGTGT
ACAAAGGGCAGGGACGTAATCAACGCAAGCTGATGACTTGCGCTTACTAGGCATTCCTCG
TTGAAGATTAATAATTGCAATAATCTATCCCCATCACGATGCAGTTTCAAAGATTACCCG
GGCCTCTCGGCCAAGGCTAAGCTCGTTGAATGCATCAGTGTAGCGCGCGTGCGGCCCAGA
ACATCTAAGGGCATCACAGACCTGTTATTGCCTCATGCTTCCATTGGCTAGTCGCCAATA
GTCCCTCTAAGAAGTCCGCCGACTGGCGAGCCAATCGTGACTATTTAGCAGGCTGAGGTC
TCGTTCGTTACCGGAATCAACCTGACAAGGCAACCCACCAACTAAGAACGGCCATGCACC
ACCACCCATAGAATCAAGAAAGAGCTCTCAATCTGTCAATCCTCACTATGTCTGGACCTG
GTAAGTTTTCCCGTGTTGAGTCAAATTAAGCCGCAGGCTCCACGCCTGGTGGTGCCCTTC
CGTCAATTCCTTTAAGTTTCAGCCTTGCGACCATACTCCCCCCGGAACCCAAAAACTTTG
ATTTCTCATAAGGTGCCGGCGGAGTCATCGAAGAAACATCCGCCGATCCCTAGTCGGCAT
CGTTTATGGTTGAGACTAGGACGGTATCTAATCGTCTTCGAGCCCCCAACTTTCGTTCTT
GATTAATGAAAACATCCTTGGCAAATGCTTTCGCAGTAGTTCGTCTTTCATAATCCAAGA
ATTTCACCTCTGACAATGAAATACGAATGCCCCCGACTGTCCCTCTTAATCATTACTCCG
GTCCTACAGACCAACA



Appendix E
Forward 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 936 bp
GCCATGCATGTCTAGTATAAACTGCTTTATACTGTGAAACTGCGAATGGCTCATTAAATC
AGTTATAGTTTATTTGATGGTACCTACTACTCGGATACCCGTAGTAAATCTAGAGCTAAT
ACGTGCGTAAATCCCGACTTCTGGAAGGGACGTATTTATTAGATAAAAGGCCGACCGGGC
TCTGCCCGACTCGCGGTGAATCATGATAACTTCACGAATCGCATGGCCTTGTGCCGGCGA
TGTTTCATTCAAATTTCTGCCCTATCAACTTTCGATGGTAGGATAGAGGCCTACCATGGT
GGTAACGGGTGACGGAGGATTAGGGTTCGATTCCGGAGAGGGAGCCTGAGAAACGGCTAC
CACATCCAAGGAAGGCAGCAGGCGCGCAAATTACCCAATCCTGACACAGGGAGGTAGTGA
CAATAAATAACAATACTGGGCCTTTTCAGGTCTGGTAATTGGAATGAGTACAATCTAAAC
CCCTTAACGAGGATCAATTGGAGGGCAAGTCTGGTGCCAGCAGCCGCGGTAATTCCAGCT
CCAATAGCGTATATTTAAGTTGCTGCAGTTAAAAAGCTCGTAGTTGGATTTCGGGTGGGG
CCTGCCGGTCCGCCGTTTCGGTGTGCACTGGCAGGGCCCACCTTGTTGTCGGGGACGGGC
TCCTGGGCTTCACTGTCCGGGACTCGGAGTCGACGCTGTTACTTTGAGTAAATTAGAGTG
TTCAAAGCAGGCCTACGCTCTGAATACATTAGCATGGAATAACACGATAGGACTCTGGCC
TATCCTGTTGGTCTGTAGGACCGGAGTAATGATTAAGAGGGACAGTCGGGGGCATTCGTA
TTTCATTGTCAGAGGTGAAATTCTTGGATTTATGAAAGACGAACTACTGCGAAAGCATTT
GCCAAGGATGTTTTCATTAATCAAGAACGAAAGTTGGGGGCTCGAAGAC
Reverse 18S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 979 bp
CTACTTCTCTAGGTGGGAGGGTTTATGAACTTTTCGGCGGCTGAGAGCGGAGACCGCCCC
CAGTCGCCAATCCGAACACTTCACCAGCACACCCAATCGGTAGGAGCGACGGGCGGTGTG
TACAAAGGGCAGGGACGTAATCAACGCAAGCTGATGACTTGCGCTTACTAGGCATTCCTC
GTTGAAGATTAATAATTGCAATAATCTATCCCCATCACGATGCAGTTTCAAAGATTACCC
GGGCCTCTCGGCCAAGGCTAAGCTCGTTGAATGCATCAGTGTAGCGCGCGTGCGGCCCAG
AACATCTAAGGGCATCACAGACCTGTTATTGCCTCATGCTTCCATTGGCTAGTCGCCAAT
AGTCCCTCTAAGAAGTCCGCCGACTGGCGAGCCAATCGTGACTATTTAGCAGGCTGAGGT
CTCGTTCGTTACCGGAATCAACCTGACAAGGCAACCCACCAACTAAGAACGGCCATGCAC
CACCACCCATAGAATCAAGAAAGAGCTCTCAATCTGTCAATCCTCACTATGTCTGGACCT
GGTAAGTTTTCCCGTGTTGAGTCAAATTAAGCCGCAGGCTCCACGCCTGGTGGTGCCCTT
CCGTCAATTCCTTTAAGTTTCAGCCTTGCGACCATACTCCCCCCGGAACCCAAAAACTTT
GATTTCTCATAAGGTGCCGGCGGAGTCATCGAAGAAACATCCGCCGATCCCTAGTCGGCA
TCGTTTATGGTTGAGACTAGGACGGTATCTAATCGTCTTCGAGCCCCCAACTTTCGTTCT
TGATTAATGAAAACATCCTTGGCAAATGCTTTCGCAGTAGTTCGTCTTTCATAAATCCAA
GAATTTCACCTCTGACAATGAAATACGAATGCCCCCGACTGTCCCTCTTAATCATTACTC
CGGTCCTACAGACCAACAGGATAGGCCAGAGTCCTATCGTGTTATTCCATGCTAATGTAT
TCAGA
Forward ITS1 sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 1007 bp
AGCCATGCATGTCTAAGTATAAACTGCTTTATACTGTGAAACTGCGAATGGCTCATTAAA
TCAGTTATAGTTTATTTGATGGTACCTACTACTCGGATACCCGTAGTAAATCTAGAGCTA
ATACGTGCGTAAATCCCGACTTCTGGAAGGGACGTATTTATTAGATAAAAGGCCGACCGG
GCTCTGCCCGACTCGCGGTGAATCATGATAACTTCACGAATCGCATGGCCTTGTGCCGGC
GATGTTTCATTCAAATTTCTGCCCTATCAACTTTCGATGGTAGGATAGAGGCCTACCATG
GTGGTAACGGGTGACGGAGGATTAGGGTTCGATTCCGGAGAGGGAGCCTGAGAAACGGCT
ACCACATCCAAGGAAGGCAGCAGGCGCGCAAATTACCCAATCCTGACACAGGGAGGTAGT
GACAATAAATAACAATACTGGGCCTTTTCAGGTCTGGTAATTGGAATGAGTACAATCTAA
ACCCCTTAACGAGGATCAATTGGAGGGCAAGTCTGGTGCCAGCAGCCGCGGTAATTCCAG
CTCCAATAGCGTATATTTAAGTTGCTGCAGTTAAAAAGCTCGTAGTTGGATTTCGGGTGG
GGCCTGCCGGTCCGCCGTTTCGGTGTGCACTGGCAGGGCCCACCTTGTTGTCGGGGACGG
GCTCCTGGGCTTCACTGTCCGGGACTCGGAGTCGACGCTGTTACTTTGAGTAAATTAGAG
TGTTCAAAGCAGGCCTACGCTCTGAATACATTAGCATGGAATAACACGATAGGACTCTGG
CCTATCCTGTTGGTCTGTAGGACCGGAGTAATGATTAAGAGGGACAGTCGGGGGCATTCG
TATTTCATTGTCAGAGGTGAAATTCTTGGATTTATGAAAGACGAACTACTGCGAAAGCAT
TTGCCAAGGATGTTTTCATTAATCAAGAACGAAAGTTGGGGGCTCGAAGACGATTAGATA
CCGTCCTAGTCTCAACCATAAACGATGCCGAC
Reverse ITS1 sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 567 bp
AGAGAGCTCTCATCTGTCATCCTCACTATGTCTGGACCTGGTAAGTTTTCCCGTGTTGAG
TCAAATTAAGCCGCAGGCTCCACGCCTGGTGGTGCCCTTCCGTCAATTCCTTTAAGTTTC
AGCCTTGCGACCATACTCCCCCCGGAACCCAAAAACTTTGATTTCTCATAAGGTGCCGGC
GGAGTCATCGAAGAAACATCCGCCGATCCCTAGTCGGCATCGTTTATGGTTGAGACTAGG
ACGGTATCTAATCGTCTTCGAGCCCCCAACTTTCGTTCTTGATTAATGAAAACATCCTTG
GCAAATGCTTTCGCAGTAGTTCGTCTTTCATAAATCCAAGAATTTCACCTCTGACAATGA
AATACGAATGCCCCCGACTGTCCCTCTTAATCATTACTCCGGTCCTACAGACCAACAGGA
TAGGCCAGAGTCCTATCGTGTTATTCCATGCTAATGTATTCAGAGCGTAGGCCTGCTTTG
AACACTCTAATTTACTCAAAGTAACAGCGTCGACTCCGAGTCCCGGACAGTGAAGCCCAG
GAGCCCGTCCCCACAACCAA
Forward 5.8S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 847 bp
CTGCGAGCTTTGCCAGGATGTTTTCATTAATCAAGAACGAAAGTTGGGGGCTCGAAGACG
ATTAGATACCGTCCTAGTCTCAACCATAAACGATGCCGACTAGGGATCGGCGGATGTTTC
TTCGATGACTCCGCCGGCACCTTATGAGAAATCAAAGTTTTTGGGTTCCGGGGGGAGTAT
GGTCGCAAGGCTGAAACTTAAAGGAATTGACGGAAGGGCACCACCAGGCGTGGAGCCTGC
GGCTTAATTTGACTCAACACGGGAAAACTTACCAGGTCCAGACATAGTGAGGATTGACAG
ATTGAGAGCTCTTTCTTGATTCTATGGGTGGTGGTGCATGGCCGTTCTTAGTTGGTGGGT
TGCCTTGTCAGGTTGATTCCGGTAACGAACGAGACCTCAGCCTGCTAAATAGTCACGATT
GGCTCGCCAGTCGGCGGACTTCTTAGAGGGACTATTGGCGACTAGCCAATGGAAGCATGA
GGCAATAACAGGTCTGTGATGCCCTTAGATGTTCTGGGCCGCACGCGCGCTACACTGATG
CATTCAACGAGCTTAGCCTTGGCCGAGAGGCCCGGGTAATCTTTGAAACTGCATCGTGAT
GGGGATAGATTATTGCAATTATTAATCTTCAACGAGGAATGCCTAGTAAGCGCAAGTCAT
CAGCTTGCGTTGATTACGTCCCTGCCCTTTGTACACACCGCCCGTCGCTCCTACCGATTG
GGTGTGCTGGTGAAGTGTTCGGATTGGCGACTGGGGGCGGTCTCCGCTCTCAGCCGCCGA
AAAGTTCATTAAACCCTCCCACCTAGAGGAAGGAGAAGTCGTAACAAGGTTTCCGTAGT
Reverse 5.8S sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 864 bp
CTGCTCGACTTCTCCTTCCTCTAGGTGGGAGGGTTTAATGAACTTTTCGGCGGCTGAGAG
CGGAGACCGCCCCCAGTCGCCAATCCGAACACTTCACCAGCACACCCAATCGGTAGGAGC
GACGGGCGGTGTGTACAAAGGGCAGGGACGTAATCAACGCAAGCTGATGACTTGCGCTTA
CTAGGCATTCCTCGTTGAAGATTAATAATTGCAATAATCTATCCCCATCACGATGCAGTT
TCAAAGATTACCCGGGCCTCTCGGCCAAGGCTAAGCTCGTTGAATGCATCAGTGTAGCGC
GCGTGCGGCCCAGAACATCTAAGGGCATCACAGACCTGTTATTGCCTCATGCTTCCATTG
GCTAGTCGCCAATAGTCCCTCTAAGAAGTCCGCCGACTGGCGAGCCAATCGTGACTATTT
AGCAGGCTGAGGTCTCGTTCGTTACCGGAATCAACCTGACAAGGCAACCCACCAACTAAG
AACGGCCATGCACCACCACCCATAGAATCAAGAAAGAGCTCTCAATCTGTCAATCCTCAC
TATGTCTGGACCTGGTAAGTTTTCCCGTGTTGAGTCAAATTAAGCCGCAGGCTCCACGCC
TGGTGGTGCCCTTCCGTCAATTCCTTTAAGTTTCAGCCTTGCGACCATACTCCCCCCGGA
ACCCAAAAACTTTGATTTCTCATAAGGTGCCGGCGGAGTCATCGAAGAAACATCCGCCGA
TCCCTAGTCGGCATCGTTTATGGTTGAGACTAGGACGGTATCTAATCGTCTTCGAGCCCC
CAACTTTCGTTCTTGATTAATGAAAACATCCTTGGCAAATGCTTTCGCAGTAGTTCGTCT
TTCATAAATCCAGATCT

Forward ITS2 sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 965 bp
TCGCTCTCAGCCGCCGAAAGTTCATTAAACCCTCCCACCTAGAGGAAGGAGAAGTCGTAA
CAAGGTTTCCGTAGGTGAACCTGCGGAAGGATCATTGAATCGATCGAATCCACTCTGGTA
ACCAACCGTCCCCTCGCCCTGGTGCGAGCGTCGGTCCCCTGTCTGGGGTCTTCTGACCGC
AGTTCAGGTCCGGCGGGCCTTACCCCCACGGGTGTCCCCTCGGGGCCCCCTGGGCTGTAG
GGTCGGTAATTATATTCAACTCAACCCACCCCAAACCTAAACTTAAACTAAAGCTGTCTA
GTGTGTGCATCTCGGTGCCCCACTCTAACCAAAGACAACTCTCAACAACGGATATCTTGG
CTCCCGTATCGATGAAGAACGCAGCGAAATGCGATACGTAGTGTGAATTGCAGAATTCCG
TGAACCATCGAATCTTTGAACGCAAATTGCGCCCGAGGCTTCGGCCGAGGGCATGTCTGC
CTCAGCGTCGGCTTACACCCTCGCTCTCCCTCTCCTTTGGAGTGGATAGAACGGACCTGG
CCTTCCCGGCTCCTCTTCGATTCATCGATGAGTCCGGGTCGGCTGAAGTGTAGAGGCTTG
AGCATGGACCCCGTTTGCAGGGCAATGACTTGGTAGGTAGCATCGCTACACAGCCTGTCG
TTGTCCGAGGGGACTTTGCTGGCGGCCTAGCAGGAATTTCGGGGTGGTTCTGCCACCCCG
AATGTCTCACACTTTCGACCTGAGCTCAGGCAAGACTACCCGCTGAACTTAAGCATATCA
ATAAGCGGAGGAAAAGAAACTAACTAGGATGCCCTTAGTAACGGCGAGCGAACCGGGCAA
AGCCCAACTTGAAAATCTCCAGCCTCCGGCTGGCGAATTGTAGTCTATAGAAGTGCTCTC
TGCCTCAGTCCGGCCCAAGTCCCCTGGAAAGGGGCGTCAGAGAGGGTGAG


Reverse ITS2 sequence read of unidentified Chlorella like algae (later identified as M. inermum) – 954 bp
TCAGATCAGTCCACGGGGTTCTCACCCTCTCTGACGCCCCTTTCCAGGGGACTTGGGGCC
GGACTGAGGCAGAGAGCACTTCTATAGACTACAATTCGCCAGCCGGAGGCTGGAGATTTT
CAAGTTGGGCTTTGCCCGGTTCGCTCGCCGTTACTAAGGGCATCCTAGTTAGTTTCTTTT
CCTCCGCTTATTGATATGCTTAAGTTCAGCGGGTAGTCTTGCCTGAGCTCAGGTCGAAAG
TGTGAGACATTCGGGGTGGCAGAACCACCCCGAATTCCTGCTAGGCCGCCAGCAAAGTCC
CCTCGGACAACGACAGGCTGTGTAGCGATGCTACCTACCAAGTCATTGCCCTGCAAACGG
GGTCCATGCTCAAGCCTCTACACTTCAGCCGACCCGGACTCATCGATGAATCGAAGAGGA
GCCGGGAAGGCCAGGTCCGTTCTATCCACTCCAAAGGAGAGGGAGAGCGAGGGTGTAAGC
CGACGCTGAGGCAGACATGCCCTCGGCCGAAGCCTCGGGCGCAATTTGCGTTCAAAGATT
CGATGGTTCACGGAATTCTGCAATTCACACTACGTATCGCATTTCGCTGCGTTCTTCATC
GATACGGGAGCCAAGATATCCGTTGTTGAGAGTTGTCTTTGGTTAGAGTGGGGCACCGAG
ATGCACACACTAGACAGCTTTAGTTTAAGTTTAGGTTTGGGGTGGGTTGAGTTGAATATA
ATTACCGACCCTACAGCCCAGGGGGCCCCGAGGGGACACCCGTGGGGGTAAGGCCCGCCG
GACCTGAACTGCGGTCAGAAGACCCCAGACAGGGGACCGACGCTCGCACCAGGGCGAGGG
GACGGTTGGTTACCAGAGTGGATTCGATCGATTCAATGATCCTTCCGCAGGTTCACCTAC
GGAAACCTTGTTACGACTTCTCCTTCCTCTAGGTGGGAGGGG
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Figure A1. Method for measuring TDIC. 1) Purging the manifold. Turn top valve clockwise and push CO2 free air through the manifold to purge of CO2. Insert a syringe with pre-filtered 3-5ml culture sample to the bottom insert. Turn the top valve anticlockwise and refill syringe. 2) Inserting the headspace. Turn the top value clockwise. Transfer the CO2 free air into the sample syringe. 3) Transfer Acid. Turn the top valve two turns clockwise and the middle and bottom valve one turn clockwise. Transfer the acid to the sample syringe. Refill the CO2 free air syringe. 4) Agitate. Turn the top valve clockwise and the middle and bottom valve anticlockwise. Transfer a small amount of CO2 free air to clear the manifold of residual acid. Turn the bottom valve anticlockwise and agitate the manifold to free the CO2 from the solution. 5) Transfer the headspace. Turn the bottom and middle valve clockwise. Transfer the sample headspace into the middle Headspace syringe. 6) Purging the IRGA. Turn the middle valve anticlockwise and the top valve anticlockwise 2 turns. Empty the remaining CO2free air into the infra-red gas analyser (IRGA) to purge. 7) Taking CO2 measurement. Turn the middle valve anticlockwise and the top valve clockwise. Transfer the headspace into the IRGA in 3 pulses, record the output. 8) Calibrate. Repeat the process with a range of five 0-1M Na2CO3 solutions and use the output for DIC calibration, 
















Appendix G
Figure  A2. Fatty acid composition (µg mg DCW-1) 144 hrs after resuspension in N deplete or N replete (control) medium. Treatment conditions outlined in Table 12. Error bars represent standard error (n=3). 




























Appendix H
Figure A3. Growth curve of C. reinhardtii grown in the weak FR light (>715 nm, first FR light chamber) or in the dark (heterotrophic) as a control. A higher initial inoculum was used in this experiment to previous experiments (5% v/v) which contributed to higher cell densities but similar specific growth rates. Error bars indicate standard error (n=3) 
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Figure  A4. Fatty acid composition (µg mg DCW-1) 144 hrs after resuspension in N deplete or N replete (control) medium. Error bars represent standard error (n=3). 
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Species Growth Light intensity  Organic Carbon Aeration w(d? Bu Pl Source
condition  (Pmolsm”s?) Hat Be (mgltd?)
M. inermum  Autotrophic 91 None Shaken daily 0.38+£0.04 - 10.55 +0.55 This study
“ Mixotrophic 91 NaAc (1.2 gl™) Shaken daily 218+0.07 - 351.50 +7.18
“ Heterotrophic - NaAc (1.2 gl™) Shaken daily 0.87+0.07 174 42.04+0.4
“ Mixotrophic 91 Glucose (1.2g 1) Shaken daily 246+0.04 - 373.37+23.1
“ Heterotrophic - Glucose (1.2g 1) Shaken daily 140+0.09 137 32.70+1.75
H. pluvialis  Autotrophic 20 None Shaken daily 032 - - Kobayashi et al., 1992
“ Mixotrophic 20 NaAc (0.6 gI™) Shaken daily 0.57 - -
“ Heterotrophic - NaAc (0.6 gI™) Shaken daily 0.18 114 -
C. vulgaris Autotrophic 70.2 None Shaken cont. +2% CO, 2.64 - - Ogawa and Aiba, 1981
Mixotrophic 70.2 Glucose (5g17) Shaken cont. + Air 475 - -
Heterotrophic - Glucose (5g17) Shaken cont. 235 0.95 -
S. acutus Autotrophic 70.2 None Shaken cont. +2% CO, 1.46 - -
Mixotrophic 70.2 Glucose (0.5g1")  Shaken cont. 115 - -
Heterotrophic - Glucose (0.5g1")  Shaken cont. 0.96 0.48 -
C. vulargis Autotrophic 150 None Shaken 0.85+0.02 - - Martinez and Orus, 1991
Mixotrophic 150 Glucose (5g17) Shaken 248+0.09 - -
Heterotrophic - Glucose (5g17) Shaken 1.08+0.01 128 -
Autotrophic 150 None Shaken cont. +2% CO, 1.95+0.09 - -
Mixotrophic 150 Glucose (5g17) Shaken cont. +2%C0O, 3.16+0.07 - -
Heterotrophic - Glucose (5g17) Shaken cont. + Air 1.2+0.05 1 -
C. humicola  Autotrophic 70 None None 0.21+£0.04 - - Laliberte & de Noiiie, 1993
Mixotrophic 70 NaAc (0.82 gI™) None 166+024 - -
Heterotrophic - NaAc (0.82 gI™) None 078+021 168 -

Values denoted by a different letter at each data point differ significantly at p <0.01 by (*denoted log transformed) one-way ANOVA and Tukey analysis.
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