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Abstract 

The outer walls of pollen and spores are formed from sporopollenin: a strong, 

chemically inert biopolymer. In this thesis, several methods were applied to a range of 

pollen and spore species with the primary aim of removing all non-sporopollenin 

material, which may elicit an allergic response in some humans. The ultimate goal was 

to produce hollow, sporopollenin microcapsules from both pollen and spores and 

subsequently evaluate their properties and potential uses. 

 

Microcapsules were prepared from Lycopodium clavatum spores according to a 

published base and acid treatment. The base step of this treatment caused notable 

damage to the pollen species investigated. Acetolysis was evaluated as an alternative 

method. It successfully removed most non-sporopollenin material, but turned all pollen 

and spore species investigated dark brown. As lighter-coloured microcapsules are 

usually desirable, acetolysed pollen and spores could not be used as microcapsules 

without bleaching. 

 

A published enzyme treatment applied to pollen failed to remove most non-

sporopollenin material and caused pollen from one species to crack. This method was 

therefore not considered suitable to produce microcapsules from the pollen species 

studied.  

 

Attempts were made to encapsulate Lactobacillus bacteria inside enzyme-treated Betula 

fontinalis pollen. Light microscopy indicated that although encapsulation possibly took 

place, further analysis, as well as optimisation of the encapsulation method, would be 

desirable. 

 

Pollen and spores from a range of species were successfully differentiated according to 

their fluorescence emission spectra. All contained several similar, intense emission 

peaks, attributed to sporopollenin. Rhodamine B’s emission shifted to longer 

wavelength after binding to pollen and spores, and also quenched emission from 

sporopollenin. Rhodamine B bound preferentially to pollen walls rather than their 

protoplasts. Fluorescence studies confirmed p-coumaric acid and ferulic acid as 

potential sporopollenin proxies. 
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Chapter 1: 

Introduction
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1  Introduction 
Pollen and spores protect the genetic information and form part of the reproductive 

cycles of flowering plants, fungi, mosses, some bacteria and protozoans. They also act 

as vectors to transport this genetic information. Understanding the structural features 

and chemical composition of pollen and spores enables us to relate structure to function. 

This knowledge facilitates the selection of suitable species for use as microcapsules. It 

is also key to determining the extent to which methods applied are able to remove 

material from pollen and spores to produce these microcapsules. 

1.1 Pollen and spore structure 

The structural features of pollen and spores are considered to be broadly 

interchangeable. They both consist of a wall, made up of several layers, which 

surrounds the cytoplasmic contents. A cross-section of the layers present in both pollen 

and spores is shown in Figure 1.1. A good understanding of the structures present 

allows a careful evaluation of the effects of a range of treatments applied to both pollen 

and spores (see section 1.4).  
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Figure 1.1: Cross-sections of the layers present within spores and pollen grains 

1.1.1 Pollenkitt 

Pollenkitt is a sticky lipid substance that can be found on the surface of some species of 

pollen, but not on spores. For example, pollen from the genus Lilium has this coating, 

but it is absent from the pollen in the Poaceae family.1 Its functions are numerous and 

include: (1) facilitating pollination; (2) protecting pollen from ultraviolet (UV) radiation 

and pathogens; and (3) limiting water loss from grains.2, 3 

1.1.2 Exine and exospore 

The outermost wall layer present in pollen is the exine and in spores it is the exospore. 

The function of the exine and exospore is to protect the contents of the pollen grain or 
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spore while facilitating processes such as dehydration and rehydration and the 

movement of materials into and out of the spore or pollen grain. These wall layers are 

composed of a chemically and physically resilient biopolymer termed sporopollenin. 

The structure of this substance remains hotly debated and is discussed in more detail 

later in this chapter (see section 1.2.1).  

 

The exine of pollen grains can be further sub-divided into two layers, in terms of 

composition and function: the endexine and ektexine. The endexine is a layer in its own 

right, whereas the ektexine is composed of the foot layer; the infratectum; the tectum; 

and any pollenkitt present.4 Most species exhibit this layered structure, with all elements 

present. However, in some species layers may be missing, or completely 

homogeneous.5, 6 Transmission electron microscopy highlights how differently the 

exine (and other wall components) can appear in various genera (Figure 1.2).7 Care 

must be taken when assigning these layers via transmission electron microscopy 

(TEM).8  
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Figure 1.2: Transmission electron micrographs of pollen from (a) Salix fragilis (brittle 

willow); (b) Corylus avellana (common hazel); (c) Fraxinus excelsior (common ash); 

(d) Platanus × hispanica (common plane); (e) Syringa vulgaris (common lilac); and (f) 

Quercus robar (English oak)  

ekt = ektexine, end = endexine, i = intine; and p = pollenkitt7 

 

The tectum is part of the ektexine and is a structural feature that can also support 

additional sculpting. This sculpting varies enormously between species and greatly 

assists in the differentiation of species. Extensive classification work has been carried 

out in the fields of palynology and paleopalynology, where comparing modern and 
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fossil pollen respectively can give an indication of historic plant life. The early work of 

G. Erdtman (1897 – 1973) that describes the morphology of pollen and spores is 

particularly noteworthy and underpins many modern studies.9, 10 Sculptural features of 

the tectum continue to be studied in increasing detail as the resolution and magnification 

of scanning electron microscopes continues to improve. 

 

The infratectum is the middle layer of the ektexine and lies between the foot layer and 

the tectum. Its internal structure varies between species, or is sometimes absent 

altogether.11 Its role is to support the sculpting of the tectum. 

 

The layer of the ektexine lying closest to the intine is the foot layer. This can cover the 

whole grain (continuous), may be missing in parts (discontinuous) or is sometimes 

absent altogether. This layer appears to have been little studied and many of the key 

textbooks in this area, including Faegri et al.’s ‘Textbook of pollen analysis’ and Hesse 

et al.’s more modern ‘Pollen Terminology: An Illustrated Handbook’, make only 

passing reference to it.4, 11 

 

The percentage of a spore or pollen grain that is composed of exine material varies 

between species; for example, Lycopodium clavatum (club moss) spores have been 

found to be 23.4 % exine, whereas Narcissuss pseudonarcissus (wild daffodil) pollen is 

thought to be 1.9 % exine by mass.12, 13 This difference in composition may explain why 

some species have tougher exines compared to others. 

1.1.3 Intine and endospore 

The intine (found in pollen) and endospore (found in spores) are considered 

synonymous. The intine lies between the foot layer and the protoplast and does not 

contribute to the outward appearance of the pollen or spore. It is largely composed of 

polysaccharides, including cellulose and pectin.14 It is thought to make up between 2 

and 25 % by mass of a pollen or spore wall (the percentage varies between species).15 

The intine can be readily differentiated from the protoplast and exine using TEM. 
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1.1.4 Protoplast 

As well as two nuclei, the protoplast of both pollen and spores contains other 

cytoplasmic organelles, including endoplasmic reticula, the vacuole, golgi apparatus 

and mitochondria.2 Unlike seeds, pollen and spores do not contain sufficient nutrients to 

sustain prolonged growth. Their function is merely to act as a vector for genetic 

information, and provide just enough energy (sometimes in the form of starch or lipid 

bodies) for pollen tube growth following fertilization.2 Despite containing two nuclei, 

pollen and spores behave as if they were single-celled organisms. 

1.1.5 Apertures and nano-channels 

Apertures are present in both pollen and spores from many species and take the form of 

pores and furrows. The function of these micron-sized channels through the pollen or 

spore wall is twofold: firstly, they facilitate the movement of water and other materials 

into and out of the grain. This allows the grain to switch between its hydrated and 

dehydrated state (the harmomegathic effect). Secondly, apertures provide a weakened 

region of the wall, through which the pollen tube grows during fertilization in flowering 

plants.16 The number of apertures present varies between species. 

 

An aperture in a pollen grain is usually sealed by the endexine, and may sometimes 

contain additional exine material. If this material is in the form of a discrete plug that 

fills most of the aperture, it is termed the operculum. The ektexine surrounding an 

aperture is often thicker, and sometimes a thickened ‘donut’ shaped region termed an 

annulus is present. This can be observed around the single pore of Secale cereale (rye) 

pollen (Figure 1.3). 
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Figure 1.3: Scanning electron micrographs of Secale cereale (rye) pollen at (a) low 

magnification and (b) higher magnification, showing its annulus and pore 

 

As well as apertures, some species possess nano-channels, which traverse all or part of 

the exine and intine. For example, these can be seen in the exine of Lopezia lopezioides 

(a member of the evening primrose family) pollen (Figure 1.4).17 These channels 

provide an additional route for the movement of material between the interior and 

exterior of the spore or pollen grain.18 Compared to apertures, the purpose of nano-

channels has been less well researched.  

 

a b 
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Figure 1.4: Transmission electron micrograph of Lopezia lopezioides pollen.  

Scale bar = 1 µm ek = ektexine; en = endexine; i = intine;  

nc = nano-channel; and p = protoplast17 

 

1.1.6  Size and shape 

The external sculptural features of the exine of pollen and spores have evolved to 

optimize their dispersal in a variety of habitats. As a result, the range of shapes and 

sizes of pollen and spore is substantial. For example, Helianthus annuus (sunflower) 

pollen is pollinated by insects. Its pollen has an oily surface with pointed sculptural 

elements that enable it to stick to pollinating insects. In contrast, wind and water 

pollinated species have much smoother surfaces.  

 

It is challenging to measure the dimensions of pollen and spores in a consistent manner, 

as they are three-dimensional structures with a wide variety of shapes. However, they 

generally range in size from about 2 µm (genus: Myosotis (forget-me-not)), to greater 

than 100 µm (genus: Cucurbita (pumpkin)), with a range of sizes in between. Within 

each species, grains are almost monodisperse in size. Laser diffraction and microscopic 

image analysis have been used to demonstrate the narrow size distribution of 

Lycopodium clavatum spores.19 However, preparatory techniques for sample analysis 

(e.g. fixation, dehydration and embedding) can influence the size of both pollen and 

p 

i en 

ek nc 

nc 

nc 
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spores. Therefore, care must be taken when selecting a preparation method and when 

analysing results.20 

1.2 Chemical composition of pollen and spores 

1.2.1 Exine and exospore 

The exine and exospore are composed of sporopollenin, which has been described as 

‘Probably the most resistant organic material of direct biological origin found in 

nature’.21 John22 and Braconnot23 first documented sporopollenin’s strength in the early 

1800s after they observed that the exine was tougher than other layers of the pollen 

wall. They found that it was composed of carbon, hydrogen and oxygen. However, its 

chemical structure remains poorly understood and is still widely debated. 

 

It is difficult to obtain sporopollenin in its pure form, as completely removing all non-

exine material from pollen and spores is challenging. Methods that do remove all non-

sporopollenin material are often found to alter sporopollenin’s chemical structure. For 

example, treating spores with sulfuric or hydrochloric acid introduces sulfur or chlorine 

respectively into sporopollenin’s structure. 13 

 

Many techniques have been applied in an attempt to elucidate sporopollenin’s structure, 

including: carbon and proton NMR;24-27 solid state carbon NMR;28 ultraviolet-visible 

(UV-vis) and infra-red (IR) spectroscopy; X-ray photoelectron spectroscopy (XPS);29 

gas chromatography-mass spectrometry (GC-MS); and matrix-assisted laser desorption 

ionization time-of-flight mass spectrometry (MALDI ToF MS).30 This analysis 

indicates that sporopollenin is likely to be a highly conjugated, organic polymer, 

consisting of an aliphatic backbone and aromatic, phenol, carboxylic acid, alkene, ester, 

ketone and ether functional groups.  

 

Early work by Zetsche et al. focused on elucidating the degradation products of 

sporopollenin to provide insight into its structure.31, 32 They found sporopollenin to be a 

highly unsaturated polymer with hydroxyl, oxygen-containing and methyl functional 

groups. By treating pollen with ozone, followed by hydrogen peroxide, sporopollenin 
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was broken down into a series of mono- and di-carboxylic acids with both straight and 

branched chains. However, merely analysing degradation products provided limited 

structural information about sporopollenin. 

 

Pollen develops in the anthers of flowering plants. Some studies have noted that the 

concentration of carotenoids and carotenoid esters found in the anthers is particularly 

high during pollen development.33 These studies suggest that, as a result, sporopollenin 

could be composed of these building-block molecules.34 In order to test this theory, a 

range of carotenoids (including zeaxanthin and canthaxanthin) and carotenoid esters 

(including echinone) (Figure 1.5) were polymerized.12, 13 These polymers were found to 

have similarities to naturally occurring sporopollenin, for example solvent solubility, 

products of ozonisation, elemental analysis, chemical resistance and infra-red spectra. 

However, none of the synthesised structures were found to be identical to sporopollenin. 

Therefore, although sporopollenin may have carotenoid components, it is unlikely that 

these are the sole building blocks of this complex system. This work suggests that 

merely attempting to synthesize sporopollenin from its likely precursors can provide 

only limited information. 

 

 
 

 

 

 

 
 

Figure 1.5: (a) Zeaxanthin; (b) canthaxanthin; and (c) echinone 

 

a 

b 

c 



 11 

Convincing evidence has been presented for the presence of p-coumaric acid (Figure 

1.6) within sporopollenin’s structure. Both untreated Pinus mugo (mountain pine) 

pollen and pollen treated to remove non-sporopollenin material was analysed by Curie-

point pyrolysis mass-spectrometry.35 Spectra show that peaks corresponding to p-

coumaric acid were present in both samples (Figure 1.7), indicating the acid’s presence 

in sporopollenin, rather than the intine or protoplast. The peak at m/z 164 corresponds 

to the molecular ion peak of p-coumaric acid and at the peak at m/z 120 corresponds to 

its decarboxylation product that forms during ionisation. After what the authors describe 

as a gentle degradation method involving AlI3, followed by a harsher saponification 

procedure, chromatographic and spectroscopic analysis still confirmed p-coumaric acid 

was the dominant component present. The authors postulate that due to the results 

observed during saponification, the acid moieties may be bound by ether linkages.36 

This extensive analysis provided strong evidence that p-coumaric acid is a major 

structural component of sporopollenin. More recent work by Boom et al. using a range 

of mass spectroscopic techniques has provided additional evidence for the presence of 

these acids within sporopollenin. Sporopollenin from Isoetes killipi C. Morton 

megaspores was found to be similar to a p-coumaric acid-based dehydrogenation 

polymer, and small differences were explained by the presence of ferulic acid moieties 

within the megaspore walls.37 

 

 
 

a b 

Figure 1.6: Structure of (a) p-coumaric acid and (b) ferulic acid 
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Figure 1.7: Mass spectra of Pinus mugo pollen (a) untreated and (b) treated to remove 

non-sporopollenin material35 

 

Recently, Rozema et al. and Blokker et al. used p-coumaric acid and ferulic acid 

(Figure 1.6) as sporopollenin proxies to predict sporopollenin’s historic response to 

solar ultraviolet-B (UV-B) radiation.38, 39 Although these acids are unlikely to be the 

sole component of sporopollenin, they are well-studied structures, which could act as a 

simplified model of sporopollenin for analysis.  

 

Sporopollenin is unlikely to be a single molecule, but rather a class of similar molecules 

that differ according to species. Its structure varies during a plant’s lifecycle.40 As some 

methods can result in chemical modifications to sporopollenin, it is recognised that the 

methods used to prepare sporopollenin for analysis can considerably influence the 

analytical results achieved.41 It is clear from published work that its structure remains 

far from being confirmed.  

1.2.2 Intine and endospore 

Early work suggested that the intine was primarily composed of cellulose, as 

demonstrated via a positive histological stain of iodine and concentrated sulphuric acid. 

Cellobiose (a classic, acid-hydrolysis product of cellulose) was identified after the acid 

hydrolysis of the intine of pollen.42 More recent studies have indicated that glucans, 

proteins and peptic polysaccharides may also be present in the intine or endospore.43, 44 

Thin strands of cellulose known as microfibrils, were identified via electron 

microscopy.33 In contrast to the sporopollenin exine, the intine or endospore is much 

more susceptible to chemical and physical degradation.  
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1.2.3 Protoplast 

The protoplast contains a complex mixture of organelles, made up of a range of 

constituents. Proteins (including enzymes) ribonucleic acid (RNA), lipids (including 

phospholipids), starch, carbohydrates and water have all been found to be present.2 

Trace quantities of metal ions and inorganic salts, crucial to the function of metabolic 

processes have also been found. 

1.3 Physical properties of pollen and spores 

The exine wall of pollen and the exospore of spores survive intact for millions of years 

as fossils in rock. These have therefore frequently been exposed to high temperatures 

and pressures.45 For example, in experiments Lycopodium clavatum spores retained a 

recognisable morphology after being exposed to temperatures of 300 °C and pressures 

of 1 kb for 100 hours.46 

 

The walls of pollen and spores act to protect their delicate protoplasts by reducing the 

levels of ultraviolet (UV) light transmitted. Pollen walls from a range of species were 

found to absorb strongly in the range 250 – 350 nm, which correlates with the 

wavelength range of UV type A and B radiation.38, 47  

 

As well as absorbing light, pollen and spores strongly autofluoresce between ~250 – 

400 nm (the exact emission depends on the species). Autofluorescence is the natural 

fluorescence of materials without the addition of other fluorescent species e.g. 

fluorescent stains. This autofluorescence has been used to differentiate between 

species.48 This effect is particularly useful during seasonal analysis of pollen field trials, 

where identifying and counting individual species using light microscopy is technically 

challenging and time-consuming.49 Spectrofluorometry has been used to analyse the 

contents of Lycopodium clavatum spores. The peak emission of untreated spores was 

found to be 498 – 510 nm, whereas after treatment with phosphoric acid (85 %), this 

shifted to 548 – 558 nm.50 The authors suggested that this shift correlates with the 

removal of cellulose, although acid treatment is likely to remove far more than cellulose 

alone. Although transmission electron microscopy is a more useful technique to 

elucidate the structural contents of pollen and spores, the work by van Gijzel et al. 
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highlighted the range of fluorescent species present and how their fluorescence can be 

influenced by chemical treatments.  

1.4 Emptying pollen and spores 

It is possible to remove some or all non-sporopollenin material from pollen and spores 

in order to produce microcapsules (see section 1.5). This can be achieved using a range 

of physical, chemical and biological processes. Microcapsules produced from both 

pollen and spores are termed ‘exine shells’ in some parts of the literature, despite spores 

possessing an exospore rather than an exine. However, the term will be used here for 

both pollen and spores for consistency.  

 

It is usually desirable to recover only the pure, sporopollenin exine or exospore as this 

leaves hollow microcapsules, free of any potentially allergenic materials. The nature of 

the material recovered depends on the processes employed and the pollen or spore 

species used; not all species react to treatments in the same manner. The process 

selected to produce microcapsules depends on the type of microcapsule required. For 

example, microcapsules to be used in pharmaceutical or food applications must be 

white, intact and devoid of all non-sporopollenin material. Microcapsules used in engine 

lubricant additives could be coloured and could still contain allergenic components as 

they are unlikely to come into contact with humans. Some methods described in this 

section produce cracked exine shells, which could not be used as microcapsules (their 

contents would rapidly leak out). However, the surface of these cracked shells could be 

functionalized for a variety of applications (see section 1.5.4). 

1.4.1 Pre-treatment 

Pollen and spores are harvested together with other plant material e.g. leaves and stalks. 

This material must be separated out before any further treatments are considered, and 

this is usually done before pollen and spores material are sold to suppliers. In the case of 

Graminex (USA), the exact methods used during harvesting and separation are 

proprietary, but do involve drying harvested material, sieving it and then storing it under 

temperature and humidity controlled conditions.51 Patents have been granted that 
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describe the use of cyclone filtration bags to both harvest pollen and remove extraneous 

plant material.52 Smaller, laboratory-scale methods of removing contaminants include 

using fine metal sieves and suspending collected material in carbon tetrachloride or 

ether to remove soil particles.53 Pollen and spores that are free of contaminants can be 

purchased from suppliers such as Sigma Aldrich (UK) and Allergon (Sweden). 

1.4.2 Acetolysis 

The acetolysis technique was first proposed by G. Erdtman and it is the most common 

preparatory technique used by palynologists to prepare pollen and spores for analysis by 

microscopy.54 Its primary aim is not to produce microcapsules. The classical method 

involves heating pollen to 70 °C in a 9:1 mixture of acetic anhydride and sulphuric acid 

for one to two minutes, followed by centrifugation and washing with water.8 Slight 

modifications to the method have also been proposed, some of which describe washing 

pollen and spores in glacial acetic acid prior to acetolysis.55 

 

Acetolysis usually removes a large proportion of non-sporopollenin material, leaving 

hollow exine shells. TEM analysis is rarely carried out with the primary aim of 

demonstrating that the shells are completely devoid of non-sporopollenin material. 

Therefore, it is difficult to evaluate how successful the method is in removing intine and 

protoplast material. For example, acetolysis of pollen from the Beilschmiedia genus 

destroys the intine, but leaves the exine intact (Figure 1.8).56 
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Figure 1.8: Scanning electron micrograph of the Beilschmiedia pollen (a) before 

acetolysis and (b) after acetolysis. Scale bars = 1 µm56 

e = exine; p = protoplast; and i = intine 

 

Acetolysis almost always turns pollen and spores dark brown. The exine shells 

produced often require bleaching to make them sufficiently transparent for substantial 

analysis by light microscopy.45 The fact that pollen and spores are turned dark brown 

suggests that the chemical structure of sporopollenin may have been been altered, 

although this has not been confirmed experimentally. It is possible that bleaching could 

alter sporopollenin’s structure. For most applications, for example pharmaceutical, food 

and visual displays, light-coloured or white microcapsules are desirable. Therefore, the 

dark brown exine shells produced by acetolysis are unlikely to be suitable for use in 

such applications.  

1.4.3 Acid and alkali treatments 

The most widely published methods used to produce exine shells from spores involve 

acids and alkalis. Unlike acetolysis, the primary aim of these treatments is usually the 

synthesis of microcapsules, rather than for the production of material for palynological 

analysis.  

 

Zetzsche et al. first used an acid and alkali treatment to produce exine shells for 

microscopic analysis. Spores (Lycopodium clavatum and Pinus sylvestris (Scots pine)) 

were treated with hot acetone followed by hot alkali and then warmed for one week in 

phosphoric acid (85 %). Histological staining and microscopy suggest that the cellulosic 

a b 
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intine and the protoplast were successfully removed.42 However, work was largely 

limited to two species of spore. 

 

More recently, Atkin et al. treated Lycopodium clavatum spores with organic solvents, 

acids and bases with the primary aim of producing exine shells for use as 

microcapsules. The method follows the general process flow outlined in Figure 1.9.57 

Laser scanning confocal microscopy (LSCM) analysis suggests that most non-

sporopollenin material was successfully removed, but the resolution achieved means 

that this cannot be conclusively confirmed. However, scanning electron micrographs 

(SEMs) show that the surface morphology of Lycopodium clavatum spores was not 

damaged by the treatment. Limited transmission electron micrographs (TEMs) were 

presented and these were of low magnification, meaning that the complete absence of 

intine cannot be verified.58 Combustion elemental analysis indicates a lack of nitrogen 

in treated spores.59 This suggests that the protoplast and surface allergenic proteins, both 

of which have high nitrogen contents, were successfully removed. Exine shells were 

demonstrated to be devoid of allergenic proteins by matrix assisted laser 

desorption/ionization–time of flight mass spectrometry (MALDI-ToF-MS) and 

electrospray ionisation coupled with quadrupole-quadrupole time-of-flight mass 

spectrometry (ESI-QqTOF-MS).59 
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Figure 1.9: Summary of processes involved in the base and acid treatment protocol 

published by Atkin et al.57 

 

Although the base and acid treatment method proposed by Atkin et al. has been widely 

published and is now patented, it has only ever been used to isolate exine shells from 

Lycopodium clavatum spores. Atkin et al. propose that this method can be used to 

isolate exine shells from other species of pollen and spore, although this is not 

supported by published evidence.60 Work has probably focussed on Lycopodium 

clavatum spores as they are widely available, inexpensive and well studied. It may be 
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that Lycopodium clavatum spores are robust enough to withstand this prolonged acid 

and base treatment, which could destroy other more fragile species.  

 

Hydrogen fluoride (HF) has also been proposed as a method of producing intact exine 

from pollen. Pollen from Pinus pinaster (martime pine), Betula alba (silver birch), 

Ambrosia elatior (common ragweed), Zea mays (maize) and Capsicum annuum (chilli) 

was heated at 40 °C for 5 hours in a mixture of pyridine and dry HF.61 The recovered 

exine shells were washed in ethanol. SEMs show that the morphology of most species 

was retained after treatment. Although Zea mays pollen became flattened after 

processing, its recognisable surface texture remained. Fourier transform infrared (FTIR) 

spectroscopy was used in an attempt to demonstrate that the cellulosic component of the 

intine was removed. Although treatment with HF would be expected to remove the 

protoplast and intine, no TEM evidence was provided to support this. Due to the 

toxicity and highly corrosive nature of HF, this method will not be investigated further 

in this thesis.  

1.4.4 Treatments involving 4-methylmorpholine N-oxide 

4-Methylmorpholine N-oxide (MMNO) (Figure 1.10) has been described as an effective 

solvent for cell wall polysaccharides, including cellulose.62, 63 As the intine is largely 

composed of cellulose, MMNO has been used to try and dissolve the intine of pollen, 

producing cracked pollen shells and protoplasts as a result 

 

 
Figure 1.10: Structure of 4-methylmorpholine N-oxide (MMNO) 

 

Pollen from Lilium longiflorum (lily) (0.1 – 0.2 µg) was treated with acetone and then 

suspended in 4-methylmorpholine N-oxide monohydrate (MMNO⋅H2O, 200 µl).14 The 

suspension was heated to the desired temperature (between 70 – 100 °C) within 30 

seconds, and the reaction subsequently observed via light microscopy. The primary aim 

of this work was to produce intact protoplasts (rather than exine shells), and this was 

achieved. MMNO was found to induce cracking along the aperture of the Lilium 
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longiflorum, which is probably the point at which the pollen is structurally weakest 

(Figure 1.11). As a majority of the intine and protoplast material was probably removed, 

the cracked exine shells could be used as ‘pure’ sporopollenin supports for surface 

functionalization (see section 1.5.4). Further analysis using (TEM) as well as 

spectroscopic techniques would be required to confirm the absence of all non-

sporopollenin material. In addition, other species may be more amenable to treatment 

with MMNO. 

 

 
Figure 1.11: Scanning electron micrographs of Lilium longiflorum pollen (a) acetone 

washed (yellow dashed line shows the position of the aperture); (b) during protoplast 

release; and (c) after protoplast release14 

 

Pollen from a range of genera was sieved and suspended in an aqueous solution of 

MMNO and cyclohexylamine (Figure 1.12). The pollen was then ground in a Potter-

Elvehjem tissue grinder with a polytetrafluoroethylene (PTFE) pestle and glass mortar 

to detach the swollen exine shells from the protoplasts. Subsequently, the pollen was 

treated with cellulysisn and macerase enzymes, plus bovine serum albumin (BSA) in 

order to digest the attachment between the intine and exine. The treated pollen was 

subjected to centrifugation over a density step gradient in order to separate out full, 

partially emptied and emptied pollen.64 The primary aim of this treatment was to 

produce intact, pure sporopollenin exine shells for analysis. Pollen and spores from 

some species, including Lycopodium clavatum and Fraxinus excelsior (ash), were 

recovered intact. Others, including Pinus monticola (western white pine) and Osmunda 

claytoniana (interrupted fern), were quite damaged by the processing. The yield of 

completely empty exine shells recovered via this process was not reported and it is 

likely that this will differ between genera due to their varying compositions. 
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Figure 1.12: Structure of cyclohexylamine (CHA) 

1.4.5 Enzymatic treatments 

Enzymes are biological molecules that selectively catalyse chemical processes. They 

usually operate within a narrow temperature and pH range. Material (such as the 

protoplast and intine) can be efficiently removed from pollen and spores by selecting 

suitable enzymes to catalyse digestion. The gentle nature of most enzymes means that 

the chemical and physical structure of the exine shell is unlikely to be altered. Enzymes 

can be used alone, or with other reagents in order to enhance their properties. 

 

Pollen from the genus Tulipa (tulip) was incubated with the following enzymes: pronase 

(to digest proteins); cellulase and pectinase (to digest cellulose and pectin); amylase and 

amyloglucosidase (to digest starch); and lipase and BSA (to digest lipids).65 The aim of 

that work was to produce sporopollenin for analysis, rather than synthesising exine 

shells, therefore the morphology of the treated pollen was not evaluated.  

 

In an alternative method, Corylus avellana (hazelnut) pollen was ground in a 

homogeniser in tris-hydrochloride buffer and then sonicated.66 Pollen fragments were 

separated via centrifugation over a discontinuous glycerol gradient. The pollen was 

treated with pronase, lipase, cellulase, amylase and cellulysin enzymes. Homogenisation 

and sonication were used to rupture the intact pollen grains, allowing the release of 

digested protoplasts and intine material. Although analysis suggests that all non-exine 

material was removed, cracked grains were produced, which are not suitable as 

microcapsules. This method has more than thirty preparatory steps and uses costly 

enzymes, making it undesirable to further evaluate. Other, similarly long, enzyme 

methods have also been published.67 
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1.4.6 Physical treatments 

Many chemicals can alter the structure of sporopollenin, for example hydrochloric acid 

introduces chlorine into its structure.13 By only applying physical treatments, such as 

heating and centrifugation, sporopollenin’s structure is expected to remain unchanged. 

 

Pollen from a variety of genera was shaken in water for between six and twenty-four 

hours, then autoclaved (103 kPa, 121 °C, 15 minutes), centrifuged and then re-

suspended in water.68 Pollen was separated by centrifugation over a series of sucrose 

density gradients. Most pollen recovered by this method was ruptured, and therefore is 

unsuitable for producing pollen microcapsules. However, the primary aim of that study 

was not to recover intact exine shells.  

1.5 Microencapsulation and surface functionalization 

Microcapsules act to improve the properties of encapsulated materials, e.g. shelf life, 

controlled release profiles, resistance to external environmental pressures, ease of 

processing and handling, visual appearance and the masking of unpleasant odours or 

flavours.69-71 They consist of the core material to be encapsulated, surrounded by a 

single or multi-layered wall (Figure 1.13). Specific microcapsules are selected to deliver 

the desired properties to the encapsulated material. They can be synthesised in 

numerous ways, but can be broadly broken down into two categories: water soluble and 

non-water-soluble (Figure 1.14).72 One of the first examples of microcapsules used 

commercially was carbonless copy paper.73  
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Figure 1.13: Generic structure of a microcapsule 

 

 
Figure 1.14: A flowchart to demonstrate the range of materials used to form 

microcapsules.  

CAB = cellulose acetate butyrate; CAP = cellulose acetate phthalate; 

HPC = hydroxypropyl cellulose; HPMCAS = hydroxypropyl methyl cellulose acetate 

succinate; HPMCP = hydroxypropyl methylcellulose phthalate; HVO = hydrogenated 

vegetable oil; MC = methylcellulose; NaCMC = sodium carboxylmethyl cellulose; 

PAA = polyacrylic acid; PEG = polyethylene glycol; and PVA = polyvinyl alcohol72 
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It has been demonstrated that exine shells can be synthesised from Lycopodium 

clavatum spores and used as microcapsules for a range of materials.57, 74 These shells 

have been shown to absorb some materials e.g. fish oils, passively. Other techniques to 

increase loading levels and decrease surface contamination of the exine shell include 

dissolving the material to be encapsulated in a solvent, or applying a vacuum. The 

surface of Lycopodium clavatum exine shells has been functionalized with a variety of 

materials, including Schiff bases.75 In addition, untreated Lycopodium clavatum spores 

have been used as microcapsules and as supports for other materials. However, to our 

knowledge, spore microcapsules have yet to be made available commercially, so 

microcapsules made from alternative materials currently supply all of the commercial 

market.  

 

Microcapsules produced from pollen and spores may have several advantages over 

existing microcapsule technologies. Their tough sporopollenin outer wall means that 

such microcapsules are likely to survive harsh chemical and physical treatments and a 

range of environmental conditions. Within each species, pollen and spores are 

uniformly disperse; a property that can be difficult to engineer into synthetic 

microcapsules. Across species and genera, pollen and spores are available in a range of 

sizes and morphologies, meaning that a species could be selected to match almost any 

potential application. Pollen and spore microcapsules are produced from a renewable 

resource and may therefore be more environmentally friendly than microcapsules 

produced from petrochemicals. Lycopodium clavatum microcapsules can be produced 

using acids, bases and organic solvents, in a process which is simpler than that used to 

produce some existing microcapsule technologies. Commonly used species, for example 

Lycopodium clavatum spores, are inexpensive to purchase and are available in large 

(multi Kg) quantities.  

1.5.1 Foods and dietary supplements 

Foods and dietary supplements are sometimes microencapsulated to improve their 

properties, such as taste, texture, colour, fragrance and absorption in the body.76 For 

spore exine shells to be considered as microcapsules in this field, they would need to be 

devoid of any proteins that could trigger allergenic responses in humans. They should 

usually be white or light in colour so as not to alter the colour of the material they are 
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added to. In order to fulfil these requirements, Lycopodium clavatum exine shells 

synthesised using acid and base hydrolysis are used almost exclusively.  

 

A vacuum (10 hectopascals (hPa)) was applied to a homogeneous mixture of an edible 

fish oil and Lycopodium clavatum exine shells.57 The shells were observed to absorb the 

fish oil and were then stained and evaluated using laser scanning confocal microscopy 

(LSCM). At a 1:1 weight/weight (w/w) loading, exine shells were reported to have 

absorbed most of the oil, with very little remaining on the outer surface. Other studies 

have found that loading fats above 1:1 (w/w) left material on the surface of exine shells, 

but that repeated washings with water reduced this surface contamination.58  

 

Solvents were used to facilitate the uptake of sunflower oil into exine shells. A 0.5 g 

tablet of Lycopodium clavatum exine shells readily absorbed a mixture of ethanol 

(1 mL) and sunflower oil (1 mL) in twenty seconds. Sunflower oil took longer to be 

absorbed when mixed with other solvents including petroleum ether (3 hours), hexane 

(3 hours), toluene (2 minutes 15 seconds) and dichloromethane (35 seconds).77 Why 

ethanol is such a good solvent for this application remains unclear. 

 

The ability of exine shells to shield their contents from UV radiation was used to reduce 

the rate at which cod liver, sunflower, rapeseed and soybean oils turned rancid.60, 78 

Encapsulation notably reduced the degree of oxidation of the oils (measured by 

peroxide values) when they were exposed to UV radiation. These results indicate that 

encapsulating some foods within exine shells could extend their shelf lives.  

1.5.2 Pharmaceuticals 

Pharmaceuticals are often encapsulated to facilitate their movement to a particular 

location within the body; to mask undesirable tastes; and to allow for the controlled 

release of a drug over a predictable timescale. For example, to improve its palatability, 

diclofenac (a commonly prescribed non-steroidal anti-inflammatory drug) was 

encapsulated inside microcapsules synthesised from ethylcellulose, diethylphthalate and 

polyethyleneglycol.79 Encapsulation was found not to slow the release of the drug into 

patients. 
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Acid and base treated Lycopodium clavatum spores have been filled with a range of 

pharmaceuticals. Most recently, ibuprofen was encapsulated in these shells at a 1:1 w/w 

loading.59 Extensive analytical analysis demonstrated that the surface of the exine shells 

was not contaminated with ibuprofen and that the shells effectively masked the taste of 

the drug.  

 

A gadolinium (III) magnetic resonance imaging (MRI) contrast agent was encapsulated 

in acid and base treated Lycopodium clavatum exine shells.80 The aim of this work was 

to provide an oral delivery route for the contrast agent with a predictable, controlled 

release profile. The filled shells were incubated in vitro in human plasma for thirty 

minutes. SEM analysis was performed both before and after this incubation. 

Micrographs demonstrated that the shells broke down in human plasma. The authors 

suggested that enzymes found in blood plasma facilitated this degradation. The 

magnetic resonance relaxivity of a solution of filled exine shells in human plasma was 

compared to filled shells in a buffer solution over a period of eight hours. The relaxivity 

of the buffered solution remained almost constant. However, the relaxivity of the 

plasma solution increased almost three-fold over the period of analysis. This indicates 

that the plasma digested the exine shells, releasing the contrast agent thus showing an 

increase in measured relaxivity. 

 

In vivo analysis of exine shell breakdown was performed. Two volunteers consumed 

exine shells (1 g each) and blood samples were then taken at thirty-minute intervals for 

two hours.77 The samples were centrifuged to remove the blood serum fraction and the 

remaining solids were then examined by light microscopy. As the experiment 

progressed, the number of intact exine shells observed decreased, but the fraction of 

shells recovered as fragments increased. These results show that exine shells can pass 

intact from the digestive system into the blood and that once there, they are broken up. 

 

Several patents have been granted to Mackenzie et al., which describe the encapsulation 

of a range of other pharmaceuticals, including thyroxine, human recombinant growth 

hormone and insulin.77 They also hint at the wide scope of delivery routes for filled 

exine shells, such as inhalation and oral, dermal and intravenous administration.19, 77 
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1.5.3 Biological material 

It is often desirable to encapsulate biological materials to protect them from their 

surrounding environment and prolong their viability. For example, probiotic bacteria 

have been encapsulated in an attempt to protect them from the acidic environment of the 

human stomach.81 

 

Enzymes are nature’s catalysts and usually only operate within a narrow pH and 

temperature range. They can easily be denatured (irreparably damaged) by exposure to 

conditions outside of their normal operating range. It is sometimes desirable to 

encapsulate enzymes to maintain high levels of activity, increase the range of conditions 

they can operate in and to limit damage to the enzymes. In some cases, encapsulated 

enzymes can also be recovered.82 

 

The enzymes alkaline phosphatase (ALP) and streptavidin-horseradish peroxide (sHRP) 

were encapsulated in microcapsules synthesised from Lycopodium clavatum spores.58 

The activity of the enzymes was measured after they were recovered from the 

microcapsules by extraction into an aqueous buffer. Enzyme activity decreased between 

3 – 9 % (sHRP) and 1 – 3 % (ALP), suggesting that encapsulation and recovery did not 

considerably affect enzyme activity. An additional 42 – 48 % activity loss was 

attributed to freeze-drying: an optional preparation step. In the same study, the enzyme 

α-amylase was stained with Evans blue (a fluorescent, anionic, protein-staining dye83) 

and encapsulated inside the same spore microcapsules. Upon examination by LSCM, 

the stained α-amylase appeared to be fully encapsulated, with no material remaining on 

the surface of the exine shells.  

 

Candida rugosa lipase (CRL) is an enantioselective enzyme. Tutar et al. successfully 

adsorbed this enzyme to the surface of untreated Lycopodium clavatum spores (as 

shown by SEM) with an optimum spore-to-enzyme ratio of 0.3.84 After immobilisation, 

the pH for optimum activity of CRL shifted from 6.0 to 7.0. The optimum operating 

temperature also shifted from 35 °C to 40 °C, and CRL maintained a far longer storage 

stability time after immobilisation. 

 

In a second study, CRL was encapsulated in a sol-gel matrix both in the presence and 

absence of either untreated, or acid and base treated Lycopodium clavatum spores.85 
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Sol-gel encapsulation involves the formation of a gel matrix from a hydrolysed colloidal 

or polymeric solution. SEM demonstrated that CRL filled the surface cavities of 

untreated spores more efficiently, compared to acid and base treated spores. This 

encapsulated lipase showed many times the level of activity of free CRL or adsorbed 

CRL previously prepared by Tutar et al.84 The encapsulated lipase was used to catalyse 

the enantioselective hydrolysis of Naproxen (a non-steroidal anti-inflammatory drug), 

with the immobilisation and encapsulation providing the optimum conditions for this 

reaction. These results show that exine shells can be used to facilitate reactions where 

enzymes are merely associated with the surface of the exine shell and are not 

necessarily encapsulated in its interior. 

 

In addition to enzymes, base and acid treated Lycopodium clavatum spores were treated 

with bakers’ yeast (Saccharomyces cerevisiae).74 Exine shells were compressed and 

then mixed into a suspension of yeast in ethanol. A vacuum was applied for one hour 

and the exine shells were then left to re-inflate. An SEM of two cracked exine shells 

indicates that yeast cells were encapsulated in at least some of the shells. The authors 

suggest that the comparatively large yeast cells were able to enter the spores by means 

of Lycopodium clavatum’s trilete scar (Figure 1.15). The encapsulated yeast was found 

to still be biologically active, but not as active as unencapsulated yeast.  

 

 
Figure 1.15: Scanning electron micrograph of untreated Lycopodium clavatum spore 

(yellow lines highlight the trilete scar) 
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1.5.4 Surface functionalization 

The functional groups (predominantly –OH and -COOH) on the sporopollenin exine 

allow for the easy functionalization of the surface of spores.42 Functionalized spores are 

primarily used in separation chemistry. Spores make ideal supports for chromatography 

materials because, within each species, they have a consistent shape and size (providing 

a constant and predictable flow rate) and are largely inert.86 Untreated Lycopodium 

clavatum spores are typically used, probably because they retain their structure and 

morphology despite extensive chemical treatment, are inexpensive and can be readily 

purchased in large volumes. 

 

Gürten et al. prepared carboxylated diaminoethyl Lycopodium clavatum spores bound to 

cobalt (II) ions for use as a ligand exchange solid phase in liquid chromatography.87 

Isomers of nitroalinine were successfully separated. In similar work, ion exchange and 

ligand exchange supports were prepared from Lycopodium clavatum spores in order to 

separate nucleosides, nucleotides, amino acids and transition metals.86 Although these 

approaches proved successful, chromatographic techniques based on the use of spores 

have not yet moved into the mainstream. 

 

Inert, solid supports (modified silica gel, polymers, zeolites) treated with Schiff bases 

have been used to adsorb vanadium (IV) (the most harmful oxidation state of 

vanadium). These solid supports are easy to recover from aqueous solutions. 

Lycopodium clavatum spores were selected as an alternative to these solid supports. The 

spores were treated with acetone and their surfaces then functionalized with a range of 

Schiff bases (Figure 1.16). When these functionalized spores were exposed to aqueous 

solutions of vanadium (IV) ions, they successfully adsorbed the ions.75 In a similar 

piece of work, tridentate Schiff bases were attached to acetone-treated Lycopodium 

clavatum spores (Figure 1.17). These functionalized spores adsorbed Ruthenium (III) 

ions from aqueous solutions.88 That work indicates that functionalized spores could be 

used as easily recoverable supports for Schiff bases, which facilitate the adsorption of a 

range of metal ions from aqueous solutions.  

 



 30 

 
 

 

Figure 1.16: Structure of three Lycopodium clavatum spore-immobilised Schiff bases 

prepared by Kocak et al. in preparation for Vanadium (IV) sorption studies (spores 

indicated by blue circles)75 

 

  
Figure 1.17: Structure of two Lycopodium clavatum spore-immobilised Schiff bases 

prepared by Kocak et al. in preparation for Ruthenium (III) sorption studies (spores 

indicated by orange circles)88 

 

As well as Schiff bases, calixarenes are used to recover inorganics from solution. 

Untreated Lycopodium clavatum spores were bound to calix[4]arene via a 

hexamethylene diisocyanate linker and were found to adsorb sodium dichromate 

(Na2Cr2O7) ions from aqueous solution.89 That work could provide easily recoverable 

particles able to separate harmful chromium (VI) species from groundwater. 

 

Most recently, Mackenzie et al. functionalized the surface of base and acid treated 

Lycopodium clavatum spores with the aim of furthering the understanding of functional 

groups present on sporopollenin’s surface.90 FTIR evidence presented indicates that 

carboxylic acids on the surface of sporopollenin were converted to amides and 

subsequently reduced to primary amines. Combustion elemental analysis and solid-state 
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15N & 13C NMR support these results. This work represents a departure from previous 

approaches used to determine the structure of sporopollenin (see section 1.2.1).  

1.6 Analytical techniques 

A wide array of analytical techniques have been attempted in order to assess the 

structure and morphology of pollen and spores (Table 1.1). These techniques have been 

applied to assess surface morphology, internal structure or chemical composition of 

pollen and spores. 

 

Table 1.1: Summary of analytical techniques used to evaluate pollen and spores 

 Characteristic evaluated 

Analytical technique 
Surface 

morphology 

Internal 

structures 

Chemical 

composition 

Scanning electron microscopy (SEM) ✓✓ ✓*  

Transmission electron microscopy (TEM)  ✓✓ ✓ 

Light microscopy (LM) ✓ ✓ ✓^ 

Laser scanning confocal microscopy (LSCM) ✓ ✓ ✓^ 

Spectrofluorometry   ✓✓ 

Ultra-violet visible (UV-vis) spectroscopy    ✓✓ 

Infrared (IR) spectroscopy   ✓✓ 

 

✓✓ Provides a large amount of detailed information 

✓ Provides a limited amount of less detailed information 

* The internal composition of cracked spores has been evaluated74 

^ When combined with histological stains relevant to the features studied83 

1.6.1 Light microscopy 

The most frequently used technique to analyse pollen and spores is light microscopy 

(LM). It can provide information on both the surface morphology and internal 

components of pollen and spores. In order to derive a true representation of pollen and 

spore structure, grains must usually be examined in their hydrated state. Dehydrated 
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grains appear very different to hydrated grains under the light microscope. This is 

illustrated with Juglans nigra (black walnut) pollen: it is much more difficult to observe 

surface detail or internal contents in the dehydrated pollen compared to the hydrated 

grains (Figure 1.18). 

 

  
Figure 1.18: Light micrographs of untreated Juglans nigra pollen (× 400 magnification) 

in (a) a dehydrated and (b) a hydrated state  

 

In order to examine pollen and spores in their hydrated state, grains are suspended in 

water, and then a drop of this suspension placed on a glass microscope slide and 

covered with a glass coverslip (Figure 1.19). Over time (> five minutes), as the slide is 

exposed to the heat of a microscope lamp, water evaporates and grains dehydrate. They 

can easily be rehydrated by the addition of water to the edge of the coverslip, which is 

then readily taken up via capillary action. If slides are to be kept for longer periods of 

time (> one day), material should be suspended in glycerine jelly and prepared as 

described above.91 Glycerine limits potentially hazardous bacterial growth, which 

occurs readily in aqueous suspensions. 

 

a b 
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Figure 1.19: Schematic representation of the preparation of a microscope slide for light 

microscopy analysis of hydrated pollen and spores 

1.6.2 Scanning electron microscopy 

Scanning electron microscopy (SEM) enables the visualisation of sub-micron surface 

features of both pollen and spores. It can provide information on how treatments applied 

in order to produce microcapsules alter the sporopollenin exine. After LM, it is probably 

the next most commonly used technique used in palynology.  

 

The SEM fires a high-energy beam of electrons towards a sample (Figure 1.20). These 

electrons are condensed into a beam and then focussed by a series of magnetic lenses. 

The incident beam is scanned over the sample and a range of signals is produced as a 

result of the incident beam-sample interactions. These signals include secondary 

electrons, X-rays, photons, backscattered electrons and heat. It is primarily the 

secondary electrons that are collected and converted into a digital image.  
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Figure 1.20: Schematic representation of a scanning electron microscope 

 

SEM Samples must be electrically conductive and grounded, so pollen and spores are 

usually dusted onto metal stubs and coated with gold or palladium using a sputter 

coater. Most SEMs operate under vacuum, meaning that samples must also be fixed and 

dehydrated. Fixation aims to preserve material in its natural state and halt any 

continuing biological processes.  As a result of this preparation, grains may appear to be 

collapsed and sculptural features are more difficult to distinguish. However, low-

vacuum or ‘environmental’ SEMs are available, such as the JEOL 6490 LV in the 

Bioscience Technology Facility, The University of York. These eliminate the need for 

fixation and dehydration and do not deflate grains, allowing more meaningful analysis 

to be performed. The amount of sample preparation required is greater than for light 

microscopy, but SEM almost always yields more useful information about the 

morphology of grains. 
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1.6.3 Transmission electron microscopy 

Transmission electron microscopy (TEM) provides information about the internal 

contents of pollen and spores. When used in conjunction with heavy metal stains, it can 

also give details about the chemical composition of components. 

 

Before analysis, pollen and spores must be fixed. Samples are then dehydrated and 

embedded (usually in a resin) and then sliced into thin (0.2 – 2 µm) sections. 

Dehydration is necessary as most TEMs operate under vacuum. Heavy metal stains are 

used to provide contrast and different stains bind selectively to different components. 

These stains can be applied during fixation and dehydration or directly to thin 

sections.92 A commonly used fixative, which also acts as a stain, is osmium tetroxide. 

Sample preparation required for TEM is extensive and the array of fixation, embedding 

and staining protocols is vast, especially as different species respond differently to the 

same method.11, 93 

 

Inside the TEM, a high-energy beam of electrons is condensed and focussed towards the 

thin section by a series of magnetic lenses (Figure 1.21). A majority of the electrons 

pass through the sample without deviation. However, some are scattered due to the 

presence of heavy metals in the section. These heavy metals rarely occur naturally in a 

sample, but are of course found in the heavy metal stains applied. The unscattered 

electrons are detected and used to form a digital image of the section. Unscattered 

electrons show up as lighter areas, whereas regions of the section from which electrons 

have been scattered appear darker. 
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Figure 1.21: Schematic representation of a transmission electron microscope 

1.6.4 Laser scanning confocal microscopy 

A laser scanning confocal microscope (LSCM) uses the fluorescence emission of 

biological organisms (including pollen and spores) to investigate their internal 

structures. It works to eliminate all out-of-focus light from a sample so that only light 

emitted from a single focal plane is observed, so providing sharp images. Images of 

single planes can be built up to generate a three-dimensional representation (z-stack) of 

the sample. 

 

Usually, biological samples do not possess intense natural fluorescence, and must 

therefore be selectively stained with fluorochromes (fluorescent molecules). For 

example, 4’,6-diamidino-2-phenylindole (DAPI) selectively binds to DNA found within 

nuclei and has a fluorescence emission maximum at around 461 nm.94 Pollen and spores 

naturally autofluoresce, meaning that stains are not essential, but may be applied to 
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selectively stain - and therefore highlight - specific components.95 Minimal sample 

preparation is required, and pollen and spores are examined in an aqueous suspension, 

with the slide prepared as in Figure 1.19. Preparation required for analysis on an 

inverted LSCM (as available in the Bioscience Technology Facility, The University of 

York) is similar to that required for light microscopy. However, the slide is instead 

rotated 180 ° before being placed on the microscope stage (Figure 1.22), so that the 

incident excitation beam hits the slide first rather than the coverslip. 

 

 
Figure 1.22: Schematic representation of the preparation of a microscope slide for laser 

scanning confocal microscopy 

 

To collect fluorescence emission from a single focal plane, the LSCM must work to 

eliminate light emitted from other planes (Figure 1.23). Monochromatic light is emitted 

from the light source (usually a laser) and passes through a dichroic mirror. This light is 

focussed towards the sample by the objective lens. Structures within the bulk of the 

sample absorb this incident light and emit fluorescent light. The dichroic mirror 

selectively reflects emitted light towards the detector. The pinhole eliminates any 

fluorescence that does not originate from the selected plane of focus, so only 

fluorescence from the plane of focus is collected and converted to a digital image. 

Careful selection of lasers and the addition of filters allow specific fluorochromes 

within a sample to be observed.96  
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Figure 1.23: Schematic representation of a laser scanning confocal microscope 

 

The LSCM can be set up to collect fluorescence from a single fluorochrome (singe-

track mode) or multiple fluorochromes (multi-track mode). Multi-track mode is used 

when several fluorochromes exist in a sample, but it is desirable to collect the emission 

from each one individually. It involves exciting and collecting emission from one 

fluorochrome, and then sequentially doing the same for other fluorochromes in the 

sample. A sequence of images (such as that in Figure 1.24) illustrates this technique. 

Images of enzyme-treated Betula fontinalis pollen stained with the fluorochrome 

Rhodamine B were collected after sequential excitation at 405 nm and 561 nm (Figure 

1.24 (a) and (b) respectively). These were stacked together to create an overall image 

(Figure 1.24 (c)) that highlights the fluorescence present in both regions of the 

spectrum. 
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Figure 1.24: LSCM images (multi-track mode, × 630 magnification) of enzyme-treated 

Betula fontinalis pollen stained with Rhodamine B; (a) excitation λ 405 nm; 

(b) excitation λ 561 nm; and (c) images from (a) and (b) stacked 

1.6.5 Spectrofluorometry 

Spectrofluorometry allows the measurement of the absorption and emission of 

fluorochromes within a sample. Usually, dilute aqueous solutions are used for analysis 

as this minimises interactions between fluorochromes that could cause shifts in 

absorption and emission. In order to analyse intact spores and pollen grains, solid, 

undiluted samples can be sandwiched between two cut-down glass microscope slides 

(dimensions of slides approximately 2.5 x 2.5 cm) (Figure 1.25). These must be secured 

together, and by using tape to do this the setup can be easily disassembled. As a result, 

samples can be used for additional analysis, meaning that this is a non-destructive 

technique. Analysis of solid, opaque samples (including pollen and spores) - prepared as 

in Figure 1.25 - is usually performed using a front-face excitation geometry (Figure 

1.26).97 

 

  
Figure 1.25: Schematic representation of the sample preparation required for front-face 

excitation fluorescence measurements: (a) side-on view; and (b) aerial view 

 

a b c 

Cut-down glass 
microscope 
slides 

Pollen or spores 

a Cut-down glass 
microscope 
slides 
Pollen or spores 

Sticky tape 

b 



 40 

 
Figure 1.26: Schematic representation (aerial view) of front-face excitation geometry 

 

A longpass filter is often placed between the sample and the detector. This filter 

attenuates light of shorter wavelengths. For example, a 350 nm longpass filter reduces 

the amount of light with a wavelength shorter than 350 nm that reaches the detector. 

These filters are used to reduce peaks observed in emission spectra that arise as a result 

of scattering interactions with the sample, rather than its fluorescence. For example, in 

aqueous samples, Raman scattering occurs at about 34 nm longer (2.9 × 105 cm-1) 

lower) than the incident wavelength.98 Therefore, an excitation wavelength of 300 nm 

(3.3 × 104 cm-1) would show Raman scattering at 334 nm (3.0 × 104 cm-1). A 350 nm 

longpass filter would therefore eliminate this Raman scattering. 

1.7 Fluorescence 

The components of pollen and spores (exine, intine and protoplast) all fluoresce to some 

degree, although the exine shows exceptionally high levels of fluorescence. Inspecting 

pollen and spores using a LSCM gives details of fluorescent structures. Analysis by 

spectrofluorometry can provide information about the fluorescent molecules present and 

their various interactions in a more quantitative fashion than LSCM. 

1.7.1 Basic theory of fluorescence 

Fluorescence occurs when a fluorochrome (a fluorescent molecule) absorbs light and re-

emits light at a longer wavelength (i.e. at lower energy). This process can be explained 

by means of a simplified Jablonski diagram, which represents the quantised electronic 

states within a molecule and their associated vibrational fine structure (Figure 1.27). In 
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the first step, a molecule absorbs a photon that has sufficient energy to promote an 

electron from its ground state (usually the highest occupied molecular orbital (HOMO)) 

to an excited state (usually the lowest unoccupied molecular orbital (LUMO)). The 

electron then drops down to the lowest vibrational energy level within the excited state 

in a process termed vibrational relaxation, which is a radiationless transition that does 

not emit energy to its surroundings. Light is then emitted as the electron drops from this 

level back to the ground state. The emission of light is known as fluorescence.  

 

 
Figure 1.27: Simplified Jablonski diagram representing fluorescence processes 

 

The energy of the light absorbed must be greater than or equal to the energy difference 

between the ground and excited states. The energy of light emitted is lower than that of 

the absorbed light. The absorption and emission wavelengths of the fluorochrome are 

influenced by its structure, as well as its local surroundings; for example, solvent, pH, 

concentration, crystal structure and other local fluorochromes.97 Although 

fluorochromes vary widely in structure, they almost always possess a high degree of 

conjugation (alternating single and multiple bonds). 
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1.7.2 Measurement of fluorescence in pollen and spores 

The fluorescence of a range of pollen and spores has been studied, primarily with the 

aim of furthering the understanding of their internal structures and chemical 

composition. Almost all species demonstrate a broad autofluorescence (natural 

fluorescence produced without the addition of fluorochromes) emission spectrum, from 

about 350 – 700 nm, with peak emission occurring around 460 – 600 nm.50 The 

emission and excitation spectra of a range of pollen and spores were collected for 

aerobiological research: a maximum of around 400 nm was generally observed, with 

some species showing broader bands between 500 – 700 nm (Figure 1.28).99 Recent 

work by Sodeau et al. analysed the fluorescence emission of several taxonomic orders 

of pollen (Poales, Fagales, Pinales, Rosales) and spores (Capnodiales and Eurotiales).95 

The authors found that pollen species within the same order displayed similar emission 

profiles, but that emission varied sufficiently for individual species to be distinguished.  
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Figure 1.28: Excitation and emission spectra of (a) corn pollen; (b) mulberry pollen; (c) 

pecan pollen; (d) ragweed pollen; (e) sporopollenin particles from Lycopodium spores; 

and (f) puff ball spores99 

 

Identifying the source of particular bands within fluorescence emission spectra is 

challenging due to the large number of components present in pollen and spores that 

fluoresce. Emission patterns vary between individual pollen grains or spores from 

identical species, as each may contain slightly different amounts of fluorescent 

material.48 The contents and chemical composition of spores and pollen vary during 

their lifetimes, causing a change in emission.50  Fluorescence analysis of Lycopodium 
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clavatum spores revealed that the application of various chemical treatments shifted the 

peak fluorescence emission wavelength. For example, treatment with 85 % phosphoric 

acid shifted peak emission from 498 – 510 nm to 548 – 558 nm (excitation wavelength 

365 nm).50  

 

In their recent work, Sodeau et al. suggested the source of fluorescent peaks, but these 

assignment bands were broad (often 50 – 100 nm wide) (Table 1.2).95 The fluorescence 

of each species should be considered individually to identify where specific peaks lie 

within these bands. Sporopollenin is the most highly fluorescent component of pollen 

and spores, but its exact chemical nature remains unknown (see 1.2.1). The authors have 

suggested that sporopollenin may have coumaric and ferulic acid components.38 

p-Coumaric acid shows peak emission at around 435 nm and ferulic acid at 

approximately 420 nm.100, 101  Therefore, if sporopollenin is considered to be composed 

- at least in part - of coumaric and ferulic acid monomer units, then emission around 250 

- 350 nm could be attributed to sporopollenin.  

 

Table 1.2: Summary of the possible sources of emission observed in pollen and spore 

fluorescence analysis95 

Fluorescence region / nm Possible assignment 

415 – 420 DNA, phenols and terpenoids 

450 – 500 Nicotinamide adenine dinucleotide (NADH), 

nicotinamide adenine dinucleotide phosphate (NADPH), 

cellulose, folic acid, arachidonic terpenoids and 

flavonoids 

500 - 600 Carotenoids, lipopigments and flavins 

620 – 640 Azulenes 

675 – 680 Chlorophyll-a 

 

Recent work has involved measuring the autofluorescence of pollen and spores as part 

of a technique used to rapidly detect and quantify airborne allergens.48 This method 

presents a more efficient alternative to traditional pollen traps that involve manual 

counting and identification of pollen and spores using a light microscope.102 The ratio of 

red to blue autofluorescence of a common species of pollen in Japan that causes 

allergies was measured.103 The authors suggested this as a novel approach to quickly 

discriminate between species. Pollen and spore autofluorescence has also been widely 
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used to gauge how environmental conditions may have changed over geological time 

scales.104 All of this work illustrates that pollen and spore fluorescence is well studied 

and that these particles show substantial autofluorescence that differs between species.  

 

Recent work by Walt et al. described the use of Escherichia coli bacteria - genetically 

engineered to produce fluorescent proteins - in devices used to encode messages.105 

Pollen and spores have the potential to be used as autofluorescent particles in similar 

messaging devices, where small differences in fluorescence could be measured and used 

to impart encoded information. An array of different fluorescent particles could be 

produced if commercially available fluorochromes were to be encapsulated inside 

microcapsules synthesised from pollen and spores (see section 1.4). 
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2 Aims of the project 

Pollen and spores both have outer walls composed of sporopollenin. The structure of 

this organic biopolymer is complex and varies between species, and its exact structure is 

yet to be elucidated. It possesses many desirable material properties, including chemical 

and physical resilience; shielding of UV radiation; flexibility; and selective 

permeability. Work has been published that indicates that all non-sporopollenin material 

can be removed from Lycopodium clavatum (club moss) spores to produce hollow exine 

microcapsules.57, 58 These microcapsules have been filled with a range of materials, 

including edible oils, pharmaceuticals, yeasts, enzymes and MRI contrast agents. 

However, to date, no reports of pollen grains being used as microcapsules appear to 

have been published. 

 

The most widely published method used to produce microcapsules from Lycopodium 

clavatum spores involves solvents, bases and acids to both digest non-sporopollenin 

components and wash them out of the spores. Researchers suggest that this method is 

also applicable to pollen. This thesis aims to fully evaluate the effect of that published 

protocol on Lycopodium clavatum. Using transmission electron microscopy and 

scanning electron microscopy, the intention is to investigate to what extent the non-

sporopollenin components of the spore are removed. In order to determine the 

suitability of this method for pollen, the process will be applied to Juglans nigra (black 

walnut), Betula fontinalis (water birch) and Secale cereale (rye) pollen and the products 

inspected. 

 

Methods have been published that describe the removal of non-sporopollenin material 

from pollen and spores, with the primary aim of preparing sporopollenin for analysis, 

rather than for creating microcapsules. These methods include acetolysis and treatments 

involving enzymes, and will be applied to Lycopodium clavatum spores and Secale 

cereale, Juglans nigra and Betula fontinalis pollen. The products of these methods will 

be compared to those produced from base and acid treatments. 

 

Pollen and spores are known to autofluoresce, with sporopollenin demonstrating the 

most intense autofluorescence of all components, with peak emission at around 470 nm. 

The fluorescence of untreated pollen and spores will be measured via 
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spectrofluorometry. In order to confirm the location of fluorescent components within 

spores and pollen grains, these particles will be inspected using laser scanning confocal 

microscopy (LSCM). The effect of base and acid treatments on the fluorescence of 

spores, and enzyme treatments on the fluorescence of pollen, will also be evaluated.  

 

Rhodamine B (RhB) is a well-studied fluorescent dye (Figure 2.1), which, when 

prepared as an aqueous or ethanolic solution, emits intensely at around 600 nm. 

Untreated Lycopodium clavatum spores and untreated and enzyme-treated Betula 

fontinalis pollen will be treated with both aqueous and ethanolic solutions of RhB. The 

concentrations of the solutions applied will be varied. The fluorescence of solid samples 

produced will be measured using both spectrofluorometry and LSCM. As RhB and 

sporopollenin emit in different regions of the spectrum, it will be possible to measure 

the emission of these fluorochromes independently. In addition, as the emission 

spectrum of sporopollenin overlaps the absorption spectrum of RhB, these 

fluorochromes are likely to interact, and this potential interaction will be evaluated. By 

varying the solvent and concentration of the RhB solutions used, further information is 

expected to be gleaned regarding the emission of both RhB and pollen and spores. 

 

 
Figure 2.1: Structure of Rhodamine B 

 

The fluorochromes p-coumaric acid and ferulic acid have been proposed as constituents 

of sporopollenin (Figure 2.2). They have been used to predict the effects of changing 

atmospheric conditions and solar radiation on pollen and spores. The fluorescence of 

solutions of these fluorochromes will be measured using spectrofluorometry and 

compared to that of pollen and spores to evaluate their suitability to mimic 

sporopollenin. RhB will be added to solutions of p-coumaric acid and ferulic acid to 

determine whether they show similar shifts in fluorescence compared to pollen and 

spores treated with RhB. This will provide further evidence regarding their suitability as 

materials to simulate sporopollenin. 
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Figure 2.2: Structures of (a) p-coumaric acid and (b) ferulic acid 

 

Published work reports that base and acid treated Lycopodium clavatum spores have 

been successfully filled with yeast cells. In order to determine whether pollen also can 

be filled with biological organisms, enzyme-treated Betula fontinalis pollen will be 

treated with yogurt cultures containing bacteria. Treated pollen will be inspected using 

light microscopy to detect the presence or absence of bacteria inside the cavity of the 

pollen grains. 

 

By evaluating the properties of pollen and spores exposed to the treatments described 

here, it should be possible to gain further insight into their suitability as microcapsules. 

In particular, pollen may come to be used as a microcapsule for the first time. By adding 

the fluorescent dye RhB to pollen and spores, more information should be gleaned 

regarding their autofluorescence and how their interaction with RhB influences the 

emission from sporopollenin, as well as from RhB. Only a limited number of species 

will be studied here due to the time available for study. Species were selected to reflect 

a range of genera, as it was predicted that these would possess different chemistry, and 

are known to exhibit different morphologies. A much wider range of species is available 

for purchase and other species would be expected to display different properties to the 

species studied here. 

  

a b 
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Chapter 3: 

Emptying pollen and spores



 51 

3 Emptying pollen and spores 

3.1 Introduction 

A wide variety of materials have been encapsulated in microcapsules produced from 

spores.74, 80 To date, there is no published research on the use of pollen as 

microcapsules, although pollen and spores share many structural and chemical 

similarities.106 In order to produce microcapsules from spores and pollen, any allergenic 

components should first be removed in order to prevent allergic reactions in humans 

exposed to such microcapsules.2 The microcapsules produced should not be damaged or 

cracked to ensure that there is no leakage or uncontrolled release of the encapsulated 

materials. Many applications for microcapsules, e.g. pharmaceuticals, cosmetics and 

displays, require microcapsules that are close to white in colour. Techniques applied to 

produce microcapsules should therefore ideally give light-coloured products, as close to 

white in colour as possible. Published methods evaluated in this chapter include 

acetolysis, base and acid treatments, and treatments involving enzymes. 

3.2 Analysis of untreated pollen and spores 

In order to analyse the effects of treatments used to empty pollen and spores, it was 

necessary to evaluate untreated pollen and spores. Light microscopy was used to inspect 

the general shape of spores and pollen grains, and to determine whether they were 

intact. Light micrographs collected throughout this thesis were collected using different 

light microscope settings, meaning that the brightness and background colour of 

micrographs varied. Scanning electron microscopy (SEM) provided greater detail about 

surface morphology and ornamentation. Transmission electron microscopy (TEM) was 

used to inspect sections of untreated pollen and spores, in order to evaluate both their 

contents and wall structure. Fluorescent components, and details such as pores, were 

highlighted using laser scanning confocal microscopy (LSCM).  
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3.2.1 Lycopodium clavatum spores 

Untreated Lycopodium clavatum spores were suspended in water and inspected using 

light microscopy (Figure 3.1). However, as these spores are particularly opaque, light 

microscopy provides little information. Spores were examined using SEM (Figure 3.2), 

which shows that the spores are almost monodisperse in size and that most are intact. 

The distal face of the spore is covered with muri that surround lumina (Figure 3.2 (b) 

and (d)). A murus is a ridge on the surface of a spore or pollen grain, which surrounds 

the space referred to as the lumen. The walls of the muri contain ‘bridges’ and 

‘windows’. The proximal face also has muri and lumina, but is dominated by a trilete 

scar, formed from three laesura (Figure 3.2 (c)). Each spore is approximately 25 µm in 

diameter.  

 

  
Figure 3.1: Light micrographs of untreated Lycopodium clavatum spores ((a) × 200 and 

(b) × 400 magnification)  

 

a b 
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Figure 3.2: Scanning electron micrographs of untreated Lycopodium clavatum spores: 

(a) low magnification image; (b) distal face of spore; (c) proximal face of spore with 

three laesura forming a trilete scar, highlighted by broken yellow lines; and (d) high 

magnification image with a murus highlighted by a broken red line and a lumen shaded 

in red 

 

Lycopodium clavatum spores were inspected using TEM. Identification of surface 

features was aided by a paper by Uehara and Kurita.107 The appearance of the spores’ 

distal and proximal faces (Figure 3.3 (a)) is determined by the development of the 

spores within tetrads. The plasma membrane encloses the nucleus, lipid bodies and 

other cellular structures (Figure 3.3 (b) and (c)), not all of which are observable in the 

cross-sections presented here. The wall of the spore is made up of an exospore and an 

endospore (Figure 3.3 (d) and (e)). The exospore possesses an obvious granular 

component – the exospore granular layer. The exospore is laminated in places (Figure 

3.3 (f), (g) and (h)). Although nano-channels that pass through the walls of spores have 

been reported in other species from the Lycopodium genus, they are not present in the 

sections presented here.18 

 

a b 

c d 
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Figure 3.3: Transmission electron micrographs of untreated Lycopodium clavatum 

spores. 

Scale bar (a) = 5 µm; (b) = 2 µm; (c) = 2 µm; (d) = 2 µm; (e) = 1 µm; (f) = 500 nm; 

(g) = 500 nm; and (h) = 200 nm 

df = distal face; en = endospore; ex = exospore; g = exospore granular layer; 

l = lipid body; pf = proximal face ; and pm = plasma membrane 
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3.2.2 Secale cereale pollen 

Light microscopy of Secale cereale pollen shows that grains are translucent under 

illumination, but little can be discerned about their morphology (Figure 3.4). SEM 

analysis was therefore performed (Figure 3.5). Each grain is approximately 50 µm from 

pole to pole (along its longest axis), although many grains are shrunken and deformed 

(Figure 3.5 (a)). This is because SEM requires samples to be dry and grains are 

therefore observed in their dehydrated state. Each grain has a single pore surrounded by 

a thickened ‘donut’ region, know as an annulus (Figure 3.5 (b), (c) and (d)).11 The 

literature suggests that each pore should be filled with a discrete plug of exine material 

known as an operculum.108 However, the pollen examined here appears to be missing 

these opercula. The surface of Secale cereale pollen grains are described as having 

microechinate ornamentation, meaning that the pollen’s surface is covered in spines or 

points, each less than 1 µm in height or width.108, 109  

 

  
Figure 3.4: Light micrographs of untreated Secale cereale pollen ((a) and (b) × 400 

magnification) 

 

a b 
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Figure 3.5: Scanning electron micrographs of untreated Secale cereale pollen:  

(a) low magnification image demonstrating a range of both intact and cracked grains 

(highlighted by blue and red arrows respectively); (b) higher magnification image of a 

slightly collapsed single grain, as indicated by the indents in opposite faces; (c) and (d) 

high magnification images of the single pores of two different grains, each surrounded 

by an annulus. Secale cereale’s microechinate surface ornamentation is also clear in (c) 

and (d) 

 

Secale cereale pollen was examined using TEM (Figure 3.6). Transmission electron 

micrographs show a columellate exine composed of a foot layer, infratectum and tectum 

with an intine layer also present (Figure 3.6 (a) and (b)).110 The literature claims that the 

protoplast contains starch grains and polysaccharide vesicles, although these were not 

identified in the sections here.108 Nano-channels traverse the entire exine wall (Figure 

3.6 (c), (d) and (e)).  

 

a b 

c d 
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Figure 3.6: Transmission electron micrographs of untreated Secale cereale pollen.  

Scale bars: (a) = 2 µm; (b) = 500 nm; (c) = 200 nm; (d) = 500 nm; and (e) = 1 µm 

e = exine; f = foot layer i = intine; it = infratectum; nc = nano-channel p = protoplast; 

and t = tectum 

3.2.3 Juglans nigra pollen 

Juglans nigra pollen appears translucent under the light microscope (Figure 3.7). Most 

grains are translucent, but a minority of grains are almost transparent, indicating the 

lack of a protoplast. These transparent grains enable the many pores of Juglans nigra 

pollen to be easily observed (see Figure 3.7 (b)). 
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Figure 3.7: Light micrographs of untreated Juglans nigra pollen ((a) × 100 and (b) × 

400 magnification)  

Red arrows = transparent grains that appear to contain no protoplast material 

 

SEM of Juglans nigra pollen was carried out to glean further information about its 

morphology (Figure 3.8). These dehydrated grains largely appear squashed or cup-

shaped (Figure 3.8 (a)), and only a few grains are observed in their more hydrated state 

(Figure 3.8 (b) and (c)). Each grain is approximately 30 µm in diameter. Similarly to 

Secale cereale, Juglans nigra pollen possesses a microechinate exine. Each grain has 

numerous pores, distributed over its entire surface. As a result, pollen from Juglans 

nigra may be described as pantoaperturate.109 These apertures do not contain opercula, 

but are covered by a membrane layer (Figure 3.8 (d)).111 

 

a b 
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Figure 3.8: Scanning electron micrographs of untreated Juglans nigra pollen:  

(a) low magnification image of intact, but collapsed grains; (b) and (c) more hydrated 

grains with numerous pores obvious; and (d) high magnification image of a single pore, 

covered by a membrane layer. Juglans nigra’s microechinate surface ornamentation is 

also clear in (d)  

 

TEM analysis indicates that when hydrated, Juglans nigra pollen grains have a circular 

outline (Figure 3.9 (a)). Published studies indicate that both starch grains and lipid 

droplets are present in the protoplasts of Juglans nigra pollen, although these could not 

be distinguished in the sections presented in Figure 3.9.112 The exine is made up of a 

foot layer, infratectum and tectum (Figure 3.9 (b), (c) and (d)). The infratectum of a 

closely related species (Juglans regia) has been described as having a granular texture.11 

The infratectum of Juglans nigra is similar in appearance, indicating that it is also 

granular. Calzoni et al. described lamellar structures within the infratectum, although 

these could not be identified in the sections presented in Figure 3.9.112 The intine lies 

beneath the foot layer, see (Figure 3.9 (a) and (b)). Underneath each aperture is an 

oncus – a thickened region that is not resistant to acetolysis  (Figure 3.9 (a) and (e)).109 

Nano-channels pass through the tectum, but are not seen to traverse the foot layer in the 

sections presented here.  

a b 
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Figure 3.9: Transmission electron micrographs of untreated Juglans nigra pollen.  

Scale bars: (a) = 10 µm; (b) = 500 nm; (c) = 200 nm; (d) = 500 nm; and (e) = 1 µm 

f = foot layer; gr = granular texture; i = intine; it = infratectum; nc = nano-channel; 

o = oncus; p = protoplast; and t = tectum 

3.2.4 Ambrosia artemisiifolia pollen 

Light microscopy was used to inspect untreated Ambrosia artemisiifolia pollen (Figure 

3.10). Grains have an almost spherical outline, however it is difficult to glean any 
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further information from these micrographs due to the heavily sculpted exine, making 

light microscopy challenging. 

 

  

  
Figure 3.10: Light micrographs of untreated Ambrosia artemisiifolia pollen ((a) and (b) 

× 100 magnification; (c) and (d) × 400 magnification) 

 

Ambrosia artemisiifolia pollen was analysed via SEM (Figure 3.11). Grains are well 

hydrated with clear, spherical outlines. Each grain is approximately 20 µm in diameter. 

Although Ambrosia artemisiifolia is triporate, only two pores are visible at any one time 

in these images due to their position within the grains (Figure 3.11 (b) and (c)).113 These 

pores are made up of several layers of the pollen wall, and are therefore described as 

being ‘brevicolporate’. Some pores also appear to be covered by a membrane (Figure 

3.11 (d)), although is in not clear from these images what this membrane is formed 

from. The exine is echinate, meaning that its surface is made up of spines of more than 

1 µm in length.109 The tectum contains holes less than 1 µm in diameter, so is described 

as ‘perforate’ (Figure 3.11 (d)). 

 

a b 
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Figure 3.11: Scanning electron micrographs of untreated Ambrosia artemisiifolia 

pollen:  

(a) low magnification image of well-hydrated grains; (b) & (c) higher magnification 

images of single grains, demonstrating their three pores; and (d) a high magnification 

image of a single pore. The echinate surface ornamentation of the exine is also clear in 

(b), (c) and (d). 

 

TEM analysis of untreated Ambrosia artemisiifolia pollen was performed (Figure 3.12). 

When hydrated, grains have a spherical outline, and the tectum, infratectum, endexine, 

intine and protoplast can all be easily identified. Ambrosia artemisiifolia has a 

continuous tectum and a columellate infratectum. In literature, the endexine has been 

described as lamellar.113 However, this lamellar structure is not easy to make out in the 

sections presented in this thesis. In the TEM sections, a single aperture has been 

sectioned (Figure 3.12 (a) and (d)), and its membrane (as observed in an SEM image 

(Figure 3.11 (d)) can be made out. However, the composition of this membrane is not 

clear.  

 

a b 
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Figure 3.12: Transmission electron micrographs of untreated Ambrosia artemisiifolia 

pollen.  

Scale bars: (a) = 5 µm; (b) & (c) = 2 µm; and (d) = 1 µm. a = aperture; am = aperture 

membrane; e = exine; en = endexine; i = intine; it = infratectum; p = protoplast; and 

t = tectum 

3.2.5 Betula fontinalis pollen 

Betula fontinalis pollen was inspected via light microscopy (Figure 3.13). Grains have 

an almost spherical outline and each grain has three pores, highlighted by red arrows in 

Figure 3.13 (b). The amount of protoplast within these regions is less than in the 

remainder of the grain. As grains are almost opaque, SEM and TEM were required to 

provide more information on structure and morphology. 
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Figure 3.13: Light micrographs of untreated Betula fontinalis pollen ((a) and (b) × 400 

magnification)  

Red arrows = decreased amount of protoplast material in the region of the pores 

 

SEM analysis of dry grains shows that their outline is irregular when not hydrated 

(Figure 3.14), compared to a spherical outline when hydrated (Figure 3.13). Each grain 

is approximately 30 µm in diameter. The exine surfaces of closely related species 

(Betula pendula and Betula humilis) have been described as granular and rugulate, and 

are very similar to that of Betula fontinalis (Figure 3.14 (c) and (e)).114, 115 Each grain is 

triporate (has three pores) and each pore is surrounded by an annulus, but does not 

contain an operculum (Figure 3.14 (e)).116 In addition to single grains, tetrads are 

present (Figure 3.14 (b) and (d)). During pollen development, tetrads are formed from 

four immature pollen grains. In a tetrad, the exine wall is still being formed, which 

explains why the surface morphology of the tetrad grains appear different to mature 

grains within the sample.11  

 

a b 
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Figure 3.14: Scanning electron micrographs of untreated Betula fontinalis pollen:  

(a) and (b) low magnification images of collapsed grains, with a tetrad highlighted by a 

red circle; (c) a higher magnification image of a single, hydrated grain, with its three 

pores visible; (d) a tetrad of immature grains; and (e) a high magnification image of a 

single pore. Betula fontinalis’ granular, regulate exine is also clear in (c) and (e).  

 

Palynological analysis of closely-related species (Betula pendula and Betula humilis) 

has previously been published, and the TEM analysis of Betula fontinalis in this thesis 

is based on this work.114, 115 TEM highlights the pores present within Betula fontinalis 

and the onci that lie beneath each pore (Figure 3.15 (a), (b) and (c)). The protoplasts of 

Betula pendula and Betula humilis contain starch grains, and although these are also 
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likely to be present in Betula fontinalis, these grains could not be distinguished in the 

sections presented here. The exine is composed of the tectum, infratectum and foot 

layer, with the tectum having a columellate structure (Figure 3.15 (c) and (d)). PalDat 

(an online palynological database) describes the tectum of Betula pendula and Betula 

humilis as being ‘very mighty’ and this is also appears to be true of Betula fontinalis.114, 

115 The tectum is particularly thick (~ 0.5 µm) compared to its foot layer (~ 0.25 µm) 

and also to the tectum of other species studied e.g. Secale cereale (~ 0.3 µm) (Figure 

3.6) and Juglans nigra (~ 0.2 µm) (Figure 3.9). Nano-channels pass through the tectum 

of Betula fontinalis (Figure 3.15 (d)), but in the sections presented here, they do not 

appear to pass through the foot layer. 
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Figure 3.15: Transmission electron micrographs of untreated Betula fontinalis pollen. 

Scale bars: (a) = 5 µm; (b) = 2 µm; (c) = 1 µm; (d) = 500 nm; and (e) = 1 µm 

a = aperture; f = foot layer; i = intine; it = infratectum; nc = nano-channel; o = oncus; 

p = protoplast; and t = tectum  

3.3 Acetolysis 

Acetolysis is one of the most widely used techniques by palynologists to produce pollen 

and spores for microscopic analysis. It was initially proposed by G. Erdtman whereby 

pollen and spores are suspended in a 9:1 mixture of acetic anhydride and sulfuric acid 
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then heated to 70 °C for between one and two minutes.54 The suspension is then 

centrifuged and washed with water.8 In this process, acetic anhydride breaks down the 

cellulose present in pollen and spores, with sulfuric acid acting as a catalyst.45 

Modifications to the standard method have been published, for example: using glacial 

acetic acid to wash pollen prior to analysis; changing the temperature used; or changing 

the time material spends in the acetolysis mixture.55 There is no published evidence that 

acetolysis has been used to prepare microcapsules. 

 

Bleaching is sometimes performed after acetolysis and prior to microscopic analysis. 

This is carried out in order to whiten pollen and spores, making their morphology easier 

to evaluate using light microscopy. Sodium hypochlorite, sometimes in the presence of 

acetic acid and hydrochloric acid, is used to carry out this bleaching.45, 117 Bleaching is 

able to break down the bonds within chromophores (structures within a molecule that 

make it appear coloured). As sporopollenin contains chromophores, bleaching is likely 

to alter its highly conjugated structure.118 In addition, other authors have noted that the 

addition of reagents containing chlorine e.g. hydrochloric acid, can introduce chlorine 

into sporopollenin’s structure.13 As bleaching is likely to alter sporopollenin’s structure 

and therefore potentially detrimentally alter its material properties, it will not be further 

evaluated here. 

 

The acetolysis method followed in this chapter was kindly provided by Carol Furness of 

the Royal Botanic Gardens, Kew, London.119 Pollen or spores (0.1 g) were suspended in 

an acetolysis mixture (acetic anhydride and sulfuric acid in a 9:1 ratio (2 ml)). This 

suspension was heated (90 °C, 2 minutes) and then centrifuged (1500 × g (relative 

centrifugal force), 5 min). The supernatant fraction was discarded and the pollen or 

spores re-suspended in deionized water (10 ml) and then re-centrifuged. Washing and 

centrifugation was carried out a total of three times. This acetolysis procedure was 

applied as a control experiment to Lycopodium clavatum (club moss) spores and Secale 

cereale (rye), Juglans nigra (black walnut) and Betula fontinalis (water birch) pollen. 

Analysis of these samples was performed using light microscopy. The resolution of the 

microscope was sufficient to confirm the presence or absence of protoplast, and pollen 

or spore wall, but was unable to distinguish between the exine and intine (pollen) or 

exospore and endospore (spore)  
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3.3.1 Acetolysis of Lycopodium clavatum spores 

Light micrographs of untreated and acetolysed Lycopodium clavatum spores were 

compared (Figure 3.16 and Figure 3.17 respectively). Both before and after treatment, 

spores are opaque, therefore making it difficult to determine the presence or absence of 

protoplasts. SEM analysis by other authors has indicated that the morphology of 

Lycopodium clavatum spores remains largely unchanged after acetolysis.120 However, 

Wilce suggested that acetolysis causes the proximal face of Lycopodium spores to 

collapse into the spore cavity, thus altering their overall shape.121 Light micrographs of 

acetolysed Lycopodium clavatum spores prepared for this thesis indicate that no such 

collapse occurred in this case. 

 

  
Figure 3.16: Light micrographs of untreated Lycopodium clavatum spores ((a) × 200 

and (b) × 400 magnification) 

 

a b 
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Figure 3.17: Light micrograph of acetolysed Lycopodium clavatum spores (× 100 

magnification) 

3.3.2 Acetolysis of Secale cereale pollen 

Light micrographs of untreated Secale cereale pollen (Figure 3.18) were compared to 

those of acetolysed pollen from the same species (Figure 3.19). Results show that 

acetolysis does appear to remove most protoplast material from Secale cereale pollen, 

but some material clearly remains within the grains (Figure 3.19 (b); green arrow). 

Some residual protoplast material is also seen leaving through the pores (Figure 3.19 

(b); red arrows). Increasing the time the pollen spends in the acetolysis solution may 

remove further protoplast material. However, this is likely to render the grains darker in 

colour, making them unsuitable as microcapsules, especially where a lighter coloured 

microcapsule is desirable e.g. in pharmaceutical or display applications. Most grains 

remain intact, and there appears to be more debris surrounding them after acetolysis, 

possibly as a result of the degradation of non-sporopollenin components.  
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Figure 3.18: Light micrographs of untreated Secale cereale pollen ((a) and (b) × 400 

magnification) 

 

  
Figure 3.19: Light micrographs of acetolysed Secale cereale pollen ((a) × 100 and (b) 

× 400 magnification) 

Red arrows = protoplast material passing through pores of pollen grains; green arrow = 

protoplast material still within a pollen grain 

3.3.3 Acetolysis of Juglans nigra pollen 

Untreated Juglans nigra pollen was compared to acetolysed pollen via light microscopy 

(Figure 3.20 and Figure 3.21 respectively). Higher magnification (× 400) analysis of 

acetolysed Juglans nigra pollen shows that not all protoplast material was successfully 

removed (Figure 3.21 (b), red arrow). Juglans nigra pollen appears darker after 

acetolysis, indicating that the chemical structure of sporopollenin is likely to have been 

altered (although the integrity of the pollen grains does not appear to have been 

affected). 
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Figure 3.20: Light micrographs of untreated Juglans nigra pollen ((a) × 100 and (b) 

× 400 magnification)  

 

  
Figure 3.21: Light micrographs of acetolysed Juglans nigra pollen ((a) × 100 and (b) 

× 400 magnification) 

Red arrow = protoplast material within grain 

3.3.4 Acetolysis of Betula fontinalis pollen 

Untreated Betula fontinalis pollen (Figure 3.22) was compared to acetolysed pollen 

(Figure 3.23) As observed with Secale cereale pollen, acetolysis was successful in 

removing almost all protoplast material from Betula fontinalis. However, acetolysed 

pollen is darker than untreated pollen, suggesting that acetolysis changes 

sporopollenin’s chemical structure. Similar to untreated pollen, pollen tetrads are 

observed in the acetolysed sample (Figure 3.23 (a); red arrows), indicating that 

acetolysis does not appear to break the bonds between individual grains within tetrads. 
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Figure 3.22: Light micrographs of untreated Betula fontinalis pollen ((a) and (b) × 400 

magnification) 

 

  
Figure 3.23: Light micrographs of acetolysed Betula fontinalis pollen ((a) × 100 and (b) 

× 400 magnification) 

Red arrow = tetrad of pollen grains 

3.3.5 Acetolysis: summary of results 

1. Acetolysis was confirmed to be a quick and simple method of removing non-

sporopollenin material from pollen and spores. However, in all species studied 

here, not all non-sporopollenin material was successfully removed, indicating that 

some components with the potential to cause an allergic reaction remained inside 

pollen and spores. The method left pollen and spores from all species intact. 

 

2. Material produced appeared largely dark brown in colour, meaning that it is 

unsuitable for use in many applications for which lighter-coloured microcapsules 

are required, e.g. pharmaceutical, food and display applications. This colour change 
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indicates that sporopollenin’s chemical structure was altered, potentially reducing 

its desirable material properties e.g. physical and chemical strength, flexibility and 

ability to absorb ultraviolet (UV) radiation. Bleaching could be used to lighten the 

colour of the acetolysed pollen and spores studied here; however that would be 

likely to further alter sporopollenin’s structure. 

 

3. No change in the shape of grains was observed post acetolysis. This latter finding 

is supported by work by Reitsma, who found that although acetolysis does not alter 

the shape of pollen grains, it does alter their size, depending on the exact acetolysis 

method used and the time that pollen spends in the acetolysis mixture.122 

 

4. Given that acetolysis produced dark-coloured spores and pollen grains, it was 

therefore not further considered as a suitable technique for producing 

microcapsules from pollen or spores. 

3.4 Base and acid treatments 

Base and acid treatments are the most widely published and patented methods used to 

produce microcapsules from spores. Lycopodium clavatum (club moss) spores were 

treated with base (commonly potassium hydroxide) followed by acid (usually 85 % 

(v/v) ortho-phosphoric acid) in conjunction with organic solvents. Published data 

suggests that hollow sporopollenin exine shells were successfully isolated by removal 

of all the intine and protoplast material. The exact method employed varies slightly 

between publications.57-59, 74, 85, 123 Although microcapsules have been produced from 

pollen and spores using base and acid, pollen is less well studied. To date, only 

Ambrosia trifida (giant ragweed) pollen appears to have been treated with a modified 

version of this base and acid protocol (summarised in Figure 3.25), with the aim of 

producing microcapsules.124 Particular modifications to note include: one rather than 

two base treatments; 1 × 1 h rather than 2 × 6 h reflux in base; using sodium hydroxide 

rather than potassium hydroxide as the base; the addition of an ethanol reflux; and the 

reflux in ortho-phosphoric acid lasting 1 h rather than 7 days. Fletcher et al. did not 

explain why they varied the conditions, although it is reasonable to speculate that 

Ambrosia trifida was damaged by the method applied to Lycopodium clavatum. 
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Figure 3.24: Summary of the base and acid treatment protocol applied to Lycopodium 

clavatum spores, published by Atkin et al.57 
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Figure 3.25: Summary of the base and acid treatment protocol applied to Ambrosia 

trifida pollen, published by Fletcher et al.124 

 

In order to test the suitability of the standard base and acid treatment proposed by Atkin 

et al. (summarised in Figure 3.24) on both pollen and spores, it was applied to 

Lycopodium clavatum spores, and Secale cereale (rye) and Juglans nigra (black walnut) 

pollen as a control experiment.57 Small modifications were subsequently made to the 

method applied to the pollen species to both test weaknesses in the method and to 

determine whether these modifications improved the outcome. 
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Ambrosia artemisiifolia pollen was treated using the modified version of this protocol, 

published by Fletcher et al. (summarised in Figure 3.25).124 Ambrosia artemisiifolia 

pollen was used in place of Ambrosia trifida pollen, since the latter could not be 

purchased. However, the two species are from the same genera and are therefore closely 

related. It was predicted that they would behave in a similar fashion when exposed to 

acid and base. Light microscopy, scanning electron microscopy (SEM) and transmission 

electron microscopy (TEM) were all used to analyse the material produced.  

3.4.1 Base and acid treatment applied to Lycopodium clavatum spores 

Lycopodium clavatum spores were treated according to the protocol outlined in Figure 

3.24. Scanning electron micrographs of untreated Lycopodium clavatum spores (Figure 

3.26) were compared to those taken of spores after step 1 (Figure 3.27). A low-

magnification scanning electron micrograph (Figure 3.27 (a)) shows that all grains 

appear intact after step 1. However, higher magnification images suggest that the muri 

on the spores’ distal faces (Figure 3.27 (b)) may have been damaged by this treatment. 

The proximal face (Figure 3.27 (c)) of a second spore appears unchanged. Higher 

magnification images were only taken of two spores. Although it can be concluded that 

acetone treatment leaves spores intact, further microscopy is required to determine the 

extent to which this treatment affects the exine. 
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Figure 3.26: Scanning electron micrographs of untreated Lycopodium clavatum spores: 

(a) low magnification image; (b) distal face of spore; (c) proximal face of spore with 

three laesura forming a trilete scar; and (d) high magnification image  
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Figure 3.27: Scanning electron micrographs of Lycopodium clavatum spores after step 1  

 

After step 2, spores remain intact (Figure 3.28). However, a high magnification image 

taken of a single spore (Figure 3.28 (b)) highlights possible damage to the distal face. 

The proximal face seems unchanged (Figure 3.28 (c)). Although the muri appear 

undamaged, the lumina appear less smooth and possibly more porous. To confirm this 

damage across the entire sample, further high magnification SEM studies are required. 

In addition, it is impossible to determine whether this damage was inflicted during step 

1, or whether step 2 merely increased damage already present after step 1.  
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Figure 3.28: Scanning electron micrographs of Lycopodium clavatum spores after step 2 

 

After step 3 (i) (second base treatment) (Figure 3.29), spores appear similar to 

completely untreated spores. A high magnification image of a single spore reveals that 

its distal and proximal faces are unchanged. This is in contrast to the damaged spores 

observed after steps 1 and 2 (Figure 3.28 (b)). As these observations are only based on 

two spores from each sample, more high magnification SEM studies are required to 

determine whether treatment with base does damage the exine of Lycopodium clavatum 

spores. 
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Figure 3.29: Scanning electron micrographs of Lycopodium clavatum spores after step 

3, part (i) 

 

Scanning electron micrographs were taken after step 3, part (iii) to evaluate the effect of 

solvents (water, acetone, hydrochloric acid (2 mol dm-3) and sodium hydroxide (2 mol 

dm-3), and ethanol) on base-treated spores (Figure 3.30). Some spores were observed 

that appeared different to most in the sample (highlighted by red circles). It was difficult 

to determine if these spores were damaged, or whether they were part of a standard 

sample of spores. This variation appears limited to a small number of spores within the 

sample. Lycopodium clavatum spores seem largely undamaged by treatment with base, 

acid and organic solvents, although some changes to the exine are clear. This is in 

agreement with the observations reported by Atkin et al. Further work is required to 

understand the nature of the damage caused to the exine and exactly which step(s) in the 

process contributes to this. 
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Figure 3.30: Scanning electron micrographs of Lycopodium clavatum spores after step 

3, part (iii) 

Red circles highlight damaged spores 

 

Transmission electron microscopy of base and acid treated Lycopodium clavatum spores 

was carried out. It was challenging to produce sections for TEM analysis as this species 

was found to be particularly difficult to section and damaged several diamond 

sectioning knives. Despite this, every effort was made to obtain good quality 

micrographs that were representative of the samples studied.  

 

Transmission electron micrographs of untreated Lycopodium clavatum spores (Figure 

3.31) were compared to those taken after step 1 (Figure 3.32). These demonstrate that a 

large amount of protoplast material was removed during step 1. The exospore and 

endospore can also be identified and the exospore retains its lamellar structure. In 

addition to the spores observed, a biological organism of unknown origin (approximate 

diameter 2 µm) was also seen to be present in spores after step 1 (Figure 3.32 (a)). 

Although this organism cannot be definitively identified, it does fit within the correct 

size range for a bacterium (approximately 0.1 - 50 µm) or a fungal spore (approximately 

1.5 – 30 µm).125, 126 
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Figure 3.31: Transmission electron micrographs of untreated Lycopodium clavatum 

spores.  

Scale bar (a) = 5 µm; (b) = 2 µm; (c) = 2 µm; (d) = 2 µm; (e) = 1 µm; (f) = 500 nm; 

(g) = 500 nm; and (h) = 200 nm 

df = distal face; en = endospore; ex = exospore; g = exospore granular layer; 

l = lipid body; pf = proximal face ; and pm = plasma membrane 
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Figure 3.32:Transmission electron micrographs of Lycopodium clavatum spores after 

step 1.  

Scale bar (a) = 1 µm; (b) = 500 nm; (c) = 2 µm; and (d) = 200 nm 

? = biological organism of unknown origin; c = crack; en = endospore; ex = exospore; 

p = protoplasm;  

 

TEM shows that after treatment with base (steps 2 and 3), protoplast material appears to 

have been largely removed (Figure 3.33). The exospore is unchanged compared to 

untreated spores and is still clearly laminated. There are a series of wall layers that 

cannot be differentiated between (Figure 3.33 (a), (b) and (c)). These layers are likely to 

be composed of the endospore and exospore granular layer. However, the potassium 

hydroxide solution applied is likely to have begun to break down the endospore, making 

the identification of distinct layers challenging. A blue dashed line highlights these 

layers in Figure 3.33. A crack is observed in one of the spores (Figure 3.32 (c)). It is 

difficult to ascertain whether stirring in acetone or preparing spores for TEM caused this 

damage. However, it is likely to be confined to a minority of spores as SEM (Figure 

3.27) indicates that most grains remained intact after step 1. 
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Figure 3.33: Transmission electron micrographs of Lycopodium clavatum spores after 

step 3, part (iii).  

Scale bar (a) = 1 µm; (b) = 500 nm; and (c) and (d)= 200 nm 

ex = exospore; blue dashed line = wall layers that cannot be differentiated between 

 

After prolonged treatment with acid (step 4), TEM reveals that the endospore layer no 

longer seems to be present. The uniform staining of the remaining layer (indicated by 

dashed yellow lines in Figure 3.34 (c) and (d)) suggests that this is the exospore layer, 

as the granular layer present prior to step 4 is differently stained (Figure 3.33). In 

addition, the granular layer is known to only form at the proximal regions of 

Lycopodium clavatum spores, whereas the single layer observed in Figure 3.34 (a) is 

distributed uniformly over all regions of the spore.107 The acid and base treatment 

protocol proposed by Atkin et al. does appear to remove all non-sporopollenin 

components leaving just the exospore remaining. This supports published findings that 

the protocol is suitable for producing microcapsules from Lycopodium clavatum spores. 
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Figure 3.34: Transmission electron micrographs of Lycopodium clavatum spores after 

step 4.  

Scale bar (a) = 2 µm; (b) and (c) = 500 nm; and (d) = 200 nm 

ex = exospore; yellow dashed line = non-uniform edge of the exospore 

3.4.2 Base and acid treatment applied to Secale cereale pollen 

The base and acid treatment protocol summarised in Figure 3.24 was applied to Secale 

cereale pollen. Light microscopy was used to compare untreated Secale cereale pollen 

(Figure 3.35) to pollen after step 1 (Figure 3.36). After step 1, pollen appears unchanged 

compared to untreated pollen. However, step 2 caused notable damage to pollen, and 

many grains appear cracked and broken (Figure 3.37). Base treatment did, however, 

produce more transparent grains that appear to have a large quantity of their protoplast 

material removed. Nevertheless, the damage caused was so great that the method 

proposed by Atkin et al. was deemed unsuitable for producing microcapsules from 

Secale cereale pollen without further modification. Cracked and damaged grains would 

be unlikely to encapsulate substantial quantities of material without encapsulated 

material leaking out. The proposed second base treatment (step 3) and the acid step 

(step 4) were not attempted for this reason. 
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Figure 3.35: Light micrographs of untreated Secale cereale pollen ((a) and (b) × 400 

magnification) 

 

  
Figure 3.36: Light micrographs of Secale cereale pollen after step 1 ((a) × 100 and 

(b) × 400 magnification) 
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Figure 3.37: Light micrographs of Secale cereale pollen after step 2 ((a) & (b) × 100, 

and (c) and (d) × 400 magnification) 

 

In order to evaluate the effect of temperature on the pollen during step 2, this step was 

repeated at room temperature, rather than at reflux. After 2 h, a proportion of grains 

appear damaged (Figure 3.38), similar to samples heated at reflux (Figure 3.37). This 

indicates that heating is unlikely to be responsible for the damage to Secale cereale 

pollen observed during step 2. 
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Figure 3.38: Light micrographs of Secale cereale pollen after step 2 (2 h, room 

temperature) ((a), (b), (c) and (d) × 400 magnification) 

 

To determine the effect of agitation, untreated Secale cereale pollen was suspended in 

potassium hydroxide (6 % (w/v)) (step 2) without stirring. After 4 h 30 min, light 

microscopy shows that a large number of grains are ruptured (Figure 3.39) and that 

compared to a stirred sample (Figure 3.37), more protoplast material is present. In an 

attempt to highlight any intine or protoplast material present, grains were stained with 

an aqueous solution of Ruthenium Red. Ruthenium Red binds to polysaccharides, 

which are found largely in the intine (and to a more limited extent, the protoplast) of 

pollen.127 Stained pollen appears slightly pink in colour. However, the solution appeared 

to fail to penetrate a majority of grains. These results indicate that stirring is required to 

remove protoplast material, but that it is unlikely to cause a majority of the damage to 

grains observed.  
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Figure 3.39: Light micrographs of Secale cereale pollen after step 2 (4 h 30 min, 

without stirring). Slide stained with Ruthenium Red. ((a) and (b) × 100, and (c) × 400 

magnification) 

 

Repeating step 2 at room temperature (Figure 3.38) and without stirring (Figure 3.39) 

did not notably reduce damage to the grains. This suggests that potassium hydroxide 

was likely to be the primary factor in the damage caused to the pollen. It may be the 

case that base treatment breaks down the intine, leaving the exine structurally weaker 

and therefore more susceptible to damage.  

 

The combined thickness of the exospore and endospore of Lycopodium clavatum spores 

is approximately 1 – 2 µm, compared to the exine of Secale cereale pollen, which is 

approximately 0.5 µm thick. Lycopodium clavatum spores possess a strong, lamellar 

exospore (Figure 3.40), whereas Secale cereale’s infratectum is columellate (Figure 

3.41) and therefore may be structurally weaker in comparison (see Figure 3.42 for a 

schematic of these structures). These factors could explain why the published base and 

acid protocol is suitable to produce microcapsules from Lycopodium clavatum spores 

but not Secale cereale pollen.  
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Figure 3.40: Transmission electron micrographs of untreated Lycopodium clavatum 

spores, highlighting their laminated exospore.  

Scale bar (a) = 1 µm; (b) & (c) 500 nm; and (d) 200 nm. ex = exospore; and g = 

exospore granular layer 

 

  
Figure 3.41: Transmission electron micrographs of untreated Secale cereale pollen, 

highlighting its columellate infratectum.  

Scale bars: (a) = 2 µm and (b) = 500 nm 
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Figure 3.42: Schematic representing the columellate exine of Secale cereale pollen and 

the lamellar exospore of Lycopodium clavatum spores 

 

Bolick and Vogel postulate that pollen originating from low humidity environments is 

exposed to greater dehydration stresses, meaning that grains have stronger exines.128 

However, that paper did not evaluate how humidity influences the wall strength of 

spores. Lycopodium clavatum requires a humid atmosphere for successful growth, 

whereas Secale cereale is drought-tolerant.129 Therefore, according to this theory, 

Secale cereale pollen should have a stronger wall. As this is not the case, Bolick and 

Vogel’s theory does not seem applicable when comparing the wall strength of Secale 

cereale pollen to that of Lycopodium clavatum spores. 

3.4.3 Base and acid treatment applied to Juglans nigra pollen 

Untreated Juglans nigra pollen (Figure 3.43) was compared to Juglans nigra pollen 

stirred in acetone at reflux for 6 hours (step 1, Figure 3.24) via light microscopy (Figure 

3.44). Grains appear unchanged when compared to untreated pollen. After step 2, a 

majority of the grains are transparent, indicating that protoplast material has been 

removed, but a large proportion of grains are also cracked (Figure 3.45). In addition, a 

number of grains seem misshapen and have not retained their outline shape, and it is 

also evident that some grains still contain protoplast material. The grains are surrounded 

by debris; possibly the result of the degradation of non-sporopollenin components. 
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Figure 3.43: Light micrographs of untreated Juglans nigra pollen ((a) × 100 and (b) 

× 400 magnification)  

 

  
Figure 3.44: Light micrographs of Juglans nigra pollen after step 1 ((a) × 100 and (b) 

× 400 magnification) 

 

  
Figure 3.45: Light micrographs of Juglans nigra pollen after step 2 ((a) and (b) × 100 

magnification) 

 

After step 3, Juglans nigra pollen is unrecognisable and the grains have broken down 

into dark brown ‘sheets’ of material, although it is possible to observe the occasional 
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ruptured grain in the preparation (Figure 3.46). Step 4 was not attempted, as it was clear 

that acid treatment would not result in intact pollen microcapsules. As a result, the base 

and acid treatment protocol proposed by Atkin et al. cannot be considered suitable for 

Juglans nigra pollen without further modification. 

 

  
Figure 3.46: Light micrographs of Juglans nigra pollen after step 3 ((a) and (b) × 100 

magnification) 

 

To determine whether temperature was influential in damaging grains, step 2 was 

repeated, but at room temperature rather than at reflux. After 4 h 30 min, a sticky brown 

suspension was observed that was difficult to inspect via light microscopy, at least in 

part because of the aggregation of the grains (Figure 3.47). The sample taken contained 

a mixture of damaged and intact grains, in a similar manner to pollen heated at reflux 

(Figure 3.45). This indicates that reflux conditions are unlikely to have contributed to 

the damage to Juglans nigra pollen during base treatment. Without further analysis, it is 

impossible to determine what caused the ‘stickiness’ of this sample. It may be that base 

treatment alters the surface of the grains, making them soft and tacky. Alternatively, this 

treatment may result in an increase in electrostatic attraction between grains. 
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Figure 3.47: Light micrograph of Juglans nigra pollen after step 2 (4 h 30 min, room 

temperature) (× 400 magnification) 

 

Repeating step 2 at reflux but without stirring resulted in pollen grains that contain more 

protoplast material (Figure 3.48), compared to the same stirred sample (Figure 3.45). In 

addition, Juglans nigra pollen that was not stirred during step 2 is less misshapen 

compared to the stirred pollen. These results indicate that stirring during step 2 helps to 

remove protoplast material, but does cause some of the damage to grains. However, 

potassium hydroxide is probably the factor that causes the most damage to the exine of 

Juglans nigra pollen during base treatment. Juglans nigra possesses a granular 

infratectum (Figure 3.49), which may be structurally weaker in comparison to the 

lamellar exospore of Lycopodium clavatum spores (Figure 3.42). This could explain 

why Lycopodium clavatum is better able to withstand treatment with base, acid and 

solvent, compared to Juglans nigra pollen. 
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Figure 3.48: Light micrographs of Juglans nigra pollen after step 2 (6 h, without 

stirring). ((a) and (b) × 100 and (c) and (d) × 400 magnification) 

 

 
Figure 3.49: Schematic representing the granular infratectum of Juglans nigra pollen 

3.4.4 Base and acid treatment applied to Ambrosia artemisiifolia 

pollen 

The method proposed by Fletcher et al. to produce sporopollenin exine shells from 

Ambrosia trifida (giant ragweed) pollen was applied to Ambrosia artemisiifolia 
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(common ragweed) pollen (see Figure 3.25 for an overview of this method).124 Light 

microscopy was used to compare untreated pollen (Figure 3.50) to pollen after step 1 

(Figure 3.51). Light microscopy demonstrates that after step 1, pollen is unchanged 

compared to untreated pollen. After step 3, the products were again examined by light 

microscopy and not all grains remained intact (Figure 3.52). Some grains appear 

completely destroyed (Figure 3.52 (a)), whereas others retain some of their structure 

(Figure 3.52 (b), (c) and (d)). Treatment with acetone, base and ethanol did not appear 

to remove all protoplast material (Figure 3.52 (d)), suggesting that acid is necessary for 

such removal. However, the damage caused by steps 1 to 3 was deemed too great to 

allow the production of microcapsules following this method, so the final acid step (step 

4) was not attempted. Fletcher et al. did not publish light micrographs, scanning 

electron micrographs or transmission electron micrographs to report the effects of base 

and acid treatment on Ambrosia trifida. Therefore, it is impossible to evaluate how the 

results reported in this thesis compare with published results.  

 

  

  
Figure 3.50: Light micrographs of untreated Ambrosia artemisiifolia pollen ((a) and (b) 

× 100 magnification; (c) and (d) × 400 magnification) 
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Figure 3.51: Light micrographs of Ambosia artemisiifolia pollen after step 1 ((a) × 100 

and (b) × 400 magnification) 

 

  

  
Figure 3.52: Light micrographs of Ambosia artemisiifolia pollen after step 3 ((a) × 100 

and (b), (c) and (d) × 100 magnification) 

 

The published method used to produce microcapsules from Ambrosia trifida (or in this 

case, Ambrosia artemisiifolia) pollen could be considered more ‘gentle’ than the similar 

method, also published by Fletcher et al., to produce microcapsules from Lycopodium 

clavatum spores.57, 124 Base treatment steps applied to this species of pollen were 

shorter, so it is intuitive that any chemical damage would be reduced. In addition, as 
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pollen was stirred for a shorter period, damage caused by the action of stirring could be 

predicted to be diminished. However, it appears that even these modifications were not 

sufficient to enable the production of microcapsules from pollen.  

 

Ambrosia artemisiifolia has a columellate infratectum (Figure 3.53). This could be 

considered weak in comparison to the lamellar exospore of Lycopodium clavatum 

spores, which were able to withstand treatment with base and acid. Ambrosia 

artemisiifolia pollen possesses a laminated endexine (although this was difficult to 

make out during TEM analysis (see section 3.2.4), which would have been expected to 

impart strength to the pollen, in a similar way to the lamellar exospore of Lycopodium 

clavatum. However, this does not appear to have been the case. In order to produce 

microcapsules from Ambrosia artemisiifolia pollen, alternative methods need to be 

developed, or the base and acid treatment proposed here further modified. 

 

 
Figure 3.53: Schematic representing the columellate infratectum and lamellar endexine 

of Ambrosia artemisiifolia pollen  

3.4.5 Base and acid treatments: summary of results 

1. Microcapsules were successfully produced from Lycopodium clavatum spores 

using the method published by Atkin et al.57 However, the same protocol applied to 

Secale cereale and Juglans nigra pollen damaged the pollen so considerably that 

the acid step was not attempted.  

 

2. Light micrographs indicated that it was the base treatment step rather than 

treatment with acetone that initiated damage to pollen. Applying the base treatment 
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(step 2) at room temperature or without stirring did not reduce the amount of 

damage to Secale cereale pollen, suggesting that potassium hydroxide caused the 

majority of the damage observed. Increased levels of protoplast material were 

observed inside grains in un-stirred samples. Similar results were observed with 

Juglans nigra pollen.  

 

3. Microcapsules were not successfully produced from any of the pollen species via 

the method proposed by Atkin et al., despite modifications.124 Neither could 

microcapsules be synthesised from Ambrosia artemisiifolia pollen using the 

method published by Fletcher et al.124 Base treatment resulted in damaged grains 

that would be unsuitable for use as microcapsules. Therefore, it may be prudent to 

evaluate other methods, for example enzyme treatments that may selectively 

remove all non-sporopollenin material without damaging the exine. 

3.5 Treatments involving enzymes 

Treatments involving enzymes have been used to remove non-sporopollenin material 

from pollen to produce sporopollenin for both chemical and microscopic analysis.64, 65, 

130, 131 A study using light microscopy published by Loewus et al. suggests that intact 

exine shells can be obtained from a range of pollen species using 4-methylmorpholine 

N-oxide (MMNO) and cyclohexylamine (CHA) (Figure 3.54), in combination with 

enzymes and bovine serum albumin (BSA).64 The primary aim of that study was to 

obtain exine material for structural and chemical analysis, rather than producing intact 

pollen microcapsules. Up to now, no enzymatic methods have been reported that have 

the primary aim of producing microcapsules from pollen. In this chapter, the method 

published by Loewus et al. was evaluated for its suitability to produce microcapsules 

from range of pollen species, belonging to a variety of taxonomic families. Secale 

cereale (rye), Juglans nigra (black walnut) and Betula fontinalis (water birch) pollen 

were selected as they come from different families (Poacaea, Juglandaceae and 

Betulaceae respectively) and are therefore likely to exhibit different chemical and 

structural properties. 
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a b 

Figure 3.54: Structure of (a) 4-methylmorpholine N-oxide (MMNO) and (b) 

cyclohexylamine (CHA) 

 

The general procedure used is summarised in Figure 3.55. An aqueous solution of 

MMNO and CHA was used in an attempt to break the bond between the exine and 

intine.14 This solution was placed into the glass mortar of a Potter-Elvehjem tissue 

grinder (Figure 3.56). A polytetrafluoroethylene (PTFE) pestle was cycled up and down 

past the solution inside the mortar to further facilitate the breaking of exine-intine bonds 

within the pollen. The pollen was then incubated in solution with Cellulysin, Macerase 

and (BSA), with the aim of digesting protoplasts. Pollen was washed and centrifuged to 

obtain exine material. In addition to the published method, after step 5 (washing), pollen 

was filtered through a glass sinter and dried in vacuo. This was carried out to obtain dry 

samples, which could be stored without the potential for bacterial or fungal growth. 
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Figure 3.55: Summary of the enzyme method published by Loewus et al.64 
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Figure 3.56: Potter-Elvehjem tissue grinder 

 

In an attempt to optimise the published procedure for the species under investigation in 

this chapter, some of the variables within the published method were altered. The mass 

of enzymes and (BSA) used, the incubation time in the enzyme solution and the number 

of pestle cycles performed were all varied. Samples produced were analysed via light 

microscopy. This efficient analytical technique was selected to rapidly screen the large 

number of samples prepared. Coloured arrows added to the light micrographs highlight 

features, such as cracked grains, free protoplast material and empty grains. Table 3.1 

provides a key to the arrows used. Although Loewus et al. claim that the published 

method is able to remove the intine; the resolution of the light microscope is insufficient 

to determine whether it is absent or present. As a result, only the pollen wall and 

protoplast are identifiable in the micrographs. Some samples were analysed in greater 

detail using transmission electron microscopy (TEM), meaning that sufficient resolution 

and magnification were achieved in order to evaluate the intine. Betula fontinalis was 

also analysed using laser scanning confocal microscopy (LSCM) to provide information 

on fluorescent components. Z-stacks were prepared using this technique to provide 

further information on the location of fluorescent materials within pollen grains. 
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Table 3.1 Summary of coloured arrows used to highlight features within light 

micrographs 

Arrow colour Feature identified 

 Material ejected through a pore of a pollen grain 

 Protoplast detached from pollen wall 

 Empty pollen grain 

 Partially empty pollen grain 

 Cracked or damaged pollen grain 

 Free protoplast material 

3.5.1 Enzyme treatment applied to Juglans nigra pollen 

The enzyme method summarised in Figure 3.55 was applied to Juglans nigra pollen. 

Ten pestle cycles were performed. The pollen was incubated in the enzyme suspension 

for a total of 42 h in an attempt to maximise the amount of protoplast material removed. 

Light microscopy was used to compare untreated pollen (Figure 3.57) to samples of 

enzyme-treated pollen taken at 16 h and 42 h (Figure 3.58 and Figure 3.59 respectively). 

After enzyme treatment, it is clear that some protoplast material has detached from the 

pollen wall. However, the resolution of the light microscope was insufficient to also 

determine whether the intine has separated from the exine. Little difference is observed 

between pollen grains in samples at 16 h and 42 h. However, the amount of motile 

bacteria observed increased between 16 and 42 h: posing a risk of harming those 

handling these slides and samples. 
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Figure 3.57: Light micrographs of untreated Juglans nigra pollen ((a) × 100 and (b) 

× 400 magnification) 

 

  
Figure 3.58: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (iv) 

(ten pestle cycles, 16 h in enzyme suspension) ((a) and (b) × 400 magnification) 

 

  
Figure 3.59: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (iv) 

(ten pestle cycles, 42 h in enzyme suspension) ((a) and (b) × 400 magnification) 

 

Grains were separated over a Percoll density step gradient (step 5 (v)). Loewus et al. 

described that ‘Sporoplasts, free or attached to exine, remained in the first band; 

a b 

a b 

a b 
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partially emptied tetrads in the second; and completely empty exine walls settled as a 

pellet together with anther fragments’.64 (‘Sporoplast’ is sometimes used as an 

alternative to describe the protoplast.) The material recovered as a pellet after 

centrifugation was examined by light microscopy (Figure 3.60). A majority of grains 

are transparent and appear empty, and only a small fraction of grains still contain 

protoplast material. Some cracked grains were identified. However, the amount of 

material recovered as a pellet was minimal (less than 5 % of the starting material). 

 

  

 
Figure 3.60: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (v) 

(ten pestle cycles) ((a) and (b) × 100 magnification, and (c) × 400 magnification) 

 

Loewus et al. centrifuged samples during step 5 (v) at 3000 × g, where the term g 

represents the relative centrifugal force.132 However, the centrifuge (Fisher Scientific 

accuspin 400) used during the preparation of samples during the work presented here 

was only rated to 2590 × g (4000 rpm). In order to ensure its safe operation, the 

centrifuge was set to 75 % of its maximum rotor speed (3000 rpm, 1459 × g). As a 

result, the forces described by Loewus et al. were not achieved. This may have 

contributed to the low yield. However, Figure 3.59 indicates that a majority of grains 

were not empty after enzyme treatment, so a high yield was not anticipated. 

a b 
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The Percoll density gradient was difficult and time-consuming to prepare and provided 

only limited information about the success of the enzyme method; in particular if any 

empty grains were collected. However, such information could be gleaned without the 

need for a density gradient. As a result, the density gradient step (step 5 (v)) was 

omitted from further attempts to replicate the published enzyme method.  

 

To test the effect of the number of pestle cycles performed, the number of cycles 

applied during step 2 (ii) was increased from ten to thirty. Juglans nigra pollen was 

incubated in the enzyme suspension (step 4 (ii)) for 20 h in an attempt to maximise the 

effect of the enzymes. Light microscopy (Figure 3.61) indicates no substantial 

difference in samples to those when only ten pestle cycles were applied (Figure 3.58 

and Figure 3.59), suggesting that increasing the number of pestle cycles does not 

increase the amount of protoplast material removed from this species. 

 

  

 
Figure 3.61: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (iv) 

(thirty pestle cycles, 20 h in enzyme suspension) ((a) × 100 magnification, and (b) and 

(c) × 400 magnification) 
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To evaluate the influence of the enzymes and BSA on this species, The mass of both 

was doubled, and the enzyme method was again applied to Juglans nigra pollen. Ten 

pestle cycles were carried out and pollen was incubated in the enzyme suspension for a 

total of 48 h. Samples were taken for analysis by light microscopy at 24 h (Figure 3.62) 

and 48 h (Figure 3.63). After 24 h, most grains still contained protoplast material, but 

this decreased after 48 h. Despite increasing the mass of enzymes used and the 

incubation period in the enzyme suspension, not all protoplast material was removed 

from all grains. 

 

  
Figure 3.62: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (iv) 

(ten pestle cycles, 24 h in doubled mass of enzyme suspension) ((a) and (b) × 400 

magnification) 

 

  
Figure 3.63: Light micrographs of enzyme-treated Juglans nigra pollen after step 5 (iv) 

(ten pestle cycles, 48 h in doubled mass of enzyme suspension) ((a) and (b) × 400 

magnification) 

 

The mass of enzymes and (BSA) used, the number of pestle cycles applied and the 

incubation time were varied. Although all protoplast material was removed from a 

a b 

a b 
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limited number of grains, microcapsules could not be successfully produced in large 

quantities from Juglans nigra pollen using the method proposed by Loewus et al., or by 

applying modified versions of this method. 

3.5.2 Enzyme treatment applied to Betula fontinalis pollen 

Betula fontinalis pollen (Figure 3.64) was treated according to the enzyme protocol 

summarised in Figure 3.55. Ten pestle cycles were performed and the products 

examined by light microscopy after step 3 (v) (Figure 3.65). Analysis was carried out at 

this stage in an attempt to determine the effects of CHA, MMNO and cycles within the 

tissue grinder on pollen. A small amount of protoplast material can be seen being 

ejected through the pores of the pollen, but the grains still appear similar to untreated 

pollen, in that they still contain protoplasts. After treatment with enzymes (step 5 (iv)) 

grains remain unchanged (Figure 3.66), although no more protoplast material is seen 

exiting through the pores. Grains still clearly contain non-sporopollenin material. 

 

  
Figure 3.64: Light micrographs of untreated Betula fontinalis pollen ((a) and (b) × 400 

magnification)  

 

a b 
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Figure 3.65: Light micrographs of MMNO and CHA-treated Betula fontinalis pollen 

after step 3 (v) (ten pestle cycles) ((a) and (b) × 400 magnification) 

 

  
Figure 3.66: Light micrographs of enzyme-treated Betula fontinalis pollen after step 5 

(iv) (ten pestle cycles) ((a) and (b) × 400 magnification) 

 

The number of pestle cycles performed during step 2 was increased to 30 to try to 

further detach the exine from the intine, thereby making the release of the protoplast 

easier. Light microscopy was carried out after step 3 (iv), and although most grains 

remain intact, a number of cracked grains with associated protoplast material are 

observed (Figure 3.67) This suggests that increasing the number of pestle cycles 

increases the probability of damage to grains. After step 5 (iv), almost all grains still 

seem to contain protoplasts, although most appear detached from the pollen wall (Figure 

3.68).  

 

a b 
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Figure 3.67: Light micrographs of MMNO and CHA-treated Betula fontinalis pollen 

after step 3 (iv) (thirty pestle cycles) ((a) and (b) × 400 magnification) 

 

  
Figure 3.68: Light micrographs of enzyme-treated Betula fontinalis pollen after step 5 

(iv) (thirty pestle cycles) ((a) and (b) × 400 magnification) 

 

Transmission electron micrographs of untreated Betula fontinalis pollen (Figure 3.69) 

were compared to those taken of pollen after step 5 (iv) (30 pestle cycles) (Figure 3.70). 

Results indicate that most grains are intact after treatment and contain varying quantities 

of protoplast material. When comparing untreated pollen with enzyme-treated pollen, 

some protoplast material appears to have been digested and is detached from the pollen 

wall. The exine appears unchanged, with the tectum, infratectum and foot layer still 

present. In some grains, the intine is still present (Figure 3.70, (f)), but in others it seems 

to have been removed (Figure 3.70, (g)). The onci appear to have been removed by the 

enzyme treatment. Biological material of unknown origin is present in some grains 

(Figure 3.70 (c), (d), (e), (g) and (h)). However, it is not clear whether this material was 

present before enzyme treatment or whether it entered the grains after treatment. 

However, this biological material fits within the expected size range for a bacterium 

(approximately 0.1 – 50 µm) or fungal spore (approximately 1.5 – 30 µm).125, 126 

a b 

a b 
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Figure 3.69: Transmission electron micrographs of untreated Betula fontinalis pollen. 

Scale bars: (a) = 5 µm; (b) = 2 µm; (c) = 1 µm; and (d) = 500 nm 

a = aperture; f = foot layer; i = intine; it = infratectum; nc = nano-channel; o = oncus; 

p = protoplast; and t = tectum 
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Figure 3.70: Transmission electron micrographs of Betula fontinalis pollen after step 

5 (iv).  

Scale bars: (a), (b) and (c) = 5 µm; (d) and (e) = 2 µm; (f) = 1 µm; (g) = 500 nm; and 

(h) = 200 nm. ? = biological material of unknown origin; a = aperture; e = exine; 

f = foot layer; i = intine; it = infratectum; nc = nano-channel; p = protoplast; and 

t = tectum 
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Untreated Betula fontinalis pollen analysed by LSCM shows grains containing 

protoplasts (Figure 3.71). Previous palynological analysis of pollen from the same 

genus (Betula pendula) suggests that darker areas observed in the protoplasts of 

untreated pollen may be starch grains.133 Onci can be clearly distinguished beneath the 

apertures of grains. LSCM performed after step 5 (iv) provides further evidence that 

some grains contain protoplast material after enzyme-treatment (Figure 3.72). 

Excitation at 561 nm clearly shows the pollen wall, and excitation at 405 nm highlights 

protoplast material detached from this wall. Onci can no longer be distinguished or are 

not present at all. Directly comparing untreated with enzyme-treated pollen shows that 

the enzyme treatment appears to remove some protoplast material from Betula fontinalis 

pollen (Figure 3.73).  
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Figure 3.71: LSCM images of untreated Betula fontinalis pollen: (a) and (b) excitation 

wavelength 405 nm; (c) and (d) excitation wavelength 633 nm.  

Scale bar: (a) and (c) = 100 µm; (b) and (d) = 25 µm 

a = aperture; o = oncus; p = protoplast; and w = pollen wall 
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Figure 3.72: LSCM images of Betula fontinalis pollen after step 5 (iv): (a) and (b) 

excitation wavelength 561 nm; (c) and (d) excitation wavelength 405 nm.  

Scale bar: (a) = 50 µm; (b) and (d) = 25 µm; and (c) = 100 µm 

a = aperture; p = protoplast; and w = pollen wall 
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Figure 3.73: LSCM images of Betula fontinalis pollen (a) untreated and (b) enzyme-

treated, excitation wavelength 405 nm. Scale bars = 25 µm 

 

A z-stack of two pollen grains was taken perpendicularly to the z-axis (Figure 3.74). 

These images show that throughout the two grains imaged, the protoplasts are no longer 

bound to the pollen wall. This suggests that the MMNO and CHA treatment was 

successful in breaking down the pollen wall-intine bond, but the resolution achieved by 

the LSCM means it is impossible to determine whether or not the exine-intine bond was 

broken. In addition, a greater number of grains would need to be evaluated to find out 

whether these conclusions can be applied to the entire sample studied. 
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Figure 3.74: LSCM z-stack images of Betula fontinalis pollen after step 5 (iv), taken 

perpendicular to the z-axis.  

Excitation wavelength 561 nm. Scale bars = 10 µm. Dimensions indicate position along 

the z-axis. 

 

Light microscopy, TEM and LSCM demonstrate that some of the protoplast material of 

Betula fontinalis pollen was successfully digested using the enzyme protocol published 

by Loewus et al.64 The treatment was sufficiently gentle not to alter the structure of the 

exine, including the tectum, infratectum and foot layer and is unlikely to have altered 

the chemistry of the sporopollenin exine. However, clearly all non-sporopollenin 

material was not removed and most grains continue to contain some protoplast material. 

Therefore, the method published by Loewus et al. cannot be considered suitable for 

producing microcapsules from Betula fontinalis pollen, because components that could 

elicit a human allergic response still remain. 

0.00 µm 2.43 µm 4.86 µm 

7.30 µm 9.73 µm 12.16 µm 
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3.5.3 Enzyme treatment applied to Secale cereale pollen 

The enzyme treatment proposed by Loewus et al. (see Figure 3.55 for summary) was 

applied to Secale cereale pollen and light microscopy was used to compare treated 

pollen to untreated pollen (Figure 3.75).64 During step 2 (ii), 10 pestle cycles were 

performed and light micrographs were taken of the product after step 3 (v) (Figure 

3.76). Although most grains remain intact, a large proportion is cracked. Some grains 

appear transparent and most of these grains have a visible crack, through which the 

protoplast is likely to have been released. Protoplast material is observed leaving 

through the single pore of some grains and free protoplasm material is also present 

around the grains.  

 

  
Figure 3.75: Light micrographs of untreated Secale cereale pollen ((a) and (b) × 400 

magnification) 

 

  
Figure 3.76: Light micrographs of MMNO and CHA-treated Secale cereale pollen after 

step 3 (v) (10 pestle cycles) ((a) and (b) × 100 magnification) 

 

a b 
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After step 5 (iv), almost all grains still contain their protoplasts (Figure 3.77). Fewer 

cracked, transparent grains are apparent, possibly because they floated to the top of the 

centrifuge tube and were removed along with the supernatant fraction during washing 

steps 5 (i) to (iv). Because almost all grains still contained their protoplasts after 

applying the published enzyme treatment, this method cannot be considered suitable for 

the production of microcapsules from Secale cereale pollen without further 

modification.  

 

  
Figure 3.77: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(10 pestle cycles) ((a) and (b) × 100 magnification) 

 

In an attempt to digest more protoplast material, Secale cereale pollen was incubated in 

the enzyme suspension (step 4 (iii)) for 40 h instead of 1 – 2 h. The number of pestle 

cycles performed was kept at 10. Samples were taken for light microscopy after 18 h 

and 40 h (Figure 3.78 and Figure 3.79 respectively). After 18 h, most grains appear 

intact and still contain protoplasts, with some free protoplast material surrounding 

grains. A very few cracked grains are observed (Figure 3.78 (c)). After 40 h, some 

partially emptied grains are present. However, these are limited in number and clearly 

still contain non-sporopollenin material. In addition, motile bacteria were observed on 

the slide, potentially presenting a health hazard. Despite increasing the incubation time 

in the enzyme suspension, microcapsules were still not successfully synthesised from 

Secale cereale pollen using the enzyme method published by Loewus et al. 
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Figure 3.78: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(10 pestle cycles, 18 h in enzyme suspension) ((a), (b) and (c) × 400 magnification) 

 

  
Figure 3.79: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(10 pestle cycles, 40 h in enzyme suspension) ((a) and (b) × 400 magnification) 

 

The number of pestle cycles performed during step 2 (ii) was increased from 10 to 30. 

Samples were incubated in the enzyme suspension for 20 h. Light microscopy indicates 

that increasing the number of pestle strokes removes more protoplast material (Figure 

3.80), but also produces a greater number of cracked and damaged grains. 
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Figure 3.80: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(thirty pestle cycles, 20 h in enzyme suspension) ((a) and (b) × 100, and (c) and (d) 

× 400 magnification) 

 

The mass of each enzyme and the bovine serum albumin used was doubled. Ten pestle 

and mortar cycles were performed, and Secale cereale pollen was incubated in the 

enzyme suspension for 48 h in an attempt to remove as much protoplast material as 

possible. Samples were taken for light microscopy after 24 and 48 h (Figure 3.81 and 

Figure 3.82 respectively). After 24 h, a considerable amount of protoplast material had 

been removed, and this further increased after 48 h. However, a high proportion of 

grains were cracked and damaged, possibly caused by the stirring during the extended 

incubation period. 
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Figure 3.81: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(10 pestle cycles, 24 h in enzyme suspension, double mass of enzymes) ((a) and (b) 

× 400 magnification) 

 

  

 
Figure 3.82: Light micrographs of enzyme-treated Secale cereale pollen after step 5 (iv) 

(10 pestle cycles, 48 h in enzyme suspension, double mass of enzymes) ((a) × 100 and 

(b) and (c) × 400; magnification) 

 

The method published by Loewus et al. was found to be unsuitable for producing 

microcapsules from Secale cereale pollen. Modifications were made to this method, but 
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they were not adequate to the task of producing microcapsules free from non-

sporopollenin material from this species. 

3.5.4 Treatments involving enzymes: summary of results 

1. Microcapsules were not successfully produced from Juglans nigra, Betula 

fontinalis and Secale cereale pollen using the enzyme treatment proposed by 

Loewus et al.64 Although all protoplast material appeared to be removed from 

some grains within each species, most still contained some of this material. This 

remaining non-sporopollenin material could elicit an allergic response in humans 

who come into contact with it.  

 

2. LSCM and TEM showed that the enzyme method was gentle enough to leave the 

exine of Betula fontinalis pollen unaltered and undamaged. Juglans nigra pollen 

grains also remained intact. However, stirring Secale cereale pollen in the enzyme 

suspension resulted in cracked grains, which are obviously unsuitable as 

microcapsules. Therefore, although the enzyme method used here removed some 

non-sporopollenin material from all species studied and left most grains 

structurally intact, it cannot be considered a suitable method to produce 

microcapsules from pollen without further modification. 

3.6 Conclusions 

Untreated Lycopodium clavatum spores and Secale cereale, Juglans nigra, Ambrosia 

artemisiifolia, and Betula fontinalis pollen were examined using light microscopy, SEM 

and TEM. These were compared to pollen and spores treated using acetolysis, base and 

acid treatments, and enzyme treatments. 

 

Acetolysed pollen and spores appeared to be intact and emptied of all non-sporopollenin 

material. However, material produced was dark brown in colour, meaning that, without 

bleaching, these pollen grains and spores are not suitable for applications where lighter-

coloured microcapsules are needed e.g. food, pharmaceutical and display applications. 

The colour change observed could also indicate that acetolysis caused a change to 
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sporopollenin’s chemical structure. Bleaching could further alter its structure, possibly 

resulting in changes to its desirable material properties e.g. permeability, flexibility, and 

ability to absorb UV radiation. However, it has not been demonstrated experimentally 

that acetolysis or bleaching does chemically alter sporopollenin’s structure. Because of 

possible changes to the chemistry of sporopollenin and the need for bleaching, 

acetolysis was not considered a suitable treatment to produce microcapsules from the 

species under investigation.  

 

The base and acid treatment applied to Lycopodium clavatum spores produced 

microcapsules free of almost all non-sporopollenin material. However, when the base 

step of this method was applied to Secale cereale and Juglans nigra pollen, grains 

produced were so damaged that the subsequent acid step was not attempted. Despite 

modifications to this base step, microcapsules could not be produced from these pollen 

species. An alternative base and acid treatment published by Fletcher et al. was applied 

to Ambrosia artemisiifolia pollen, but this produced damaged grains that could not be 

used as microcapsules, as encapsulated material would easily leak out. Results indicate 

that base and acid treatments may only be suitable for use on spores, as these treatments 

damaged the pollen species under investigation. 

 

As a gentler alternative to acetolysis and base and acid treatments, a treatment involving 

enzymes was applied to Juglans nigra, Secale cereale, and Betula fontinalis pollen. 

This method removed some protoplast material from some grains, but others retained 

much of their non-sporopollenin material. In addition, although stirring in the enzyme 

suspension did not damage the exines of Betula fontinalis and Juglans nigra pollen; the 

comparatively fragile exine of Secale cereale pollen became cracked. As a result, the 

enzyme method evaluated here cannot be considered suitable to produce microcapsules 

from the species under investigation. Although modifications to overcome these 

difficulties were attempted, treatments involving enzymes still failed to remove all non-

sporopollenin material (therefore resulting in the possibility of an allergic response) and 

caused some grains to become cracked. 

 

Despite attempting a range of methods on a variety of pollen species, microcapsules 

could only successfully produced from Lycopodium clavatum spores a using base and 

acid treatment. One of the primary reasons to treat spores with base and acid is to 

remove non-sporopollenin material, which may elicit an allergic response if it comes 
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into contact with human subjects. This is likely if microcapsules are used for food, 

pharmaceutical, or cosmetic applications. However, subjects are unlikely to come into 

direct contact with microcapsules in other scenarios, for example, where they are used 

in displays or self-healing materials.134, 135 Alternatively, microcapsules may be 

encapsulated within a matrix to avoid human contact, for example in pressure 

measurement films.136 It may be possible to use partially emptied pollen grains in such 

applications. 
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4 Encapsulation of Lactobacillus 

bacteria into enzyme-treated 

Betula fontinalis pollen 

4.1 Introduction 

Paunov et al. have published evidence which shows that live yeast cells appeared to be 

encapsulated inside base and acid treated Lyopodium clavatum spores.74 They 

demonstrated that the yeast cells retained some of their biological activity after 

encapsulation, as shown by the production of carbon dioxide (compared to spores 

without added Lactobacilli). In this thesis, to test whether other biological organisms 

could be encapsulated, an attempt was made to encapsulate Lactobacillus bacteria 

inside enzyme-treated Betula fontinalis pollen. Betula fontinalis pollen was used instead 

of Lycopodium clavatum spores to determine whether pollen could be used as a 

microcapsule. 

 

Lactobacilli (from the genus Lactoballius) are rod-shaped bacteria that are typically 0.5 

– 1.2 µm in width by 1.0 – 10.0 µm in length.137 Bergey describes these as appearing 

‘commonly in short chains’.137 They are not usually pathogenic and were therefore 

selected to use in this work, as they were unlikely to cause harm. 

4.2 Materials and methods 

Enzyme-treated Betula fontinalis pollen was prepared by the method described in 

section 7.2.3. A freeze-dried yogurt culture containing Lactobacillus bacteria was 

purchased from Ascott Dairy Supplies, UK. This culture was selected as it was unlikely 

to contain harmful bacteria that could not be used safely in a standard chemical 

laboratory. The yogurt culture was incubated in MRS broth – a nutrient broth developed 

by and named after De Man, Rogosa and Sharpe as a medium for the growth of 
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Lactobacillus bacteria.138 The MRS broth containing Lactobacilli was stirred with 

enzyme-treated Betula fontinalis pollen at 30 °C for three days. Samples were taken 

every 24 h for examination by light microscopy. 

 

Aseptic technique would have been desirable during the steps described above to limit 

the growth of bacteria, other than that found in the yogurt culture. Unfortunately this 

was not possible using the apparatus available. Every effort was made to ensure 

glassware and the work area was kept clean. Unused MRS broth (both with and without 

the addition of Lactobacillus bacteria) and all samples produced were treated with a 

concentrated bleach solution prior to disposal to destroy as much of the bacteria present 

as possible. 

4.3 Results 

Samples were taken every 24 h and inspected via light microscopy. At 24, 48, and 72 h 

(Figure 4.1 to Figure 4.3) no encapsulation is immediately obvious via the light 

micrographs taken. After 72 h, motion was observed that appeared to be within the 

confines of a limited number of grains. This movement could not be captured as distinct 

bacteria were difficult to observe through the walls of the pollen grains, and the motion 

was too fast to be recorded using the video-capture software available. Although the 

bacteria may have been encapsulated, it is also possible that bacteria could have been 

trapped between the slide and the pollen grain, or the pollen grain and the coverslip, 

thereby giving the impression of encapsulation. However, some bacteria were observed 

to move only within the cross-sectional area of the pollen grains, thus supporting the 

view that some bacteria were successfully encapsulated.  
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Figure 4.1: Light micrographs of enzyme-treated Betula fontinalis pollen stirred with 

yogurt culture in MRS broth (24 h)  

(a) × 100; and (b) and (c) × 400 magnification; and (d) a digitally enlarged region of (b). 

Blue arrows highlight dividing bacteria 

 

 

a b 

c d 
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Figure 4.2: Light micrographs of enzyme-treated Betula fontinalis pollen stirred with 

yogurt culture in MRS broth (48 h)  

(a) × 100; and (b) & (c) × 400 magnification; and (d) a digitally enlarged region of (b). 

Blue arrows highlight dividing bacteria 
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c 
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Figure 4.3: Light micrographs of enzyme-treated Betula fontinalis pollen stirred with 

yogurt culture in MRS broth (72 h)  

(a) × 100 and (b) & (c) × 400 magnification; and (d) a digitally enlarged region of (c) 

Blue arrows highlight dividing bacteria 

 

As expected, bacteria appear rod-shaped, and the arrows in Figure 4.1 to Figure 4.3 

highlight a number of these. The amount of bacteria present in each sample appears to 

increase over each 24 h period. Binary fission is the process by which most bacteria 

reproduce, and a number of digitally enlarged images (light micrograph (d) shown in in 

Figure 4.1 to Figure 4.3) highlight bacteria undergoing the cell separation phase of this 

process.139 Multiplying bacteria appear as two, joined, rod-shaped cells, separated by a 

narrow spindle region. No bacterial cells were observed to actively separate during the 

short periods of microscopy. However, bacteria increased in number of the duration of 

the experiment, which suggests that binary fission and therefore bacterial multiplication 

did take place. This indicates that the conditions selected for bacterial growth, i.e. 

temperature and growth medium, were suitable.  

 

Surprisingly, biological organisms of unknown origin were observed during TEM 

analysis of enzyme-treated Betula fontinalis pollen without the addition of Lactobacilli 

a b 

c 
d 
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(Figure 4.4). These organisms could be a single species; cut along different axis, 

thereby giving the impression of differently shaped organisms. Alternatively, they could 

be from different species. The longest recorded dimension of these organisms is 

approximately 2.5 µm (Figure 4.4 (c)), and the shortest approximately 0.4 µm (Figure 

4.4 (e)). This size range indicates that the unknown organisms are most likely to be 

bacteria (typically 0.1 – 50 µm) or fungal spores (typically 1.5 – 30 µm).125, 126 

 

  

   

  
Figure 4.4: Transmission electron micrographs of enzyme-treated Betula fontinalis 

pollen containing unidentified organisms.  

Scale bars: (a) and (b) = 5 µm; (c) and (d) = 2 µm; (e) = 500 nm; and (f) = 200 nm. 

Biological material of unknown origin highlighted with red arrows 

 

a b 
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Appezato-da-Glória et al. were able to inoculate pollen from Citrus sinensis (sweet 

orange) with Collectotrichum acutatum spores in vitro.140 (Collectotrichum acutatum is 

a plant pathogen that causes fungal growth.) Light micrographs from this paper 

demonstrate that fungal hyphae (a filamentous component of the fungus) were able to 

enter the pollen grains directly through the grains’ walls as well as through their pores. 

Similar fungal growth was observed inside alfalfa pollen inoculated with Verticillium 

albo-atrum, Sclerotinia sclerotiorum, Botrytis cinerea, Coniothyrium minitans 

Campbell and Gliocladium cantenulatum Gilman and Abbott spores.141-144 This research 

illustrates that biological organisms can enter pollen grains. One factor that may drive 

the growth of spores inside the pollen grains is the nutrient-rich environment that the 

protoplast provides.  

4.4 Conclusions 

Lactobacillus bacteria were not definitively encapsulated inside enzyme-treated Betula 

fontinalis pollen. However, previously published work suggests that encapsulation of 

biological organisms within pollen grains is possible. It could be that the bacteria in the 

freeze-dried yogurt culture used were too large to enter the pores of enzyme-treated 

Betula fontinalis pollen and that selecting a smaller species of bacteria may facilitate 

encapsulation. An alternative approach could be to encapsulate the spores of bacteria 

(typically 0.8 – 1.2 µm in diameter).145 Bacterial spores have been engineered for the 

delivery of vaccines.146-148 If encapsulated inside enzyme-treated pollen, it is possible 

that encapsulation could prolong the life of these vaccines, potentially making them 

easier to handle and store. 
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5 Fluorescent microcapsules 

produced from pollen and spores 

5.1 Introduction 

Fluorescence takes place when a fluorochrome (a fluorescent molecule), absorbs a 

photon and then re-emits a photon at a lower energy. A wide variety of synthetic 

materials fluoresce, as well as substances found in nature, for example vitamin B2.149 

Although these materials vary widely in structure, they almost always possess a high 

degree of conjugation.150 Each fluorochrome shows both absorption and emission 

spectra, which depend on its molecular structure. These emission and absorption 

profiles can be influenced by factors such as solvent, pH, concentration and crystal 

structure, as well as interactions with other fluorochromes. Techniques including 

spectrofluorometry and laser scanning confocal microscopy (LSCM) are used to 

measure absorption and emission and are able to probe molecular structure and 

interactions. 

 

Pollen and spores autofluoresce i.e. they fluoresce without the addition of fluorescent 

dyes.99 Different species of pollen and spore have distinct absorption and emission 

spectra, which demonstrates their differing chemical compositions.99 See section 1.7.2 

for a discussion of fluorescent materials found within pollen and spores. The analysis of 

untreated, base, and acid-treated and enzyme-treated pollen and spores by visual 

inspection, light microscopy, spectrofluorometry and laser scanning confocal 

microscopy (LSCM) are described in this chapter. In addition, untreated and enzyme-

treated pollen was treated with solutions of Rhodamine B (RhB) (Figure 5.1), in order 

to synthesise fluorescent microcapsules.  
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Figure 5.1: Structure of Rhodamine B 

 

Published work only describes the production and use of Lycopodium clavatum (club 

moss) spores as microcapsules; therefore pollen microcapsules are novel.57-59, 80 It was 

expected that pollen and spores treated to remove non-sporopollenin material would 

exhibit different emission to untreated pollen and spores due to their differing chemical 

compositions. Indeed, pollen and spores have been dyed with fluorochromes for 

structural and chemical analyses.151-153 However, microcapsules synthesised from pollen 

have not been combined with fluorochromes with the primary aim of producing 

fluorescent microcapsules. 

 

Work to synthesise microcapsules from spores has focussed on using base and acid 

treatments to remove non-sporopollenin material from Lycopodium clavatum spores.57 

However, as this method changes the colour of the spores from pale yellow to dark 

brown, it is highly likely to alter the chemical composition of sporopollenin, and 

therefore its fluorescence.58 Loewus et al. applied an enzyme-treatment to Betula alba 

verrucosa and Betula pendula (both white birch) pollen to produce exine material for 

analysis (though their primary aim was not to produce microcapsules).64 Loewus et al. 

used this approach in order to minimise any chemical and structural changes to the 

sporopollenin exine. Therefore, emission arising from sporopollenin would not be 

expected to be altered. As pollen from these exact species could not be purchased, 

Betula fontinalis (water birch) pollen was selected as a suitable alternative. Being from 

the same genera, it was considered likely to exhibit similar properties. Untreated pollen 

and spores from other genera (Juglans nigra (black walnut) and Lycopodium clavatum) 

were also combined with RhB to investigate whether altering the genera influenced the 

observed fluorescence. 

 

Untreated, base, and acid-treated and enzyme-treated pollen and spores from a range of 

species were mixed with solutions of RhB. The concentrations of these solutions ranged 

from 1 × 10-3 to 1 × 10-6 mol dm-3 of RhB, and both water and ethanol were used as 

solvents. The species used and treatments applied to each are summarised in Table 5.1. 



 138 

The emission spectra of RhB in water and ethanol show peak emission wavelengths of 

approximately 596 nm and 597 nm respectively (Figure 5.2). These emission spectra 

only partly overlap the emission spectrum of Betula fontinalis pollen (Figure 5.2), 

meaning that when physically combined, the spectra of the pollen or spores and RhB 

should be distinguishable. Both ethanol and water were used in order to determine the 

effect of changing the solvent on the emission from pollen, spores and RhB. 

 

Table 5.1: Summary of treatments applied to pollen and spores 

  Treatment applied 

Species Untreated Enzyme Base and acid 

Lycopodium clavatum 

   (club moss) 
��¯   � 

    

Betula fontinalis 

   (water birch) 
��¯  ��¯  � 

    

Taraxacum officinale 

   (dandelion) 
� �  

    

Ambrosia artemisiifolia 

   (common ragweed) 
� �  

    

Juglans nigra 

   (black walnut) 
�   

    

Secale cereale 

   (rye) 
�   

 

� Analysed without addition of RhB solutions 

�  Analysed after treatment with aqueous solutions of Rhodamine B 

¯  Analysed after treatment with ethanolic solutions of Rhodamine B 
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Figure 5.2: Emission spectra of untreated Betula fontinalis pollen (excitation λ 300 nm, 

350 nm longpass filter), Rhodamine B (1 x10-4 mol dm-3 in EtOH, excitation λ 543 nm) 

and Rhodamine B (1 × 10-4 mol dm-3 in water, excitation λ 548 nm) 

 

In recent work to evaluate historic ultraviolet-B (UV-B) radiation, p-coumaric acid and 

ferulic acid have been described as possible models for sporopollenin.38, 39, 154, 155 

Saturated solutions of these acids were prepared and their emission compared with that 

of both untreated and enzyme-treated Betula fontinalis pollen. The acid solutions were 

combined with RhB and their fluorescence compared to that of RhB encapsulated 

Betula fontinalis pollen (untreated and enzyme-treated). The similarities and differences 

of these spectra were evaluated in order to assess the suitability of these acids as 

sporopollenin models. 

5.2 Materials and methods 

Pollen and spores were used as purchased without any pre-treatment such as sieving or 

washing. Rhodamine B (RhB) was used without additional purification. The base and 

acid treatment applied was published by Atkin et al., and the enzyme-treatment by 

Loewus et al. (for further discussion see chapter 3). Solutions of RhB were prepared at 

concentrations of 1 × 10-3, 10-4, 10-5 and 10-6 mol dm-3 in both water and ethanol. Pollen 
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and spores (see Table 5.1 for species used) were stirred in these solutions of RhB for 2h, 

then filtered and washed with the same solvent used to dissolve RhB. Solutions of RhB 

(without the addition of pollen and spores) were also analysed independently. In 

addition, saturated solutions of p-coumaric acid and ferulic acid (both with and without 

added RhB) were prepared for analysis. 

 

Spectrofluorometry of the solid pollen and spore samples was carried out using a front-

face excitation geometry. Solutions of RhB and saturated solutions of p-coumaric acid 

and ferulic acid were analysed in quartz cuvettes with a 90° excitation geometry. LSCM 

was performed in single-track mode, unless multi-track mode was specified. 

5.3 Visual observations 

Photographs were taken of all samples produced in order to observe any colour 

differences by eye. Untreated pollen from the genera studied was observed to be pale 

yellow to yellow in colour (Figure 5.3). These photographs demonstrate that species 

cannot be differentiated on the basis of colour merely by eye. 

 

 
 

Figure 5.3: Photographs of untreated pollen from (a) Betula fontinalis; (b) Secale 

cereale; (c) Juglans nigra; (d) Taraxacum officinale; (e) Ambrosia artemisiifolia; and 

spores from (f) Lycopodium clavatum 

 

Following the enzyme-treatment protocol described by Loewus et al., Betula fontinalis 

and Ambrosia artemisiifolia pollen do not visibly change colour and remain yellow 

(Figure 5.4). In contrast, when Lycopodium clavatum spores were treated with base and 

acid, they changed from a pale yellow to dark brown in colour (Figure 5.5), meaning 

that both untreated and base and acid-treated Lycopodium clavatum spores can be 

readily differentiated by eye.  

a c d e f b 
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Figure 5.4: Photographs of Betula fontinalis pollen (a) untreated and (b) after enzyme 

treatment; Ambrosia artemisiifolia pollen (c) untreated and (d) after enzyme-treatment 

 

 
Figure 5.5: Photograph of Lycopodium clavatum spores (a) untreated and (b) after base 

and acid treatment 

 

Enzyme-treated Betula fontinalis pollen was treated using solutions of RhB in ethanol. 

At the highest solution concentration (1 × 10-3 mol dm-3), the colour of the bright pink 

fluorochrome is easy to observe through the yellow pollen (Figure 5.7 (a)). However, at 

lower concentrations (1 × 10-4 mol dm-3 and 1 × 10-5 mol dm-3), the pink colour is less 

obvious, and the pollen is more orange than pink (Figure 5.7 (b) and (c)). At the lowest 

RhB concentration (1 × 10-6 mol dm-3, Figure 5.7 (d)), the pollen is yellow, and appears 

the same colour as enzyme-treated pollen without the addition of RhB (Figure 5.4). 

Similar observations were made when the solvent used to dissolve RhB was replaced 

with water (Figure 5.6). This suggests that the colour change observed by eye when the 

concentration of RhB was changed is independent of the solvent used. 

 

b a d c 

b a 
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Figure 5.6: Photograph of enzyme-treated Betula fontinalis pollen treated with ethanolic 

solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

 
Figure 5.7: Photograph of enzyme-treated Betula fontinalis pollen treated with aqueous 

solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

In order to determine whether enzyme-treatment was necessary to facilitate the 

encapsulation of RhB, both untreated Betula fontinalis and Juglans nigra pollen were 

combined with RhB dissolved in water (Figure 5.8 and Figure 5.9) and in ethanol 

(Figure 5.10 and Figure 5.11). Even without any treatment to remove the intine or 

protoplast, brightly coloured products were observed. As with enzyme-treated pollen, 

higher concentrations of RhB (1 × 10-3 mol dm-3) produced brighter pink samples, 

whereas lower concentrations (1 × 10-4 and 10-5 mol dm-3) produced orange-yellow 

samples. Pollen treated with the lowest concentration RhB solution (1 × 10-6 mol dm-3) 

appears almost identical to pollen without the addition of RhB (Figure 5.3) These 

results indicate that enzyme-treatment is not required to produce fluorescent 

microcapsules, as the results from untreated Betula fontinalis are indistinguishable by 

eye from enzyme-treated Betula fontinalis pollen combined with RhB (Figure 5.7 and 

b a c d 

b a c d 
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Figure 5.6). It was impossible to determine via visual inspection whether RhB was 

successfully encapsulated inside the pollen or merely bound to its surface. 

 

 
Figure 5.8: Photograph of untreated Betula fontinalis pollen treated with aqueous 

solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

 
Figure 5.9: Photograph of untreated Juglans nigra pollen treated with aqueous solutions 

of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

 
Figure 5.10: Photograph of untreated Betula fontinalis pollen treated with ethanolic 

solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

a c d b 

b a c d 
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Figure 5.11: Photograph of untreated Juglans nigra pollen treated with ethanolic 

solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

Untreated Lycopodium clavatum spores were combined with RhB in ethanol at varying 

concentrations and, as with pollen, higher RhB concentrations produced pinker samples 

(Figure 5.12). However, when base and acid-treated spores were treated with ethanolic 

RhB solutions, a colour change was much harder to distinguish by eye (Figure 5.13). 

Base and acid-treated Lycopodium clavatum spores are dark brown (Figure 5.5 (b)). The 

pink colour of RhB is therefore less visible when combined with the already darkly 

coloured base and acid-treated spores. In contrast, the pink RhB is easy to see when 

combined with untreated Lycopodium clavatum spores, which are pale yellow in colour 

(Figure 5.5 (a)). These results suggest that base and acid-treated spores are not suitable 

candidates as microcapsules where it is desirable for the presence of a fluorochrome to 

be detected by eye. Base and acid-treated spores can be bleached to produce whiter 

exine microcapsules.156 However, as bleaching results in a colour change, it is possible 

that this may further alter sporopollenin’s structure (even more so than base and acid 

treatment), thus potentially reducing some of its desirable properties e.g. chemical and 

physical resilience.  

 

b a c d 
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Figure 5.12: Photograph of untreated Lycopodium clavatum spores treated with 

ethanolic solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

 

 
Figure 5.13: Photograph of base and acid-treated Lycopodium clavatum spores treated 

with ethanolic solutions of RhB.  

RhB solution concentrations: (a) 1 × 10-3 mol dm-3; (b) 1 × 10-4 mol dm-3; 

(c) 1 × 10-5 mol dm-3; and (d) 1 × 10-6 mol dm-3 

5.3.1 Visual observations: summary of results 

1. Untreated pollen and spores could not be differentiated by eye. After treatment 

with the enzyme method published by Loewus et al., treated pollen could not be 

distinguished from untreated pollen of the same species.64 In contrast, base and 

acid treatment rendered Lycopodium clavatum spores much darker in appearance 

compared to untreated spores.  

 

2. Higher concentrations (1 × 10-3 and 10-4 mol dm-3) of RhB solution applied to 

enzyme-treated Betula fontinalis pollen produced intensely pink-coloured pollen. 

Lower concentrations (1 × 10-5 and 10-6 mol dm-3) rendered the pollen more orange 

or yellow respectively. The solvent used to dissolve RhB did not produce a visually 

b a c d 

b a c d 
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identifiable difference. Similar results were observed when the same RhB solutions 

were applied to untreated pollen (Betula fontinalis and Juglans nigra) and spores 

(Lycopodium clavatum), indicating that RhB binds to both untreated and enzyme-

treated pollen and to untreated spores.  

 

3. Similar results were not observed after ethanolic solutions of RhB were applied to 

base and acid-treated Lycopodium clavatum spores. The dark appearance of base 

and acid-treated spores masked the colour of RhB, so no difference was observed 

as the concentration of the RhB solution applied was varied. Therefore, 

encapsulation or binding of RhB could not, in this instance, be determined by 

visual inspection alone. This lack of differentiation could be overcome by 

bleaching of base and acid-treated spores, prior to the application of RhB solutions. 

5.4 Analysis by Spectrofluorometry 

Spectrofluorometry of solid pollen and spore samples was carried out using a front-

surface excitation geometry. The experimental setup required for this geometry meant 

that the total quantity of solid material analysed and the amount of material that lay 

within the incident beam could not be maintained between samples. As a result, the 

variation in emission intensity between samples could not be quantified, although the 

emission wavelengths and relative ratios of peak heights could be. Raw data was 

presented and it was not normalised. Solutions were analysed using a standard 90° 

geometry. Each sample was analysed once. On occasions where untreated pollen and 

spores were analysed several times, emission spectra for each species were the same, 

suggesting that repeated analyses of samples would not have influenced the results 

collected. Where peak ratios were presented as scatter plots, error bars were not 

included, as the error could not be quantified. Therefore, only qualitative conclusions 

were drawn from these plots. 

5.4.1 Spectrofluorometry of untreated pollen and spores 

The emission spectra of untreated pollen (Betula fontinalis (water birch), Juglans nigra 

(black walnut), Secale cereale (rye), Taraxacum officinale (dandelion) and Ambrosia 
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artemisiifolia (common ragweed)) and spores (Lycopodium clavatum (club moss)) were 

collected (Figure 5.14). An excitation wavelength (λ) of 300 nm was utilised in order to 

maximise the emission from the pollen and spores. As predicted, the spectra highlight 

the differences in emission profiles between species, even before any additional 

fluorochromes were added. This variation has been previously reported in the 

literature.99 In addition to an intense emission peak around 470 nm, most species also 

show distinct emission peaks between 360 – 390 nm, 400 – 430 nm and possess a 

broader band from 650 – 750 nm. Due to the complex chemical structure of pollen and 

spores, assigning the source of these peaks and bands is challenging.  

 

 

 
Figure 5.14: Fluorescence emission spectra of untreated Lycopodium clavatum spores 

and untreated Betula fontinalis, Juglans nigra, Secale cereale, Taraxacum officinale and 

Ambrosia artemisiifolia pollen (excitation λ 300 nm, 350 nm longpass filter applied) 

 

The complex and largely unknown chemical structure of sporopollenin makes assigning 

its emission peaks difficult. Sporopollenin is known to autofluoresce more strongly 

compared to other pollen or spore components, suggesting that emission at around 470 

nm arises from sporopollenin.157 Sporopollenin has a phenolic component, and intense 
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peaks at around 470 nm are probably due to this.157 Published work suggests that p-

coumaric acid and ferulic acid (Figure 5.15) could be major moieties of sporopollenin.39 

As these acids fluoresce in the region ~ 350 - 400 nm in solution (Figure 5.16), the 

relatively weak emission observed in all genera in this range may also be attributed to 

sporopollenin.155 It is possible that other structures within pollen and spores, namely the 

intine, endospore and protoplast, emit in the regions described here, but their relatively 

weak emission is probably masked by sporopollenin’s comparatively intense 

emission.95 

 

  
Figure 5.15: Structure of (a) p-coumaric acid and (b) ferulic acid 

 

 

 
Figure 5.16: Emission spectra of saturated ethanolic solutions of ferulic acid (excitation 

λ 385 nm) and p-coumaric acid (excitation λ 450 nm) 

 

Flavonoids (derived from flavone) and carotenoids (derived from lycopene) (Figure 

5.17) are often found in or on the pollen grain or spore wall, and are thought to be partly 

responsible for the characteristic colours of pollen and spores.158 These molecules 
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fluoresce weakly in the region 500 – 600 nm.159, 160 Therefore, emission bands observed 

in almost all species between 650 – 750 nm could originate from the pollen and spore 

walls. 

 

a 

 

b 
 

 

Figure 5.17: Structure of (a) flavone and (b) lycopene 

 

Deoxyribonucleic acid (DNA) is found in the nuclei of pollen and spores. DNA is 

known to fluoresce in the region 415 – 420 nm, but has a low quantum yield, meaning it 

only fluoresces weakly, especially in comparison to the intense emission of 

sporopollenin.95, 161, 162 In addition, DNA has an absorption maximum at around 260 

nm, so the excitation wavelength of 300 nm used in this experiment is insufficient to 

efficiently promote it to its excited state, therefore resulting in only weak emission. Due 

to these factors, emission from DNA is probably not present in the spectra presented in 

Figure 5.14. 

 

Peaks seen in all genera at around 450 - 470 nm have been attributed to a variety of 

sources, including cellulose, terpenoids, flavonoids and the co-enzymes nicotinamide 

adenine dinucleotide phosphate (NADPH) and nicotinamine adenine dinucleotide 

(NADH).95, 163, 164 The intine of pollen and spores is thought to be primarily composed 

of polysaccharides, including cellulose, so is likely to contribute to emission observed 

around 470 nm. However, autofluorescence of the intine has been described as weak 

when compared to that of the exine; therefore its emission in Figure 5.14 is probably 

masked by that of sporopollenin.157  

 

Sodeau et al. suggested that species from the same botanical order might display similar 

fluorescence characteristics.95 The taxonomy of the species investigated in this thesis is 

summarised in Figure 5.18. Betula fontinalis and Juglans nigra (order: Fagales) display 

similar fluorescence at around 470 nm. However, Betula fontinalis shows much weaker 

emission at around 360 – 390 nm and lacks the emission between 650 – 750 nm that 
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Juglans nigra has. Taraxacum officinale and Ambrosia artemisiifolia (both from the 

Asterales order and the Asteraceae family) show similar emission at 470 nm and 

between 650 – 750 nm. However, Ambrosia artemisiifolia shows much weaker 

emission in the 400 – 430 nm region compared to Taraxacum officinale. Therefore, this 

limited sample suggests that although pollen from the same family or order displays 

some similarities in their fluorescence characteristics, their emission profiles are far 

from identical. In addition, pollen and spores from different orders display similar 

emission; for example, Lycopodium clavatum (order: Lycopodiales) and Ambrosia 

artemisiifolia (order: Asterales) have very similar emission profiles between 650 – 750 

nm. 
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Figure 5.18: Summary of the orders, genera and species under investigation.  

Genera and species in italics with their common names in brackets 

5.4.1.1 Spectrofluorometry of untreated pollen and spores: summary of results 

1. Fluorescence emission spectra from each species studied (Betula fontinalis, 

Juglans nigra, Secale cereale, Taraxacum officinale and Ambrosia artemisiifolia 

pollen, and Lycopodium clavatum spores) were distinct. However, all possessed a 

strong peak at around 470 nm with a weaker band between 350 – 450 nm, both 

attributable to sporopollenin. The complex structure of pollen and spores made 

assigning emission peaks to other individual components challenging.  

 

ORDER 

Lycopodiales Lycopodiaceae Lycopodium clavatum 
   (club moss) 

Poales Poaceae Secale cereale 
   (rye) 

Betula fontinalis 
   (water birch) 

Fagales 

Juglandaceae 

Betulaceae 

Juglans nigra 
   (black walnut) 

Asterales Asteraceae 

Taraxacum officinale 
   (dandelion) 

Ambrosia artemisiifolia 
   (common ragweed) 

FAMILY GENUS AND 
SPECIES 
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2. Sodeau et al. suggested that similar fluorescence might be expected from species of 

the same botanical order.95 Results from this thesis could not support their 

hypothesis.  

5.4.2 Spectrofluorometry of untreated, enzyme-treated and base & 

acid-treated pollen and spores 

Pollen from Betula fontinalis, Ambrosia artemisiifolia and Taraxacum officinale were 

treated according to the enzyme protocol described by Loewus et al., and their emission 

was measured via spectrofluorometry.64 The enzyme method aims to detach the 

protoplast from the intine and subsequently release the protoplast from the remaining 

exine shell and break down the intine. The emission of enzyme-treated pollen was 

compared to that of untreated pollen (Figure 5.19, Figure 5.21 and Figure 5.20). After 

enzyme-treatment, it would be reasonable to predict that signals relating to the 

protoplast and intine should decrease or disappear altogether. The enzymes used in this 

method (cellulysin and macerase), as well as bovine serum albumin (BSA), do not 

digest sporopollenin, therefore its chemical structure should remain unaltered. The 

chemical environment in which sporopollenin exists may be altered by the digestion of 

neighbouring components, namely the intine and protoplast. Although this may 

influence sporopollenin’s emission, any effect is likely to be small and therefore 

possibly difficult to discern. 
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Figure 5.19: Fluorescence emission spectra of untreated and enzyme-treated Betula 

fontinalis pollen (excitation λ 300 nm, 350 nm longpass filter) 

 

 

 
Figure 5.20: Fluorescence emission spectra of untreated and enzyme-treated Taraxacum 

officinale pollen (excitation λ 300 nm, 350 nm longpass filter) 
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Figure 5.21: Fluorescence emission spectra of untreated and enzyme-treated Ambrosia 

artemisiifolia pollen (excitation λ 300 nm, 350 nm longpass filter) 

 

Peaks at 350 – 370 nm, 470 nm and 650 – 750 nm are thought to be attributable to 

sporopollenin’s autofluorescence (see section 5.4.1).155, 157, 159, 160 The most intense 

sporopollenin peak appears at 470 nm, and all species retain this peak after enzyme 

treatment. This provides further evidence to suggest that sporopollenin is unaffected by 

the enzyme treatment applied. 

 

Ambrosia artemisiifolia and Taraxacum officinale both maintain emission peaks 

between 650 – 750 nm after enzyme treatment. Betula fontinalis appears to develop a 

peak in this region after enzyme treatment. However, as the overall intensity of 

untreated Betula fontinalis’s emission is particularly low, emission in the 650 – 750 nm 

region may simply be too weak to be observed. These results further indicate that the 

enzyme treatment did not change the sporopollenin exine of Ambrosia artemisiifolia 

and Taraxacum officinale, but may have modified that of Betula fontinalis. 

 

The three species examined all emit in the region 350 – 370 nm (thought to be attributed 

to sporopollenin emission), both before and after enzyme treatment. However, the 

relative intensity of these peaks compared to the strong peak at 470 nm does not remain 

consistent. Peak intensities and ratios are summarised in Table 5.2. For example, 

Taraxaxum officinale has a peak ratio of 0.5 before treatment but 0.8 after treatment, 
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indicating that the peak in the 350 – 370 nm region has grown after enzyme treatment. It 

is unclear why these peak ratios change, as there is no reason to think that the chemistry 

of sporopollenin is altered by the enzyme protocol employed. Structures that lie in close 

proximity to sporopollenin, namely the intine and protoplast, are likely to be chemically 

changed by the enzyme treatment. As a result, sporopollenin’s interaction with these 

structures will change, thus altering sporopollenin’s local chemical environment and 

therefore possibly its emission profile. The uncertainty within the ratios plotted is 

difficult to quantify due to noise within the data and varying peak intensities. 

Normalisation of the data was not considered possible, as baselines could not be 

determined for all samples due to the variation in emission intensity. This, in turn, could 

not be maintained due to the experimental setup. 

 

Table 5.2: Emission intensities at 370 nm and 470 nm and calculated peak ratios of 

untreated and enzyme-treated Betula fontinalis, Ambrosia artemisiifolia and Taraxacum 

officinale pollen. Data taken from Figure 5.19 - Figure 5.20 

 Before enzyme treatment After enzyme treatment 

 

Peak emission 

intensity in the 

region of: 

 

Peak emission 

intensity in the 

region of: 

 

 370 nm 470 nm 
Ratio of 

intensities 
370 nm 470 nm 

Ratio of 

intensities 

Betula 

fontinalis 
66.85 199.2 0.3 217.9 442.5 0.5 

       

Ambrosia 

artemisiifolia 
250.1 802.4 0.3 357.8 922.1 0.4 

       

Taraxacum 

officinale 
206.9 434.5 0.5 373.1 471.6 0.8 

 

The intine of pollen is likely to fluoresce weakly in the 450 – 470 nm region (see 

section 5.4.1). Published results suggest that the enzyme treatment is likely to break 

down the intine of pollen.64 Therefore, a decrease in emission in the 450 – 470 nm 

region would be anticipated for enzyme-treated pollen. Although this decrease is not 

observed, the intense sporopollenin peak at 470 nm may mask it. From these results, we 
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cannot be certain what effect the enzyme treatment has on the intine. (see section 5.5 for 

further discussion). 

 

Overall, the enzyme treatment proposed by Loewus et al. altered the fluorescence 

emission profiles of the pollen species under investigation so that they can be 

distinguished from their untreated counterparts. This is in contrast to the results of 

visual inspection (see section 5.3) where untreated and enzyme-treated pollen could not 

be distinguished by eye. Sporopollenin’s emission was not greatly altered by the 

enzyme treatment, but it is impossible to determine from these complex emission 

spectra alone whether the intine and protoplast were modified. 

 

Lycopodium clavatum spores and Betula fontinalis pollen were treated by applying the 

base and acid protocol described by Barrier et al.57 This was carried out in order to 

determine how this treatment contrasts with the enzyme-treatment in terms of the 

fluorescence emission observed. Emission spectra of these untreated and base and acid-

treated pollen and spores are presented in Figure 5.22 and Figure 5.23. The spectrum of 

enzyme-treated Betula fontinalis was added to Figure 5.23 in order to facilitate 

comparisons.  

 

 

 
Figure 5.22: Fluorescence emission spectra of untreated and base and acid treated 

Lycopodium clavatum spores (excitation λ 300 nm, 350 nm longpass filter) 
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Figure 5.23: Fluorescence emission spectra of untreated and base and acid treated 

Betula fontinalis pollen (excitation λ 300 nm, 350 nm longpass filter) 

 

Both before and after base and acid treatment, both species exhibit peaks at around 470 

nm, probably due to sporopollenin emission. However, the intensity of this peak varies 

relative to the peak at 370 nm observed both before and after treatment. These ratios are 

summarised in Table 5.3. It is particularly noticeable that after base and acid treatment, 

Betula fontinalis’ emission at 370 nm is much more intense than before treatment, with 

a ratio of 1.6, compared to 0.3 before treatment. A similar change in ratios was observed 

in enzyme-treated pollen (Table 5.2). 
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Table 5.3: Emission intensities at 370 nm and 470 nm and calculated peak ratios of 

untreated and base and acid-treated Lycopodium clavatum spores and Betula fontinalis 

pollen. Data taken from Figure 5.22 and Figure 5.23  

 Before base and acid treatment After base and acid treatment 

 

Peak emission 

intensity in the 

region of: 

 

Peak emission 

intensity in the 

region of: 

 

 370 nm 470 nm 
Ratio of 

intensities 
370 nm 470 nm 

Ratio of 

intensities 

Lycopodium 

clavatum 
264.8 849.6 0.3 416.5 425.5 1.0 

       

Betula 

fontinalis 
66.85 199.2 0.3 515.1 313.6 1.6 

 

Visual inspection of base and acid-treated Lycopodium clavatum spores (see section 

5.3) shows that this treatment greatly alters the colour of the spores, turning them from 

pale yellow to dark brown. Previous research suggests that this method removes all of 

the intine and protoplast, leaving just the sporopollenin exine remaining.57 This colour 

change therefore suggests that the chemical structure of sporopollenin has probably 

been altered. Such a structural change could explain the increase in the relative peak 

intensities of peaks at 370 nm.  

 

An emission band between 650 – 750 nm is observed in all spectra, apart from that for 

untreated Betula fontinalis. In Lycopodium clavatum, the intensity decreases relative to 

the peak at 470 nm. In contrast, for Betula fontinalis, after base and acid treatment a 

band emerges in this region. If this band is due to sporopollenin, this tends to provide 

further evidence that base and acid treatment alters sporopollenin’s chemical structure, 

although exactly how remains unknown.  
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5.4.2.1 Spectrofluorometry of untreated, enzyme-treated and base and acid-

treated pollen and spores: summary of results 

1. Pollen from Betula fontinalis, Ambrosia artemisiifolia and Taraxacum officinale 

was treated according to the enzyme protocol described by Loewus et al.64 

Emission from each species was distinct. After enzyme treatment, each species 

retained intense emission peaks at 370 and 470 nm, both attributable to 

sporopollenin. However, the ratio of these peaks varied when untreated and 

enzyme-treated pollen were compared.  

 

2. Lycopodium clavatum spores and Betula fontinalis pollen were treated according to 

the base and acid protocol published by Barrier et al.57 Emission spectra were 

different compared to the same untreated pollen and spores and, as with enzyme-

treated pollen, the ratio of peaks at 370 and 470 nm varied. This change in peak 

ratios may indicate that base and acid-treatment affects sporopollenin’s structure. 

 

3. Spectrofluorometry of enzyme and base and acid-treated pollen and spores is a 

rapid method to differentiate between species. It is able to detect differences that 

visual inspection alone cannot. However, it is not a suitable method to determine 

the effect these treatments have on individual components of pollen and spores. 

5.4.3 Spectrofluorometry of untreated, enzyme-treated, and base and 

acid-treated pollen and spores, treated with Rhodamine B 

Pollen and spores (untreated, enzyme-treated, and base and acid-treated) from a range 

of species were treated with aqueous or ethanolic solutions of RhB at concentrations of 

1 × 10-3, 10-4, 10-5 and 10-6 mol dm-3 (see Table 5.1 for a summary of samples prepared). 

After the application of RhB solutions, pollen and spores were filtered and washed and 

the resultant samples analysed via spectrofluorometry using a front-face excitation 

geometry. Samples were excited at 300 nm to evaluate sporopollenin emission. When 

water was used to dissolve RhB, samples were excited at 543 nm, but when ethanol was 

used, an excitation wavelength of 548 nm was selected. These wavelengths were chosen 

on the basis of RhB’s optimum excitation wavelengths in water and ethanol.83 
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There are a large number of variables when preparing and analysing pollen and spores 

treated with RhB for spectrofluorometry. These variables include the species under 

investigation, treatments used to remove biological material, the fluorochrome applied, 

the solvents used, and the excitation wavelength selected. In order to reduce these 

variables and therefore simplify analysis, a majority of the work was carried out on one 

species of pollen: Betula fontinalis. Figure 5.24 summarises the samples prepared from 

this species and the subsequent excitation wavelengths used, which produced a total of 

eight emission spectra. These spectra are presented in Figure 5.25 to Figure 5.32. 

 

 
Figure 5.24: Diagram to demonstrate the samples prepared from Betula fontinalis pollen 

for spectrofluorometry and the excitation wavelengths used to produce spectra 
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Figure 5.25: Emission spectra of untreated Betula fontinalis (Bf) pollen, treated with 

aqueous solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.26: Emission spectra of untreated Betula fontinalis (Bf) pollen, treated with 

aqueous solutions of RhB of varying concentrations (excitation λ 543 nm) 
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Figure 5.27: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, treated 

with aqueous solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.28: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, treated 

with aqueous solutions of RhB of varying concentrations (excitation λ 543 nm) 
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Figure 5.29: Emission spectra of untreated Betula fontinalis (Bf) pollen, treated with 

ethanolic solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.30: Emission spectra of untreated Betula fontinalis (Bf) pollen, treated with 

ethanolic solutions of RhB of varying concentrations (excitation λ 548 nm) 
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Figure 5.31: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, treated 

with ethanolic solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.32: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, treated 

with ethanolic solutions of RhB of varying concentrations (excitation λ 548 nm) 
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All samples possess some similarities in their spectra; however there are differences 

observed depending on the solvent used; whether the pollen was enzyme-treated; and 

the concentration of RhB solution applied. All samples excited at 300 nm (Figure 5.25, 

Figure 5.27, Figure 5.29 and Figure 5.31) show broad peaks around 370 nm, and intense 

peaks at 470 nm, likely to be due to sporopollenin emission. They also have broad 

bands around 580 – 640 nm, which are primarily due to RhB emission. Samples excited 

at 543 or 548 nm (Figure 5.26, Figure 5.28, Figure 5.30 and Figure 5.32) primarily 

show emission from RhB, as emission from pollen largely occurs at wavelengths below 

550 nm, and therefore cannot be seen in these spectra. The key peaks from each 

spectrum are summarised in Table 5.4 to Table 5.7. 

 

Table 5.4: Summary of peak emission wavelengths of untreated Betula fontinalis 

pollen, treated with aqueous solutions of RhB at varying concentrations. Data taken 

from Figure 5.25 and Figure 5.26 

 Peak emission at 300 nm 

excitation λ / nm 

Emission at 543 nm 

excitation λ / nm 

Concentration of RhB 

solution applied / mol dm-3 
Pollen Rhodamine B Rhodamine B 

0 382 and * - - 

1 × 10-3 383 and 470 625 613 

1 × 10-4 383 and 474 616 604 

1 × 10-5 382 and 472 597 592 

1 × 10-6 383 and 473 588 577 

* Only a single peak observed 
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Table 5.5: Summary of peak emission wavelengths of enzyme-treated Betula fontinalis 

pollen, treated with aqueous solutions of RhB at varying concentrations. Data taken 

from Figure 5.27 and Figure 5.28 

 Peak emission at 300 nm 

excitation λ / nm 

Emission at 543 nm 

excitation λ / nm 

Concentration of RhB 

solution applied / mol dm-3 
Pollen Rhodamine B Rhodamine B 

0 377 and 473 - - 

1 × 10-3 384 and 472 617 608 

1 × 10-4 381 and 473 600 599 

1 × 10-5 382 and 471 592 586 

1 × 10-6 381 and 472 * 572 

* Emission peak too weak to identify 

 

Table 5.6: Summary of peak emission wavelengths of untreated Betula fontinalis 

pollen, treated with ethanolic solutions of RhB at varying concentrations. Data taken 

from Figure 5.29 and Figure 5.30 

 Peak emission at 300 nm 

excitation λ / nm 

Emission at 548 nm 

excitation λ / nm 

Concentration of RhB 

solution applied / mol dm-3 
Pollen Rhodamine B Rhodamine B 

0 * - - 

1 × 10-3 380 and 474 620 606 

1 × 10-4 385 and 472 598 594 

1 × 10-5 383 and 472 588 577 

1 × 10-6 383 and 474 * † 

* Emission peak too weak to identify 

† Peak off scale 
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Table 5.7: Summary of peak emission wavelengths of enzyme-treated Betula fontinalis 

pollen, treated with ethanolic solutions of RhB at varying concentrations. Data taken 

from Figure 5.31 and Figure 5.32 

 Peak emission at 300 nm 

excitation λ / nm 

Emission at 548 nm 

excitation λ / nm 

Concentration of RhB 

solution applied / mol dm-3 
Pollen Rhodamine B Rhodamine B 

0 377 and 473 - - 

1 × 10-3 381 and 475 602 594 

1 × 10-4 378 and 473 595 590 

1 × 10-5 * and 474 589 586 

1 × 10-6 377 and 473 * 578 

* Emission peak too weak to identify 

5.4.3.1 The effect of changing the solvent used to dissolve Rhodamine B 

Samples excited at 300 nm show peaks at 470 nm and 370 nm whether aqueous or 

ethanolic solutions of RhB were applied. These peaks are likely to be due to 

sporopollenin’s emission. In both solvents, peaks at 370 nm are weaker than those at 

470 nm. However when water was used, the ratio between these peaks is greater than 

when ethanol was used (Table 5.8 and Table 5.9). This observation is independent of 

whether the pollen was untreated or enzyme-treated, indicating that the ratio of the 

peaks at 470 nm and 370 nm is probably due to the solvent. The precise reason for this 

difference is impossible to infer, but several suggestions can be made. For example, this 

result could indicate that although the pollen appeared dry prior to analysis, some 

residual solvent may have remained trapped within the pollen, influencing 

sporopollenin’s emission. Alternatively, the water and ethanol may each facilitate the 

encapsulation or binding of different amounts of RhB. Therefore, one solvent may lead 

to a higher quantity of RhB being encapsulated or bound, causing a greater change in 

sporopollenin’s local environment. This could lead to a change in sporopollenin’s 

emission profile, potentially altering the ratio of peaks at 370 and 470 nm. 
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Table 5.8: Emission intensities at 370 nm and 470 nm and calculated peak ratios of 

untreated Betula fontinalis pollen treated with aqueous and ethanolic solutions of RhB 

at varying concentrations. Data taken from Figure 5.25 and Figure 5.29; peak emission 

wavelengths used taken from Table 5.4 and Table 5.6 

 Water solvent Ethanol solvent 

 

Peak emission 

intensity in the 

region of: 

 

Peak emission 

intensity in the 

region of: 

 

RhB / mol 

dm-3 
370 nm 470 nm 

Ratio of 

intensities 
370 nm 470 nm 

Ratio of 

intensities 

1 × 10-3 191.6 200.8 1.0 249.0 619.2 0.4 

1 × 10-4 216.1 359.5 0.6 228.6 695.3 0.3 

1 × 10-5 218.1 410.6 0.5 241.0 774.4 0.3 

1 × 10-6 211.5 400.8 0.5 229.8 711.0 0.3 

 

Table 5.9: Emission intensities at 370 nm and 470 nm and calculated peak ratios of 

enzyme-treated Betula fontinalis pollen treated with aqueous and ethanolic solutions of 

RhB at varying concentrations. Intensity data taken from Figure 5.27 and Figure 5.31; 

peak emission wavelengths used taken from Table 5.5 and Table 5.7 

 Water solvent Ethanol solvent 

 

Peak emission 

intensity in the 

region of: 

 

Peak emission 

intensity in the 

region of: 

 

RhB / mol 

dm-3 
370 nm 470 nm 

Ratio of 

intensities 
370 nm 470 nm 

Ratio of 

intensities 

1 × 10-3 226.5 362.7 0.6 236.1 619.9 0.4 

1 × 10-4 222.8 386.4 0.6 240.7 731.7 0.3 

1 × 10-5 241.6 443.1 0.6 * 1061.0 - 

1 × 10-6 219.0 412.4 0.5 252.4 843.6 0.3 

* Peak too weak to identify 

 

RhB emission also changes when the solvent is altered, independent of the 

concentration of RhB solution used. This is best observed at excitation wavelengths of 

543 and 548 nm. When water was used as a solvent, the peak emission wavelength of 

RhB is typically longer than when ethanol is used. For example, in untreated pollen 
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treated with 1 × 10-3 mol dm-3 RhB, peak emission is 613 nm when water was the 

solvent (Table 5.4), but 606 nm when ethanol was the solvent (Table 5.6). This is 

consistent with the emission of RhB in solution, with ethanolic solutions emitting at 

shorter wavelengths than aqueous solutions (Figure 5.33, Figure 5.34 and Table 5.10). 

This could again suggest that there is residual solvent left within the pollen after 

filtration and drying, or that each solvent successfully encapsulated different quantities 

of RhB. 

 

 

 
Figure 5.33: Emission spectra of RhB in solution with water at a range of 

concentrations. (Excitation λ 548 nm) 
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Figure 5.34: Emission spectra of RhB in solution with EtOH at a range of 

concentrations. (Excitation λ 543 nm) 

 

Table 5.10: Summary of peak emission wavelengths in solutions of RhB at varying 

concentrations with water (excitation λ 548 nm), or ethanol (excitation λ 543 nm) as the 

solvent 

 Peak emission λ / nm 

Concentration RhB / mol dm-3 Water solvent Ethanol solvent 

1 × 10-3 636 617 

1 × 10-4 596 597 

1 × 10-5 583 576 

1 × 10-6 581 570 

5.4.3.2 The effect of changing the concentration of Rhodamine B applied 

The relationship between the concentration of the RhB solution applied to pollen and 

the intensity of the emission observed is not consistent. For example, Figure 5.32 

illustrates that emission at 1 × 10-6 mol dm-3 RhB is approximately twice as intense as 

that observed at 1 × 10-3 mol dm-3 RhB. However, in Figure 5.26 the lowest 

concentration of RhB (1 × 10-6 mol dm-3) emits with less than half the intensity of the 

highest concentration of RhB (1 × 10-3 mol dm3). Here, we propose two possible 
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explanations for the differences in emission intensities observed. Firstly, as the 

concentration of RhB is increased, there are more RhB molecules available to absorb 

incident light. These RhB molecules absorb a large proportion of incident light at the 

surface of the sample meaning that less light reaches the bulk of the sample (Figure 5.35 

(a)). Therefore, fewer fluorochrome molecules are able to fluoresce, leading to weaker 

emission overall. At lower RhB concentrations, there are fewer fluorochrome 

molecules, so light is better able to penetrate the sample (Figure 5.35 (b)). As a result, 

fluorescence is observed from a greater proportion of the fluorochromes, meaning that 

more intense emission is observed overall. This is known as one of the ‘inner filter’ 

effects (the other being reabsorption). Spectrofluorometry is usually carried out in dilute 

solutions to minimise this effect.  

 

 

 
Figure 5.35: The intensity of fluorescence emission related to the concentration of RhB 

within a sample. (a) High concentration and (b) low concentration of RhB 

 

The second reason for varying emission intensities is likely to be due to the sample 

preparation. The surface area of the solid samples between the glass slides used cannot 

be maintained between samples. As a result, the surface area of samples within the 

incident beam is not always the same, so varying emission intensities are likely to be 

observed. 

 

As well as the concentration of RhB affecting the intensity of emission observed, it also 

influences the peak emission wavelength. When excited at 543 or 548 nm, it is clear that 

higher concentrations of RhB emit at longer peak wavelengths compared to lower 
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concentrations (Table 5.5 and Table 5.7). For example, Betula fontinalis pollen 

(enzyme-treated), treated with ethanolic solutions of RhB, shows peak emission at 594 

nm when treated with the highest concentration of RhB (1 × 10-3 mol dm-3), but at 578 

nm when treated with the lowest concentration (1 × 10-6 mol dm-3).  

 

At the higher RhB concentrations, there is a greater probability of reabsorption (the 

second of the two inner filter effects) occurring after initial emission from a 

fluorochrome. Reabsorption takes place when a fluorochrome emits light and this light 

is then immediately reabsorbed by another fluorochrome (whether of the same or a 

different type) (Figure 5.36). This second fluorochrome then emits light at a longer 

wavelength (lower energy) than the initial fluorochrome. This causes a shift in the 

emission spectrum to longer wavelengths, as shorter wavelength (higher energy) 

components are lost to reabsorption. However, not all of the light initially emitted is 

reabsorbed, meaning that a proportion of the fluorochrome’s initial emission may still 

be observed in the emission spectrum. For reabsorption to occur, the absorption and 

emission bands of a fluorochrome must show good overlap, such as in RhB.165 RhB is 

known to exhibit reabsorption in solution over the range of concentrations studied 

here.166 The high concentration of RhB molecules in pollen treated with RhB indicates 

that reabsorption could be possible in these solid samples. 
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Figure 5.36: Simplified Jablonski diagram illustrating the process of reabsorption 

 

 
Figure 5.37: Emission spectrum of a fluorochrome demonstrating reabsorption at 

increasing fluorochrome concentrations (indicated by the arrow). Inset: Absorption and 

emission spectra of the same fluorochrome, demonstrating that a good overlap between 

the two is required for reabsorption to take place165 

r.u. = relative units  

 

Spectrofluorometry is usually performed in dilute solutions, meaning that solute 

molecules are almost always in their monomeric form and therefore a majority of 

emission comes from monomers. In more concentrated solutions, solute molecules are 
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more likely to encounter each other, potentially enabling them to form dimers, 

trimmers, tetramers or even polymeric aggregates. These molecular assemblies absorb 

and emit at different wavelengths compared to their monomeric forms. At higher solute 

concentrations there will be less of the monomer and more of the aggregate forms, so 

emission from the monomer form of the solute may no longer be so strongly observed, 

whereas emission from the aggregate form will begin to appear more strongly (Figure 

5.38).97 Emission from an aggregate species usually initially appears as a ‘shoulder’ to 

the monomer peak. The propensity for fluorochromes to form aggregates depends on 

their structure, as well as the solvent used and the concentration of the fluorochrome. 

RhB is known to exhibit aggregation in solution, and its conjugated ring system 

facilitates good packing of molecules.167, 168 

 

 
Figure 5.38: Absorption spectrum of a fluorochrome, demonstrating the increased 

absorption of aggregates (indicated by the arrow) compared to monomer fluorochromes 

as the concentration of the fluorochrome is increased. Inset: Absorption of monomer (�) 

and of aggregate (�) fluorochromes165 

r.u. = relative units 

 

Analysis of a fluorochrome similar to RhB, Rhodamine 6G, suggests that dimers form 

in water, but not in methanol over the range of concentrations studied here.169-171 Other 

authors have suggested that laser dyes (of which RhB is one) do not aggregate well in 

polar, organic solvents such as ethanol.172 Although no shoulder peak is observed as the 

concentration of RhB was increased, its peak emission does shift to longer wavelengths. 

Similar behaviour has been observed in monomeric and dimeric forms of RhB.173 In 

pollen treated with RhB, RhB appears bound to and/or encapsulated inside the pollen 

(see section 5.5 for further discussion of laser scanning confocal microscopy results). 
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Encapsulation may mimic the high concentration solution environment required for 

aggregation, although this is impossible to directly evaluate without further 

investigation.  

 

To compare solid samples with solutions, RhB was dissolved in both water and ethanol 

and its emission measured (Figure 5.33 and Figure 5.34 respectively). When RhB 

solutions were excited at 543 or 548 nm, at higher RhB concentrations peak emission 

shifts to longer wavelengths (Table 5.10). When the peak emission of these solutions is 

compared with that of pollen treated with RhB, peak emission wavelengths show 

similar but not identical trends (Figure 5.39 and Figure 5.40). This difference could be 

explained in several ways. Firstly it indicates that RhB may not have been in solution 

inside the RhB-treated pollen, but that ethanol and water were probably largely removed 

via vacuum filtration during sample preparation. Secondly, possible interactions 

between RhB and sporopollenin, not present in solutions without pollen, could also 

cause shifts in RhB’s peak emission. It is impossible to infer from these results which of 

the two scenarios is the most likely. 

 

 

 
Figure 5.39: Comparison of the peak emission wavelengths of aqueous solutions of 

RhB and untreated & enzyme-treated Betula fontinalis pollen, treated with aqueous 

solutions of RhB. Concentrations of RhB range from 1 × 10-3 to 1 × 10-6 mol dm-3 
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Figure 5.40: Comparison of the peak emission wavelengths of ethanolic solutions of 

RhB and untreated & enzyme-treated Betula fontinalis pollen, treated with ethanolic 

solutions of RhB. Concentrations of RhB range from 1 × 10-3 to 1 × 10-6 mol dm-3. 

[Peak for untreated Betula fontinalis treated with RhB (1 × 10-6 mol dm-3) missing as 

peak too weak to identify on spectrum] 

 

The data point representing a solution of RhB in water (1 × 10-3 mol dm-3) in Figure 

5.39 could be anomalous, as it does not appear to follow the trend of the other points 

within this plot. Alternatively, the exceptionally high concentration of RhB may cause a 

much greater level of reabsorption, compared to the RhB treated pollen. This would 

lead to the RhB in solution having a longer peak emission wavelength of RhB. Repeat 

measurement of all samples within this plot would need to be made to determine which 

scenario is most likely. 

 

Pollen samples treated with RhB and excited at 300 nm all have intense peaks around 

470 nm, indicative of sporopollenin emission. These peak emission wavelengths remain 

fairly consistent between samples, not varying by more than 7 nm, and are summarised 

in the red columns of Table 5.4 to Table 5.7. However, in samples without added RhB, 

the peaks are broader and extend towards 580 nm. The addition of RhB causes 

narrowing of the peaks at around 470 nm, with longer wavelength components (~500 – 

580 nm) becoming quenched. Higher concentrations of RhB (i.e. 1 × 10-3 and 1 × 10-4 
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mol dm-3 RhB) initiated the greatest quenching. This observation indicates that energy 

emitted by sporopollenin is either being absorbed by, or transferred to, other 

components within the system. As the effect is only observed in the presence of RhB, it 

is highly likely that that absorption or transfer involves RhB. 

 

The quenching of sporopollenin’s emission may be due to the absorption of light 

emitted from sporopollenin by RhB. This is possible, as sporopollenin emits light in the 

region of RhB’s peak absorption wavelength (around 550 nm).83 Other quenching 

mechanisms exist, including energy and electron transfer processes and excimer 

formation. As pollen treated with RhB was examined in the form of solid samples, 

fluorochromes could not diffuse throughout the structure, therefore ruling out 

mechanisms that involve diffusion. These include excimer formation and the exchange 

or Dexter mechanism.97, 174 Resonance or Förster transfer as well as exciton migration 

do not require a fluid system, so could therefore act as possible quenching 

mechanisms.97 However, all of these mechanisms would generate an additional peak 

elsewhere in a spectrum in addition to the emission already observed. As such an 

additional peak is not seen, it is more likely that the quenching observed is due to the 

absorption of sporopollenin’s emission by RhB. 

5.4.3.3 The effect of changing the genus of pollen and spores 

In order to compare the effects of varying the genus of pollen or spore on fluorescence, 

untreated Juglans nigra pollen and Lycopodium clavatum spores were treated with 

aqueous solutions of RhB. Emission spectra for Juglans nigra are presented in Figure 

5.41 and Figure 5.42, and those for Lycopodium clavatum in Figure 5.43 and Figure 

5.44. 
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Figure 5.41: Emission spectra of untreated Juglans nigra (Jn) pollen, treated with 

aqueous solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.42: Emission spectra of untreated Juglans nigra (Jn) pollen, treated with 

aqueous solutions of RhB of varying concentrations (excitation λ 530 nm) 
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Figure 5.43: Emission spectra of untreated Lycopodium clavatum (Lc) spores, treated 

with aqueous solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

 

 

 
Figure 5.44: Emission spectra of untreated Lycopodium clavatum (Lc) spores, treated 

with aqueous solutions of RhB of varying concentrations (excitation λ 530 nm) 

 

0 
100 
200 
300 
400 
500 
600 
700 
800 
900 

1000 

330 430 530 630 730 

A
rb

itr
ar

y 
flu

or
es

ce
nc

e 
un

its
 

Wavelength / nm 

0 

2000 

4000 

6000 

8000 

10000 

12000 

550 600 650 700 750 800 

A
rb

itr
ar

y 
flu

or
es

ce
nc

e 
un

its
 

Wavelength / nm 

Untreated Lc 
Untreated Lc + RhB in water (1 × 10-3 mol dm-3)  
Untreated Lc + RhB in water (1 × 10-4 mol dm-3) 
Untreated Lc + RhB in water (1 × 10-5 mol dm-3) 
Untreated Lc + RhB in water (1 × 10-6 mol dm-3) 

Untreated Lc + RhB in water (1 × 10-3 mol dm-3)  
Untreated Lc + RhB in water (1 × 10-4 mol dm-3) 
Untreated Lc + RhB in water (1 × 10-5 mol dm-3) 
Untreated Lc + RhB in water (1 × 10-6 mol dm-3) 



 180 

RhB emission for all species investigated (Betula fontinalis, Juglans nigra and 

Lycopodium clavatum), shifts to longer wavelengths as the concentration of the RhB 

solution applied to the pollen or spores was increased. This shift in emission is 

summarised in Table 5.11 and Figure 5.45. Results show that although the pattern of 

RhB emission is the same among all species examined, the exact emission wavelength 

at each concentration of RhB differs between species, sometimes by as much as 23 nm. 

Each species may have absorbed different levels of RhB from the aqueous solutions 

applied, leading to different levels of reabsorption between RhB molecules, and 

therefore different peak emission. These results may also indicate that RhB lies in close 

proximity to components within the pollen or spores, allowing these to influence RhB’s 

emission by processes such as reabsorption. LSCM was therefore applied to further 

probe the proximity of RhB to pollen and spore components, such as the exine, intine 

and protoplast (see section 5.5). 

 

Table 5.11: Summary of peak emission wavelengths of untreated Betula fontinalis and 

Juglans nigra pollen and Lycopodium clavatum spores, all treated with aqueous 

solutions of RhB of varying concentrations 

 
Peak emission wavelength / nm at varying 

concentrations of RhB applied / mol dm-3 

 1 × 10-3 1 × 10-4 1 × 10-5 1 × 10-6 

Betula fontinalis * 613 604 592 577 

Juglans nigra † 607 599 589 582 

Lycopodium clavatum † 590 590 582 580 

* Collected by excitation at 543 nm 

† Collected by excitation at 530 nm 
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Figure 5.45: Comparison of peak emission wavelengths of untreated Betula fontinalis 

and Juglans nigra pollen and Lycopodium clavatum spores, treated with aqueous 

solutions of RhB at various concentrations 

5.4.3.4 Spectrofluorometry of untreated, enzyme-treated, and base and acid-

treated pollen and spores, treated with Rhodamine B: summary of results 

1. Aqueous and ethanolic solutions of RhB of varying concentrations were applied to 

both untreated and enzyme-treated Betula fontinalis pollen. Emission from both the 

pollen and RhB was observed. The ratio between peaks at 370 and 470 nm 

(attributed to sporopollenin) was greater when water was used as the solvent, 

compared to ethanol. This finding was observed in both untreated and enzyme-

treated pollen and indicates that different solvents may elicit different degrees of 

binding or encapsulation of RhB.  

 

2. Higher concentrations of RhB quenched emission from the pollen wall. In addition, 

RhB’s peak emission wavelength shifted to longer wavelengths when the 

concentration of RhB in the solutions applied to pollen was higher. Reabsorption of 

RhB’s emission or the aggregation of RhB monomers may explain this shift, 

although it is impossible to infer from these results which effect is most likely. 
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3. Untreated Juglans nigra pollen and Lycopodium clavatum spores were treated with 

aqueous and ethanolic solutions of RhB. The pattern of emission was found to be 

similar to that observed from untreated Betula fontinalis pollen, although the exact 

emission spectra varied between these species. This indicates that different species 

may encapsulate or bind different quantities of RhB. 

5.4.4 Spectrofluorometry of models for sporopollenin: p-coumaric 

acid and ferulic acid.  

p-Coumaric acid and ferulic acid have been proposed as models for sporopollenin when 

attempting to determine historic levels of UV-B radiation within our atmosphere.155 A 

recent review by de Leeuw et al. highlighted the presence of p-coumaric acid within 

sporopollenin, with ferulic acid also forming part of this complex biopolymer.37 These 

acids were combined in solution with RhB and the fluorescence of these solutions 

measured. The emission of p-coumaric acid and ferulic acid (around 510 and 430 nm 

respectively) is removed from that of RhB (around 590 nm) (Figure 5.46). Therefore, 

when RhB is combined with each of the acids, it is possible to evaluate their 

fluorescence independently. However, their spectra lie sufficiently close for interactions 

(e.g. reabsorption and energy transfer processes) between the acids and RhB to be 

possible. By comparing spectra of these acids in solution with RhB to untreated pollen 

and spores, treated with RhB, it may be possible to determine whether p-coumaric acid 

and ferulic acid do act as effective models for sporopollenin. 
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Figure 5.46: Emission spectra of saturated ethanolic solutions of p-coumaric acid 

(excitation λ 450 nm) and ferulic acid (excitation λ 385 nm); and RhB in ethanol 

(1 × 10-3 mol dm-3) (excitation λ 543 nm) 

 

Equal volumes of RhB solutions and a saturated solution of p-coumaric acid and (both 

in ethanol) were mixed and the fluorescence emission of the solutions produced 

measured. The concentration of the RhB solutions added varied between 1 × 10-3 and 

10-6 mol dm-3 in order to observe how altering the concentration of RhB influenced its 

own fluorescence emission as well as that of p-coumaric acid. Excitation wavelengths 

of 450 nm (Figure 5.47) and 540 nm (Figure 5.48) were selected in order to promote 

optimal excitation of p-coumaric acid and RhB respectively. The emission maxima for 

p-coumaric acid and RhB at excitation at 450 nm, and for RhB at excitation at 540 nm 

are summarised in Table 5.12. The data shows that as the concentration of RhB was 

increased, there is a shift in its peak emission to longer wavelengths. By comparison, 

the peak emission of p-coumaric acid remains fairly constant between 503 and 509 nm. 

However, the longer wavelength components (> ~ 520 nm) of p-coumaric acid’s 

emission disappear as the concentration of RhB was elevated above 1 × 10-4 mol dm-3. 

This behaviour is similar to that observed in untreated pollen and spores, treated with 

solutions of RhB (see section 5.4.3). 
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Figure 5.47: Emission spectra of saturated ethanolic solutions of p-coumaric acid (CA) 

mixed with equal volumes of ethanolic solutions of RhB of varying concentrations 

(excitation λ 450 nm) 

 

 

 
Figure 5.48: Emission spectra of saturated ethanolic solutions of p-coumaric acid (CA) 

mixed with equal volumes of ethanolic solutions of RhB of varying concentrations 

(excitation λ 540 nm) 
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Table 5.12: Summary of peak emission wavelengths for the fluorescence of a saturated 

solution of p-coumaric acid with Rhodamine B. All solutions prepared in ethanol 

 
Peak emission at 450 nm 

excitation λ / nm 

Peak emission at 540 

nm excitation λ / nm 

Concentration of RhB 

solution / mol dm-3 

p-Coumaric 

acid 
Rhodamine B Rhodamine B 

0 509 - - 

1 × 10-3 * 602 612 

1 × 10-4 503 590 591 

1 × 10-5 507 582 582 

1 × 10-6 509 576 580 

* Peak too weak to identify 

 

The experiment was repeated, but a saturated solution of ferulic acid was used in place 

of p-coumaric acid. Excitation wavelengths of 385 nm and 540 nm were selected to 

optimally excite ferulic acid and RhB respectively. The fluorescence emission spectra 

are presented in Figure 5.49 and Figure 5.50 respectively, and peak emission data is 

summarised in Table 5.13. Similarly to spectra of solutions of p-coumaric acid plus 

RhB, as the concentration of the RhB solution was decreased, its peak emission shifts to 

shorter wavelengths. The peak emission of ferulic acid remains fairly constant at around 

435 nm, but at the highest concentration of RhB (1 × 10-3 mol dm-3), the longer 

wavelength components (> ~ 480 nm) diminish. These trends are similar to those 

observed for p-coumaric acid combined with RhB, and to untreated pollen and spores, 

to which solutions of RhB has been applied. 

 



 186 

 

 
Figure 5.49: Emission spectra of saturated ethanolic solutions of ferulic acid (FA) 

mixed with equal volumes of ethanolic solutions of RhB of varying concentrations 

(excitation λ 385 nm) 

 

 

 
Figure 5.50: Emission spectra of saturated ethanolic solutions of ferulic acid (FA) 

mixed with equal volumes of ethanolic solutions of RhB of varying concentrations 

(excitation λ 540 nm) 

 

0 

100 

200 

300 

400 

500 

600 

700 

400 450 500 550 600 650 700 750 800 

A
rb

itr
ar

y 
flu

or
es

ce
nc

e 
un

its
 

Wavelength / nm 

0 

500 

1000 

1500 

2000 

2500 

3000 

3500 

4000 

560 610 660 710 760 

A
rb

itr
ar

y 
flu

or
es

ce
nc

e 
un

its
 

Wavelength / nm 

FA 
FA + RhB (1 × 10-3 mol dm-3) 
FA + RhB (1 × 10-4 mol dm-3) 
FA + RhB (1 × 10-5 mol dm-3) 
FA + RhB (1 × 10-6 mol dm-3) 

FA + RhB (1 × 10-3 mol dm-3) 
FA + RhB (1 × 10-4 mol dm-3) 
FA + RhB (1 × 10-5 mol dm-3) 
FA + RhB (1 × 10-6 mol dm-3) 



 187 

Table 5.13: Summary of peak emission wavelengths for the fluorescence of a saturated 

solution of ferulic acid with Rhodamine B. All solutions prepared in ethanol 

 
Peak emission at 385 nm 

excitation λ / nm 

Peak emission at 540 

nm excitation λ / nm 

Concentration of RhB 

solution / mol dm-3 
Ferulic acid Rhodamine B Rhodamine B 

0 434   

1 × 10-3 447 609 611 

1 × 10-4 436 591 588 

1 × 10-5 432 583 580 

1 × 10-6 435 * 578 

* Peak too weak to identify 

 

Solutions of p-coumaric acid and ferulic acid, plus RhB, display similar emission 

behaviour to untreated pollen and spores, treated with RhB. Therefore, peak RhB 

emission wavelengths from the following samples was compared in Figure 5.51 to more 

closely evaluate any trends: 

– Untreated Betula fontinalis pollen, treated with ethanolic solutions of RhB, 

(Figure 5.30, excitation λ 548 nm)  

– Saturated, ethanolic solution of p-coumaric acid combined with ethanolic 

solutions of RhB, (Figure 5.48, excitation λ 540 nm)  

– Saturated, ethanolic solution of ferulic acid combined with ethanolic solutions of 

RhB (Figure 5.50 excitation λ 540 nm).  
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Figure 5.51: Peak emission wavelengths of RhB in ethanol at varying concentrations 

when combined with saturated, ethanolic solutions of p-coumaric acid (excitation λ 450 

nm), ferulic acid (excitation λ 540 nm) or untreated Betula fontinalis pollen. Data taken 

from Figure 5.30, Figure 5.48 and Figure 5.50 

[Peak for untreated Betula fontinalis, treated with RhB (1 × 10-6 mol dm-3) missing as 

too weak to identify on spectrum] 

 

Although patterns observed in spectra of pollen and p-coumaric and ferulic acid are 

similar, this does not conclusively demonstrate that these acids behave in a similar 

fashion to sporopollenin itself. It is possible that other molecules with entirely different 

structures to sporopollenin that emit in the same region could demonstrate similar 

reabsorption of RhB. For example, riboflavin (Figure 5.52) has a peak emission of 531 

nm in water and 523 nm in ethanol.175, 176 These emission peaks overlap well with the 

absorption peak of RhB, and could therefore mimic the behaviour observed for both p-

coumaric and ferulic acids. A RhB–riboflavin conjugate was prepared by Swaan et al. 

When in conjugate form, RhB’s emission was quenched (Figure 5.53), indicating that 

other molecules are capable of quenching RhB’s emission in a similar fashion to 

sporopollenin, p-coumaric acid and ferulic acid.177 Thus, it cannot be conclusively 

demonstrated that derivative of p-coumaric acid or ferulic acid are present in 

sporopollenin of either pollen or spores. 
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Figure 5.52: Structure of riboflavin 

 

 
Figure 5.53: Emission spectra of Rhodamine B and a Rhodamine B – riboflavin 

conjugate (excitation λ 445 nm)177 

r.u. = relative units 

5.4.4.1 Spectrofluorometry of models for sporopollenin: summary of results 

1. Ethanolic solutions of p-coumaric acid and ferulic acid were mixed with ethanolic 

solutions of RhB. The patterns of emission among untreated Betula fontinalis pollen 

and these proposed sporopollenin models were similar. RhB’s peak emission shifted 

to longer wavelengths at higher RhB concentrations. In all samples, this is likely to 

be due to the reabsorption of fluorescence emitted from RhB by other RhB 

molecules in the system. This effect was concentration dependent (see section 5.4.3 

for a discussion of this effect).  

 

2. Similar to sporopollenin, emission from p-coumaric acid and ferulic acid was 

quenched by higher concentrations of RhB. This was likely to be due to RhB 

Rhodamine B 

Rhodamine B – 
riboflavin conjugate 
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molecules reabsorbing emitted light from sporopollenin, or p-coumaric or ferulic 

acid (see section 5.4.3 for an explanation of this effect). 

5.5 Analysis by laser scanning confocal microscopy 

(LSCM) 

To identify the location of fluorochromes within both pollen and spores, samples were 

examined using LSCM. Quenching effects were also investigated. Pollen and spores 

were suspended in water before being examined using the LSCM. 

5.5.1 Single track LSCM 

5.5.1.1 LSCM of untreated pollen and spores 

Laser scanning confocal micrographs of untreated Betula fontinalis (Figure 5.54), 

Juglans nigra (Figure 5.55), Secale cereale (Figure 5.56) and Ambrosia artemisiifolia 

pollen (Figure 5.57) and Lycopodium clavatum spores (Figure 5.58) were collected. 

These micrographs demonstrate that for the species under investigation, fluorescence 

emission is not consistent throughout the sample, or within each spore or pollen grain. 

Each sample has some pollen grains or spores that show more intense emission than 

others e.g. Figure 5.54 (c). The reason for this difference is unclear, although it is 

possible that some grains within each sample are at a different stage in their lifecycle to 

that of others. At different stages of their lifecycles, pollen and spores are known to 

possess different chemical compositions.178 As a result, the quantity of fluorescent 

material present may differ, giving rise to different levels of emission. This conclusion 

is supported by work carried out by Roshchina, who observed that fluorescence from 

pollen differs over the course of its development.40 Although individual grains show 

differing emission, these are indistinguishable in the bulk sample due to the small size 

of pollen and spores. 

 

For most species, overall emission is more intense when samples were excited at the 

lower end of the spectrum (405 nm). This correlates well with the observations made 
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using spectrofluorometry (see section 5.4.3). At longer excitation wavelengths (561 and 

633 nm), emission is still observed from the pollen wall, but emission from the 

protoplast is much less intense in comparison. The location within pollen and spores 

from which fluorescence is observed is not consistent. In Lycopodium clavatum spores, 

emission predominantly arises from the spore walls, whereas in the pollen species 

studied, emission is usually equally intense from both the protoplast and the pollen wall.  

 

  

  
Figure 5.54: LSCM images of untreated Betula fontinalis pollen: (a) and (b) excitation 

wavelength 405 nm; (c) and (d) excitation wavelength 633 nm.  

Scale bar: (a) and (c) = 100 µm; (b) and (d) = 25 µm 

 

a b 

c d 
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Figure 5.55: LSCM images of untreated Juglans nigra pollen: (a) and (b) excitation 

wavelength 405 nm; (c) and (d) excitation wavelength 633 nm.  

Scale bar: (a) and (c) = 100 µm; (b) and (d) = 25 µm 

 

a b 

c d 
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Figure 5.56: LSCM images of untreated Secale cereale pollen: (a) and (b) excitation 

wavelength 561 nm.  

Scale bar: (a) = 100 µm; (b) = 50 µm 

 

a b 
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Figure 5.57: LSCM images of untreated Ambrosia artemisiifolia pollen: (a) and (b) 

excitation wavelength 405 nm; (c) and (d) excitation wavelength 561 nm.  

Scale bar: (a) and (c) = 100 µm; (b) and (d) = 25 µm 

 

a b 

a d 
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Figure 5.58: LSCM images of untreated Lycopodium clavatum spores: (a) and (b) 

excitation wavelength 405 nm; (c) and (d) excitation wavelength 561 nm.  

Scale bar: (a) and (c) = 100 µm; (b) and (d) = 25 µm 

5.5.1.2 LSCM of enzyme-treated pollen 

The enzyme treatment published by Loewus et al. was applied to Betula fontinalis 

pollen, and the treated pollen analysed by LSCM (Figure 5.59).64 The confocal 

micrographs taken were compared to those for untreated Betula fontinalis pollen (Figure 

5.54). It is clear that this enzyme treatment does not remove all material from all grains. 

Some grains still appear full of protoplast material, whereas in others the protoplast 

appears shrunken and detached from the pollen wall. The level of resolution of the 

LSCM means that it is impossible to determine whether or not the intine was removed. 

 

a b 

c d 
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Directly comparing untreated and enzyme-treated pollen, the treatment applied appears 

to remove some of the structure present in the protoplast of Betula fontinalis (Figure 

5.60). Previous palynological analysis of pollen from the same genus (Betula pendula) 

suggests that these darker areas observed in the protoplast of untreated pollen may be 

starch grains.133 

 

  

  
Figure 5.59: LSCM images of enzyme-treated Betula fontinalis pollen: (a) and (b) 

excitation wavelength 405 nm; (c) and (d) excitation wavelength 561 nm.  

Scale bar: (a) = 50 µm; (b) and (d) = 25 µm; and (c) = 100 µm 

 

a b 

c d 
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Figure 5.60: LSCM images of Betula fontinalis pollen (a) untreated and (b) enzyme-

treated, excitation wavelength 405 nm.  

Scale bars = 25 µm 

5.5.1.3 LSCM of untreated pollen and spores, treated with Rhodamine B 

Untreated Betula fontinalis and Juglans nigra pollen were treated with aqueous 

solutions of Rhodamine B (RhB) (1 × 10-3 to 1 × 10-6 mol dm-3). The RhB-treated 

pollen was filtered under reduced pressure and washed with water to minimise the 

amount of RhB on the pollen’s exterior exine surface. LSCM images of the samples 

treated with RhB (1 × 10-3 mol dm-3) are shown in Figure 5.61 and Figure 5.62. Pollen 

treated with this concentration of RhB (the highest used) was selected for analysis to 

maximise the observed RhB emission. Compared to untreated Betula fontinalis and 

Juglans nigra pollen excited at 633 nm (Figure 5.54 and Figure 5.55 respectively), 

a Apertural area (no emission 
observed) with oncus clear 

Protoplast largely attached to 
pollen wall. Black areas may 
be starch grains 

Aperture through pollen 
wall  

Protoplast detached from pollen 
wall 

Protoplast largely attached to 
pollen wall 

Texture of starch grains within 
protoplast not apparent 

Aperture (oncus not clear) 

b 
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RhB-treated pollen shows more intense emission at the longer excitation wavelengths 

(561 nm). The increased emission in RhB-treated pollen is not clearly specific to one 

structure within the pollen - the wall or protoplast - but is instead observed throughout 

the grains of both species. 

 

  

 
Figure 5.61: Laser scanning confocal micrographs of untreated Betula fontinalis pollen 

treated with an aqueous solution of RhB (1 × 10-3 mol dm-3). Excitation wavelength 

561 nm.  

Scale bars: (a) = 25 µm; (b) and (c) = 10 µm 

 

a b 

c 
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Figure 5.62: Laser scanning confocal micrographs of untreated Juglans nigra pollen 

treated with RhB (1 × 10-3 mol dm-3). Excitation wavelength 561 nm.  

Scale bars: (a) = 100 µm; (b) = 10 µm 

5.5.1.4 Single-track LSCM: summary of results 

1. The 405 nm laser was found most suitable to inspect fluorescence arising from 

pollen, whereas excitation using the 561 nm laser was best to detect emission from 

RhB. These results support findings from spectrofluorometry. 

 

2. Fluorescence was not consistent within each sample, or within each pollen grain or 

spore. One possible explanation is that individual pollen grains or spores within 

each sample were at different stages in their lifecycles. This would result in 

different chemical compositions and therefore varied emission. 

 

3. The enzyme treatment proposed by Loewus et al. did not remove all non-

sporopollenin material from the pollen species under investigation here. The degree 

to which non-sporopollenin material was removed varied from grain to grain. The 

resolution of the LSCM was insufficient to determine the effect of the enzyme 

treatment on the exine and intine and only the pollen wall as a whole could be 

commented on. 

a b 
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5.5.2 Multi-track LSCM of untreated and enzyme-treated Betula 

fontinalis pollen treated with aqueous and ethanolic solutions of 

Rhodamine B 

In order to evaluate the effect of RhB on the quenching of sporopollenin’s emission (see 

section 5.4.3) multi-track LSCM was performed. The samples prepared are summarised 

in Table 5.14. These samples were selected so that the effects of the enzyme-treatment, 

the solvent used and the concentration of RhB solution applied could all be examined. 

The concentrations of RhB solutions used were 1 × 10-3, 10-4, 10-5 and 10-6 mol dm-3. 

Excitation wavelengths (λ) of 405 and 561 nm were selected to excite sporopollenin and 

RhB respectively. Low (× 100) and high (× 630) magnification images are presented in 

an attempt to both demonstrate representative samples and highlight distinct 

components of the pollen grains. Within each Figure, LSCM settings, including the 

laser power and detector settings, were maintained between samples with the same 

magnification to enable images to be directly compared. 

 

Table 5.14: Summary of samples prepared for multi-track LSCM 

 Treatment applied 

Pollen used RhB in water RhB in ethanol 

Untreated Betula fontinalis ✓ ✓ 

Enzyme-treated Betula fontinalis ✓ ✓ 

5.5.2.1 Enzyme-treated Betula fontinalis pollen, treated with aqueous solutions of 

Rhodamine B 

LSCM images of enzyme-treated Betula fontinalis pollen, with and without the 

application of aqueous solutions of RhB, can be found in Table 5.15 and Table 5.16. 

Table 5.15 shows that emission resulting from excitation at 405 nm is seen from all 

samples, whether treated with RhB or not. Results from spectrofluorometry suggest that 

this emission is likely to be attributed to sporopollenin (Figure 5.27). Emission from 

enzyme-treated pollen excited at 405 nm is more intense than that from the same pollen 

treated with the higher concentrations of RhB used (1 × 10-3 and 1 × 10-4 mol dm-3). 

This indicates that RhB is able to quench pollen’s autofluorescence and supports the 

findings from spectrofluorometry (see section 5.4.3). Quenching of emission from the 
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wall is observed at 1 × 10-3 and 1 × 10-4 mol dm-3 of RhB. However, quenching of 

emission from the protoplast is only seen at the highest concentration of RhB (1 × 10-3 

mol dm-3). This indicates that at lower concentrations of RhB, insufficient quantities of 

the fluorochrome pass through the intine into the protoplast to facilitate quenching 

there. RhB is routinely used as a stain for LSCM and has been described as a suitable 

stain for the exine, being unable to pass into the cytoplasm.179  

 

When excited at 561 nm, enzyme-treated pollen without RhB does not emit at the 

LSCM laser and detector settings used (Table 5.16). Spectrofluorometry of enzyme-

treated Betula fontinalis pollen shows that pollen does emit at these longer wavelengths, 

but more weakly than the shorter wavelength emission of sporopollenin (Figure 5.19). 

Therefore, the laser power used here may have been too weak to excite the long-

wavelength components of pollen, meaning that a majority of the emission from 

excitation at 561 nm can be attributed to RhB. Enzyme-treated Betula fontinalis with 

the lowest concentration of RhB applied (1 × 10-6 mol dm-3) shows almost no emission 

from any part of the pollen grain. At higher concentrations of RhB (1 × 10-4 and 10-5 

mol dm-3) emission is primarily observed from the pollen wall. Emission from both the 

protoplast and pollen wall is only seen at 1 × 10-3 mol dm-3 RhB. These results indicate 

that at lower concentrations of RhB (1 × 10-4 to 10-6 mol dm-3), little or no RhB passes 

through the intine to the protoplast to facilitate emission there. These findings are 

supported by similar results from excitation at 405 nm (Table 5.15). 
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Table 5.15: LSCM images of enzyme-treated Betula fontinalis pollen, with and without 

treatment with aqueous solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 405 nm.  

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Table 5.16: LSCM images of enzyme-treated Betula fontinalis pollen, with and without 

treatment with aqueous solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 561 nm.  

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Enzyme-treated Betula fontinalis pollen, treated with aqueous solutions of RhB, was 

analysed by both LSCM and spectrofluorometry (see Figure 5.27 and Figure 5.28 for 

emission spectra). However, the excitation wavelengths and ranges over which emission 

were collected differed for each technique (see Table 5.17). This was largely due to the 

discrete laser frequencies available on the LSCM. In order to confirm whether the 

different excitation wavelengths used produced similar emission profiles over the 

ranges of wavelengths collected, measurements were taken on the spectrofluorometer 

using the LSCM excitation wavelengths and collection ranges summarised in Table 

5.17 (Figure 5.63 and Figure 5.64). Untreated Betula fontinalis pollen was compared to 

the same pollen treated with an aqueous solution of RhB (1 × 10-3 mol dm-3). 

 

Table 5.17: Excitation wavelength and range over which emission was collected for 

both spectrofluorometry and LSCM (applicable to all samples) 

Spectrofluorometer LSCM 

Excitation λ / 

nm 

λ range collected / 

nm 

Excitation λ / 

nm 

λ range collected / 

nm 

300 330 - 800 405 415 - 560 

543* 570 - 800 561 564 - 758 

548† 570 - 800   

 

 

* Excitation wavelength for pollen treated with aqueous solutions of RhB 

† Excitation wavelength for pollen treated with ethanolic solutions of RhB 

 

Primarily used to observe emission from pollen 

Primarily used to observe emission from RhB 
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Figure 5.63: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, and 

enzyme-treated Bf pollen treated with an aqueous solution of RhB (1 × 10-3 mol dm-3) 

(excitation λ 300 and 405 nm) 
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Figure 5.64: Emission spectra of enzyme-treated Betula fontinalis (Bf) pollen, and 

enzyme-treated Bf pollen treated with an aqueous solution of RhB (1 × 10-3 mol dm-3) 

(excitation λ 543 and 561 nm) 

 

Results comparing excitation at 300 and 405 nm show notable differences (Figure 5.63). 

In order to simulate the multi-track LSCM experiment, emission collected after 

excitation at 405 nm was collected over a much narrower range than after excitation at 

300 nm. Spectrofluorometry shows that the intense emission peak from pollen between 

630 – 800 nm was not observed during LSCM analysis. In addition, the pronounced 

quenching effect of pollen’s emission observed after the addition of RhB between 500 – 

600 nm is more easily observed after excitation at 300 nm than 405 nm. As these 

excitation wavelengths differ by 105 nm, it is unsurprising that such differences were 

seen. Therefore, quenching of pollen’s emission in the presence of RhB is likely to be 

less obvious when observed by LSCM than by spectrofluorometry.  

 

Spectra observed after excitation at 543 and 561 nm are very alike (Figure 5.64). 

Therefore, results from LSCM and spectrofluorometry using these excitation 

wavelengths are likely to be similar. This was predictable as these excitation 
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wavelengths only differ by 18 nm, compared to the 105 nm difference between the 300 

and 405 nm excitation wavelengths. 

5.5.2.2 Enzyme-treated Betula fontinalis pollen, treated with ethanolic solutions of 

Rhodamine B 

Enzyme-treated Betula fontinalis pollen was treated with ethanolic solutions of RhB, 

and examined using multi-track LSCM after excitation at 405 and 561 nm (Table 5.18 

and Table 5.19 respectively). These samples were compared to enzyme-treated pollen 

without the addition of RhB. After excitation at 405 nm, pollen without RhB shows 

emission from both the wall and the protoplast. Samples where RhB was applied show 

weaker emission from the pollen wall and no emission from the protoplast over all 

concentrations studied. These results suggest that when dissolved in ethanol, RhB was 

able to penetrate the wall of Betula fontinalis and quench emission from the protoplast. 

These findings are supported by spectrofluorometry (see Figure 5.29 for emission 

spectrum). Quenching of the protoplast’s emission is only observed at higher 

concentrations of RhB (1 × 10-3 and 10-4 mol dm-3) in pollen treated with aqueous 

solutions of the fluorochrome (Table 5.15).  

 

It is possible that compared to water; ethanol increases the penetration of RhB into 

pollen grains, allowing it to pass into the protoplast so that quenching can take place 

there. Recently published work has used ethanol to facilitate the uptake of a range of 

materials, including ibuprofen, yeast cells and dye materials into Lycopodium clavatum 

exine shells.58, 59, 74 Mackenzie et al. found that sunflower oil mixed with ethanol was 

absorbed more quickly into these shells than oil mixed with other solvents tested.77 

Although no explanation for this behaviour was offered, it does suggest that ethanol 

could be the optimum solvent to move materials, including RhB, into pollen grains.  
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Table 5.18: LSCM images of enzyme-treated Betula fontinalis pollen, with and without 

treatment with ethanolic solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 405 nm.  

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Table 5.19: LSCM images of enzyme-treated Betula fontinalis pollen, with and without 

treatment with ethanolic solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 561 nm.  

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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An alternative explanation for the lack of emission from the protoplast of enzyme-

treated pollen exposed to ethanolic solutions of RhB could be that the ethanol facilitates 

the movement of residual protoplast material, left over from the enzyme treatment, out 

of the grains. During the enzyme treatment used to produce the pollen for analysis, 

aqueous solutions were used to wash grains. Therefore, ethanol may remove more polar 

components of the protoplast that are less soluble in water. As a result, there could be 

less protoplast material to fluoresce. This explanation seems less likely as × 630 

magnification images taken after excitation at 561 nm indicate the presence of 

protoplast material (Table 5.19). 

 

Not all grains emit with equal intensity after excitation at 561 nm (Table 5.18). This is 

especially clear in × 630 magnification images of pollen treated with 1 × 10-4, 10-5 and 

10-6 mol dm-3, where some grains clearly emit with greater intensity than others. Why 

some grains show such intense emission is not clear, although they could be at a 

different stage in their lifecycles compared to other grains in the same sample. As a 

result, they may have a different chemical composition, resulting in differing 

fluorescence. Roshchina demonstrated that fluorescence observed from pollen is 

influenced by a number of factors, including at which stage of its development a grain is 

observed at.40 

 

Enzyme-treated pollen treated with ethanolic solutions of RhB at concentrations of 

1 × 10-3, 10-4 and 10-5 mol dm-3 fluoresces after excitation at 561 nm (Table 5.19). 

Emission is predominantly from the pollen wall and little emission from the protoplast 

is observed, especially at concentrations at or below 1 × 10-4 mol dm-3 RhB. Emission 

from the wall of RhB-treated pollen suggests that most RhB is bound to the pollen wall 

rather than to the protoplast. Limited emission is observed from the protoplast at the 

highest concentration of RhB (1 × 10-3 mol dm-3), suggesting some binding there.  

 

The resolution of the LSCM is insufficient to determine which wall layer (the exine or 

the intine) the RhB binds to, or whether both are equally preferred. This result 

contradicts the theory that ethanol increases the movement of RhB into the protoplast 

as, if this were the case, emission from RhB bound to the protoplast would be observed. 

However, these results support the idea that ethanol could remove protoplast material, 

thus decreasing emission from the protoplast, compared to that from enzyme-treated 

pollen treated with aqueous solutions of RhB. 
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5.5.2.3 Untreated Betula fontinalis pollen, treated with aqueous solutions of 

Rhodamine B 

Untreated Betula fontinalis pollen was treated with aqueous solutions of RhB, and 

examined by LSCM after excitation at 405 and 561 nm (Table 5.20 and Table 5.21 

respectively). After excitation at 405 nm, both the protoplast and wall of untreated 

pollen (without the addition of RhB) fluoresce. The addition of higher concentration 

RhB solutions (1 × 10-3 to 10-5 mol dm-3) quenches emission from the pollen wall, 

leaving only emission from the protoplast. This suggests that at sufficiently high 

concentrations, RhB is able to penetrate the wall of pollen grains to quench emission 

there, but is not able to reach pollen’s protoplasts. This finding is supported by images 

collected after excitation at 561 nm, as emission from the walls of grains is more intense 

than from the protoplast, indicating preferential binding of RhB to the pollen wall. At 

the lowest concentration of RhB (1 × 10-6 mol dm-3) almost no quenching of the 

emission from the pollen wall is observed after excitation at 405 nm. This is due to the 

very limited binding of RhB to the wall of the pollen at this concentration, as supported 

by images collected after excitation at 561 nm. These results compare favourably to 

results from spectrofluorometry, which indicate that quenching of pollen’s emission 

only occurs at higher concentrations of RhB (1 × 10-3 to 10-5 mol dm-3) (Figure 5.25). 

 

After excitation at 561 nm, higher concentrations of RhB (1 × 10-3 and 10-4 mol dm-3) 

show emission from both the protoplast and wall, indicating that the fluorochrome 

bound to both of these structures. At 1 × 10-3 mol dm-3 emission is only seen from the 

wall, which suggests that at lower concentrations, insufficient RhB penetrates the 

protoplast to emit there. Emission from RhB is not seen at all at 1 × 10-6 mol dm-3. 

 

An unusual finding is that after excitation at 405 nm, the overall intensity of emission 

from untreated pollen is weaker than from pollen treated with the two lowest 

concentrations of RhB (1 × 10-5 and 10-6 mol dm-3). This finding cannot be explained in 

terms of quenching, as untreated pollen should still show more intense emission than 

RhB-treated pollen. Although every effort was made to select random samples for 

LSCM analysis, it may be that the regions of the slide selected for analysis showed 

unusually low or high emission intensity.  
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Compared to enzyme-treated pollen, untreated pollen displays similar trends. However, 

ethanolic solutions of RhB may show greater penetration of the protoplast compared to 

the aqueous solutions applied to the same pollen samples. 
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Table 5.20: LSCM images of untreated Betula fontinalis pollen, with and without 

treatment with aqueous solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 405 nm. 

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Table 5.21: LSCM images of untreated Betula fontinalis pollen, with and without 

treatment with aqueous solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 561 nm. 

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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5.5.2.4 Untreated Betula fontinalis pollen, treated with ethanolic solutions of 

Rhodamine B 

Untreated Betula fontinalis pollen was treated with ethanolic solutions of RhB. LSCM 

was used to examine these samples and excitation wavelengths of 405 and 561 nm were 

used (Table 5.22 and Table 5.23 respectively). 

 

After excitation at 405 nm, emission from untreated pollen is similar to the same pollen 

treated with 1 × 10-3 to 10-5 mol dm-3 ethanolic solutions of RhB. Emission is slightly 

more intense from pollen treated with the lowest concentration solution (1 × 10-6 mol 

dm-3 RhB). These results are surprising, as after excitation at 300 nm, 

spectrofluorometry indicates emission from pollen treated with ethanolic solutions of 

RhB is quenched (Figure 5.65). As a result, weaker emission would be anticipated from 

RhB-treated samples. It may be that the random areas of the slides selected for analysis 

are not representative of the bulk sample. In addition, the excitation wavelength of the 

LSCM (405 nm) was different to that used for spectrofluorometry (300 nm), which may 

mean that quenching of pollen’s emission was not effectively observed in this sample 

using the LSCM (see section 5.5.2.1 for a full discussion of this effect). This is in 

contrast to enzyme-treated pollen treated with ethanolic solutions of RhB, where 

quenching was observed by LSCM (Table 5.18). 

 

Excitation at 561 nm induced no emission in untreated Betula fontinalis pollen (due to 

the absence of RhB), but very strong emission from pollen treated with the higher 

concentrations of RhB (1 × 10-3 and 10-4 mol dm-3). At 1 × 10-3 mol dm-3 RhB, emission 

is observed from both the protoplast and wall, but at 1 × 10-4 mol dm-3, emission from 

the protoplast is weaker. This suggests that at higher RhB concentrations, greater 

quantities of RhB penetrate the pollen grains and bind to their protoplasts. After 

treatment with 1 × 10-5 mol dm-3 RhB, only weak emission is seen from the pollen wall, 

indicating little binding of RhB there and no binding to the protoplast. No emission is 

present at the lowest RhB concentration (1 × 10-6 mol dm-3). These results don’t 

correlate with observations made at 405 nm, as the presence of RhB (observed at 561 

nm) should also quench pollen’s emission at this wavelength. These results do support 

the suggestion that the areas of the slides selected for analysis at 405 nm were not 

representative of the bulk sample, especially at × 630 magnification. 
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Table 5.22: LSCM images of untreated Betula fontinalis pollen, with and without 

treatment with ethanolic solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 405 nm. 

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Table 5.23: LSCM images of untreated Betula fontinalis pollen, with and without 

treatment with ethanolic solutions of RhB. LSCM settings were maintained between 

samples of the same magnification. Excitation λ 561 nm. 

Concentration of RhB 

/ mol dm-3 

× 100 magnification 

Scale bars = 100 µm 

× 630 magnification 

Scale bars = 25 µm 

   

No solution applied 

  

1 × 10-3 

  

1 × 10-4 

  

1 × 10-5 

  

1 × 10-6 
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Figure 5.65: Emission spectra of untreated Betula fontinalis (Bf) pollen, treated with 

ethanolic solutions of RhB of varying concentrations (excitation λ 300 nm, 350 nm 

longpass filter) 

5.5.2.5 Multi-track LSCM of untreated and enzyme-treated Betula fontinalis 

pollen treated with aqueous and ethanolic solutions of Rhodamine B: 

summary of results 

1. Results from the samples analysed (see Table 5.14 for summary) indicate that 

multi-track LSCM is a suitable technique to evaluate the pollen species under 

investigation. The resolution of the LSCM was sufficient to allow comment on the 

protoplast and exine wall, but insufficient to differentiate between wall layers i.e. 

the exine and intine. 

 

2.  LSCM results are summarised in brief in Table 5.24. This table illustrates that 

enzyme-treated pollen, treated with aqueous solutions of RhB, showed the most 

successful binding or encapsulation of RhB (as measured by emission and 

quenching processes) over the range of concentrations studied. Even at the lowest 

concentration of RhB (1 × 10-6 mol dm-3), emission from the pollen’s wall and 

protoplast was quenched, indicating some binding or encapsulation of RhB. 
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3. Findings were not always exactly analogous to spectrofluorometry. In particular, 

quenching of pollen’s emission was not observed in untreated Betula fontinalis 

pollen, treated with ethanolic solutions of RhB. This anomaly may be explained by 

the differing excitation wavelengths and ranges over which emission was collected 

for LSCM and spectrofluorometry. Alternatively, it may indicate that representative 

samples were not selected for LSCM. 

 

4. Table 5.24 illustrates that the difference between samples was not large. This 

finding is in contrast to spectrofluorometry, which shows greater variability 

between samples. As applied here, LSCM may be a less sensitive technique as the 

multi-track method applied collected emission over a narrower range than 

spectrofluorometry, meaning that some emission and quenching effects may have 

been missed. However, LSCM did allow the general location of RhB binding or 

encapsulation to be determined, which spectrofluorometry did not facilitate so 

readily. 

 

Table 5.24: Summary of findings from LSCM 
Concentration RhB 1 × 10-3 mol dm-3 1 × 10-4 mol dm-3 1 × 10-5 mol dm-3 1 × 10-6 mol dm-3 

 qp qw ep ew qp qw ep ew qp qw ep ew qp qw ep ew 

Enzyme-treated Bf 

+ aqueous RhB 
                

Enzyme-treated Bf 

+ ethanolic RhB 
                

Untreated Bf  

+ aqueous RhB 
                

Untreated Bf 

+ ethanolic RhB 
                

 

 

   

Observed 

Not observed 

qp – quenching of protoplast’s emission 
qw = quenching of wall’s emission 

Observed after excitation at 405 nm 

ep = emission from protoplast 
ew = emission from wall 

Observed after excitation at 561 nm 
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5.6 Conclusions 

Visual inspection of untreated pollen from Betula fontinalis, Secale cereale, Juglans 

nigra, Taraxacum officinale and Ambrosia artemisiifolia, indicated that species could 

not be identified by their appearance alone. Enzyme-treated Betula fontinalis and 

Ambrosia artemisiifolia pollen was indistinguishable from untreated pollen of the same 

species. However, all of these samples could be readily differentiated by 

spectrofluorometry. In comparison, Lycopodium clavatum spores could be distinguished 

both by eye and by spectrofluorometry as they turned from yellow to dark brown after 

base and acid treatment. 

 

Distinct emission spectra were collected from all species, both before and after enzyme 

or base and acid treatments were applied. However, all pollen and spores possessed a 

strong emission peak at 470 nm, with a weaker band between 350 – 450 nm. These 

intense peaks were attributed to sporopollenin as they remained in the spectra even after 

pollen or spores were treated. The ratio of these peaks varied, suggesting that 

sporopollenin or its close environment, was altered by the treatments applied. Attempts 

were made to assign other peaks and bands, however spectra were too complex to draw 

any firm conclusions. Findings here could not support the hypothesis proposed by 

Sodeau et al., that pollen or spores within the same botanical order display similar 

emission.95 

 

Both aqueous and ethanolic solutions of RhB of varying concentrations were applied to 

untreated and enzyme-treated Betula fontinalis pollen. The addition of RhB quenched 

emission from the pollen wall over the entire range of RhB concentrations studied. 

Quenching of the protoplast’s emission only occurred at higher concentrations of RhB, 

indicating that at lower concentrations, RhB does not reach the protoplast in sufficient 

quantities to facilitate quenching. In all samples, RhB’s peak emission shifted to longer 

wavelengths at higher RhB concentrations. The exact reason for this effect is difficult to 

pinpoint, although it is likely to be due to reabsorption or aggregation effects. Similar 

effects were observed when aqueous and ethanolic solutions of RhB were applied to 

untreated Juglans nigra pollen and Lycopodium clavatum spores. 

 

Spectrofluorometry and LSCM should be considered complementary techniques to 

evaluate emission from pollen and spores (both with and without the addition of RhB 
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and/or other treatments). LSCM was able to highlight the general nature of binding or 

interaction of RhB with pollen or spores. However, the resolution available meant that 

only the overall pollen or spore wall could be scrutinised, rather than its individual 

components i.e. the exine and intine (pollen) or the exospore and endospore (spore). 

Spectrofluorometry allowed analysis of quenching effects as well as peak shifts and 

changes in peak ratios. Such investigations would not be possible using the LSCM in 

isolation. 
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Chapter 6: 

Conclusions
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6 Conclusions 

6.1 Emptying pollen and spores 

The primary aim of this thesis was to produce sporopollenin microcapsules from a range 

of species of pollen and spores. Published results indicate that spore microcapsules have 

desirable material properties and may overcome some manufacturing problems 

associated with current microcapsule technologies.   

 

Several methods were attempted to prepare pollen and spore microcapsules, including 

base and acid treatment, acetolysis and treatments involving enzymes. Microcapsules 

were successfully produced from Lycopodium clavatum spores using a previously 

published base and acid protocol. This method was found to be unsuitable for all pollen 

species investigated. It was hypothesised that the lamellar structure of Lycopodium 

clavatum’s exospore imparted greater physical strength compared to the possibly 

weaker columellate and granular textures of the pollen exines.  

 

Acetolysis is a standard palynological technique applied to pollen and spores to produce 

material for microscopy. It was investigated here as a method to produce microcapsules. 

Although, as predicted, it removed most non-sporopollenin material, the remaining 

sporopollenin exines (pollen) and exospores (spores) were dark brown. These would 

therefore be unsuitable for most microencapsulation applications where light-coloured 

microcapsules are desirable. In addition, this colour change indicated the likelihood that 

acetolysis altered sporopollenin’s chemical structure, therefore possibly reducing some 

of its desirable material properties. Although it is possible to bleach acetolysed pollen 

and spores, this was not carried out as it would be likely to further change 

sporopollenin’s structure.  

 

A published method incorporating enzymes was applied to a range of pollen species. 

The published aim of this method was to generate material for analysis (rather than to 

produce microcapsules) but it was attempted here as it was considered ‘gentler’ 

compared to base and acid treatments and acetolysis. The enzyme treatment removed a 

portion of non- sporopollenin material from some grains, but left others damaged. 
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Therefore, it was considered an unsuitable method to produce microcapsules from the 

pollen species investigated. However, the selective nature of enzymes meant that this 

technique was the least likely of the three investigated for this thesis to alter 

sporopollenin’s structure. Therefore, enzyme-treated Betula fontinalis pollen was 

compared to the same untreated pollen during fluorescence studies. 

6.2 Attempted encapsulation of Lactobacillus bacteria 

Enzyme-treated Betula fontinalis pollen was treated with suspensions of Lactobacilli in 

an attempt to encapsulate this bacterium. This work aimed to build on published results 

demonstrating the encapsulation of yeast cells. Light microscopy indicated that, if 

encapsulation was successful, it was very limited. Therefore, further optimisation of the 

method used to encapsulate bacteria is required. For example, applying a vacuum or 

putting the pollen under pressure prior to the application of bacteria, could increase 

levels of encapsulation. Alternatively, smaller bacteria or bacterial spores could be used, 

as Lactobacillus bacteria may have been too large to pass through the pores of this 

pollen. In addition, pollen grains with larger pores could be sought that may facilitate 

the motion of bacteria into grains. 

6.3 Fluorescence studies 

Pollen and spores are known to autofluoresce. Sporopollenin from both pollen and 

spores is thought to make up the most intense component of observed fluorescence 

emission, and this was confirmed in this thesis. Untreated pollen and spores from a 

range of species all appeared similar by visual inspection. Similarly, untreated pollen 

and enzyme-treated pollen could not be differentiated. However, the fluorescence 

emission of all species (untreated or enzyme-treated) was distinct, indicating the 

differing composition of each.  

 

Untreated and enzyme-treated pollen and spores were treated with aqueous and 

ethanolic solutions of the fluorochrome, Rhodamine B (RhB). Different concentrations 

of solutions applied produced differently coloured grains. However, the same 
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concentration of RhB applied to a range of species resulted in particles that could not be 

differentiated by eye, but possessed different emission spectra. 

 

Sporopollenin’s emission was quenched by the addition of RhB, probably via the 

reabsorption of sporopollenin’s emission by RhB. Additionally, in the presence of 

pollen and spores, RhB’s emission shifted to longer wavelengths. It was considered that 

this was probably due to reabsorption or aggregation effects, although further 

investigations would be required to determine which of these effects is most likely. 

 

The binding of RhB to untreated and enzyme-treated pollen was investigated using laser 

scanning confocal microscopy (LSCM). This confirmed that RhB bound preferentially 

to the pollen wall, rather than the protoplast. It is possible that RhB was unable to reach 

the protoplast of pollen grains in large enough quantities to bind there, thus explaining 

the higher concentration of RhB bound to the pollen wall. Sporopollenin’s emission was 

quenched by RhB, providing further evidence that RhB was in close association with 

the sporopollenin exine. By applying a range of other fluorochromes, quenching effects 

as well as any preferential binding could be further investigated.  

 

These results demonstrate that fluorescent pollen grains can be easily produced and 

their fluorescence quickly measured, either by spectrofluorometry or LSCM. Such 

fluorescent particles may find uses in security devices, where it would be useful for 

particles to appear similar by visual inspection, but different when analysed by 

spectrofluorometry.  

 

In previously published work, p-coumaric acid and ferulic acid were proposed as 

proxies for sporopollenin. These structures are thought to be similar to monomers of 

sporopollenin. Solutions of these acids were combined with solutions of RhB and 

fluorescence patterns observed were similar to those observed in pollen treated with 

RhB. This suggests that these acids could be possible proxies. However, other materials, 

including riboflavin, have shown similar emission trends in the presence of RhB. 

Riboflavin is not thought to be structurally similar to sporopollenin. Therefore, 

fluorescent measurements indicate that p-coumaric acid and ferulic acid may be suitable 

proxies, but that these measurements should be evaluated in conjunction with other 

previously published analysis. 
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6.4 Concluding remarks and future work 

Microcapsules were only successfully produced from spores. Therefore, further research 

is required to determine whether microcapsules can indeed be produced from pollen. 

This could be achieved by either developing new methods or further optimising existing 

methods. In addition, pollen and spores from a wider range of genera should be exposed 

to these treatments. This would provide further information on how treatments used to 

produce microcapsules influence pollen and spore structure. It would also allow the 

theory that lamellar wall structures impart greater strength to the exospore of spores to 

be fully evaluated.  

 

Pollen and spores were combined with RhB to produce coloured, fluorescent particles. 

These fluorescent particles may find uses in commercial devices, where brightly 

coloured, micron-scale particles are required. Further work is required to determine how 

RhB interacts with pollen and spores. Methods to covalently bind RhB to pollen and 

spores should also be evaluated, as the pollen or spore to RhB interaction could be 

strengthened as a result. The fading of the RhB within these coloured particles should 

be measured and compared to that of standard RhB. If pollen and spores are found to 

reduce fading of the dye, these coloured particles could find a use in applications where 

the longevity of dyes is important, for example in outdoor displays. 

 

Unfortunately, bacteria could not be successfully encapsulated. However, encapsulation 

could possibly be achieved with additional method development or the use of smaller 

bacteria, bacterial spores or pollen with larger pores. 

 

Overall, pollen and spore microcapsules have great potential as alternatives to current 

microcapsule technologies. However, further work is required to optimise their 

production and develop their uses. 
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Chapter 7:  

Experimental 
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7 Experimental 

7.1 Materials 

The suppliers of materials used are summarised in Table 7.1. Solvents were purchased 

from Fisher. A sample of Ruthenium Red was obtained from the Bioscience 

Technology Facility, The University of York. All reagents were used without further 

purification.  
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Table 7.1: Summary of materials used and associated suppliers 
Supplier Material Abbreviation 

Sigma Aldrich, UK Acetic anhydride  

Ambrosia artemisiifolia pollen  

Betula fontinalis pollen  

Bovine serum albumin  

p-Coumaric acid  

Cyclohexylamine CHA 

Ferulic acid  

Hydrochloric acid HCl 

Juglans nigra pollen  

4-Methylmorpholine N-oxide MMNO 

Ortho-phosphoric acid (85 % solution)  

Percoll  

Rhodamine B RhB 

Secale cereale pollen  

TWEEN 80  

Fluka, UK Lactobacillus broth according to De Man, 

Rogosa and Sharpe 
MRS broth 

Acros Organics, UK 2-(N-Morpholino)ethanesulfonic acid buffer 

solution 
MES buffer 

Fisher, UK Potassium hydroxide  

Sodium hydroxide  

Sulfuric acid  

Ascott Dairy Supplies, UK Freeze-dried yogurt culture  

Apollo Scientific, UK Cellulase 

Macerase 
 

Merck4Biosciences, UK Cellulase 

Macerase 
 

Baldwin and Co., UK Lycopodium clavatum spores  

Allergon, Sweden Ambrosia artemisiifolia pollen 

Juglans nigra pollen 

Secale cereale pollen 

 

Agar scientific, UK Formaldehyde  

Glutaraldehyde  

Osmium tetroxide  

Spurr resin  
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7.2 Methods 

7.2.1 Acetolysis applied to Lycopodium clavatum spores and Secale 

cereale, Juglans nigra & Betula fontinalis pollen 

Method based on the protocol provided by Carol Furness, Royal Botanic Gardens Kew, 

London, originally based on the method published by Erdtman.119, 180  

 

A fresh acetolysis mixture (9:1 ratio of acetic anhydride to sulfuric acid) was prepared. 

Pollen or spores (0.1 g of either Lycopodium clavatum spores or Secale cereale, Juglans 

nigra or Betula fontinalis pollen) were suspended in the acetolysis mixture (2 mL) 

without stirring and heated (90 °C) for 2 min. The suspension was centrifuged (1500 × 

g, 5 min) and the supernatant fraction discarded. The pollen was re-suspended in water 

(~ 10 mL) and centrifuged (1500 × g, 5 min). This washing was carried out a total of 

three times. Yields were not recorded as the masses of material used were very small; 

pollen and spores were recovered wet and material was only briefly retained for light 

microscopy. 

7.2.2 Base and acid treatments  

7.2.2.1 Standard base and acid treatment applied to Lycopodium clavatum spores 

and Secale cereale and Juglans nigra pollen 

The method was based on the protocol published by Atkin et al.57 The same method 

was applied to Lycopodium clavatum spores and Secale cereale & Juglans nigra pollen. 

The exact masses of each species used, the volumes of base and solvents are 

abbreviated with italicised letters. These abbreviations, as well as the percentage yields 

achieved, are summarised in Table 7.2. The published base and acid treatment was not 

completed for all species, and the point at which the method was halted for each species 

is indicated with an underlined phrase. The reasons for varying the method used for 

each species are discussed in section 3.4. 



 231 

Pollen or spores (a g) were suspended in acetone (b mL) and stirred at reflux for 4 h. 

The suspension was filtered under reduced pressure and washed with acetone (c × d 

mL). The solids collected were suspended in potassium hydroxide (6 % (w/v), e mL) 

and stirred at reflux for 6 h. Solids were filtered under reduced pressure and washed 

with hot (~ 60 °C) water (f × g mL) (the method was stopped at this point for Secale 

cereale pollen). Solids were stirred at reflux in potassium hydroxide ((6 % (w/v), h mL) 

for a further 6 h, filtered under reduced pressure and washed with hot (~ 60 °C) water (j 

× k mL), followed by hot (~ 60 °C) ethanol (j × k mL). The solids were left to dry in air 

overnight (the method was stopped at this point for Juglans nigra pollen) and then 

stirred at reflux in ortho-phosphoric acid (85 %, 190 mL) for seven days. The 

suspension was cooled to ~ 100 °C and filtered under reduced pressure. The solids were 

washed with water (5 × 30 mL), acetone (1 × 30 mL), hydrochloric acid (2 mol dm-3, 1 

× 30 mL), sodium hydroxide (2 mol dm-3, 1 × 30 mL), water (5 × 30 mL), acetone (1 × 

30 mL) and ethanol (1 × 30 mL). The solids were filtered off under reduced pressure 

and left to air-dry overnight. 
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Table 7.2: Summary masses of each species used, the volumes of base and solvents 

applied and the percentage yields achieved 

Quantity of 

reagent used 

Lycopodium 

clavatum 
Secale cereale Juglans nigra 

a / g 33.9 1.5 3.0 

b / mL 93 15 9 

c / mL 1 1 5 

d / mL 100 20 5 

e / mL 130 11 9 

f / mL − 1 1 

g / mL − 20 10 

h / mL 90 − 9 

j / mL 5 − 5 

k / mL 30 − 3 

Percentage 

yield 
20.9 * * 

* Yield not recorded as the solids were bound to the sinter and only enough material for 

analysis could be recovered 

7.2.2.2 Acid and base treatment applied to Ambrosia artemisiifolia pollen 

Based on the method published by Fletcher et al.124 Ambrosia artemisiifolia pollen 

(1.0 g) was stirred in acetone (3 mL) for 2 h. The solids were filtered under reduced 

pressure, washed with acetone (3 × 5 mL) and left to dry in air overnight. Solids were 

stirred at reflux in sodium hydroxide (1 % (w/v), 6 mL) for 1 h. The dark-orange 

suspension was partially filtered under reduced pressure and hydrochloric acid was 

added until pH 7 was achieved. The sticky nature of the product on the sinter meant that 

less than half of the total material could be filtered. This suspension was heated 

(without stirring) at reflux in ethanol (75 mL) for 1 h. The solids were filtered under 

reduced pressure and left to dry in air overnight. A 24 % yield was recorded. 
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7.2.3 Enzyme treatment applied to Juglans nigra, Betula fontinalis 

and Secale cereale pollen 

This method is based on the protocol published by Loewus et al.64 Pollen (0.25 g) was 

suspended in a solution of MMNO (60 % aqueous solution, 1.1 mL) and CHA (1.4 

mL). After 10-15 min water (1.3 mL) was added and x pestle cycles were performed 

using a Potter-Elvehjem tissue grinder with a polytetrafluoroethylene (PTFE) pestle and 

glass mortar (the exact number of cycles performed on each species is recorded in Table 

7.3). The suspension was left at room temperature for 2 h, diluted 3-fold with water and 

then centrifuged (1500 × g, 5 min). The supernatant fraction was discarded and replaced 

with water (~ 20 mL in total). The mixture was shaken vigorously and re-centrifuged 

(1500 × g, 5 min). This washing was repeated a total of five times. The supernatant 

fraction was discarded and replaced with MES buffer (pH 5.2, 6 mM, ~ 20 mL). The 

mixture was shaken vigorously and centrifuged (1500 × g, 5 min). The supernatant 

fraction was discarded and Cellulysin (30 mg), Macerase (40 mg), bovine serum 

albumin (4 mg) and MES buffer (pH 5.2, 6mM, 3 mL) were added to the pellet. The 

suspension was stirred (27 °C, 2 h). Water (20 mL) was added and the suspension 

shaken vigorously and centrifuged (1500 × g, 5 min). The supernatant fraction was 

discarded and replaced with an aqueous solution of sodium chloride (0.15 mol dm-3). 

The mixture was shaken vigorously and centrifuged (1500 × g, 5 min) (the method was 

stopped at this point for Betula fontinalis and Secale cereale pollen). The supernatant 

fraction was discarded and the pellet re-suspended in an aqueous solution of sodium 

chloride (0.15 mol dm-3, 5 mL). This suspension was divided into two and added to two 

centrifuge tubes, each containing a two-step Percoll density gradient (each tube 

containing 2.5 mL each of 1.08 g mL -1 and 1.12 g mL-1 Percoll in aqueous sodium 

chloride solution (0.15 mol dm-3)). These were centrifuged (1459 × g, 30 min) and the 

pellet collected. Yields were not recorded as they were very low (< 10 % of starting 

material) and the small, wet pellet could not be collected without also collecting a 

portion of the supernatant fraction. Sufficient material was recovered for analysis. 
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Table 7.3: Summary of the number of pestle cycles (x) applied to each species during 

enzyme treatment 

Species Juglans nigra Betula fontinalis Secale cereale 

Number of pestle 

cycles (x) performed  
10 or 30 10 or 30 10 

7.2.4 Application of solutions of Rhodamine B to Lycopodium 

clavatum spores (untreated) and enzyme-treated Betula 

fontinalis pollen (untreated and enzyme-treated) 

A summary of the samples prepared is presented in Table 7.4. Enzyme-treated Betula 

fontinalis pollen was prepared using the method outlined in section 7.2.3. Aqueous 

solutions of RhB (1 × 10-3, 10-4, 10-5 and 10-6 mol dm-3) were prepared and stored in the 

dark. Pollen or spores (100 mg) were stirred in the dark in a solution of RhB (5 mL) for 

2 h. The suspension was filtered under reduced pressure and washed with water (4 × 

25 mL). The solids were left to air-dry overnight and were stored in the dark. This 

method was repeated for each concentration of RhB used and was also carried out using 

ethanolic solutions of the same concentration (using ethanol to wash solids on the 

filter). 

 

Table 7.4: Summary of pollen and spores treated with aqueous and ethanolic solutions 

of Rhodamine B 

Species Untreated Enzyme-treated 

Lycopodium clavatum �¯   
   

Betula fontinalis �¯  �¯  

 

�  Pollen or spores treated with aqueous solutions of Rhodamine B 

¯  Pollen or spores treated with ethanolic solutions of Rhodamine B 
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7.2.5 Preparation of saturated solutions of p-coumaric and ferulic 

acid (with and without Rhodamine B) 

A saturated ethanolic solution of p-coumaric acid was prepared. Equal volumes of this 

solution were mixed with ethanolic solutions of RhB (1 × 10-3, 10-4, 10-5 and 10-6 mol 

dm-3). Solutions were stored in the dark prior to analysis. This was repeated with 

saturated ethanolic solutions of ferulic acid. 

7.2.6 Addition of freeze-dried yogurt culture to enzyme-treated 

Betula fontinalis pollen 

MRS broth powder (10.2 g) and TWEEN 80 (0.2 mL) were stirred at reflux in water 

(200 mL) until dissolved and the solution was then cooled to room temperature.138 

Freeze-dried yogurt culture (0.1 g) was added to a portion of this broth (50 mL) and the 

suspension was stirred at 30 °C for 2.5 h. Enzyme-treated Betula fontinalis pollen (17 

mg, prepared as described in section 7.2.3) was added to a portion of the MRS broth 

containing the yogurt culture (5 mL). This suspension was stirred at 30 °C for 3 days 

then filtered under reduced pressure and washed with water (3 × 2 mL).  

7.3 Techniques and analysis 

7.3.1 Light microscopy 

Light microscopy was carried out using an upright Zeiss Axioskop 40 microscope 

connected to a Lumenera INFINITYX 21 megapixel camera. Image capture and 

analysis was performed using Lumenera INFINITY capture software version 3.7.5.  

7.3.1.1 Preparation of slides 

Samples were suspended in water before being applied to glass slides. Suspensions 

were covered with glass cover slips. If water evaporated from the slide during analysis 
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(largely due to the heat of the microscope’s halogen lamp), more water was applied to 

the slide. Water was introduced to the slide using a pipette and the water was taken up 

underneath the coverslip via capillary action (Figure 7.1). A filter paper ‘wick’ was 

applied to the edge of the coverslip to draw up any excess water. Where necessary, 

Ruthenium Red was used as a stain to highlight the intine of pollen grains. Where this 

was the case, an aqueous solution of Ruthenium Red (0.2 mol dm-3) was prepared and 

applied in a similar fashion to the additional water. 

 

 
Figure 7.1: Schematic representation of the preparation of a microscope slide for light 

microscopy analysis and the application of water or a stain solution 

7.3.2 Scanning electron microscopy  

Scanning electron microscopy (SEM) was carried out on a JEOL JSM-6490LV.  

7.3.2.1 Sample preparation 

A double-sided adhesive strip was stuck to the top face of a conductive SEM stub. 

Pollen or spores to be analysed were dusted onto this tape with the aim of depositing a 

single layer of material. Stubs were coated with coated with gold/palladium using a 

sputter coater. 
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7.3.3 Transmission electron microscopy 

Transmission electron microscopy (TEM) analysis was performed on a FEI Tecnai 12 

BioTWIN, operated at 120 kV. Images were captured digitally using an Olympus 

MegaView III camera. 

7.3.3.1 Preparation of sections 

Sections for TEM analysis were prepared by Meg Stark of the Bioscience Technology 

Facility, The University of York. If solids did not settle to a pellet between each step, 

centrifugation was performed using a bench-top centrifuge, and the supernatant fraction 

was discarded. Pollen or spores were fixed in glutaraldehyde (2.5 %) and fomaldehyde 

(4 %) in sodium phosphate buffer (100 mmol dm-3) for 7 h. Pollen or spores were 

washed in phosphate buffer (100 mmol dm-3) overnight. The solution was refreshed and 

the pollen or spores were washed for an additional 2 h. These were suspended in 

osmium tetroxide (1 %) in sodium phosphate buffer (100 mmol dm-3) for 2 h. Pollen or 

spores were dehydrated through an acetone series (25, 50, 70, 90 and 2 × 100 %), with 

each dehydration step taking 1 h, or if a step was left overnight, the mixture was cooled 

to 4 °C. Pollen or spores were infiltrated with a Spurr resin series (25, 50 and 75 %) in 

acetone, with each step taking 1.5 h, or if a step was left overnight, the mixture was 

cooled to 4 °C. Material was infiltrated with Spurr resin (100 %) over 6 h, with two 

resin changes being carried out during this time. The resin containing the pollen or 

spores was polymerised (70 °C, overnight). Sections (approximately 80 nm) were cut 

from the solid resin block using a Leica ultramicrotome. These were collected on 

copper grids with a Formvar/carbon support film and then stained. 

7.3.3.2 Staining of sections 

Preparation of uranyl acetate solution: A saturated solution of uranyl acetate was 

prepared in an ethanol/water (1:1) solution. This solution was stored in a tightly 

stoppered bottle in a refrigerator in the dark. 

 

Preparation of Reynolds lead citrate: Lead nitrate (1.33 g) and sodium citrate (1.76 g) 

were each dissolved in recently boiled water (15 mL for each preparation). These 
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solutions were combined and shaken vigorously for one minute and then stirred gently 

for thirty minutes. Fresh, carbonate-free sodium hydroxide (8 mL, 1 mol dm-3) was 

added and the solution made up to 50 mL with recently boiled water. The solution was 

stored in syringes. All air was excluded and the syringes were sealed with lab film. 

 

Staining of grids: Grids were floated on drops of uranyl acetate solution (one drop for 

each grid), covered to exclude light and left to stain for ten minutes. Grids were 

immersed in water to wash off excess stain and excess water was then removed by 

blotting grids on filter paper. Lead citrate solution was filtered through a Millipore filter 

(0.22 µm). Drops of the filtered solution were placed on a petri dish, adjacent to two 

pellets of sodium hydroxide (to prevent the precipitation of lead salts). Grids were 

floated on the drops of filtered lead citrate solution (one drop for each grid) for 10 min. 

Grids were immersed in water to wash off excess stain and then left to air dry. These 

were stored in a CO2 free environment to prevent the precipitation of lead salts. 

7.3.4 Laser scanning confocal microscopy 

Laser scanning confocal microscopy (LSCM) was performed using a Zeiss LSM 710 on 

an Axio Observer.Z1 invert. Image collection and analysis was carried out using Zen 

2009, produced by Zeiss. Single track mode was used, unless otherwise specified. To 

examine quenching effects, RhB-treated samples were examined in multi-track mode. 

This mode allows for the excitation and subsequent monitoring of more than one 

fluorochrome within a sample. Analysis is performed in series, as summarised in Figure 

7.2. The laser strength and detector settings used were set for the RhB-treated sample 

and then maintained for the subsequent analysis of the equivalent sample without RhB. 

 

 
Figure 7.2: Summary of multi-track mode LSCM 
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7.3.4.1 Sample preparation 

Samples of pollen and spores used were suspended in water. A square outline of 

vacuum grease (approximately 1.5 × 1.5 cm) was drawn onto the glass slide and a few 

drops of the pollen or spore suspension placed into this outline (Figure 7.3). A cover 

slip was placed over the suspension and grease outline, and gently pressed down, with 

the intension of leaving a single layer of spores or pollen grains between the slide and 

the cover slip.  

 

 
Figure 7.3: Schematic representation of the preparation of a microscope slide for laser 

scanning confocal microscopy 

7.3.5 Spectrofluorometry 

Spectrofluorometry was performed using a Hitachi F-4500 spectrofluorometer with a 

xenon lamp. Solid samples were analysed using a solid sample holder (part number 

650-0161). During the analysis of some samples, a longpass filter (350 nm) was applied 

between the sample and the detector: see captions of emission spectra in section 5.4 for 

details of samples where this filter was used. This filter was added to avoid peaks in the 

spectrum resulting from scattering, rather than from the fluorescence of the sample. 

7.3.5.1 Sample preparation 

Liquid samples were analysed in a quartz cuvette, using a 90 ° excitation geometry 

(Figure 7.4). Solid pollen and spore samples were sandwiched between two square glass 

slides (approximately 2 cm × 2 cm) and secured along two edges using tape (Figure 

7.5). These samples were inspected using a front-face excitation geometry (Figure 

7.6).97 
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Figure 7.4: Schematic representation (aerial view) of 90 ° excitation geometry 

 

  
Figure 7.5: Schematic representation of the sample preparation required for front-face 

excitation fluorescence measurements   

(a) side-on view and (b) aerial view 

 

 
Figure 7.6: Schematic representation (aerial view) of front-face excitation geometry 
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8 Abbreviations 

Abbreviation Definition 

ALP Alkaline phosphatase 

Bf Betula fontinalis 

BSA Bovine serum albumin 

°C Degrees Celsius 

CA Para-coumaric acid 

CHA Cyclohexylamine 

cm Centimetre 

CRL Candida rugosa lipase 

DAPI 4’,6-diamidino-2-phenylindole 

dm Decimetre 

DNA Deoxyribonucleic acid 

ESI-QqTOF-MS Electrospray ionisation coupled with quadrupole-quadrupole time-

of-flight mass spectrometry 

FA Ferulic acid 

FTIR Fourier transform infrared 

g Gram 

g Relative centrifugal force 

GC-MS Gas chromatography-mass spectrometry 

h Hour 

HOMO Highest occupied molecular orbital 

hPa Hectopascal 

IR Infra-red 

Jn Juglans nigra 

kb Kilobar 

kPa Kilopascal 

kV Kilovolts 

Lc Lycopodium clavatum 

LM Light microscopy 

LSCM Laser scanning confocal microscope 

LUMO Lowest unoccupied molecular orbital 

M Molar 
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MALDI-ToF MS Matrix-assisted laser desorption ionization time-of-flight mass 

spectrometry 

MES 2-(N-morpholino)ethanesulfonic acid 

mg Milligram 

min Minutes 

mL Millilitre 

mM Millimolar 

MMNO 4-Methylmorpholine N-oxide 

mmol Millimole 

mol Mole 

MRI Magnetic resonance imaging 

MRS De Man, Rogosa and Sharpe 

NADH Nicotinamide adenine dinucleotide 

NADPH Nicotinamide adenine dinucleotide phosphate 

nm Nanometre 

NMR Nuclear magnetic resonance 

p Para 

PTFE Polytetrafluoroethylene 

RhB Rhodamine B 

RNA Ribonucleic acid 

rpm Revolutions per minute 

r.u. Relative units 

Sc Secale cereale 

SEM Scanning electron microscope 

sHRP Streptavidin-horseradish peroxide 

TEM Transmission electron microscope 

UV Ultra violet 

v/v Volume/volume 

w/v Weight /volume 

w/w Weight/weight 

XPS X-ray photoelectron spectroscopy 

λ Wavelength 

µl Microlitre 

µm Micrometre 
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